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Preface

The disciplines of small animal emergency medicine and 
critical care have grown significantly in the past decade. 
There are many references available that describe the 
diagnosis and medical treatment of problems encoun-
tered in small animal emergency and critical care prac-
tice. However, none is dedicated specifically to the daily 
hands-on practice of the specialties: for instance, the 
placement and maintenance of arterial catheters and the 
interpretation of direct pressure waveforms they provide, 
or the nursing care required to maintain a patient on 
long-term mechanical ventilation (what do all those 
buttons on the ventilator do, anyway?). We believe the 
veterinary community would benefit from a single refer-
ence written by informed, experienced people to improve 
and expand the standard of care, and we hope this text-
book serves that purpose. The experienced veterinarian 
and veterinary technician contributors to Advanced Pro-
cedures and Monitoring for Small Animal Emergency and 
Critical Care have provided herein a well-referenced 
textbook that we believe contains useful information on 
the “non-medicine” aspects of ECC practice, from prac-
tice design to technical procedures and nursing care to 
interpretation of monitoring results.

There is no small animal specialty in which coopera-
tion between all healthcare team members is more 
important than in emergency and critical care. Thus, 
some chapters are authored by a veterinarian, others by 
a veterinary technician, and some by pairs. The interde-
pendence of all members of the ECC healthcare team 
requires that veterinary technicians understand why cli-
nicians ask them to do what they do, and that veterinar-
ians understand proper ECC nursing care and technical 
procedures. The book’s contributors come from around 
the world, from both university and private practice. We 
aimed to provide the best-referenced, highest-quality 
textbook that we could. Contributors congenially 

answered our frequent “Do you have a reference for 
this?” inquiries and high-quality image requests, so that 
the reader could have confidence in the recommenda-
tions contained herein and see illustrations of how to 
perform procedures or interpret results. When high-
quality references or guidelines were unavailable, these 
qualified authors made recommendations based on 
their experience; in such cases, such personal recom-
mendation is noted in the text for transparency.

The textbook is organized roughly by organ system or 
general topic, but there is considerable overlap in some 
areas. For instance, some authors of device insertion 
chapters included a maintenance section, and mainte-
nance of that device may also be covered in another 
chapter specifically on insertion site maintenance or 
artificial airway maintenance, and so on. Standardized 
protocols are included for procedures for which they 
were deemed useful and appropriate. These protocols 
are based on best-available evidence and guidelines, and 
where such citations were unavailable or inappropriate, 
they are based on author experience. We hope these 
protocols will help raise and equalize the standard of 
care across our profession, and serve as the backbone for 
a protocol book to use in your emergency or critical care 
practice.

We welcome corrections and ideas for future versions 
of this textbook. Should further editions follow, we are 
committed to their currency and relevancy, and thus will 
continue to push for best-practice, evidence- and guide-
line-based recommendations. Lastly, we would like to 
thank each contributor; we believe they did an amazing 
job stepping up to the challenges that this unique text-
book posed.

Jamie M. Burkitt Creedon
Harold Davis

xvi



Advanced Monitoring  
and Procedures for Small 
Animal Emergency  
and Critical Care





SECTION I
Introduction





5

1
Triage

Harold Davis

The concept of triage finds its origin in the French mili-
tary. The word comes from the French verb trier, 
meaning to sort. In human medicine the goals of triage 
have varied over the years depending upon the situation. 
After World War II triage came to mean the process of 
identifying those soldiers most likely to return to battle 
after medical care. Following the Korean and Vietnam 
conflicts the goals of triage came to mean the greatest 
good for the greatest number of wounded.1 In times of 
disaster, the goals of triage are similar to the military. 
Daily human emergency room triage began in the 1960s 
and has evolved into a method to separate efficiently 
those patients stable enough to wait for treatment from 
those who require immediate medical attention. In vet-
erinary medicine we have adopted the goals of our 
counterparts in the human emergency room. Thus, we 
prioritize cases by medical urgency when presented with 
multiple emergencies at the same time.

Triage occurs both by telephone and in the hospital. 
A client often calls the hospital seeking advice for  
the care of his or her pet; the receptionist or veterinary 
technician must ascertain useful information about  
the pet in a short period of time. In addition the recep-
tionist or technician should have the knowledge required 
to provide the appropriate advice. The information 
obtained during the telephone conversation will also  
be useful in preparing for patient arrival. On initial pre-
sentation to the hospital the veterinary technician is 
usually first to receive the patient and therefore to 
perform basic triage. This person must determine 
whether the patient needs immediate care and, in the 
case of simultaneous patient arrivals, prioritize treat-
ment based on medical need.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.

Telephone triage

In theory, telephone triage requires clinic staff to deter-
mine the urgency of a pet’s problem and to provide 
advice based on that determination. However, because 
the client may not possess the training to give an accu-
rate account of the pet’s problem(s), it is generally safest 
to recommend the client take the pet to a veterinarian 
for evaluation. Particularly, any patient experiencing 
breathing difficulty, seizures, inability or unwillingness 
to rise, or traumatic injury should be seen by a veterinar-
ian without question.

At the beginning of the telephone conversation staff 
should establish the animal’s signalment (breed, sex, age, 
and weight) if possible. Questions asked of the owner 
should be basic and straightforward. They should 
address the patient’s level of consciousness, whether or 
not the patient is breathing, experiencing seizures, or has 
obviously broken or exposed bones (see Table 1.1). 
Based on the owner’s responses, advice can be given on 
first aid, assuming that the problem can be clearly 
defined and is simple. See Table 1.2 for a list of problems 
requiring attention by the veterinary health care team 
without delay.

Information gathered during the phone conversation 
can aid the veterinary technician in preparation for the 
arrival of the patient at the hospital. Simply knowing  
the animal’s breed or approximate weight can enable the 
technician to pre-select appropriate sizes for vascular 
catheters, fluid bags, and endotracheal tubes.

Owners should be instructed on safe transport for  
the animal. Animals that have suffered trauma are often 
in pain, and owners should be instructed on how to 
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Hospital triage

Three major body systems are assessed during the initial 
triage: respiratory, cardiovascular, and neurological. 
Triage begins when approaching the patient. Visually 
assess breathing effort and pattern; presence of blood or 
other foreign material on or around the patient; and  
the patient’s posture and level of consciousness (LOC). 
Note if there are airway sounds audible without a stetho-
scope. Note whether or not the animal responds as you 
approach. If the animal is conscious, ask the owner 
about the patient’s temperament and take the appropri-
ate precautions regarding physical restraint or muzzling. 
The veterinary technician cannot rely on the client’s 
statement that an animal “never bites,” but if he or she 
is told that the patient is aggressive, the patient should 
definitely be muzzled. Physical restraint and muzzling 
should be performed with extreme caution in patients 
with respiratory distress, as such steps can cause acute 
decompensation and respiratory arrest. If time permits, 
a brief history should be obtained.

The ABCDEs
A reasonable and systematic approach to triage is the use 
of the ABCDEs of emergency care, which are: (A) airway, 

approach the pet and place a makeshift muzzle using a 
neck tie, belt, or strips of cloth. If the animal is nonam-
bulatory, owners may be told to place the animal in a 
box or carrier, or to use a blanket or towel as a stretcher 
(see Fig. 1.1). The use of a blanket stretcher makes it 
easier to get an animal in and out of a car.

When the caller is not a regular client of the facility, 
the staff member should obtain the client’s phone 
number in case of disconnection and make the caller 
aware of the address, location, or easiest directions to 
the clinic. The client should be informed of the clinic’s 
payment policy.

Table 1.1 Questions useful in telephone triage, and suggested 
responses

1. Is the animal breathing and conscious?
a. If neither, institute mouth-to-snout; if yes to either of 

these, do not.
2. Is the animal actively experiencing a seizure?

a. If yes, remove from danger of falling or any sharp 
objects. Take to veterinarian immediately after seizure 
ends, or if it lasts longer than 1–2 minutes, bring 
during seizure. Watch out for the mouth; don’t get bit.

3. For people who live a distance from medical assistance or 
cannot/will not come in: Has the animal ingested something 
that you know or suspect is poisonous in the last 2 hours?
a. In some situations, at–home emesis may be 

recommended.
4. Is there active bleeding, an obvious fracture, or exposed 

bone?
a. Recommend clean towel over the site, pressure if 

spurting blood. Warn clients to be VERY CAREFUL not 
to get bitten.

Table 1.2 Problems requiring immediate attention by the 
veterinary health care team

Respiratory distress Bleeding from body orifices
Pale mucous membranes Weakness
Neurological abnormalities Rapid abdominal distension
Protracted vomiting Inability to urinate
Severe coughing Ingestion of toxins

Figure 1.1 (a) Placing a dog in a box for transport. (b) Using a blanket as a stretcher. The animal is placed on a blanket and the edges 
of the blanket used to lift the patient.

(a) (b)
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lead to life-threatening hypovolemia. The following is a 
list of problems that also require immediate medical 
attention:

• Exposure to toxins 
(ingested or topical)

• Excessive bleeding

• Open fractures

• Snake bite

• Burns

• Prolapsed organs

• Wound dehiscence

• Dystocia

• Trauma

(B) breathing, (C) circulation, (D) dysfunction of the 
central nervous system, and (E) examination (see Fig. 
1.2). Patients with respiratory distress or arrest, signs of 
hypovolemic shock or cardiac arrest, altered LOC, or 
ongoing seizure activity should be immediately taken to 
the treatment area for rapid medical attention. Condi-
tions that affect other body systems are generally not 
life-threatening in and of themselves, but their effects on 
the three major body systems may be life-threatening. 
For example, a fractured femur bleeding into a limb can 

Figure 1.2 Triage Algorithm.

Initial
Presentation

Respiratory Compromise 
• Apnea 
• Noisy breathing 
• Respiratory distress 
• Cyanosis 
• Diminished breath sounds

Cardiovascular Compromise 
• Pale mm color 
• Abnormal CRT 
• Tachycardia / Bradycardia 
• Poor pulse quality 
• Cool extremities 
• Decreased mentation 

Neurologic Compromise
• Altered mentation 
• Abnormal pupils and light reflex  
• Abnormal posture 
• Appropriate response to pain? 
• Seizure activity

No

No

PATIENT IS STABLE

No

PATIENT IS UNSTABLE
Requires immediate 

intervention 

Yes

Yes

Yes
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Airway and breathing

Expedient respiratory system assessment and rapid  
correction of abnormalities is critical. First, patency of 
airway and breathing effort should be assessed. This  
is done by visualization, auscultation, and palpation. 
When looking at the animal, an experienced individual 
can determine if the animal has increased breathing  
rate or effort. Some animals with respiratory distress 
may assume a posture with the head and neck extended 
and the elbows abducted (held away from the body). 
Additional concerning signs include absent chest  
wall motion, exaggerated breathing effort, flaring of  
the nares, open mouth breathing and paradoxical 
breathing. When sustained high breathing effort leads  
to respiratory fatigue, paradoxical breathing can occur, 
which is characterized by opposing movements of  
the chest and abdominal walls during inspiration and 
expiration. Cyanosis, a blue or purplish tint to the 
mucous membranes, usually indicates hypoxemia and 
warrants immediate medical intervention. The chest 
wall may be palpated to assess chest wall integrity. Crepi-
tus about the body may indicate subcutaneous emphy-
sema, which can be caused by tracheal tears or chest wall 
defects.

Some assessment questions the triage technician 
should consider:

• Is the patient having difficulty breathing?

• Are breath sounds auscultable?

• Are facial injuries interfering with the airway?

• Has a bite wound disrupted the larynx or trachea?

• Is subcutaneous emphysema present?

• What color are the mucous membranes?

• Does respiratory distress get worse with patient posi-
tion change?

• Is there evidence of thoracic penetration or a flail 
chest?

Circulation

Many of the signs suggestive of decreased cardiac output 
are a result of a compensatory sympathetic reflex, which 
helps maintain arterial blood pressure. Clinical signs 
suggestive of decreased cardiac output include: tachy-
cardia, pale or gray mucous membranes, prolonged cap-
illary refill time, poor pulse quality, cool extremities, and 
decreased mentation. Decreased cardiac output may be 
due to hypovolemia as a result of blood or other fluid 
loss (internally or externally; active or historical), 
trauma, or cardiac disease.

Circulation is assessed by visualization, palpation, and 
auscultation. The focus of the cardiovascular assessment 
is the six perfusion parameters (see Table 1.3).

Figure 1.3 Assessing a patient’s mucous membrane color.

Table 1.3 The six perfusion parameters

• Mucous membrane color
• Capillary refill time
• Heart rate
• Pulse quality
• Extremity temperature
• Mentation

Mucous membrane color

After assuring it is safe to do so, evaluate the mucous 
membranes by examining the color of the gums (see Fig. 
1.3). As an alternative in the fractious animal or patients 
with pigmented gums examine the conjunctiva, penis, 
or the vulva. The normal color of pink is a result of 
oxygenated hemoglobin in red blood cells in the capil-
lary bed. Mucous membrane color may vary with circu-
latory related problems. Mucous membrane color  
may be pale or white due to blood loss anemia or vaso-
constriction. Brick red or injected mucous membranes 
are a result of vasodilation and can be seen with  
hyperthermia or sepsis. Cyanotic or blue mucous mem-
branes are an indicator of severe hypoxemia. The absence 
of cyanosis does not rule out hypoxemia. Icteric or 
yellow mucous membranes are due to the breakdown of 
red cells (hemolysis) or liver disease. Methemoglobin-
emia results in brown or chocolate-colored mucous 
membranes.

Capillary refill time (CRT)

Evaluation of CRT is done by applying digital pressure 
to the surface of the mucous membranes and forcing the 
blood from the capillary bed and observing the return 
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stimulation. If the patient has an altered mental state, it 
is assessed for its response to touch, sound, and painful 
stimuli. An inappropriate mental state can be a result of 
inadequate perfusion or a primary brain problem.

Some assessment questions the triage technician 
should consider:

• Is the patient’s mentation normal?

• Is there evidence of hemorrhage?

• Is there swelling associated with an extremity or evi-
dence of a fracture?

• Are the mucous membranes pale?

• Is the capillary refill time prolonged?

• Are the pulses weak and rapid?

• Is the heart rate abnormal?

• Are the extremities cold?

Dysfunction or disability of the  
neurological system

Dysfunction or disability refers to the neurological 
status of the patient. This may be assessed through visu-
alization and palpation. A cursory neurologic exam is 
performed focusing on the patient’s LOC, pupillary light 
reflex, posture, and response to pain (superficial and 
deep). Depressed mentation may be a result of poor 
oxygen delivery or trauma to the brain. Seizure activity 
may be due to intra- or extracranial causes.

A patient that is recumbent, has an abnormal posture, 
or is not seen to ambulate or make voluntary move-
ments should be assumed to have spinal trauma and 
stabilized on a backboard (see Fig. 1.4) until proven 
otherwise.

of color. Normal CRT is 1–2 seconds. A shortened  
CRT (<1/2 second) is suggestive of vasodilation. A pro-
longed capillary refill time (>2 seconds) is also a result 
of peripheral vasoconstriction and causes decreased 
peripheral perfusion.

Heart rate

Heart rate is a nonspecific parameter. It is usually mea-
sured by auscultation of the heart, palpation of the apex 
beat, or palpation of an artery. Increase in heart rate 
(tachycardia) may be caused by hypovolemia (the  
tachycardia is a compensatory mechanism), hypoxemia, 
hypotension, drugs, fever, excitement, exercise, and pain. 
Tachycardia is generally defined as a heart rate >160 
beats per minutes (bpm) in the dog or 200 bpm in the 
cat. Decrease in heart rate (bradycardia) may be caused 
by increased vagal tone, severe electrolyte disturbances 
and hypothermia, drugs, or disturbances of the cardiac 
conduction system. Bradycardia is generally defined as 
a heart rate <60 bpm in the dog and 140 bpm in the cat. 
Auscultation of the heart also provides information 
about rhythm and murmurs. Auscultation of the heart 
and palpation of an artery should occur simultaneously, 
so that pulse deficits (the difference between heart and 
pulse rate; they should be the same) can be determined. 
Pulse deficits are suggestive of arrhythmias.

Pulse quality

Palpation of the artery provides information about the 
animal’s heart rate and rhythm. The femoral or dorsal 
pedal arteries are the commonly palpated arteries. In 
addition, pulse quality is an indicator of stroke volume, 
the amount of blood pumped out of the heart with each 
beat. Palpating a peripheral pulse is feeling the difference 
between the systolic and diastolic pressures and dura-
tion of the waveform. Ideally, the pulse should be full, 
regular, and strong, indicating a normal stroke volume. 
A thready pulse is defined as a narrow waveform and a 
weak pulse refers to a small amplitude pulse difference, 
both of which are indicative of a decreased stroke 
volume. Bounding pulses have a large pulse pressure 
difference and wide waveforms usually associated with 
increased stroke volume and vasodilation.

Extremity temperature

The paws, limbs, or ears should normally feel warm to the 
touch. Cool extremities are a result of vasoconstriction.

Mentation

As previously mentioned, evaluation of mentation starts 
from afar. Observe the attitude of the patient without 

Figure 1.4 A patient with suspected head and spinal trauma 
restrained on a backboard. The cranial end of the board is ele-
vated slightly because of suspected increased intracranial 
pressure.



10  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

• Are there any fractures?

• Is the abdomen painful or distended?

• Is there evidence of debilitation or other signs of 
disease?

Summary

In some emergencies, minutes count. The triage per-
formed by the veterinary technician should be rapid and 
efficient. The goal is rapid recognition of and interven-
tion for life-threatening conditions such as hypoxemia 
and inadequate perfusion. A systematic approach to 
patient assessment is essential for the best possible 
patient outcome.

Reference
1. Bracken JE. Triage. In: Newberry L, ed. Sheehy’s Emergency 

Nursing Principles and Practice. St. Louis: Mosby 1998;105–111.

Some assessment questions the triage technician 
should consider:

• Is the animal bright, alert, and responsive or obtunded 
(depressed but rousable), stuporous (roused only 
with painful stimulation), or comatose?

• Are the pupils dilated, constricted, of equal size, and 
responsive to light?

• What is the posture of the animal?

• Are there any abnormal breathing patterns?

• Does the animal respond to painful stimuli?

• Is there obvious seizure activity?

Examination

Finally, a rapid whole-body examination is performed. 
The goal is to determine and address any additional 
problems.

Some assessment questions the triage technician 
should consider:

• Are there lacerations, wounds, or punctures?

• Is there bruising and is it getting worse?
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The small animal emergency room

Martin D. Miller and Sean D. Smarick

Emergency medicine can be defined as “the diagnosis 
and treatment of unforeseen illness or injury.”1 The 
practice of emergency medicine takes place in primary 
care clinics during regular business hours or when vet-
erinarians are on call, in dedicated “after-hours” free-
standing emergency clinics, and in multispecialty referral 
hospitals. No clinical veterinary practice is immune to 
the realms of emergency medicine, as vaccines can cause 
anaphylactic reactions, anesthesia-related cardiopulmo-
nary arrests can occur, and without warning clients may 
present a pet with a traumatic injury or critical illness.

The Veterinary Emergency and Critical Care Society 
(www.veccs.org), whose mission includes “To promote 
the advancement of knowledge and high standards of 
practice in veterinary emergency medicine and critical 
patient care,” provides guidelines for emergency prac-
tice.2 In looking to these standards along with applicable 
state board regulations, a practice should define for its 
patients, clients, the public, and for itself expectations 
for its emergency practice.

The practice of emergency medicine differs from 
primary care and other specialty practices by the urgency 
and breadth of the patients’ conditions. Depending on 
the degree a practice wishes to diagnose and treat 
unforeseen illnesses and injuries, varying degrees of 
adaptations in the physical plant, equipment, inventory, 
staffing, and hospital systems are needed.

Physical plant

The facility requirements for an emergency practice at 
the most basic level do not differ significantly from a 
modern primary care practice. The differences between 

a dedicated emergency practice and that of primary care 
or specialty practice can be found in the layout and 
organization of space and equipment. The space needed 
ranges from a minimum of 2000–3000 square feet for a 
free-standing off-hours emergency clinic compared with 
5000–10,000 square feet for a 24-hour emergency and 
critical care center either as a stand-alone facility or part 
of a multispecialty hospital (see Tables 2.1 and 2.2).

Hospital design and flow
When creating a floor plan concept for an emergency 
facility, a great deal of thought should be given to the 
specific aspects of the emergency practice. Good “flow” 
is essential to good design. Flow represents the natural 
movements of patients, clients, doctors, and staff in the 
daily activity of the practice;3 arranging for such move-
ment is almost like choreographing a dance. Thought 
should be given to dynamic situations such as how best 
to move clients from the lobby to examination rooms to 
discharge, and how most efficiently to move a large dog 
from x-ray to a surgical preparation area and then into 
a surgical suite.

In larger facilities the idea of a hub and spoke concept4 
can be applied to the flow of a practice. The hub can be 
a centralized space such as the treatment area. The 
spokes from the hub may be clinical areas such as the 
in-house laboratory, radiology, surgery, patient wards, 
isolation ward, and pharmacy. In even larger facilities, 
multiple hub and spoke areas may exist, such as one for 
the intensive care unit (ICU) and one for the emergency 
service. Industry-specific publications such as Veterinary 
Economics commonly address veterinary and emergency 
facility design.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.
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Lobby
Accessible to the (emergency) entrance of the facility, the 
client waiting area must be large enough to accommo-
date a simultaneous influx of many clients and their 
pets. While benches or more utilitarian styles of seating 
may work well in a primary care practice where wait 
times are short, the client presenting a pet for an emer-
gency may spend hours in the emergency practice lobby. 
Comfortable, well-padded chairs, a beverage service in 
the form of a water cooler or vending machine, and a 
restroom that is easily accessible to the client should be 
considered (see Fig. 2.1).

Reception area
This is the area where clients are initially received and 
usually discharged. Ideally, some degree of privacy 
should exist for the discharge area where financial or 
sensitive communication is taking place.

Security
Emergency practices have more security concerns  
than day practices because they are open during non-
business hours and may be perceived to be rich in cash 
and narcotics. To provide a safe environment for staff 
and clients, enhanced security measures should be 
considered.

An alarm system can be installed in the facility that 
can notify a monitoring service or the police if the alarm 
is triggered. In continuous operations, “panic” buttons 
can be placed, whereas door, window, motion, and other 

Table 2.1 Area approximation for a small dedicated 
emergency clinic

Space Dimensions Area (Sq Ft)

Lobby 15’ × 20’ 300
Client bathroom 8’ × 8’ 64
Reception area 10’ × 10’ 100
Triage area 8’ × 10’ 80
Exam room 1 10’ × 11’ 110
Exam room 2 10’ × 11’ 110
Exam room 3 10’ × 11’ 110
Treatment room 30’ × 20’ 600
Isolation ward 10’ × 10’ 100
Surgical suite 15’ × 10’ 150
Radiology 10’ × 8’ 80
Staff bathroom 10’ × 9’ 90
Staff break area 12’ × 10’ 120
Administrative office 12’ × 10’ 120
Utility/laundry room/storage 14’ × 8’ 112
Total ∼2200 sq.ft.

Table 2.2 Area approximation for a 24-hour emergency 
practice

Space Dimensions Area (Sq Ft)

Lobby 35’ × 25’ 875
Client bathroom 8’ × 8’ 64
Reception area 15’ × 10’ 150
Check out area 10’ × 12’ 120
Check out lobby 12’ × 15’ 180
Triage area 8’ × 10’ 80
Exam room 1 10’ × 11’ 110
Exam room 2 10’ × 11’ 110
Exam room 3 10’ × 11’ 110
Exam room 4 10’ × 11’ 110
Exam room 5 10’ × 11’ 110
Consultation room 12’ × 12’ 144
Treatment room 30’ × 40’ 1200
Wards 15’ × 25’ 375
Isolation ward 12’ × 12’ 144
Laboratory 15’ × 20’ 300
Surgical suite 15’ × 10’ 150
Surgical preparation area 20’ × 12’ 240
Radiology 12’ × 11’ 121
Staff break area 12’ × 10’ 120
Staff bathroom 10’ × 10’ 100
Administrative office 1 10’ × 10’ 100
Administrative office 2 10’ × 10’ 100
Administrative office 3 10’ × 10’ 100
Conference room 25’ × 15’ 375
Doctors’ office/library 15’ × 20’ 300
Server room 8’ × 8’ 64
Utility/laundry room 14’ × 12’ 168
Storage room 10’ × 12’ 120
Total ∼6250

Figure 2.1 Lobby. Since clients may spend hours in an emer-
gency practice lobby, it should be furnished with comfortable, 
well-padded chairs, beverage service, and an easily accessible 
restroom.
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examine the pet. The space should also include a walk-
on scale for larger dogs, an infant scale for cats and 
smaller dogs, and a gram scale for neonates or small 
exotics. It is also advisable to have a hand-washing sink 
in this area for both staff and pet owners who may have 
transported a soiled pet. Also, a mop sink close to this 
location is helpful to facilitate rapid cleaning of the area 
for the next patient.

Preferably a gurney and minimally a stretcher should 
be available to transport a nonambulatory patient. A 
portable oxygen tank (with a regulator, tubing, and a 
mask) can be stored in this area if it is some distance to 
the treatment area. Other items to stock in the triage 
area may include registration and critical or immediate 
care estimate forms, muzzles and other personal protec-
tion equipment, and basic bandaging materials that can 
be used to cover a wound or control bleeding.

Examination rooms
Examination or consultation rooms can be quite simple 
or rather complex, depending on preference and flow of 
the emergency practice. Basic design choices include the 
number of entrances to the room (a single common 
entrance as opposed to separate client and staff 
entrances), the size of the room, the types of examina-
tion surfaces (stationary, fold down, lift or elevator 
table), and whether to include a hand-washing sink, a 
hand sanitizer dispenser, or both.

While some practices may prefer stationary examina-
tion tables made of stainless steel or plastic laminate, an 
alternative with space efficiency advantages is the stain-
less steel ironing board–like fold-down tables. These 
tables provide flexibility for an unpredictable caseload, 
as small and medium patients can be examined on the 
table while larger breed dogs can remain standing on the 
floor with the table in the upright position. For a basic 
room with a standard folding, wall-mounted examina-
tion table, a room size of 10 feet × 11 feet is adequate.

The ability and desire to integrate technology into 
emergency practice exists, and electrical, networking, 
and hardware needs must be considered. Medical record 
keeping, review of diagnostic images such as digital 
radiographs, visual aid display, and website review can 
be accomplished with fixed computers with monitors in 
each room, a laptop computer on a roll cart, or a com-
puter “tablet” with the appropriate (i.e., Internet) capa-
bilities. Despite advances in technology, even practices 
with digital imaging in-house will need illuminated 
viewing boxes to review radiographic films.

To help comfort pet owners, especially those visiting 
their hospitalized pets, receiving difficult news, or having 
a pet euthanized, a hospital may provide consultation 

sensors can be used in off-hour practices. Cameras can 
be placed in critical areas such as the reception and 
check-out areas, and at exterior doors. These cameras 
can be viewed on a monitor that can be placed in a well-
staffed area such as the treatment room or the doctors’ 
and technicians’ stations. Additionally, these cameras 
can be connected to a secure recorder or monitored by 
off-site services.

To allow for efficient traffic flow but provide some 
security, doors can be fitted with mechanical, electric, or 
magnetic locks. A mechanical door lock often utilizes a 
push-button combination lock to avoid the need for 
keys while maintaining relative security. Magnetic or 
electric strike locks are commonly found in combina-
tion with a proximity card reader close to the door or a 
remote release switch located in a secure area.

Triage area
The area where patients can be taken to establish their 
medical priority is referred to as a triage area (for further 
explanation of triage, see Chapter 1, Triage). The triage 
area may be a (dedicated) examination room or a spe-
cifically designed space easily accessible from the lobby. 
This space serves as a private area for a technician to 
greet clients and their pets while observing the present-
ing complaint and performing a triage physical exami-
nation (also called the primary assessment), which may 
include a rectal temperature and body weight if the pet 
is stable (see Fig. 2.2).

Usually, triage areas are simple spaces that include a 
surface such as an exam table or a gurney on which to 

Figure 2.2 Triage. The triage area should be a specifically 
designed, private space easily accessible from the lobby that 
allows a technician to obtain the presenting complaint and 
perform a triage examination.
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raised to an appropriate height for treatment or exami-
nation. A docking area for the electric lift tables should 
be available to keep the unit charged when not in use. 
Some manufacturers have combined features in their 
treatment tables such as the “wet sink” lift table or tables 
with integrated scales. It is important to account for the 
space surrounding these tables to accommodate the 
people and equipment often needed in addressing emer-
gent and critical patients.

Adequate lighting is crucial in the treatment area and 
starts with high-quality overhead space lighting. This is 
then supplemented with mounted or portable examina-
tion lights to cover the treatment tables.

With the practice of emergency medicine comes an 
increase in the number of patient-side infusion pumps, 
heating devices, and monitors. Integrating the equip-
ment in close proximity to the patient calls for utilizing 
door or pole clamps, adjacent cages, the tops of cages, 
or custom-built shelving or cabinetry between, above, or 
below the patient space. Electrical needs are met with an 
increased number of outlets strategically placed and 
having calculated the anticipated electrical load of the 
equipment. Adequate storage for this equipment in the 
form of shelving, cabinetry, or a closet should be con-
sidered along with the energy needs of charging internal 
batteries. Some practices have integrated “charging” 
closets with many electrical outlets and much shelving 
space.

Special treatment area consideration:  
The isolation ward

Emergency practices should have (or if dictated by  
state regulations, may be required to have) an isolation 
ward distinctly separate from the treatment area and 
other hospital areas5 to house patients with communi-
cable diseases. A consultation room may be incorpo-
rated into or adjacent to the space. These spaces are not 
only physically separate from other patient housing 
areas of the hospital but also have dedicated heating, 
ventilation, and air conditioning (HVAC) systems. Dedi-
cating cageside equipment such as heat support and 
infusion pumps limits the potential for disease trans-
mission to the general hospital population. Stocking the 
isolation ward with treatment supplies limits foot traffic 
and increases efficiency when treating patients in the 
ward (see Fig. 3.7).

The in-house laboratory
A dedicated area in the treatment room or a specific 
space near the treatment room should be planned for 
laboratory equipment and activities. The laboratory 
machines take up a good amount of counter space and 

room(s) with a less clinical feel. Such rooms include 
comfortable furniture, extra floor space to accommo-
date an entire family, noncommercial lighting, and 
home-like interior appointments. Having an exit from 
the hospital in close proximity facilitates a private depar-
ture for a deceased pet or for emotional owners.

Treatment area
In a dedicated emergency practice, the treatment area is 
the heart of the facility (see Fig. 2.3). This space is home 
to treatment tables or stations, animal cages, in-house 
laboratory equipment, a pharmacy, a surgical prepara-
tion area, and doctor and technician workstations. As 
the size of the practice increases, some of these areas can 
be designed as separate spaces.

Emergency practice usually involves performing a 
number of procedures on each patient; therefore, an 
adequate number of quality work areas is needed. A vast 
array of treatment tables is available to outfit the emer-
gency facility with a wide range of cost depending on 
features and materials. As with tables in examination 
rooms, a “dry” table would consist of a solid laminate or 
stainless steel surface; stainless steel dry tables may be 
on casters or wheels. A wet sink treatment table is a 
stainless steel tub ranging from a few inches to 18 inches 
deep and often topped with a grate and a removable 
solid stainless steel cover. These tables offer the oppor-
tunity to address procedures often associated with bodily 
and other fluids so often encountered in emergency 
practice. In a practice with no lack of debilitated patients, 
a hydraulic or electric lift table is recommended. Such a 
table may be fixed or may be on casters or wheels. Larger 
dogs can be placed on the tabletop at floor level and then 

Figure 2.3 Treatment room. The treatment room is the heart of 
an emergency facility, and is home to treatment tables or stations, 
animal cages, in-house laboratory equipment, pharmacy, surgical 
preparation area, and doctor and technician workstations.
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out their shifts. The size of the area and its complement 
of amenities, such as a refrigerator, microwave, stovetop, 
seating, and tables are determined by shift staff size and 
by other purpose(s) of the space (e.g., if the area also 
serves as a meeting or locker room). Lockers provide an 
efficient and secure option for storage of coats and a 
secure place for personal items. Adequate restrooms for 
the staff and clients should not be overlooked. The addi-
tion of a staff shower in a restroom may be a welcome 
amenity.

Office space

A designated space for doctors and technicians to use 
the telephone to communicate with clients, to prepare 
medical records, and to consult with each other should 
be contemplated. In an emergency practice, this area  
is often situated either adjacent to or as part of the  
treatment area; however, some practices also incorpo-
rate traditional office space distant from the clinical 
areas.

Meeting space

To address day-to-day administrative and management 
needs, facilitate staff education, and house all-staff 
meetings or referring veterinarian functions, meeting 
space is often incorporated into an emergency practice. 
The desired functions of the space and resources will 
dictate the size and amenities such as computer and 
Internet access, white boards, projectors, and seating.

Utility spaces

Throughout the facility, many spaces are needed for 
utility purposes. “Janitor’s closets” are small spaces that 
include a mop sink, floor cleaning, and other cleaning 
supplies. These should be strategically located to allow 
for easy access and quick cleanup of any area in or 
around the hospital. A designated space for a refrigerator 
or freezer to accommodate deceased pets waiting dispo-
sition should ideally be located near a private door that 
can allow a crematory service to discreetly remove the 
bodies from the facility. Emergency practices use towels 
and bedding, and laundry facilities must be adequate to 
handle large loads continually. Storage space for items 
such as medical records, medical supplies, and pet food 
needs to be considered in the design of the facility.

Advanced emergency practices may start to resemble 
small hospitals, with central oxygen storage and mani-
folds, fire suppression systems, centralized medical or 
maintenance vacuums, anesthetic gas scavenging 
systems, and computer servers that all require space and 
supporting mechanical systems.

deserve electrical considerations such as surge suppres-
sion, line conditioning, and potentially battery back-up. 
A dedicated sink in the proximity of the laboratory is 
useful for dealing with contaminated samples and is 
sometimes needed to drain laboratory equipment. A 
refrigerator and freezer will also most likely be necessary 
in the laboratory or in close proximity to store fluid 
samples and certain laboratory testing materials.

Radiology suite
The radiology suite in an emergency practice does not 
differ tremendously from a primary care practice: space 
is needed for an x-ray machine along with adequate 
distance or physical shielding as required by state regula-
tions to protect the staff and patients from ionizing 
radiation. The image processing and storage consider-
ations will differ tremendously between digital and film 
systems with the latter requiring space and mechanicals 
for a processor, and storage for unexposed and devel-
oped film. As more advanced imaging and related 
medical procedures may take place in an emergency 
practice, additional consideration for space and equip-
ment should be given.

The surgical suite
As with the radiology suite, a surgical suite in an  
emergency practice is similar to that of any other veteri-
nary practice with consideration given to the types  
of procedures being performed. Work flow and available 
space will dictate whether a separate surgical patient 
preparation area is needed adjacent to the surgical 
suite(s), along with a dedicated or shared storage area 
for surgical supplies, packs, and sterilization equipment. 
The incorporation of anesthesia and monitoring equip-
ment, proper lighting, positive pressure HVAC, separate 
spaces for surgeon’s scrub sink, and gowning area is  
an additional but not unique design consideration for 
this area.

Nonclinical areas
The size and scope of the nonclinical spaces can vary 
depending on the size of the practice and the makeup 
of the organization, but are nevertheless an important 
aspect in an emergency practice.

Staff spaces

Because emergency practice often involves a larger staff 
that work long shifts during which leaving the premises 
is often unrealistic, the design of the staff area should 
include a place for the staff to store, prepare, and enjoy 
a meal while on break. Water fountains or coolers should 
be available so that staff can remain hydrated through-
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combination or separate), coagulation analyzer, and a 
cell counter.

Patient monitors and equipment
Patient monitors are needed to screen for physiological 
abnormalities and to monitor ill patients for disease 
progression. These monitors may include electrocardio-
graphs (ECGs, often with an incorporated defibrillator); 
pulse oximeters; Doppler, oscillometric, and direct 
blood pressure monitoring systems; side- or mainstream 
capnographs; and temperature monitors. Electrical 
needs, networking, and telemetry are considerations 
when selecting monitors. Monitoring equipment may be 
separate or bundled together into multiparameter mon-
itors or networks with central viewing stations.

Fluid and drug administration

Fluid infusion pumps and syringe pumps are required 
to deliver fluids and medications at set rates. Many fluid 
infusion pumps and at least a few syringe pumps are 
likely to be required in even a smaller emergency 
practice.

Thermal support

Many emergency care patients require heat support to 
maintain adequate body temperature. Patient warming 
devices are machines that provide external thermal 
support to the hypothermic patient. They generally 
utilize circulating warm water, forced warm air, or elec-
trically generated heat, and each system type has its own 
advantages based on cost, versatility, reliability, and 
effectiveness.

Oxygen
Emergent patients often require oxygen supplementa-
tion, positive pressure ventilation, or anesthesia neces-
sitating oxygen. Thus, oxygen access is vital to emergency 
practice. Several options are available to deliver supple-
mental oxygen. The most simple and appropriate for 
primary care settings is the oxygen tank (“E” size for 
portable tanks, “H” for stationary tanks) equipped with 
a regulator and hose. This system is connected to an 
oxygen cage, directly to a nasal cannula, to a nonre-
breathing system with a mask, or to an anesthesia 
machine. Central systems consist of copper piping 
(which resembles water supply piping) that delivers 
oxygen from a source to the point(s) of care.

Oxygen sources

A simple cascade system can be employed as an oxygen 
source. This system involves a series of high-pressure 
oxygen tanks (usually size “H”) that are connected via 

Equipment

Due to the increased number and severity of critically 
ill patients encountered in an emergency practice, the 
amount and sophistication of equipment often exceeds 
that found in a primary care facility.

Imaging
Imaging plays an important role in many emergency 
cases. A high quality radiographic system is crucial for 
a dedicated emergency practice, as is an ultrasound 
capable of detecting cavity effusions. Computed tomog-
raphy (CT) and magnetic resonance imaging (MRI) are 
in use in some emergency centers, and may be consid-
ered for larger practices.

Radiography

Choices exist in both film-based and digital radiography. 
Considerations when deciding between film-based  
and digital radiography include throughput, image 
acquisition time, and capital expenditure. While film-
based systems can of course offer diagnostic images, 
digital systems have the advantages of decreased  
required mechanical space, digital storage and filing, 
decreased labor and increased throughput, and, with 
some systems, virtually immediate image viewing. In a 
high emergency caseload practice, these advantages are 
more pronounced.

Ultrasound

The choices for ultrasound to detect cavity effusion are 
many, and easy access, durability, dependability, and 
cost-effectiveness must be considered when selecting an 
ultrasound machine for the emergency department.

Advanced imaging

Advanced imaging to include “diagnostic” ultrasound, 
CT, and MRI is rarely supported solely by an emergency 
practice but can be utilized as a shared resource with 
other in-house specialties or with other referral 
practices.

The in-house laboratory
Many emergency practices house a fair amount of point-
of-care or in-house laboratory equipment. The Veteri-
nary Emergency and Critical Care Society has established 
a guideline for the minimum capacity of an emergency 
practice laboratory.2 At minimum, emergency practice 
in-house laboratories should include a microscope, 
microhematocrit and tube centrifuges, blood chemistry 
analyzer, blood gas and electrolytes analyzer (either in 
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practice, patients will undergo anesthesia in the radiol-
ogy and other imaging areas, the treatment area, and the 
surgical and associated preparation areas. A centralized 
scavenging system can provide connections in strategic 
locations for anesthesia machines. When installed and 
maintained properly, centralized scavenge is one of the 
safest methods to deal with anesthetic waste gases.

Medical vacuum
Besides providing for suctioning of a body cavity in 
surgery, medical vacuum provides for airway suctioning 
and continuous thoracic drainage, all commonly used 
in emergency medicine. Minimally, a hand-powered 
device such as the Laerdal V-Vac Manual Suction Unit 
(Laerdal Medical Corporation, Wappingers Falls, NY) 
can be used for airway suctioning, while a central system 
similar to the oxygen and waste gas scavenging systems 
provides vacuum outlets in strategic areas. Portable, 
electrically powered suction units would be a compro-
mise for a small practice.

Computer system
Practice management software saves time,8 and allows 
for orderly storage of medical records, financial infor-
mation, client database, and inventory information, all 
desirable attributes for an emergency practice. A net-
worked computer system is needed for such software 
and includes a file server, a number of workstations, and 
printers. As medical records and financial data must be 
maintained as per regulation, appropriate data backup 
systems are strongly recommended.

flexible piping to a main pipe that acts as the system 
manifold. Other oxygen sources include liquid oxygen 
or an oxygen generator. Backup systems with high-
pressure tanks are often employed.

Oxygen delivery points

Oxygen is piped from the source manifold to oxygen 
receptacles. These receptacles have a special fitting (the 
Diameter Index Safety System) to connect oxygen hosing 
or a regulator. Quick connects are available in different 
popular configurations such as Chemetron, Puritan-
Bennett, and Ohmeda (available from suppliers such as 
Precision Medical, Northampton, PA, and Allied Health-
care Products, St. Louis, MO). Oxygen receptacles can 
be placed on walls or in ceilings and can be recessed or 
wall-mounted.

Several types of cages are designed to create an atmo-
sphere of higher oxygen concentration. The most simple 
is a clear plastic cage door that replaces the standard cage 
door. This door has an opening for an oxygen supply 
line that can be placed either directly into the cage or 
through a humidifying bubbler. While this setup is a 
relatively inexpensive solution as an oxygen cage, it pro-
vides no temperature control and has no integrated 
oxygen meter. To assess the cage’s oxygen concentration, 
the probe of an oxygen concentration meter must be 
placed in the cage, and temperature and humidity in the 
cage must be monitored closely. An animal in a nearly 
sealed cage can raise the cage’s temperature and the 
humidity quickly and considerably, leading to a heat 
stroke hazard. These cages can usually attain a maximum 
fraction of inspired oxygen (FiO2) of approximately 0.6 
(i.e., a 60% oxygen environment). Technologically 
advanced oxygen cages can be programmed to achieve 
a desired oxygen concentration, have nearly airtight 
door seals to minimize gas leak, often have integrated 
oxygen sensors, and can condition the interior space 
with digital temperature and humidity controls. Such 
oxygen cages can often achieve FiO2s in excess of 0.8 (see 
Fig. 2.4).

Patients that do not respond to oxygen administra-
tion require positive pressure ventilation, which can be 
provided at the most basic level with a bag-valve-mask 
device, nonrebreathing circuit, or anesthesia machine. 
An anesthetic ventilator or ideally a critical care ventila-
tor is used for long-term (more than a few hours’) 
ventilation.

Anesthesia waste gas scavenging
Some practices simply use a specially designed charcoal 
canister that connects to the exhaust port valve of the 
anesthesia machine to collect waste gas. In emergency 

Figure 2.4 Critical care oxygen unit. Technologically advanced 
oxygen cages can be programmed to achieve a desired oxygen 
concentration, have nearly airtight door seals to minimize gas 
leakage, often have integrated oxygen sensors, and can condition 
the interior space with digital temperature and humidity 
controls.
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In addition to being workstations equipped with 
practice management software, computers are a source 
of medical information. Searchable online or CD-ROM 
“textbooks” and access to veterinary Internet sites such 
as the Veterinary Information Network (www.vin.com) 
are invaluable when managing emergency cases, par-
ticularly when information is needed urgently or when 
there are no colleagues to consult.

Miscellaneous equipment
In a busy 24-hour emergency practice that uses towels 
and blankets for bedding, a large and near-constant flow 
of dirty laundry is the norm. Industrial laundry equip-
ment is ideal for handling large loads on a continual 
basis. Due to the nature of the practice, an emergency 
hospital must be prepared to deal with deceased patients. 
A refrigerated cooler or freezer is necessary, which can 
range from a residential chest freezer to a walk-in cooler, 
depending on practice size and caseload. Many patients 
presented for an emergency require some fur removal, 
and a central, nonmedical vacuum system can provide 
efficient fur cleanup in addition to routine facility 
cleaning.

It is critical that an emergency practice provide con-
tinual care; therefore, a diesel or natural gas-fueled elec-
trical generator is a consideration to power vital areas 
such as the treatment room, surgical suites, laboratory, 
security systems, computer networks, and the phone 
system in times of power outage.

Inventory

Providing high-quality care for the acutely ill patient 
requires a full inventory of supplies and drugs. Many 
emergencies can be treated with the inventory stocked 
by most primary care practices; however, due to the 
breadth and seriousness of disease encountered in emer-
gency practice, an extensive inventory beyond that of  
a primary care clinic is required. The emergency casel-
oad, resources allocated to inventory, and geographical 
location are relevant to the inventory. For instance, an 
emergency hospital that is near a 24-hour human com-
munity pharmacy or hospital may be able to take advan-
tage of such resources and have fewer rarely used  
drugs in stock, while a practice without such resources 
will need a full complement of medications. Essential 
inventories for practices not routinely seeing emergen-
cies and for dedicated emergency practices are shown in 
Table 2.3.

Medical supplies
Basic supplies to support the ABCs–airway, breathing, 
and circulation–should be stocked in every practice, 

while additional supplies may be found in more 
advanced emergency practices.

Airway management

A laryngoscope with multiple appropriate blade sizes, 
endotracheal tubes, and a bulb syringe for suctioning  
are basic emergency airway supplies that all practices 
should have. As a source of medical vacuum, a Yankauer 
suction tip and suction catheters are effective and should 
be considered for removing liquid from the pharynx  
and trachea, respectively. Lidocaine sprayed from an 
atomizer or directly instilled to a cat’s larynx will help 
prevent laryngospasm. A polypropylene urinary cathe-
ter can act as a guide for the endotracheal tube during 
difficult tracheal intubation (see Chapter 23, Tracheal 
Intubation).

Ideally, supplies to perform a tracheostomy should be 
available in all practices; such supplies include self-
retaining retractors, scalpels, sutures, needle drivers, and 
forceps. Many tracheostomy tubes are sold commer-
cially, and a shortened endotracheal tube can be used if 
a tracheostomy tube is not available (see Chapter 23, 
Temporary Tracheostomy).

Breathing

Rescue breathing can be delivered with mouth-to-snout 
or endotracheal tube, but because such practice com-
promises caregiver safety, it is recommended only when 
no other option exists. Cost effective bag-valve devices 
are available through veterinary distributors (such as 
Jorgensen Laboratories, Loveland, CO). Practices that 
use general anesthesia usually have an anesthesia 
machine and nonrebreathing circuits that can be used 
to provide positive pressure ventilation.

Many emergency patients need oxygen supplementa-
tion even when they do not require endotracheal intuba-
tion. A practice should therefore have other equipment 
to deliver oxygen. Such items could include rigid plastic 
masks; hoods, which are commercially available or can 
be made from a plastic wrap-covered Elizabethan  
collar or a plastic bag; and nasal cannulas, which can be 
made from red rubber catheters or human bilateral  
nose prongs. Plastic wrap over the front of a cage or 
around a cat carrier with some area left for a vent can 
also be effective. See Chapter 20, Oxygen Therapy, for 
more detailed information.

Oxygenation and ventilation can be compromised by 
pleural space filling. Butterfly needles, peripheral intra-
venous (IV) catheters, extension tubing, three-way stop-
cocks, syringes, thoracostomy tubes, tubing connections, 
Heimlich valves, and three-bottle drainage systems are 

http://www.vin.com
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needles, and heparin, or specialized pre-heparinized 
vented syringes, as discussed in Chapters 5 and 22.

Circulation

Maintaining effective circulating volume is crucial for 
the emergency patient, and every practice should have 

supplies used to evacuate the pleural space. Such equip-
ment should be on-hand and readily available at any 
emergency clinic. See Chapter 30, Pleural Space Drain-
age, for more details.

To evaluate for effective ventilation and oxygenation 
by measuring blood gases, the clinic must have syringes, 

Table 2.3 Emergency Practice Inventory

Emergency Medical Supplies*
 Bag-valve-mask e.g. Ambu bag
 Endotracheal tubes
 Feeding tubes, red rubber
 Heimlich valve
 Infusion needles, butterfly style
 Intraosseus cannula or spinal needles
 Intravenous catheters
 Intravenous drip and extension sets
 Laryngoscope with blades
 Lubricating jelly
 Oxygen mask(s) (hood)
 Pressure infusion bag
 Suction bulb (catheters and Yankauer tips)
 Three-way stop cock
IV Fluids
 0.9% sodium chloride for injection*
 Balanced and buffered electrolyte solution e.g. Lactated 

Ringers
 D5W for injection
Cardiac Drugs
 Atropine sulfate for injection*
 Lidocaine 2% for injection
 Nitroprusside for injection
 Propranolol
 Epinephrine 1:10,000 for injection*
 Sodium bicarbonate 8.4% for injection*
Sedatives/analgesia/anesthesia
 Acepromazine for injection
 Benzodiazepine*
 Dexmedetomidine
 Ketamine for injection
 Mixed and pure mu agonist narcotics for injection* (patch, 

tablets)
 Propofol
Reversal Agents (* if using relevant agents)
 Atipamezole
 Naloxone
Anti-infectives
 Aminoglycosides
 Anthelmintic
 Antiprotozoal
 Beta-lactam antibiotics
 Fluoroquinolone antibiotics
 Macrolides
 Metronidazole
 Tetracyclines

Miscellaneous
 Acetylcysteine
 Activated charcoal*
 Apomorphine*
 Calcium gluconate 10% for injection
 Chlorpromazine for injection
 Corticosteroid, quick acting* e.g., Dexamethasone sodium 

phosphate
 Dextrose 50% for injection*
 Diphenhydramine*
 Dopamine for injection
 Famotidine for injection
 Fomepizole or ethyl alcohol (* if ethylene glycol a potential 

toxin)
 Furosemide 5% for injection
 Methocarbamol for injection
 Metoclopramide for injection
 Misoprostol tablets
 NSAID for injection
 Oxygen*
 Oxytocin for injection
 Phenobarbital for injection
 Regular insulin
 Silver sulfadiazine cream 1%
 Sucralfate tablets
Ophthalmic
 Artificial tears ointment/drops
 Atropine 1% ophthalmic solution
 Eye wash (sterile buffered isotonic)
 Fluorescein stain ophthalmic strips
 Prednisone 1% ophthalmic solution
 Antibiotic solution (without steroid)
Transfusion supplies
 Donor dog or cat and donor supplies
 Blood administration set or in-line filter
 (Fresh) frozen plasma
 Packed red bloods cells or HBOC
 Blood typing cards
 Blood cross-match kit

*Essential.
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hypoxemia, sepsis, or cardiac failure and is the primary 
acute condition every practice should be prepared  
to address. Cardiopulmonary cerebral resuscitation 
(CPCR) minimally requires oxygen, a vasopressor 
(namely, epinephrine and justifiably vasopressin), atro-
pine, and sodium bicarbonate as a buffer (and for treat-
ment of hyperkalemia). See Chapter 16, Cardiopulmonary 
Cerebral Resuscitation, for more information.

Oxygen, not often thought of as a drug, should be the 
first one administered to all patients presenting in shock 
due to its ease of administration and high therapeutic 
index (ratio of therapeutic to toxic dose). Oxygen can 
be supplemented while an IV catheter is being placed.

The most common cause of shock is hypovolemia, 
and restoration of effective circulating volume with 
crystalloids, artificial colloids, and blood products may 
be needed. There is no universally ideal solution for 
resuscitation, so the more emergencies a practice sees, 
the more bags and types of fluids and blood products 
are warranted. Minimally, isotonic saline (0.9% NaCl) 
and a buffered, balanced electrolyte solution such as 
lactated Ringer’s solution should be stocked. If blood 
products are not stocked, donors and blood collection 
supplies (or, if available, a hemoglobin-based oxygen 
carrier) are alternatives. More advanced emergency 
practices should also stock synthetic colloids and hyper-
tonic saline.

Diuretics, antiarrhythmics, afterload reducers, and 
inotropes may be needed to address cardiac emergen-
cies. For disturbances in electrical rhythm that may 
compromise cardiac output, atropine and at least one 
antiarrhythmic drug, each from the sodium channel 
blocking, beta-blocker, and calcium channel blocker 
classes, are recommended. Bronchodilators and cortico-
steroids may be needed to improve oxygenation in the 
patient with severe allergic bronchitis. A high percentage 
dextrose solution should be stocked as an emergency 
energy source.

Patients in septic shock, by definition, are not respon-
sive to intravenous fluids alone and require vasopressors 
and possibly positive inotropes. Many inotropes  
and vasoactive medications require constant rate infu-
sions (CRI). Infusion or syringe pumps to deliver these 
medications along with appropriate diluents, that is, 
D5W (dextrose 5% in water) are required for their 
administration.

The treatment for anaphylactic shock includes IV  
fluids, epinephrine, antihistamines, and glucocorticoids.

Anti-infectives

Antibiotics are used to treat, and in very specific situa-
tions to prevent, bacterial infections. Parenteral antibi-
otics effective against the organisms encountered in the 

the ability to gain vascular access through intravenous 
catheters ranging from 24- to 16-gauge for peripheral 
placement. “Butterfly” needles offer a short-term alter-
native to IV catheters and are preferred to standard 
hypodermic needles for infusions. A pressure infusion 
bag can assist in delivering large volumes of fluids in a 
short amount of time. Intraosseous cannulation, an 
often overlooked vascular access technique, can be 
accomplished with hypodermic needles, spinal needles, 
or purpose-designed or mechanically placed intraosse-
ous needles. See Chapter 4, Catheterization of the Venous 
Compartment, for more specific information.

The goal of maintaining effective circulating volume 
is to deliver oxygen to the tissues. When anemia is severe, 
an oxygen-carrying fluid must be provided. Disposables 
required for transfusion include equipment for blood 
typing and cross-match, blood administration sets, in-
line filters, and collection supplies such as anticoagulant 
and blood collection bags for collecting donor blood in 
the clinic.

Advanced emergency practices may include long-
term single or multilumen central intravenous catheters 
to obtain central venous pressure measurements, admin-
ister multiple infusions simultaneously, and obtain 
repeated venous blood samples, all of which provide a 
continuum from emergent to critical care.

Additional supplies

The emergency practice should have supplies available 
to cannulate any patient orifice or cavity. While red 
rubber catheters are cost-effective and versatile, a dedi-
cated emergency practice should stock purpose-specific 
feeding tubes, urinary catheters (and collection bags), 
and wound drains, as these tend to cause less tissue 
reactivity and are more effective for the intended 
purpose. Orogastric tubes to address gastric dilatation 
and perform gastric lavage should be stocked in all but 
the most basic of practices. With each tube comes the 
need for specific connector(s), so appropriate adapters 
should not be overlooked.

Pharmacy
Any practice must minimally be able to address shock 
and cardiopulmonary arrest; dedicated emergency prac-
tices need to have a pharmacy to address infections, 
analgesia, sedation and anesthesia, intoxications, and 
emergencies of the gastrointestinal, endocrine, urogeni-
tal, ophthalmologic, and neurological systems.

Shock and cardiopulmonary arrest

Shock, defined as inadequate cellular energy production, 
is usually the result of hypovolemia, hypoglycemia, 
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Gastrointestinal (GI) medications

A patient presenting with signs referable to the gastro-
intestinal tract is one of the most common presenting 
emergencies. The emergency practice should probably 
carry at least one each of the proton pump inhibitors 
and H2 antagonists as antacids; parenteral forms are 
often useful. Sucralfate should also be considered for 
local gut protection. Parenteral antiemetics affecting the 
chemoreceptor trigger zone or the vomiting center, such 
as NK-1 receptor antagonists, phenothiazines, metoclo-
pramide, and 5-HT3 antagonists, are the best antiemetics 
for the emergent patient. Antiemetics that decrease gut 
motility, such as aminopentamide, are contraindicated 
in many causes of vomiting.

Endocrine emergencies

Endocrine emergencies include hypoadrenocortism, 
diabetic ketoacidosis, and aberrations in calcium 
homeostasis. For Addison’s disease, injectable dexa-
methasone is an important drug, as it will not interfere 
with ACTH stimulation testing. Due to dexamethasone’s 
lack of mineralcorticoid activity, hydrocortisone or 
prednisone will be required for subsequent doses if a 
mineralcorticoid (such as desoxycorticosterone pivalate 
or fludrocortisone) is not available. Diabetic ketoacido-
sis requires intramuscular or intravenous administra-
tion of regular insulin. Hypercalcemia can be treated 
with IV fluids, a loop diuretic, an alkalinizing agent, and, 
in certain instances, a corticosteroid. Hypocalcemia 
requires parenteral calcium supplementation.

Urogenital emergencies

Urogenital emergencies amenable to pharmacologic 
intervention include dystocia, oliguria, and hyperkale-
mia. After ensuring adequate vascular volume, loop and 
osmotic diuretics may be required in an attempt to 
restore adequate urinary output. Hyperkalemia’s affect 
on the heart may be antagonized by a slow IV push of 
calcium, while insulin and alkalinizing agents shift the 
potassium into the intracellular space.

Oxytocin, along with dextrose and calcium supple-
mentation, is used to treat uterine inertia.

Ophthalmologic emergencies

Ophthalmologic examinations require a topical anes-
thetic for the cornea, fluorescein stain, and sterile, buff-
ered saline eye rinse. Artificial tears and ointment are 
needed to prevent exposure keratitis in patients with 
decreased tear production or blinking, and in those 
under sedation or anesthesia, even for a short time. 
Glaucoma in the acute setting requires lowering the 

emergent setting requires stocking antibiotics to address 
gram-positive and gram-negative, aerobic, and anaero-
bic organisms. Beta-lactam, fluoroquinolone, and ami-
noglycoside antibiotics are basic requirements, and 
metronidazole, macrolides, and tetracyclines play 
important roles. Antiprotozoal and anthelmintic medi-
cations round out the anti-infective inventory, with con-
sideration given to the organisms and parasites 
encountered in the practice.

Analgesics

With a growing body of evidence supporting the bene-
fits of effective pain control, the essential emergency 
pharmacy should have drugs for parenteral administra-
tion that interfere with the transduction, transmission, 
modulation, and perception of pain. Local anesthetics, 
alpha-2 agonists, NMDA antagonists, nonsteroidal anti-
inflammatory drugs (NSAIDs), and opioids are classes 
of drugs to stock for analgesia. Chapters 42–44 provide 
more specific information on analgesia.

Sedation and anesthesia

Patients with an acute presentation usually raise cardio-
pulmonary concerns beyond those of a healthy patient; 
the drugs stocked for sedation and anesthesia in emer-
gency practice should reflect this. Balanced anesthetic 
techniques with cardiovascular sparing drugs are most 
appropriate, and such drugs include opioids, benzodiaz-
epines, and NMDA antagonists. Propofol, barbiturates, 
alpha-2 agonists, and promazines still play important 
roles in the emergent setting, despite their more pro-
found cardiovascular effects.

Intoxications

Intoxications always warrant supportive care, which 
may tap into the essential emergency pharmacy, and 
every practice should carry gut decontaminant drugs 
such as activated charcoal. Dedicated emergency prac-
tices should have specific antidotes in stock as well. 
Either fomepizole or ethyl alcohol can be life-saving as 
an antidote for ethylene glycol. At least one form of 
vitamin K1 (phytonadione) must be on-hand for anti-
coagulant rodenticide intoxication, and if the patient is 
already bleeding, fresh frozen plasma may also be 
required. Despite efforts at client education, acetamino-
phen and NSAID intoxications are still seen; such toxici-
ties necessitate keeping acetylcysteine and misoprostol 
on the shelf. Based on geography and other factors, other 
antidotes also warrant consideration, such as crotalid 
polyvalent antivenin for crotalid snake envenomation, 
methocarbamol for metaldehyde-based snail baits or 
other tremoragenic toxins, and lipid solutions for fat-
soluble intoxications.
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ings. The highly emotional environment of an emergency 
practice may also lead to compassion fatigue,7 a detailed 
discussion of which can be found in Chapter 65.

Hospital systems

As discussed, facility, equipment, supplies, pharmacies, 
and staffing of an emergency practice are often larger 
and more complex than those for primary care practice. 
The off-hours, continuous operating nature of the 
emergency practice makes communication among 
coworkers and between management and staff difficult, 
yet it is crucial for the successful delivery of emergency 
care. The hospital systems in an emergency practice 
must address these challenges to keep operating 
smoothly.

Checklists
A continuously operating hospital must still be cleaned, 
stocked, and maintained. Managing these issues requires 
planning, implementation, and monitoring beyond that 
of a practice operating during more traditional hours. 
Checklists can be employed at regular intervals to allow 
for continuous operation and preparedness. To be effec-
tive, these checklists and the intended results must be 
reviewed by a supervisor or manager at regular intervals. 
For example, a checklist can be used at the beginning of 
every shift and after each use to ensure the proper stock-
ing of a “crash cart.” A daily supervisor spot check and 
an avenue for staff feedback are required to ensure that 
the system is effective.

Inventory
As discussed, the limiting factor of emergency care that 
can be provided may depend on a drug or supply. Due 
to the inconsistent nature of an emergency practice’s 
usage of inventory items and the inability to obtain such 
supplies on a moment’s notice during off-hours, a robust 
inventory system is needed. Inventory item usage can be 
tracked through physical markers signaling an item has 
been depleted, daily physical inspections, or utilizing 
practice management software that includes inventory 
control or a supply management system such as the 
computer-controlled bank of drawers often found in 
human hospitals.

Practice management software
A powerful tool in veterinary practice management is 
industry-specific software. This software can include 
client and patient databases, medical records, inventory 
control, invoicing, accounting, and even treatment 
orders. An emergency practice should seek a software 

intraocular pressure with a topical and/or systemic car-
bonic anhydrase inhibitor, an osmotic diuretic, and/or 
prostaglandin analogues. Inflammatory diseases use a 
topical steroid product in the absence of corneal ulcer-
ation, and most bacterial infections can be addressed 
with a few choices in antibiotic ointments or drops. A 
dilating agent such as topical atropine offers relief from 
ciliary spasm and prevents synechia formation in corneal 
lesions.

Neurological emergencies

Medications to control seizures and lower intracranial 
pressure round out the drugs recommended for the 
emergency pharmacy. They include medications already 
presented: osmotic diuretics to address increases in 
intracranial pressure, and benzodiazepines, propofol, 
and pentobarbital for treatment of active seizures. Addi-
tionally, a long-term anticonvulsant such as phenobar-
bital is recommended for emergency drug loading.

Staffing the emergency practice

Depending on caseload variations of the season, day of 
the week, and time of the day; the scope of the practice; 
and the population serviced, staffing of a dedicated 
emergency practice can range from a single veterinarian 
and assistant to multiple veterinarians supported by a 
plethora of support staff.

Typical veterinary staffing (Certified Veterinary Tech-
nicians or Registered Veterinary Technicians, assistants, 
kennel aides, and receptionists) have roles in an emer-
gency practice as they would in primary care. It is ideal 
to have a high ratio of technicians to veterinarians with 
the support staff in dedicated positions.6 This can be 
accomplished with consistent and high case loads; 
however, case loads in emergency practice can vary tre-
mendously and both veterinarians and support staff 
may be called upon to assume multiple or nontradi-
tional roles.

The specialized skills and knowledge of the emergent 
practice staff will often find even Registered or Certified 
Veterinary Technicians and employees with years of 
experience in other practices needing additional train-
ing. In-house training programs are crucial at the basic 
level. The Academy of Veterinary Emergency and Criti-
cal Care Technicians offers an avenue to become a Vet-
erinary Technician Specialist and gain recognition in the 
field by pursuing advanced training.

Due to the nature of emergency practice, a number 
of other unique staffing considerations exist. Scheduling 
for a practice operating off-hours or continuously 24 
hours a day has challenges of shift transitions and con-
tinuing education, performance review, and staff meet-
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Summary

While emergency practice shares many features with 
other types of veterinary practices, facility design, equip-
ment, inventory, staffing, and hospital systems become 
more specialized to provide care for patients with 
unforeseen illness and injuries. Every clinical practice 
should have a minimal set of tools to treat common 
emergencies that are likely to be experienced in any 
practice.
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vendor that provides features specifically for referral 
practices such as tracking the source of referrals, refer-
ring veterinarian information, and referral letter genera-
tion and distribution.8 In addition to helping manage 
referring veterinarian relationships, computerized 
invoicing and medical records provide easy access to 
information from a patient’s previous visits.

Medical records
Medical records contain the history of each patient and 
a chronology of the approach to the medical care given 
to the patient, and represent a critically important link 
to the patient.9 Their contents may be regulated by the 
state veterinary board and the Veterinary Emergency 
and Critical Care Society (VECCS) recommends that 
the Problem Oriented Medical Record as outlined by the 
American Veterinary Medical Association be followed 
and be kept at the emergency facility.2

It is imperative that such records are legible and orga-
nized, because another veterinarian in the emergency, 
primary care, or other specialty practice must be able to 
continue care based on them. As discussed above, there 
are practice management software products that include 
medical record keeping and are therefore ideally suited 
for use in an emergency practice.

However, a “paperless” emergency practice is a chal-
lenge as not all the components of the medical record 
can be computerized. For example, paper “treatment 
sheets” are still commonly used in the dynamic environ-
ment of emergency practice despite the availability of 
computerized options. The system of treatment orders 
is an important one in emergency practice, and Chapter 
64 provides a detailed discussion on medical charting. 
Other forms in emergency practice that are often kept 
on paper include authorization and estimate forms 
(especially for those patients in critical condition requir-
ing immediate care), CPCR documentation forms, and 
certain lab reports.

http://www.acep.org/content.aspx?id=29164&terms=definition
http://veccs.org/guidelines.php
http://www.avma.org/issues/policy/ethics.asp
http://avecct.org
http://veterinaryhospitaldesign.dvm360.com/


24

3
ICU design

Joris H. Robben and Julie A. Eveland-Baker

The primary objective of an intensive care facility is to 
provide a high level of continuous patient care. A well-
designed intensive care unit (ICU) is necessary for the 
creation of a safe, efficient, and, not the least, pleasant 
environment for patients, personnel, owners, and other 
visitors. In order to design an ICU effectively, it is neces-
sary to define its requirements in terms of staffing and 
operations.

In veterinary medicine no consensus or standards 
exist regarding what should constitute an ICU for com-
panion animals. Currently, there is a wide variety of ICU 
types in various clinical settings. Considering this variety, 
a description of current practices or effective design 
options can never be complete. Nevertheless, as in 
human intensive care medicine, veterinary medicine 
should strive for unification and basic, general guide-
lines for ICU design to ensure a predefined and, prefer-
ably, centrally guided, high quality of intensive patient 
care. The topics that are addressed here are intended to 
constitute a basis for such future guidelines.

In smaller practices with a variable need for intensive 
care it may be most economically viable to combine the 
ICU facility with the emergency service (ES) and recov-
ery room.1 Although these facilities are closely related, 
they should be considered separate units with different 
operational patterns. Physical separation is particularly 
important for the ICU as it helps to prevent unnecessary 
commotion and traffic, which may help to reduce the 
introduction of infection and improve patient comfort. 
This discussion will focus on intensive care medicine 
only, and the ICU will be considered as an independent, 
functional unit.

A well-designed ICU should not only have the correct 
floor plan, interior design, and equipment, but should 
also take into account staffing and have proper operating 
procedures as described in protocols and guidelines. For 
a successful design all these aspects have to be consid-
ered and put into context with one another. However, 
for reasons of constraint and in accordance with the 
intention of this text, this chapter will not discuss the 
important aspect of staffing. Most equipment used in 
the ICU will be discussed in other chapters of this book 
and the reader will be directed to those chapters for a 
more in-depth discussion. The aspect of operations will 
be discussed in general overview.

The design process

Development
Intensive care unit design has significant impact on daily 
patient care. The extensive investment of time and effort 
in the long and complicated design process will be 
rewarded when one experiences its positive impact  
on the day-to-day operations. A stepwise approach helps 
to organize the development from initial concept to 
completed structure (Table 3.1). The planning and  
design process should include research that leads to 
evidence-based recommendations for materials in com-
pliance with local legislation directives. A major step in 
the development process is the description of ICU 
program goals and objectives. These can be best defined 
by a planning team that includes ICU veterinarians and 
technicians, pet owners, administrators, and design 
professionals.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
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ratory staff, ICU personnel should be able to use these 
facilities in a swift and easy manner.

Facility configuration
An ICU can be divided into three major areas: staff  
work area, patient area, and ancillary services. The  
last is either part of the facility or located elsewhere  
in the hospital and shared with other services. As  
with the location of the ICU within the hospital, the 
topographic positioning of areas within the ICU  
should be considered and defined early in the design 
process. The value of the relationships between  
different rooms, areas, and functions can be prioritized 
by a system of grading. It helps in this conceptual  
phase to think of the ICU as a group of concentric  
circles with the patient modules at the center. (For the 
purpose of this discussion, each individual patient  
care area, i.e., cage and direct surroundings, will be  
considered a patient module.) By positioning the differ-
ent rooms, areas, and functions within the smaller  
and larger concentric circles surrounding the patient 
modules, relations can be discussed and adjusted 
accordingly.

The character of the relationship between areas, 
rooms, and functionalities must also be described, and 
is based on the need for visual or auditory contact with 
patients, and the patterns of physical movement of 
patients, people, and materials (being either clean or 
dirty, small or large) through the space.

Based on the priorities for ICU positioning within the 
hospital, the priorities for situating areas and function-
alities within the ICU, the need for shared engineering 
services, and design considerations from other services, 
the configuration of the facility can be drawn within the 
limitations of the building.

ICU size
Several aspects must be taken into consideration when 
deciding on ICU size (Table 3.2). A facility that can 
accommodate 6 to 12 patients with a mean occupancy 
of 60%–70% is often considered a practical and viable 
companion animal ICU size. Smaller units may not 
benefit from economy of scale, and may garner an insuf-
ficient caseload to maintain skills and expertise. Larger 
units may present problems of clinical management.3 
Larger units should only be considered when the facility 
admits patients to the ICU that need less intensive care, 
such as when a facility combines intensive care with a 
medium care function. Larger institutions could con-
sider the design of subunits that manage patient care 
independently.

The intensive care facility and all its contents should 
support, and be a logical extension of, the manner in 
which the ICU is operated. Therefore, the design should 
creatively reflect the vision and spirit of ICU staff and 
pet owners. It is important to allow everyone involved 
in the development process to comment, as design 
aspects have to be judged from different perspectives. A 
close interaction between external experts in hospital 
construction and an internal interdisciplinary team is 
mandatory to reach a professional design that agrees 
with user requirements.

Location in the hospital
The unit has to be situated within the hospital in relation 
to other facilities such as ES, anesthesia induction and 
recovery room, intermediate or general wards, and 
ancillary services. Close proximity to the surgical the-
aters, recovery room, and ES reduces the distance to 
move critically ill patients and enables the easy transfer 
of staff, equipment sharing, and the common use of 
ancillary functions. Furthermore, the sharing of engi-
neering services can more easily be accomplished during 
the building process. The ICU should be located with 
consideration for other services that receive ICU patient 
or personnel traffic. Such services include the diagnostic 
imaging facilities, pathology, and the clinical laborato-
ries if limited or no point–of–care testing is available in 
the ICU. In the absence of imaging technicians and labo-

Table 3.1 Steps in planning and Designing a Veterinary ICU

1. Review of articles on practice, team building,  
and planning

2. Education in the change process
3. Visits to new and renovated units
4. Vendor fairs
5. Legislation and local directives relating to the build
6. Vision and goals
7. Development planning
8. Space planning, including methods to visualize 

3-dimensional space if available
9. Operations planning including traffic patterns, functional 

locations, and relationship to ancillary services
10. Interior planning
11. Surface materials selection
12. Review of blueprints, specifications, other documents, and 

mock-ups
13. Building and construction
14. Post-construction verification and remediation

Based on White RD, 2007.2
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convenience for technical staff. Such a station should be 
an area of sufficient size to accommodate all necessary 
staff functions. The station should be situated such that 
it offers a clear, unobstructed view of the patient area. 
Sliding glass doors and glass partitions function to sepa-
rate the technicians’ station and the patient area acousti-
cally (both ways) (Fig. 3.1a).4 If an isolation ward is part 
of the ICU, visual and audible contact should be avail-
able from the station (Fig. 3.1b).

The station should contain an area or desk with com-
puter terminals for patient record maintenance and 
Internet access. This setup facilitates more detailed 
record compilation, completion of requisitions, and in- 
and out-of-hospital telephone communications. The 
station could also accommodate storage facilities for 
protocols, patient chart material, request forms, and 
other medical stationery. Depending on the space avail-
able a medical book collection, printers, fax, photo-
copier, and a table to perform patient rounds can be 
made part of the station. Anything that makes work 
efficient and the working experience attractive should be 
considered for this area.

If the technicians’ station cannot provide enough 
room for all these facilities and functions, a separate 
medical or administrative office should be available in 
close proximity to the patient area.

Staff break room

Work in an intensive care unit can be physically demand-
ing, and staff should have the opportunity to step back 
from the environment when necessary and as part of 
scheduled breaks. A staff lounge should provide a 

The ground plan

Staff work areas
Technicians’ station

A central technicians’ station can improve organization 
and efficiency of patient care and improve comfort and 

Figure 3.1 (a) The entire patient area can easily be surveyed from the technicians’ station through large glass windows. (b) With the 
use of cameras in the isolation ward and wall-mounted monitors in the technicians’ station, the isolation ward can be monitored from 
within the station. Auditory surveillance is possible through the installation of microphones and speakers.

(a) (b)

Table 3.2 Considerations to determine the size of the 
intensive care facility

Historical information Size of previous ICU facility
History of patient refusals at 
prior size

Regional influence Role in the regional veterinary 
community

Size of hospital/practice

Size and type of other 
specialties and facilities

Presence, size, and level of the 
emergency service
Presence, size, and level of other 
in-hospital specialties
number of surgical theatres, 
surgical case load

Organizational restrictions Space available
Staffing available
Type of patients (admittance 
policy)
Level of care
Number of elective (planned) 
admissions
Financial restrictions
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be arranged and designed in such a fashion that observa-
tion of all patients by direct or indirect (e.g., by video 
monitor) visualization is possible from many locations 
in the ICU. Such an arrangement permits the monitor-
ing of patient status during both routine and emergency 
circumstances.

Patient modules should be designed to support all 
necessary healthcare functions. Nursing staff spend con-
siderable time monitoring, supporting, and treating 
patients. Therefore, patients should be easily accessible, 
and ergonomics and hygiene should be considered. The 
more complex the care rendered, the more “bedside” 
space should be available to position the supporting and 
monitoring equipment. Equipment should not impede 
access and nursing care to the patient.

These considerations force us to rethink the design of 
the patient area with special attention to the concept of 
the patient module. Different frequencies and intensities 
of care may warrant different types of patient modules 
to cater to different types of patients. The admittance 
policy should be considered when deciding on the base-
line patient module. A well-balanced mix of different 
patient module types to include moderate, advanced, 
and intensive one-on-one patient care options probably 
serves needs best. This variety allows more economic use 
of the limited available space.

“Bedside” utilities

One of the most valuable resources to have at the 
“bedside” is space. Open space maximizes access for care-
givers, reduces cross-contamination between patients, 
and provides the most private and comfortable environ-
ment for visiting owners.

Every patient module should have its own light. This 
enables the staff to care for one animal during quiet, 
nightly hours without having to use the main light that 
illuminates the whole patient area. Preferably, every cage 
is equipped with one or more devices for warming the 
patient, such as floor heating or a heating lamp.

Light switches, electrical power sockets, and other 
outlets must be organized to ensure safety, easy access, 
flexibility, and maintenance. Depending on the type of 
cage, outlets can be mounted on the wall above or on 
both sides of the enclosure. Alternately, they may be 
brought from the wall or ceiling in a more free-standing 
arrangement to a boom or trunk over the cage, via a 
“stalactite” structure from the ceiling or via a “stalag-
mite” structure from the floor. The number and location 
of the power sockets depend on the amount of electrical 
equipment, but a minimum of eight per patient module 
seems reasonable for most patient modules, especially 
with the routine use of infusion pumps (Fig. 3.2). The 

private, comfortable, and relaxing environment with 
external windows, comfortable seating and distractions 
such as magazines, radio, and television. Kitchen facili-
ties such as a sink, microwave, food refrigerator, and 
dishwasher may be integrated or directly adjacent. 
Lockers for safekeeping of personal belongings can be 
installed. The room should be equipped with commu-
nication systems such as telephones, computers, inter-
com, and emergency call buttons.

Conference or multipurpose room

This room facilitates staff meetings, teaching sessions, 
and other group meetings. For this purpose it should 
contain proper seating, projection facilities, a white 
board, and illuminated viewing box. It can also be used 
as a library by equipping it with journals, reference 
books, internet-connected computer terminals and 
printers. Both the staff break room and the conference 
room should be in close proximity to the ICU so that 
staff are not dispersed during their absence.

Patient area
The patient area should be compact and offer close, 
unobstructed visual (and audible) contact with all 
patients. The number of staff in a veterinary ICU is often 
limited, and one staff member should be able to monitor 
multiple patients at once. This factor should play a 
major role in the positioning of the different patient 
modules in the area. However, the requirement for a 
relatively small unit must be balanced with the need for 
increasing numbers of cage-side monitors and thera-
peutic equipment, the growing awareness of the impor-
tance of hygiene, and the need for a pleasant, comforting 
and ergonomically designed environment for patients, 
staff, and owners.

The patient area should allow unobstructed move-
ment of staff, owners, visitors, patients, and equipment. 
Therefore, doors, aisles, and corridors should be designed 
such that stretchers, patient carts, and large equipment 
can easily be moved around within the unit and into and 
out of the facility.

Besides the presence of patient modules and a treat-
ment area for specialized procedures, the patient area is 
often used for storage of disposables, smaller (surgical) 
equipment, and larger medical equipment for monitor-
ing and treatment. However, the storage of such dispos-
ables and equipment in the patient area should be 
minimized, as it contributes to the impression of chaos 
and limited space.

Patient modules

Patient modules consist of the patient’s cage and its 
direct surroundings, the “bedside.” The modules should 
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The patient’s daily record and flow sheet can be 
located in the patient module or at the central techni-
cians’ station. Their position should be easily accessible 
to the nursing and medical staff (Fig. 3.3). A move 
toward paperless bedside recording as is now the custom 
in human medicine is not expected soon in veterinary 
medicine.

Cage designs

As care and treatment of patients is the core duty of an 
ICU and is primarily performed in and around patients, 
the design of the cages is of the utmost importance. 
Many different “cage” designs can be found in veterinary 
ICUs today (Fig. 3.4).

A kennel or run can be described as a small fenced 
space with a door at the front (Fig. 3.4a); such a space 
is often used to enclose larger dogs. When the patient is 
recumbent, care and treatment must be performed on 
the floor of the kennel, often with the patient positioned 
on padded bedding or a mattress. Runs make it difficult 
to position equipment, and often drip poles are used in 
or in front of the run. From the perspective of hygiene, 
practicality, and working conditions for the staff this is 
less than ideal for the treatment for most types of ICU 
patients.

“Stacked” cages can be made of stainless steel, fiber-
glass, or plastic and can be stacked in different arrange-
ments (Fig. 3.4b). The cages have a wire or plastic front 
with a door and all other sides closed. This setup of cages 
appears most widely used in companion animal ICUs. 
Such a conformation uses limited space, which is often 
important in an ICU. Although the construction is more 
elevated than a run, the close contact between patients is 
not ideal for maintaining hygiene and reducing cross-
contamination. Cages that are positioned in the second 
or third row from the bottom offer an ergonomic advan-
tage. Patient visibility is not optimal, as one must stand 
directly in front of the cage to be able to see clearly inside. 
Equipment, wires, and infusion lines can only reach the 
patient from the front. With several patients housed 
directly next to and on top of each other, this arrangement 
often makes the whole situation chaotic and difficult to 
oversee. Additionally, banks of cages such as these make 
procedures that require two or more veterinary techni-
cians difficult (or impossible) to perform with the animal 
in the cage. Considering added equipment and lines, this 
setup makes patient care challenging.

Ideally, oxygen cages control not only the oxygen con-
centration in the closed environment of the cage, but 
also temperature, humidity, and carbon dioxide levels. 
Many ICUs are fitted with one or two oxygen cages, as 
they are an easy way to administer oxygen with minimal 

current standard in human medicine is as many as 16 
power sockets per bed.4

The number of outlets for vacuum, oxygen, and com-
pressed air may vary with the type of patient module, 
but every cage should have easy access to at least one of 
each. Patient modules designed for mechanical ventila-
tion need more service outlets and may need an extra 
outlet for evacuation of anesthetic gases.

Equipment may be supported on wall-mounted rails, 
shelves, the top of the cage, or on mobile service stands 
(“drip poles”). When equipment is too heavy, too bulky, 
or is shared between patient modules, it can be mounted 
on a trolley. A combination of these arrangements may 
be suitable. Bedside monitoring equipment should be 
located to permit easy access and viewing, and should 
not interfere with the visualization of, or access to, the 
patient. The status of each patient should be readily 
observed at a glance. This goal can also be achieved by 
a central monitoring station (telemetry) that permits the 
observation of more than one patient simultaneously, 
preferably from within the technicians’ station.

Storage units (cupboards, baskets, shelves) could be 
placed in more advanced patient modules to provide for 
easy access to specific drugs, disposable materials for 
specific patient care procedures such as mouth care, and 
emergency resuscitation equipment.

Figure 3.2 With the ever-increasing use of infusion pumps and 
other medical equipment, the need for power outlets increases. 
A number of 8 per patient module seems sufficient in most 
instances but up to 16 may sometimes be necessary.
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Figure 3.3 (a) A small writing tableau attached to the cage makes it easy to keep the patient’s flow sheet current. The tableau can 
be folded away when not in use to increase space for maneuvering carts and equipment. (b) An alcohol dispenser is placed conveniently 
alongside some tableaus so staff can disinfect hands and forearms between patients.

(a) (b)

patient stress. Some ICUs have made the oxygen cage 
their standard cage, mainly because they are convenient. 
The oxygen cage makes it difficult to have frequent, 
direct physical contact with the patient without sacrific-
ing oxygen supplementation, and current oxygen cage 
designs sometimes fail to maintain the environment at 
preset values. Although the smooth inner surface of 
many designs makes cleaning the cage easy, disinfection 
of the cages’ internal gas delivery systems can be cum-
bersome. Some oxygen cage designs provide more space 
for the patient and service openings on the cage’s side; 
such designs make visual contact with and approach to 
the patient easier than with stacked cages. Auditory 
contact is often hampered by the closed environment 
and the noise of the air conditioning.

Wall-mounted or free-standing singular cages are 
designed such that the bottom of the cage is at table 
height (Fig. 3.4c). The design as shown in Figure 3.4c 
originates from combining the characteristics of a meta-
bolic cage with those of a fume cabinet. Three or all sides 
of the cages are made out of glass windows or bars that 
give ideal visualization of the patient. These cages can 
be opened from two sides, which makes it possible for 
two or more people to handle the patient at once. Equip-
ment and lines can easily be organized around the cage. 
Of course such a cage takes up more space, but it is ideal 
for dealing with ICU patients that need elaborate inten-
sive care.

The “playpen” type cage is an excellent alternative for 
large dogs (Fig. 3.4d). Its bottom is conveniently lifted 

about 40 cm from the floor: easy for the patient to step 
into and raised enough to ensure hygiene. The whole 
construction is made of stainless steel, and the doors and 
bottom can easily be taken out for proper cleaning and 
disinfection. The bottom is lined with a watertight 
cushion. The playpen height is more comfortable for 
staff than a floor-level run. Equipment and lines can be 
easily organized around the cage.

“Mechanical ventilation” station

An ICU that has the resources to perform long-term 
mechanical ventilation should have one to three stations 
specifically designated for this task (Fig. 3.5). Rather 
than being restrained by a cage, patients are immobi-
lized by anesthesia or neuromuscular disease. Ventilated 
patients need intensive care with frequent contact with 
caregivers and connection to many monitoring devices 
and other equipment such as infusion pumps. An open 
area with a table for the patient in the center serves these 
needs best. The ventilator and most supporting equip-
ment can be arranged at the head of the table.

It is ideal to be able to change the height and tilt of 
the patient table. Patients that are immobile over a long 
period need special attention to prevent pressure lesions. 
The table surface should be padded and large enough 
for the patient to lie comfortably without its legs extend-
ing beyond the edge of the tabletop. For most hydraulic 
tables this means the top must be extended beyond the 
standard size.



Figure 3.4 Different cage designs that are used currently in companion animal ICUs. See the text for additional information. (a) Kennel/
run (ICU, Cummings School of Veterinary Medicine at Tufts University); (b) stacked cages (ICU, Cummings School of Veterinary Medicine 
at Tufts University); (c1, c2) wall-mounted singular type; (d1, d2) “playpen” type.

(a) (b)

(d1) (d2)

(c1) (c2)
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Figure 3.5 Mechanical ventilation station.

by multiple staff from different directions. On one or 
two sides, the procedural table can be surrounded by 
countertops on which to arrange and prepare dispos-
ables and equipment. A hands—free hand-washing 
station should be available in this area. Positioning of 
rails or shelves for support of monitoring equipment 
above the countertop permits easy access and viewing. 
Light switches, electrical power, oxygen, compressed air, 
vacuum, and gas evacuation outlets must be easy to 
access. They can be mounted on the wall above the 
counters. The number and location of the power sockets 
depend on the number of electrical appliances present 
on the shelves or counter. A free-standing, ceiling-
mounted, or floor-mounted utility column directly 
adjacent to the procedural table improves access and 
flexibility; the column can also contain controls for the 
lighting. The use of mobile devices such as poles, carts, 
and trolleys should be limited, as they often hinder 
patient and staff mobility. However, there should be 
room to place the crash cart, mechanical ventilator 
equipment, or other larger equipment that may be 
required near the procedural table(s). Some storage 
facilities such as cupboards, drawers, refrigerator, freezer, 
and incubator for fluids can be positioned under the 
counters or above them. As the treatment area is often 
centrally located in the patient area, this is a suitable 
place to park a fully equipped crash cart.

Isolation ward

The isolation ward is ideally maintained as a separate 
facility in close proximity to the ICU. The entrance  
to the isolation ward should consist of a separation  

Procedure area

A procedure area is often included in the patient area 
because many minor interventions such as catheter 
placement and wound management are performed in 
the ICU (Fig. 3.6), and a different room would separate 
staff from the patients for too long. The treatment area 
is organized around one or two procedure tables. A 
hydraulic table with a tiltable top offers advantages for 
some medical interventions. A wet table enables patient 
bathing and wound care; however, close attention to 
hygiene is imperative when considering such a construc-
tion in the ICU.

One or two high-intensity lights should be mounted 
above every table. The table should be easily accessible 

Figure 3.6 (a) The procedure area contains all the necessary equipment to perform small surgical interventions. (b) When the ceiling 
is not available for a service unit, a mobile arm mounted on the adjacent wall can bring all necessary wires and tubes to the table, 
which prevents people from tripping over them.

(a) (b)



32  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

Very rarely do pets have to be isolated as a group and 
probably not many facilities can provide for that in a 
cost-effective manner. Any disposables or contaminated 
equipment should leave the isolation area in sealed con-
tainers for further processing.

Ventilation systems for isolation rooms should be 
independent of other systems in the hospital with 100% 
exhaust to the outside. Ideally, the system should have 
the capacity to create negative or positive air pressure 
(relative to the open area). If the room is designed to 
control airborne infections, all walls, ceilings, and floors, 
including doors and windows, should be sealed tightly.

Separate isolation facilities should have electronic 
means of communication. Remote patient monitoring 
capability via cameras and microphones with a central 
viewing location in the ICU is necessary (Fig. 3.1b).

Outside runs

ICU patients often have limited mobility. However, for 
a successful recovery the incentive of a small outside area 
close to the ICU can be important. The use of patches 
of (artificial) grass invites patients to relieve themselves 
more easily, but hygiene is more difficult to maintain 

corridor (Fig. 3.7a). This area should make it possible to 
prepare to enter the ward with appropriate protection, 
and to leave it with minimal risk of breaching the isola-
tion. The corridor should be divided in two separate 
areas, potentially separated with a shower. The corridor 
should enable the change from regular hospital clothing 
to protective gowning, hair cap, footwear, and gloves, 
and should include a hands–free hand-washing station. 
When a completely separate facility is not feasible, a 
closed room adjacent to the ICU with a large glass 
window for easy observation of patients can be effective. 
Sometimes the only practical and cost–effective alterna-
tive is to isolate patients in part of the main ICU patient 
area; however, this puts the general ICU population at 
much higher risk. Besides dedicated personnel, design 
considerations such as temporary physical barriers 
should be considered.

The isolation ward should be designed to function 
independently as much as possible without needing to 
introduce disposables or equipment (Fig 3.7b). Ideally, 
the isolation area is a smaller version of the main patient 
area with storage facilities, refrigerator, a procedure area, 
and patient area. As this room is to isolate patients, only 
a limited number of cages (two to four) are necessary. 

Figure 3.7 (a) The isolation ward can be accessed via a separation corridor, which enables staff to change clothing and wash and 
disinfect hands. (b) As much as possible, the isolation ward should function stand-alone. Therefore a small treatment area is part of 
the isolation ward.

(a)

(b)
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small counter with storage cabinets, drawers, a sink, and 
water tap must be provided to prepare medications. A 
glassed wall can be used to permit visualization of 
patients and ICU activities while preparing medications 
if this area is enclosed.

Medical equipment storage

Unused drip stands, trolleys, gurneys, pediatric incuba-
tors, portable suctioning devices, ultrasound machines, 
and so on cannot stand in the patient area, as they con-
tribute to a cluttered, disorganized appearance of the 
ICU. This equipment is best stored in a separate room 
with easy access for retrieval (Fig. 3.8). Appropriate, 
grounded electrical outlets should be provided within 
the storage area in sufficient numbers to permit recharg-
ing of battery-operated items. Lockable storage should 
be provided for small but valuable items and fiber–optic 
equipment.

Consumable supply storage

Any ICU depends heavily on a multitude of disposables 
and recyclable equipment, like sterile minor surgery 
packages. Depending on the size of the practice or hos-
pital, a three–stage storage management system may  
be desirable. The central supply of the hospital/clinic 

compared with a concrete area. As there is constant risk 
of cross-contamination, this outdoor area is dedicated 
to ICU patients alone and not shared with other hospi-
talized animals, and (as much as possible) these areas 
should be cleaned and disinfected after every patient 
visit.

Ancillary rooms
Laboratory facilities

The ICU should have easy access to a laboratory facility 
which supplies emergency–directed 24–hour clinical 
laboratory services. When such services cannot be pro-
vided by the central hospital laboratory, a satellite labo-
ratory within the ICU must serve this function. It is 
advantageous to have the laboratory facility close to the 
patient area so that technicians are never far away in case 
of an emergency in the ICU.

At a minimum, it is ideal to have 24-hour capability 
to measure blood gas and electrolytes, blood glucose, 
packed cell volume, total protein, activated clotting time, 
blood urea nitrogen, and creatinine, and to have a 
microscope to evaluate cytology and blood smears.5 The 
laboratory bench should offer enough space and be 
equipped with a sufficient number of power outlets for 
all the necessary equipment. Network connections may 
be necessary to link laboratory equipment with the hos-
pital network and download laboratory results directly 
into the patient’s medical record.

Fume hoods may be advantageous or even legally 
required if stains for cytological preparations are used. 
A sink and water tap can sometimes be fitted with a 
device to produce laboratory quality deionized  
water. There should be enough room to store instruction 
manuals and administrative records, and to stock labo-
ratory disposables and reagents, in a refrigerator or 
freezer if necessary. Also a refrigerator, freezer, and 
heating incubator dedicated to the temporary storage  
of biological specimens must be readily available. Con-
nections and space for a computer terminal and a  
communication system may be considered. Local regu-
lations may demand emergency shower or eye wash 
installation.

Pharmacy

Guided by local considerations and organization, a satel-
lite pharmacy can be part of the ICU. A separate room 
is warranted if the ICU is serviced by its own pharmacy. 
The air–conditioned pharmacy should have room for 
storage of medications including a lockable cabinet for 
controlled substances, a refrigerator for pharmaceuti-
cals, storage for intravenous (IV) fluids, and a refrigera-
tor and a freezer for the storage for blood products. A 

Figure 3.8 A separate room for storage of medical equipment 
helps keep the patient area organized and uncluttered. The walls 
of the room can be fitted with shelves and rails. Part of the wall 
should be kept clear to accommodate free-standing items. Shelv-
ing should be shallow for easy location of desired equipment.
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local guidelines taken into account (see Recommended 
Reading).

Lighting, electrical power, network, and 
communication cables

Ambient lighting should be available throughout the 
ICU, and especially around the cages and in the treat-
ment areas. Diurnally cycled lighting has potential 
benefit in the recovery of infants.6 Therefore it seems 
prudent to have adjustable lighting in the patient area, 
from both natural and electrical sources. The lights 
should dim without flicker. If windows or skylights are 
present, shading devices should be in place and easily 
controlled. It may also benefit the unit to have tinted 
glass panes in the exterior windows. During the night 
the main lights in the facility should be dimmed or 
turned off completely.

The patient modules and treatment areas should have 
spotlighting that can be controlled independently to 
prevent increased lighting for other patients, especially 
during periods of rest or at night (Fig. 3.9). Mobile 
spotlighting and lighting at low level under the cages or 
tables to illuminate drains and underwater seals (i.e., for 
thoracostomy drainage systems) may be added. Treat-
ment areas should have separate procedure lighting with 
adjustable intensity, field size, and direction in order to 
properly evaluate patients or perform procedures. Inde-
pendent lighting of support areas, such as the hand-
washing stations, medication preparation area, and 
charting areas, can be beneficial.

Consideration should be given to provide a space 
easily accessible to all staff that will provide an oppor-
tunity for exposure to higher–intensity light levels for at 
least 15 minutes per shift in order to ameliorate the 
effects of working at night and “seasonal affective disor-
der.”7 The presence of natural daylight is also considered 
beneficial to staff and owners.

Electrical power, network, and communication  
cables should be routed via easily accessible conduits 
that are wall-mounted or located above the ceiling to 
make additional cabling relatively simple. The power 
supply must be single–phase with a single common 
safety ground. Supply lines must not cause interference 
with monitoring or computer equipment. Standard 
multiplex electrical outlets may not be suitable, since 
some outlets may not be accessible when oversized 
equipment plugs are in use.

It is critical that the ICU staff have immediate access 
to the main electrical panel if power must be interrupted 
or restored in case of an electrical emergency. A set of 
lights in the ICU and several power outlets supported 
by a backup generator should be available in case of a 
power outage.

constitutes the first storage area. The second storage area 
consists of a utility room adjacent to the ICU. Storage 
can be organized on open scaffolding, on shelves, in 
cupboards, and in drawers. A desk with a computer and 
sufficient room for administrative papers allows for con-
venient management of inventory. The third and final 
storage space is situated in the patient area itself for 
items frequently used. Attempts to stock everything in 
the ICU itself causes overcrowding, as needs always grow 
over time.

Soiled bedding and waste disposal storage

There should be a dedicated area for storing soiled 
bedding, waste materials, and material for recycling 
until collection. This material should not be kept in the 
main ICU patient care area. The size and nature of this 
space will depend on the arrangements for collection. If 
the practice or hospital has a central facility, this can also 
be used.

Facilities outside the ICU complex
What should be part of the ICU complex and what 
should be supplied in the rest of the hospital or clinic is 
somewhat arbitrary. In addition to the numerous previ-
ously mentioned requirements, other functions and 
rooms that have to be considered are a kitchen for prep-
aration of patient food, a doctor’s room for any onsite 
overnight watch, a medical office including a library, 
individual office space, a storage area for patient records, 
a receptionist’s office and area, a waiting area, an owner 
visiting room, a patient groom room, and a linen room. 
Furthermore, ICU staff require ready access to facilities 
for changing with showers, toilets, and lockers. Both the 
changing room and lockers must be individually 
lockable.

Environmental services

Gas supply

The ICU patient areas should be fitted with connections 
for central oxygen, compressed air, and vacuum. Gas 
scavenge systems should be implemented at the design 
stage if sedation with use of nitrous oxide or volatile 
anesthetic gases in the ICU is planned.

Service of the systems can be made easier by leading 
the pipes through wall- or ceiling-mounted, water-
resistant conduits. The choice of service location (e.g., 
wall, stalactite, stalagmite) will have a major impact on 
the service arrangements and on operational use. The 
outlets must consist of keyed plugs to prevent accidental 
interchanging. For detailed requirements for pressures 
and flows, human guidelines can be applied with specific 
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Figure 3.9 (a) Every patient module should have its own light. (b) Each module is lit by bright LED lights that can be dimmed stepwise 
and do not emit unwanted heat.

(a)

(b)

and ceilings should be constructed of materials with 
high sound absorption capabilities. Especially in smaller 
rooms such as the isolation ward, special attention 
should be paid to unacceptable noise levels as a result of 
barking.

Water supply and plumbing

Sinks with hot and cold running water supplies must be 
located throughout the ICU. Depending on local regula-
tions, heating boilers that reduce the risk of bacterial 
growth in the plumbing system must be installed directly 
adjacent to each water supply. Sinks are used either as 
hand-washing stations (see the special section on this 
topic) or for disposal of (contaminated) organic liquid 
materials and cleaning of equipment. The sinks should 
be large, and deep enough to ensure that the direct sur-
roundings are not soiled. The installation of shower-
heads can help with cleaning both equipment and the 
sink itself.

Sinks, water taps, and their direct surroundings are 
notorious for harboring bacteria that can cause nosoco-
mial infections. Therefore, it is important to have differ-
ent stations for hand washing, disposal of bodily fluids, 
and cleaning of equipment. Separate water fountains for 
drinking should be supplied.

Ambient temperature and ventilation

The air conditioning system to the ICU patient area 
should provide a thermo–neutral temperature of 16–
27°C (60–80°F) and a relative humidity of about 30%–
60%, while avoiding condensation on wall and window 
surfaces. Control of humidity and condensation can be 
a challenge, as regular cleaning of cages and floors 
requires abundant amounts of water. System capacity 
and room air change frequencies should take this into 
account. Ventilated air delivered to the ICU should be 
filtered and the ventilation pattern should inhibit par-
ticulate matter from moving freely in the space. The 
air-conditioning system should be accessible such that 
regular monitoring and maintenance services may easily 
be performed.

Noise reduction

Reduction of both incoming noise and internally gener-
ated noise should be considered. Background noise pro-
duced by equipment and mechanical systems such as air 
conditioning should be minimal and absorbed as much 
as possible. Floor coverings that absorb sound should be 
used, keeping infection control, maintenance, and 
equipment movement needs under consideration. Walls 
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Furnishings

In the patient area the use of cabinets with doors and 
drawers is preferred over shelves, as closed cabinets con-
tribute to an uncomplicated environment. Designs spe-
cific for use in medical facilities are ideal, as they have 
standardized sizes and take into account unique require-
ments of the medical field.

Chairs and free-standing furnishings such as cabinets 
and carts in the patient area and ancillary rooms should 
be easily cleanable with minimal seams (Fig. 3.10). 
Countertops in particular should have few or no seams. 
Furnishings should be of durable construction.

Special design considerations

Hand washing and disinfection facilities

Stations for clinical hand washing and disinfection 
should be strategically positioned at every entrance to 
the ICU (Fig. 3.11). Depending on the size of the unit, 
additional hand washing stations should be provided. 
The stations should be used only for hand washing  
and not to clean dishes or other equipment or to  
dispose of organic materials such as bodily fluids. The 
stations should have hot and cold running water that 
can be turned on and off by hands—free controls, and 
the basins should be large enough for surgical hand 
washing. To dry one’s hands, disposable towels or hot air 
dryers can be used. An antimicrobial hand rub (often 
alcohol–based) dispenser should be present at every 
hand-washing facility. The setup should be comple-
mented with clear instructions on when and how to 
wash and disinfect hands and lower arms correctly. For 
ease of access, additional antimicrobial hand rub dis-

Floors, walls, and ceilings

There are many things to consider regarding the surfaces 
in the patient area. Floor surfaces should be easy to clean 
and should minimize the growth of microorganisms. 
They should be highly durable and dense to withstand 
frequent cleaning and heavy traffic. They should keep 
their new appearance and glossiness, have acceptable 
acoustical properties, and give enough grip for staff and 
patients to walk upon safely, even when wet. In addition, 
the floors should be aesthetically pleasing to the eye. To 
choose an appropriate floor for the patient areas is cer-
tainly a challenge. It helps in the design phase to pay 
special attention to floors when visiting other facilities, 
with a focus on durability. See the section on Control of 
Infection below, under Operational Considerations, for 
more information regarding the floor’s impact on 
hygiene and infection control.

The walls should be easy to clean, noise-reducing, and 
durable with extra protection provided at points where 
contact with movable equipment is likely to occur. Some 
walls may need to be reinforced if wall–mounted cages, 
rails, or shelves are used.

Ceilings should also be easy to clean, noise-absorbing, 
and invulnerable to dust accumulation, both on the 
ceiling itself and on ceiling-mounted light fixtures. The 
ceiling structure in the patient module or procedure area 
should be strong enough to carry the weight of any 
suspended equipment.

Figure 3.10 Furniture that is used in the patient area and ancil-
lary rooms should be easily cleanable, with the fewest possible 
seams.

Figure 3.11 Hand washing and disinfection facilities should be 
strategically and conveniently positioned throughout the ICU.
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not be the dominating color in the ICU. Natural daylight 
with an outside view is essential for both patients and 
staff. Visual distractions such as pictures and other fea-
tures such as plants should not be reserved for the owner 
visiting room, but should be strategically placed through-
out the ICU to enhance a positive atmosphere.

Medical equipment

Introduction
A comprehensive list of required equipment is beyond 
the scope of this chapter; Table 3.3 gives an abbreviated 
outline of ICU equipment possibilities. Furthermore, 
since many pieces of equipment are discussed through-
out this book, the discussion here has been limited to 
some specific ICU-related considerations.

Specific considerations
Laboratory equipment

Equipment in an ICU laboratory must provide results 
quickly. Furthermore, as nonspecialized personnel often 
need to make use of these machines, they should also be 
easy to use, maintain, and calibrate.

Monitoring equipment

While in human ICUs the bedside monitoring setup  
is complete and committed to one bed only, this is 
seldom financially feasible in veterinary medicine.  
To make more economic use of the expensive equip-
ment, extensive monitoring is either limited to those 
cages that are intended for the most critically ill patients; 
monitoring devices are positioned in such a way they 
can service multiple cages; or the equipment is mobile 
and can be moved between patient modules as neces-
sary. In some situations every cage can be set up with 
monitoring modules that deliver a basic set of monitor-
ing parameters (see Table 3.3). The setup chosen is based 
on the design of the ICU, the type of patients admitted 
to the ICU, the clinician’s preferences, and financial con-
straints. The introduction of a modular setup for mul-
tiparameter monitoring devices is a very attractive 
development.

Of special interest are telemetry monitors, which offer 
several advantages. Mostly telemetry is used for the elec-
trocardiogram, but larger setups can be used for mul-
tiple parameters. When used for one or two parameters 
the transmitter device is often small enough to tape onto 
the patient. This allows more free movement and mini-
mizes the patient getting caught in wires and leads. 
Second, all collected data can be sent to a central monitor 
in the technicians’ station, which supports continuous 
monitoring of the parameter(s).

pensers should be placed strategically throughout the 
ICU (Fig. 3.3b).

Safety and security measures

Depending on the hospital situation, it may be necessary 
to have areas of the ICU that can lock from the inside 
to secure the safety of personnel and patients, particu-
larly after regular office hours. Areas or storage units that 
contain valuable equipment should be locked. However, 
ICU staff should have use of all essential equipment and 
areas; therefore, a key cabinet available to all personnel 
can be located centrally in the ICU to allow such access.

The safety of patients, personnel, and visitors can be 
related to fire hazards, other hazards caused by failure 
or malfunction of services or equipment, and chemical 
or biohazards. Local fire safety regulations determine 
certain aspects of ICU design, and the consultation of 
fire safety officials should be part of the design process. 
At least two independent escape routes should be avail-
able, both accessible for personnel, mobile patients, and 
those on gurneys. Most local regulations will require 
installation of a sprinkler system.

Low-pressure warning systems for the gas services 
must be visible and audible in the ICU. Shut—off valves 
or switches for the ICU should be located adjacent to 
the unit where their operations can be controlled by the 
staff.

The main electrical panel should preferably be located 
with easy access to ICU personnel. Each outlet cluster 
within an ICU should be serviced by its own circuit 
breaker in the main panel. The electrical panel should 
be connected to an emergency power source that will 
quickly resupply power in the event of power interrup-
tion. If capacity of the backup power source is limited, 
special attention should be paid during the design 
process to identify which operations need backup. 
Emergency power source sockets should be distinguish-
able, for example, by color coding.

Access to positive distractions

Everybody remembers the classic gloomy, white appear-
ance of hospitals. However, when patients are moni-
tored, treated, and cared for around the clock, special 
attention should be paid to alleviate this strenuous 
working environment. The ambient atmosphere can 
have an enormous and positive effect on potentially 
stressed staff, owners, and sick animals away from their 
familiar homes. Words like soothing, relaxed, bright, 
calm, organized, pleasant, and familiar should apply. 
Not only visual but also auditory input, such as from 
audio equipment, helps to create this pleasant environ-
ment for both staff and patients. White or gray should 
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Table 3.3 General overview of type and location of equipment in the intensive care unit

General Use Location Group Apparatus/Function

Diagnostic/
monitoring

Laboratory Sample preparation and 
storage

Blood tube centrifuge

Microtube centrifuge
Cytospin centrifuge
Freezer
Refrigerator
Heating incubator
Ice-making machine

Measurement Microscope
Hematology
Coagulation
Biochemistry
Blood gas machine

Patient module and procedure area Electrocardiograph
Blood pressure monitors (invasive and 
non-invasive)
Pulse oximeter
Capnograph
Continuous body thermometers
Etc.

Therapeutic Patient module Infusion pumps Syringe pump
Standard volume fluid pump

Mechanical ventilation Mechanical ventilator
Heating humidifier
(oxygen/air blender)

Patient area CPCR Crash cart

Other Patient area Patient care Central supply cart
ICU Temperature controllers Refrigerator

Freezer
Procedure area Laboratory heating incubator
ICU Waste and soiled materials Nonbiohazardous waste receptacle

Biohazardous waste receptacle
Laboratory, pharmacy, and patient 
area

Sharp safe

soiled utility/holding room Receptacle for soiled fleeces and blankets
Receptacle for surgical instruments

Mechanical ventilation

Patients receiving mechanical ventilation constitute the 
“high end” of patient care in the companion animal 
ICU. A mechanical ventilator for the ICU should have 
an easy-to-use interface, give a wide array of options for 
different ventilation settings, and should be able to ven-

tilate a wide range of patient sizes. Mechanical ventila-
tors designed for use in anesthesia generally do not 
suffice. Equipment that specifically monitors respiratory 
parameters related to tidal volume, gas flow, and  
airway pressures should be part of the ventilation unit. 
The ventilator should be equipped with a humidifier 
and heating unit, as a heat and moisture exchanger 
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such as managers, veterinarians, technicians, and clean-
ing staff. Staffing of the ICU with regard to number, 
qualifications, individual job descriptions, and appro-
priate training is the cornerstone of the ICU organiza-
tion. As in any larger organization, cooperation and 
effective communication between the different groups 
determines the quality of the final product. In recent 
years several directives have been published by critical 
care organizations in human medicine to define optimal 
staffing and operational requirements.8–11 Such direc-
tives have identified written communications and infec-
tion control as important management aspects that 
contribute to the performance of a facility.

Patient record keeping
Proper record keeping is an important part of patient 
management and serves a specific purpose. Primarily, it 
ensures and improves communication among ICU per-
sonnel regarding the patient. But it is also important for 
retrospective evaluation of the care given to the patient, 
both for internal quality control and research and for 
external scrutiny.

Medical record

The medical record is mainly kept by the veterinary staff 
and is often performed in digital form. The medical 
record describes the complete time period of the patient’s 
hospitalization until discharge. The record should 
contain at least the initial information (signalment, 
history, physical examination), problem list, rule-outs, 
additional diagnostic and therapeutic plans and  

(HME) device does not work in all patients. Though 
they are built into modern critical care ventilators,  
some older units may need an ancillary oxygen and air 
blender.

Crash cart

In settings such as the emergency room and ICU where 
cardiopulmonary arrest is anticipated, it is important to 
have a complete set of equipment and supplies for car-
diopulmonary cerebral resuscitation (CPCR) available 
and ready for use at all times. As an arrest can occur 
anywhere in the ICU, a mobile cart or trolley is preferred 
over a fixed CPCR station. However, the arrest cart 
should be placed in a designated, clearly indicated area 
to retrieve it without delay in case of an emergency (see 
Chapter 16, Cardiopulmonary Cerebral Resuscitation, 
for more details).

Central supply cart

Although the patient area may have enough room to 
stock all necessities for direct patient care, it is often 
convenient to have one or two central supply carts that 
contain the commonly used equipment and disposables. 
A limited range of frequently used drugs such as potas-
sium chloride, heparin to prepare the heparin lock solu-
tion, sterile water or sodium chloride 0.9% to use as 
diluent for patients’ medications or flushing fluid lines, 
eye lubrication, and xylocaine jelly can be stocked in this 
cart. The cart can be moved to anywhere in the patient 
area as needed. If the top of the cart is kept free, it offers 
an extra area to place, prepare, and organize equipment 
and disposables prior to the intervention.

Disposal of waste

Separate receptacles for biohazardous and nonbiohaz-
ardous waste, according to local regulation, should be 
available throughout the ICU (Fig. 3.12; see Chapter 54, 
Minimizing Nosocomial Infection, and Chapter 57, Per-
sonnel Precautions for Patients with Zoonotic Disease, 
for more details). Sharp disposal containers should be 
present on or near every counter to facilitate quick and 
easy disposal.

Operational considerations

Introduction
The discussion so far has addressed the physical compo-
nents (“hardware”) of the companion animal ICU. 
However, the organization or “software” is also an essen-
tial aspect of ICU design. Intensive care staff constitutes 
a large organization, and intensive care medicine requires 
a team approach. The team consists of different groups 

Figure 3.12 Separate disposal bins should be available for bio-
hazardous and nonbiohazardous waste throughout the ICU 
according to local legislation. The use of a foot control limits the 
contact of hands with the waste bin.



Figure 3.13 Daily order sheet with written instructions for the patient’s care.
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• To standardize patient care, organization, hygiene, 
and other strategies among staff members.

• To disseminate the best available knowledge so that it 
may be implemented when appropriate (evidence—
based veterinary medicine). Protocols should contain 
references if available.

• To record and describe in clear detail any actions that 
need to follow legal instructions or legislation, for 
example, the use of controlled drugs in the ICU.

• To scrutinize constantly the strategies that are 
described in the protocols.

Every protocol should contain the following informa-
tion: title, classification or subject group, names of 
author(s), date of compilation, names of author(s)  
who made changes, dates of amendments, and the 
persons to whom the protocol is of interest. For admin-
istrative purposes it may be helpful to introduce a coding 
system.

Protocols are often written by different people, with 
the ICU staff often performing the initial writing. It is a 
challenge to keep the protocols as effective as possible by 
keeping them concise, informative, and complete 
without becoming too elaborate. Proper referencing can 
help the interested reader to find more background 
information if necessary. The ICU protocol book is con-
stantly under construction and never finished as a result 
of rigorous scrutiny and improvements, adaptation to 
the latest information, and adjustments to changes in 

interventions, and progress notes, including (presump-
tive) diagnosis, treatment, and prognosis.12

Daily ICU orders

It is the responsibility of the overseeing veterinarian to 
write orders that describe diagnostic, therapeutic, moni-
toring, and care instructions for the next 24 hours for 
each patient (Fig. 3.13). These orders can be written 
directly onto the patient treatment or “flow” sheet, but 
given the complexity of ICU patient orders and the fre-
quency with which critically ill patients’ orders change 
in a day, a separate order sheet is much more useful. It 
is the task of the technician to be able to read, interpret, 
and evaluate the orders, and to clarify with the clinician 
what is not understood.

A special sheet with patient-specific information 
related to the event of CPCR—such as owner’s resuscita-
tion wishes, drug dosages, and owner and primary vet-
erinarian contact information—may be part of the daily 
ICU orders.

Flow sheet

The essence of critical care is continuous patient moni-
toring, which is beneficial only if the data are collected 
and recorded in a useful manner. A patient flow sheet is 
the traditional method for recording all information rel-
evant to an ICU patient for a 24-hour period. Maintain-
ing the flow sheet is primarily the responsibility of the 
nursing staff caring for the patient (Fig. 3.14a). The flow 
sheet is used to document the results of “bedside” diag-
nostic, therapeutic, monitoring, and care instructions, 
and to document that the orders have been carried out 
and at what time.13 Flow sheets are helpful in registering 
subtle trends, and as such, their design should include 
tables or graphs (Fig. 3.14b). The flow sheet can contain 
both subjective and objective assessments. However, 
subjective assessments are best communicated verbally 
with the attending veterinarian and others involved in 
the patient’s care.

Protocols
In a complicated environment such as an ICU, having 
consistent protocols for procedures and techniques is 
essential. The development of protocols should include 
the close cooperation between all hospital groups, both 
within and outside the ICU, that are involved in patient 
care or the organization of the ICU. Protocols are neces-
sary for several reasons.

• To improve, support, and reduce unnecessary repeti-
tion of oral communications and instructions among 
the staff.

Figure 3.14 (a) At the ICU at the Department of Clinical Sciences 
of Companion Animals of the Utrecht University, the flow sheet 
consists of a folder with divider sheets for different aspects such 
as patient particulars, problem list, monitoring, fluid therapy, and 
medications. (b1, b2) Tables and graphs are important ways to 
present the collected information in an orderly fashion that facili-
tates the interpretation of data.

(a)



(b1)

Figure 3.14 (Continued)
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Figure 3.14 (Continued)

(b2)

Figure 3.15 A strategically placed patient board containing 
accurate, current information gives anyone who requires it a 
quick and complete overview of ICU patient status.

Bulletin boards
There is always a need for brief communications among 
the staff. Bulletin boards are most often used to com-
municate in this fashion and have the additional advan-
tage of being available to everyone with one quick glance.

A strategically placed patient board (Fig. 3.15)  
contains the numbers of the patient modules, the 
patients’ names that occupy them, their problems and/
or diagnosis, their therapies, the current plans, and the 
name of the staff member who bears primary responsi-
bility. Additional patient identification numbers and 
telephone number or other contact information of 
owner and staff can be helpful. This is of benefit during 
busy times to keep overview of all patient—related 
activities.

Bulletin boards can be used to facilitate quick and 
important communication among ICU staff or between 
ICU staff and other hospital staff, such as the pharmacy 
or those responsible for ordering and stocking. This 
information is limited to current topics on staffing and 
organization and is especially helpful in maintaining 
communication among staff on different shifts. With the 
use of different bulletin boards, different groups or 

the ICU organization. Protocol books published in 
recent years can be very helpful in setting up one’s own 
ICU protocol book.14 Many protocols are available 
throughout this textbook to serve as a starting point for 
protocols in veterinary ICUs.
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tiresistant, infections into veterinary hospital policies 
appears to lag behind reality.19

With the introduction of infection control measures 
to the ICU another problem may become apparent: the 
lack of compliancy of personnel in the ICU. This aspect 
is a great concern and a challenge for anyone who is 
responsible for developing hygiene measures in the ICU. 
The establishment of infection control teams can be very 
beneficial, not only to prepare policies and to initiate 
interventions to reduce the spread of pathogens but, 
more important, to educate and continually encourage 
staff to follow these policies in their daily duties.15 The 
infection control team should enforce procedures such 
as antibiotic policy, clothing of staff and visitors, hand 
washing, sterilization, aseptic precautions for invasive 
procedures, use of disposables, filtering of patients’ 
respired air, changing of catheters, humidifiers, ventila-
tor tubing and other equipment, isolation of at—risk or 
infected patients, and cleaning of the unit. Furthermore, 
design significantly affects discipline and behavior as, for 
example, the absence of proper facilities reduces the pos-
sibility of hand washing. However, an abundance of 
sinks will not necessarily ensure that this behavior is 
adopted.3 No single measure will be effective on its own, 
and packages of measures known as “care bundles” have 
been demonstrated to be a more effective preventive 
method.15

Personal hygiene

Staff and visitors should be aware that they may act as a 
reservoir for nosocomial microbial species, and should 
understand their roles in the possible introduction of 
these microbes to the ICU. They can also play a role in 
the spread of nosocomial infections within the ICU.

The first measure to reduce the introduction and 
spread of nosocomial infections is to reduce any unnec-
essary contact. Therefore, it is important to reduce 
unnecessary traffic in and out of the ICU and to reduce 
contact of unauthorized persons with patients. If pos-
sible, staff and especially veterinary technicians who 
have frequent patient contact should be restricted to the 
care of a limited number of patients. If multiple patients 
are treated consecutively, it is necessary to determine the 
order in which patients can best be contacted. Moving 
to another patient should be a trigger to address hand 
hygiene measures and barrier change.

The measures for personal hygiene dictate that long 
hair be tied back, fingernails be trimmed short, skin 
lesions be covered with waterproof dressings, and a 
change of working clothes be available during one’s 
shift. There is an essential and growing awareness that 
nosocomial infections originate and are spread primar-

topics within the ICU organization can be targeted on 
each board.

Control of infection
Community acquired infections are one of the main 
reasons patients end up in the ICU. But nosocomial 
infections, that is, those acquired in—hospital, are 
becoming of increasing importance, as they often  
burden resources and extend patient hospital stay. Medi-
cine, including veterinary medicine, has traditionally 
focused on antimicrobials to treat infections. However, 
a change in approach is warranted because of the 
growing number of multidrug–resistant microbe strains 
and because of the trend to treat patients that are sicker. 
The situation is exacerbated by the increase in invasive 
actions on debilitated patients, such as surgical interven-
tions and the placement of catheters, tubes, and drains 
that circumvent many natural defense mechanisms.  
As a result the balance between host defenses and micro-
bial propensity for invasion becomes more and more 
disturbed. Improvement and refinement of our antimi-
crobial strategy no longer appears to suffice, and addi-
tional measures that prevent these infections from 
developing in the first place are becoming a major  
focus.

Increased incidence of multidrug resistant microbe 
infections such as methicillin–resistant Staphylococcus 
species, Clostridium difficile, Acinetobacter species, Esch-
erichia coli and vancomycin–resistant enterococci has 
improved the awareness of the risk of nosocomial infec-
tions (although strictly speaking they may have also 
been community acquired).15,16 The risk of infection 
may be relevant not only to patients but also to the 
caretakers, as some of these microbes have the potential 
to be zoonotic.

An infection can be community-acquired or hospital-
acquired.17 Hospital-acquired infections occur by direct 
and indirect contact with people, other patients, instru-
mentation, or the environment. The focus here is on the 
measures that can be taken in general to prevent  
the establishment and dissemination of infections in the 
ICU. These measures may need drastic expansion  
the moment an infection with a nosocomial or multire-
sistant infection has been established. Furthermore, nec-
essary additional measures vary depending on the 
microbe involved and epidemiologic characteristics that 
differ not only geographically but even among facili-
ties.18 Although the prevention of nosocomial infections 
is still subject to debate and study, more disturbing is the 
notion that implementation of effective measures to 
reduce the number of nosocomial, and particularly mul-
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sures may be warranted. But the main focus should be 
the awareness that an infection with all its detrimental 
consequences can only develop after contamination.

Many microbes do not cause infection in a healthy 
individual and are considered “opportunistic” patho-
gens. As a result, healthy individuals can act as reservoirs 
for such microbes. But the defense mechanisms in ICU 
patients are reduced by their illness and the multiple 
interventions that circumvent the natural host defenses. 
The best way to improve the patient’s resistance is to 
resolve its primary disease processes. While doing so, 
there are certain measures that can support or improve 
the immune system of the patient. Besides the improve-
ment and refinement of antimicrobial strategies, the 
implementation of a well—balanced and patient-specific 
diet is important to maintain the patient’s defenses. Also 
the prevention and care of wounds, either surgical or 
nonsurgical, should be addressed by evidence—based 
protocols and their proper execution. Though it has not 
yet been widely applied in veterinary medicine, selective 
decontamination of the digestive tract has been used to 
help prevent nosocomial infections in human ICU 
patients.22 Furthermore, extremely immunocompro-
mised animals may need additional measures; preemp-
tive isolation may even be necessary.

If the first measure to reduce nosocomial infections  
is to minimize contact, the second measure is to reduce 
the number of indwelling devices or procedures used  
to treat and care for the patient. The risks of contamina-
tion and the way to reduce them are well known in 
relation to intravascular catheters, urologic catheters, 
and mechanical ventilation.21,23 Every ICU should have 
protocols that address the proper application and stan-
dard care of these devices or procedures, with emphasis 
on the prevention of contamination with “opportunis-
tic” microbes, especially the ones that originate from the 
same patient. For example, most ventilator-associated 
pneumonias (VAPs) are a result of gastrointestinal  
bacteria from the same patient that contaminate the 
upper airway and tracheal tube. Protocols may recom-
mend the location where the intervention should take 
place (cage, ICU treatment area, surgical theater); the 
surgical preparation of the procedure site, hand hygiene 
and the use of sterile gloves, gowns, hats, and masks; the 
use of sterile equipment and single-use disposable 
equipment; and the proper disposal of contaminated 
material.

Environmental considerations

Decontamination of the environment should be an inte-
gral extension of the cleaning protocols that are applied 
in the ICU. Proper cleaning with removal of all (biologi-
cal) dirt must precede disinfection efforts, as many  

ily by those parts of the body that make the most contact 
with the patient: lower arms and hands of owners and 
personnel.20 Therefore, extensive instructions have been 
described for proper hand and lower arm sanitation.21 
As the lower arms are part of the protocol, sleeves of 
uniforms should end at the elbow or otherwise be rolled 
up. However, the risk of microbial spread is not limited 
to lower arms and hands. Signs of affection such as 
kissing and nose rubbing can have the same results. Also, 
personal equipment such as thermometers and stetho-
scopes should be cleaned and disinfected between 
patients.

The intensive care unit should be designed to facilitate 
any attempt of personnel to maintain a high level of 
hygiene. Therefore, hand-washing and disinfection  
facilities should be strategically placed outside the 
entrance and within the ICU. Additional containers with 
an antimicrobial rub or gel (often alcohol—based) 
should be present at strategic points throughout the 
ICU. The use by the staff of alcohol containers attached 
to uniforms for quick use between patient contacts 
should be considered. Hand-rub dispensers are a visual 
cue for cleanliness and can be quickly used before and 
after handling an animal and before touching pens, key-
boards, and so on.15,18

Everyone should be aware that disinfection is not a 
replacement for hand washing—dirty hands reduce the 
effectiveness of any antiseptic. Also, visitors should be 
made aware of their roles in spreading infections by the 
use of informational brochures and posters.

Barriers such as examination gloves and gowns are 
most effective in the event of contact with soiled materi-
als and during the disposal of bodily fluids. Face and eye 
protection should be worn if aerosols are likely to be 
generated.18 The primary role of barriers is personal 
protection and to reduce contact and soiling of one’s 
own hands and clothes. In combination with proper 
hand washing and disinfection, this reduces the risk of 
contamination. Barriers may also be used when han-
dling patients or equipment. However, in this respect 
they are no replacement for hand washing and disinfec-
tion. The use of barrier materials can give the user the 
false assumption of improved protection. However, the 
prolonged use of gloves or gowns while in contact with 
different surfaces and multiple patients eliminates their 
effectiveness.

Patient-related considerations

Infected or colonized animals may act as reservoirs for 
further transmission to humans or other patients; this 
is an important reason to limit interpatient contact. In 
the situation of a known nosocomial and/or multidrug-
resistant microbial infection, additional isolation mea-
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has to be considered. For example, transient carriage is 
more common and is most effectively controlled by 
hand decontamination and other hygienic measures. 
Only in continuing outbreaks after appropriate infec-
tion control measures have been introduced can staff 
screening be advised by infection control staff. The 
issues of consent, confidentiality, and any additional 
consequences must be carefully addressed.

As the epidemiology of certain pathogens can have 
temporal and geographical variations, routine culturing 
of patients can be used to obtain important insights in 
the local situation, such as the prevalence of coloniza-
tion in the hospital patient population.25 Active surveil-
lance of patients may reveal higher numbers of positive 
samples when compared with the sole use of clinical 
specimens, and appears to improve the control of infec-
tions if combined with early and appropriate isolation 
measures.24 However, the latter appears impractical in 
many veterinary hospitals, since preemptive isolation 
(i.e., before the result of the culture is known) seems 
warranted.

An infection control team or infection control experts 
should be consulted to advise on the use and sense of 
environmental sampling. Routine culturing may have 
some merit to establish potential risk sites in the ICU. 
Results should be used to guide and improve cleaning 
and disinfection procedures.

While much can be done within the ICU itself, 
multidrug-resistant infections in the ICU often reflect 
difficulties elsewhere in the hospital and in veterinary 
health service generally, in terms of the control and pre-
vention of healthcare—associated infection.24
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Catheterization of the venous compartment

Mary Tefend Campbell and Douglass K. Macintire

Intravascular catheter placement is the most common 
method used to gain access to the vasculature to allow 
for fluid therapy, medication administration, serial 
blood sampling, and hemodynamic monitoring. Correct 
anatomic selection and precise placement of an intra-
vascular catheter are essential whether performing a 
single intravenous injection or providing long-term vas-
cular access in an ill or injured patient.

Selection of catheter insertion site and type

Many factors will influence the type of intravenous cath-
eter used and the site chosen for its placement (summa-
rized in Tables 4.1 and 4.2). The length and diameter of 
the catheter selected must be appropriate for its intended 
use. In emergency patients, large-bore peripheral cath-
eters are ideal for rapid fluid resuscitation; however, 
placement can be problematic in patients with hypoten-
sion, hypovolemia, vascular collapse, trauma, and skin 
stiffness. Therefore, central line catheters may be prefer-
able in some severely hypovolemic patients, or if serial 
blood sampling is indicated. A central venous catheter is 
required in order to measure central venous pressure.

In general, although smaller diameter catheters may 
be easier to place and can be less traumatic to a vessel, 
rapid fluid administration through small-bore catheters 
can be difficult because of high resistance to fluid flow. 
Larger, more rigid catheters are typically easier to 
advance through the skin but have the potential to cause 
more damage to vessel walls compared with the smaller 
diameter catheters. The authors recommend placing the 
largest bore catheter possible without causing significant 
vascular trauma or stress in any patient requiring intra-
venous access. This recommendation applies particu-

larly to emergency patients and to any patient that will 
undergo a surgical or anethestic event, because these 
patients are most likely to experience a hypotensive crisis 
requiring rapid fluid administration or life-saving intra-
venous medication. The most common vascular access 
sites are the peripheral veins such as the cephalic and 
accessory cephalic of the thoracic limb, and the lateral 
saphenous of the pelvic limb. The medial saphenous 
vein may also be used and is an easy port of entry in the 
feline patient, though securing the catheter at this site 
can be challenging for long-term use. Auricular veins 
may be used in dogs with large ears such as Basset 
Hounds or Cocker Spaniels. External jugular and saphe-
nous veins are typically used for the placement of cen-
trally situated catheters in both the canine and feline 
patient. When the pelvic limb is the site of catheter 
insertion, the medial saphenous vein is preferred in the 
cat and the lateral saphenous vein is generally preferred 
in the dog.

There is a vast market of intravenous catheters (Fig. 
4.1). Catheters are generally categorized as over-the-
needle, through-the-needle, or winged (“butterfly”), 
and as either single or multilumen catheters. The struc-
tural material of the catheter can influence rigidity, ease 
of placement, and the potential for thrombosis or phle-
bitis of the vessel. Common materials for intravenous 
catheters include Teflon, polypropylene, polyurethane, 
and silicone. Also available are specialty catheters 
impregnated with radiopaque metal salts for radio-
graphic confirmation of correct anatomic placement,  
or to locate accidentally freed catheter fragments. In 
addition, intravenous catheters coated with antimicro-
bial substances marketed to decrease the incidence of 
infection are now commercially available.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.
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even the jugular vein during triage. Other easily acces-
sible sites for placement include the lateral saphenous 
vein in the dog or medial saphenous vein in the cat.  
Less common placement sites include the dorsal 
common digital vein, auricular vein, or lingual vein. 
Rapid administration of fluids can be easily accom-
plished through a large-bore (14- to 16-gauge) catheter 
regardless of placement site, although catheters placed 
centrally or in the cephalic regions may reach the heart 
more rapidly. Other common uses for the over-the-nee-
dle catheter type include pericardiocentesis, abdomino-
centesis, and thoracocentesis.

Peripheral catheters are available in a variety of both 
gauges and lengths, typically ranging from 24 gauge to 
12 gauge and from 1.25 inches (3.1 cm) to 12 inches 
(30.5 cm) in length. Longer catheters used for pericar-
diocentesis or abdominocentesis are typically fenes-
trated for optimum fluid collection.1

Peripheral catheters are prone to insertion mishaps, 
such as frayed or burred tips that can develop if the 
catheter is aggressively pushed through tough skin 
during placement. Anchoring the catheter can also be 
problematic in saphenous vessels, as the catheter may 
slide in and out of the skin, increasing the chance of 
bacterial contamination or extravasation. Because their 
most common insertion sites are in jointed limbs, 

Peripheral catheter placement

Peripheral venous catheters are the most commonly 
used tool for obtaining vascular access in the small 
animal patient. Ease and speed of insertion, low cost, 
and versatility of access in different anatomical locations 
make peripheral catheters advantageous over other 
catheter types. Most peripheral catheter types are cate-
gorized as over-the-needle, meaning that the catheter is 
fitted outside or over a steel needle (Fig. 4.2). The steel 
needle extends slightly beyond the catheter tip to facili-
tate venous entry. Once venipuncture is accomplished, 
the catheter is slid off the needle into the targeted vessel.

Anatomical locations for placement of peripheral 
catheters include the cephalic, accessory cephalic, or 

Table 4.1 Catheter insertion site location considerations

• Patient size and species
• Venous accessibility
• Presence of physical barriers (wounds, fractures, neoplasia, 

neurologic insufficiencies)
• Restraint requirements
• Temperament of patient
• Hemodynamic stability
• Coagulation abnormalities

Table 4.2 Catheter selection considerations

• Length of hospitalization
• Frequency of blood sampling
• Coagulation abnormalities
• Nutritional delivery
• Hemodynamic monitoring plan

Figure 4.1 There are many different venous catheters available. 
Catheter selection should be based on patient need and length 
of hospital stay.

Figure 4.2 The most common peripheral catheter is the over-
the-needle type, meaning that the catheter is fitted outside or 
over a steel needle. Such catheter types are very versatile and 
can be placed in many different anatomical locations.
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peripheral catheters can also be “positional,” meaning 
that flow through the catheter may change based on 
limb movement or position. A positional catheter can 
create deleterious effects on flow rate and patency. 
However, overall ease of insertion and low costs associ-
ated with placement and maintenance make the periph-
eral intravenous catheter ideal for initial venous access 
in the emergency patient. Peripheral over-the-needle 
catheterization is the most common venous access tech-
nique in veterinary medicine.

Protocol 4.1 Peripheral catheter placement

Items Required
• Clippers
• Examination gloves
• Surgical scrub
• 2-inch porous medical tape
• T-port
• Infusion cap
• Saline flush
• Bandage material
• Appropriate work surface and at least one assistant

Procedure
1. Select best placement site, taking into consideration 

patient comfort, ease of accessibility, and anticipated 
catheter dwell time. If chemical restraint is necessary, 
allow adequate time for optimum results.

2. Collect necessary supplies.
3. Closely clip a generous area (2–2.5 inches—approximately 5 cm) around the intended insertion site and remove any loose 

fur.
4. Aseptically prepare the area. Alternate cleansing scrub with isopropyl alcohol; prepare in circular motions, starting from the 

center and finishing at the periphery with each swab.
5. Perform hand hygiene and don examination gloves; if the patient is immunocompromised, it is recommended to wear sterile 

gloves.
6. Restrain patient; avoid excessive stress to patient. Restrainer should occlude the vessel manually and proximally to ensure 

maximum visualization.
7. Palpate or visualize targeted vessel; point of entry should be directly on top of intended vessel.
8. Introduce catheter into the skin with bevel side up, ensuring that the catheter length does not contact the operator or the 

patient’s fur during insertion.
9. After a “flash” of blood is visualized in the stylet hub (Fig. 4.3), slide the catheter off the needle and into the vessel.

10. Attach a sterile, preflushed T-port to the catheter hub.
11. Flush catheter with saline to ensure patency.
12. Anchor catheter with adhesive tape, or suture in place to avoid migration. Adequate adhesive tape should be pulled from 

the roll to circumnavigate the limb 1.5–2 times. One end of this tape should be applied directly to the catheter hub with 
the “sticky side” up and folded around the hub first. This tape should then be wrapped sticky side down around the entire 
circumference of the limb to provide a firm anchor. Additional pieces of tape should be applied sticky side down both above 
and below the initial anchored tape. Apply a light, protective bandage.

Figure 4.3 The catheter is slid off the needle and into the 
vessel after a “flash” of blood is visualized in the stylet hub.

If possible, placement of the peripheral catheter 
should be avoided around a moving joint (e.g., elbow), 
in order to avoid positional (flow) complications. After 
placement of the peripheral catheter, it is important that 
the catheter not move within the vein, as damage to the 
vessel may occur and increase the risk of thrombus for-
mation and phlebitis. If the patient is to be administered 
intravenous fluids, anchoring a small portion of the 
tubing line directly to the bandage will help reduce cath-
eter migration and movement.
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Peripheral cutdown techniques
In emergency situations, if traditional peripheral cath-
eterization attempts are unsuccessful and the patient is 
in peril, venous catheterization may require a cutdown 
procedure (e.g., exposing the vein surgically). Cutdowns 
allow quick vessel visualization and ensure catheteriza-
tion on the first attempt. In addition, cutdowns can 
allow placement of a larger catheter than what can typi-
cally be placed percutaneously. Aseptic technique should 
be followed except in dire situations. The veterinarian 
performing the cutdown procedure should wear sterile 
gloves.

Mini cutdown

The mini cutdown technique is performed in order to 
gain access to either the cephalic or lateral saphenous 
vessel that may be collapsed and is difficult to enter. This 
procedure often creates a less traumatic skin blemish 
than is typically made during traditional catheter  
placement, particularly if the skin is tough and previous 
catheterization attempts have resulted in catheter 
burring.

Procedure

Using a sterile 18- to 22-gauge hypodermic needle, hold 
the needle with the bevel up and use the needle tip to 
cut the skin directly over and parallel to the targeted 
vessel (Fig. 4.4). Infusion of subcutaneous lidocaine 
prior to the mini cutdown is rarely needed. Once the 
incision has been made, the skin defect can be moved 
directly over the vessel. Tearing of the skin will release 
skin tension without damaging the underlying vessel, 

Figure 4.4 A sterile 18- to 22-gauge hypodermic needle can be 
used to create a mini “cutdown” when venous visualization is 
difficult.

Protocol 4.2 Mini cutdown

Items Required
• Clippers
• Surgical scrub
• 20- or 18-gauge hypodermic needle
• Peripheral catheter
• Saline flush
• T-port
• Catheter cap
• 2-inch medical tape
• Bandage material

Procedure
1. Select best placement site, taking into consideration 

patient comfort, ease of accessibility, and anticipated 
catheter dwell time. If chemical restraint is necessary, 
allow adequate time for optimum results.

2. Collect necessary supplies.
3. Closely clip a generous area (2–2.5 inches–

approximately 5 cm) around the intended insertion site 
and remove any loose fur.

4. Aseptically prepare the area. Alternate cleansing scrub 
with isopropyl alcohol; prepare in circular motions, 
starting from the center and finishing at the periphery 
with each swab.

5. Perform hand hygiene and don examination gloves; if 
the patient is immunocompromised, it is recommended 
to wear sterile gloves.

6. Restrain patient; avoid excessive stress to patient. 
Restrainer should occlude the vessel manually and 
proximally to ensure maximum visualization.

7. Palpate or visualize targeted vessel.
8. Use edge of bevel of 20- or 18-gauge hypodermic 

needle as a “scalpel” to cut the skin in a distal-to-
proximal direction adjacent and directly parallel to the 
targeted vessel.

9. Dissect around vessel further as needed, using needle 
as a mini scalpel with bevel directed parallel to vein.

10. Visualize vein and insert catheter.
11. Secure catheter as usual and place sterile dressing.

allowing for better visualization necessary for rapid 
catheter placement. A small incision can also be made 
adjacent to the vein with a number 11 scalpel blade, 
using caution to avoid incising the vessel and subcutane-
ous tissue. Blunt dissection with mosquito forceps may 
be required to visualize the vein; minimal dissection is 
usually required for the placement of an over-the-needle 
or through-the-needle catheter.

Surgical cutdown

A surgical cutdown is sometimes necessary to obtain 
vascular access in patients with hypovolemic shock or  



Catheterization of the Venous Compartment  55

Protocol 4.3 Surgical venous cutdown

Items Required
• Clippers
• Surgical scrub
• Sterile gloves
• Sterile mosquito forceps
• Sterile thumb forceps
• Sterile sharp-ended scissors
• Sterile needle holder
• Sterile catheter
• Sterile syringes filled with heparinized saline
• Sterile injection plug and T-port
• Sterile absorbable monofilament suture
• Sterile scalpel blades (#10, #11, #15)
• Sterile 4×4-inch gauze squares
• Bandage material
• Optional: catheter introducer, towel clamps

Procedure
1. Select best placement site, taking into consideration patient comfort, ease of accessibility, and anticipated catheter dwell 

time. If chemical restraint is necessary, allow adequate time for optimum results.
2. Collect necessary supplies.
3. Closely clip a generous area (2–2.5 inches—approximately 5 cm) around the intended insertion site and remove any loose 

fur.
4. Aseptically prepare the area. Alternate cleansing scrub with isopropyl alcohol; prepare in circular motions, starting from the 

center and finishing at the periphery with each swab.
5. Perform hand hygiene and don sterile gloves.
6. Restrain patient; avoid excessive stress to patient. Restrainer should occlude the vessel manually and proximally to ensure 

maximum visualization, but should release occlusion during incision to avoid accidental vessel laceration.
7. If chemical sedation or general anesthesia is not feasible, infuse lidocaine (0.2–0.5 mL) into the subcutaneous region around 

the intended insertion site.
8. Prepare skin with a final surgical scrub and maintain a sterile field.
9. Make a skin incision over the vessel with a #10 or #15 scalpel blade.

10. Use blunt dissection to expose vein; dissect vein with curved hemostats so minimal fascia remains attached.
11. Slide hemostats under vein to level of handles in order to create a platform.
12. Tie off vein distally (or cranially if jugular vein is used) using absorbable monofilament suture; keep ends long to use for 

traction.
13. Place second suture around vein proximally, but do not tie.
14. Insert #11 scalpel blade parallel to vessel length, through center of vessel; turn 90° and cut outward.
15. Using catheter introducer or blunt end of curved needle, open vessel and slide in largest bore catheter possible.
16. Tie second suture trapping vein to catheter; ensure at least 3-mm tissue bumper.
17. Secure catheter to fascia of neck or thigh muscles as appropriate for location.
18. Suture incision (leave partially open if not performed under aseptic conditions).
19. Towel clamps can be used for temporary closure of incision.
20. Place sterile dressing.

if central venous access is needed for hemodynamic 
monitoring, parental nutrition, or hemodialysis. Surgi-
cal cutdowns can be used to access the external jugular, 
cephalic, or lateral saphenous veins, with similar tech-
nique for all venous sites. Complications of a surgical 
cutdown can include perforation of the vascular wall, 

hematoma, thrombosis, venous transection, infection, 
and cellulitis.

Cutdown incisions should be made (a) in the  
middle to cranial portion of the jugular groove for  
catheterizing the external jugular vein or (b) on the 
dorsal antebrachium or lateral aspect of the distal tibia, 



56  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

Central venous access

Central venous catheters have many advantages over 
peripheral catheters, including that they allow for longer 
dwell time, safer administration of hyperosmolar solu-
tions such as total parental nutrition, measurement of 
central venous pressure, and blood sampling with 
minimal stress to the patient. The central venous cath-
eter is typically introduced via the jugular vein, but it 
can be readily inserted into the caudal vena cava via the 
lateral saphenous in the dog or the medial saphenous 
vein in the cat. Central venous catheters are available 
with either a single lumen or with multiple lumens, 
which allows for the simultaneous delivery of incompat-
ible fluid types as is often needed in the critical patient. 
Central venous catheters are less likely to be affected by 
both patient positioning and motion at the point of 
insertion than peripheral catheters. Centrally situated 
catheters also allow for cannulation of larger vessels.

Disadvantages of central venous catheters include a 
longer placement time, greater expense, slight patient 
discomfort during placement, and the longer length may 
make rapid fluid administration problematic. Monitor-
ing for extravasations with the central venous catheter 
can also be more difficult than in the peripheral over-
the-needle catheter; veterinary technicians should 
monitor the patient for edema of the neck or sternum, 
pain with administration of medication, sluggish flow 
through the catheter, or inability to aspirate blood back 
from the catheter. It may be prudent to avoid central 
venous catheters in patients at risk of thrombosis (e.g., 
immune-mediated hemolytic anemias) or in animals 
with known or suspected coagulopathy. In addition, 
occlusion of the jugular vein may increase intracranial 
pressure during insertion, which is a relative-to-absolute 
contraindication in patients with head trauma or  
other central nervous system disturbances. In patients 

respectively, for the cephalic and lateral saphenous 
catheterization.

After clipping and performing an aseptic preparation 
of the targeted area, a scalpel blade is used to incise the 
skin directly over or adjacent to the vein. Either a trans-
verse or a parallel skin incision can be made, using 
caution to incise only the full thickness of the skin. If 
the vessel is not immediately identified, it may be neces-
sary to bluntly dissect with mosquito forceps adjacent to 
the vein (Fig. 4.5a). The vein can be identified as a blue-
to-purple tubular structure within the subcutaneous 
tissue. Thumb forceps can be used to retract the subcu-
taneous tissues to expose the vessel. Dissection of adven-
titial tissue adjacent to the vein can be accomplished by 
the use of sharp-ended scissors dorsally and ventrally to 
the vein; dissecting in a parallel fashion will minimize 
vessel trauma or rupture.

Once the vessel is isolated from the subcutaneous 
tissue, a blunt hemostat is slid beneath the vessel through 
tissue as a type of “platform” for the vessel to lie on top 
of the instrument (Fig. 4.5b). A silk suture is then clasped 
by the hemostat and drawn beneath the vessel. The 
suture can be used to retract the vein distally to provide 
adequate tension for catheterization in the case of 
peripheral vessels. Alternately, the jugular vein may be 
sacrificed by ligating it cranially and using the ligature 
to retract the vessel. A second suture is placed beneath 
the vessel proximally (Fig. 4.5c). The vein is then can-
nulated through a venotomy (or by venipuncture) 
between the two ligatures. Following catheterization, the 
distal suture is tied, securing the catheter in the vein.1

The catheter should be replaced once the patient is 
resuscitated and hemodynamically stable. Remove the 
catheter by using gentle traction and applying direct 
pressure over the insertion site for several minutes. 
Allow the incision to heal by second intention if it was 
not placed under aseptic conditions.

Figure 4.5 (a) The isolation of the vessel can be accomplished by blunt dissection of the subcutaneous tissue adjacent to the vein. 
(b) A hemostat can be slid underneath the vessel to create a “platform” to facilitate venous entry. (c) Tie off the vessel proximally using 
absorbable suture.

(a) (b) (c)



Catheterization of the Venous Compartment  57

Figure 4.6 Central venous catheter kits utilizing the guide-wire 
(Seldinger) technique; such catheters range from single to multi-
lumen devices.

requiring central venous access and whose intracranial 
pressure may be elevated, a peripherally inserted central 
catheter (PICC) can instead be placed via the medial 
saphenous or lateral saphenous vein.

Catheter types for central veins
Central venous catheter types include long over-the-
needle, through-the-needle, and guide-wire catheters; 
all types can be placed via a peripheral or central vessel. 
Long over-the-needle types of central venous catheters 
are inexpensive and come in a variety of diameters and 
lengths, ranging from 22 to 16 gauge and from 6 to 12 
inches (approximately 15–30 cm) in length. These cath-
eters can be placed into a central vessel via the jugular 
or a peripheral vein, and are often also used for pericar-
dial or abdominal centesis (i.e., Milacath, Mila Interna-
tional, Erlanger, KY). Shorter over-the-needle catheters 
are used primarily for peripheral vein catheterization 
but can be centrally placed in pediatric patients. One 
disadvantage of centrally located over-the-needle cath-
eters is patient discomfort, as these items tend to be stiff 
and can malfunction due to kinking. In addition, most 
over-the-needle long catheters are made of Teflon mate-
rial, and should be replaced after 72 hours if possible.2

Guide-wire central venous catheters are placed by 
the Seldinger technique and include single and multilu-
men catheter systems (i.e., Arrow central venous cath-
eter, Teleflex Medical, Research Triangle Park, NC; see 
Fig. 4.6). Catheters placed by the Seldinger technique—a 
common term for placing a catheter over a guide wire—
are typically soft and flexible and are made of a polyure-
thane material, which is antithrombogenic and can 

dwell in the patient for longer periods. These catheters 
are available in a multitude of gauge, length, and lumen-
number combinations. Certain guide-wire central 
venous catheters are impregnated with antimicrobial 
substances that may reduce the likelihood of catheter-
related sepsis. Disadvantages of the Seldinger central 
venous catheter types are expense, increased risk of local 
hemorrhage during insertion, procedure time, and 
expertise needed for placement. It is the authors’ opinion, 
however, that the risks and expense of such central 
venous catheters are far outweighed by the advantages 
in many critical patients.

Through-the-needle long catheters are passed 
through the needle and are typically longer than over-
the-needle catheters (8–12 inches, approximately 20–
30 cm) and are available in various diameters. Multiple 
varieties are commercially available (e.g., BD Intracath, 
BD Medical, Sandy, UT; BD L-cath, BD Medical, Sandy, 
UT; see Fig. 4.7a). Primarily used in the jugular vein, 
placement is typically quick and uncomplicated. A 
plastic sleeve around the catheter prevents its contami-
nation during placement (Fig. 4.7b). The needle remains 
with the catheter while the catheter is in place, and it is 
protected by a plastic guard to avoid trauma to the 
animal or the catheter itself (Fig. 4.7c). Through-the-
needle catheters can be placed in a peripheral vessel 
(canine lateral saphenous or feline medial saphenous) 
when the jugular vein is not a feasible option, such as in 
patients with coagulopathy or severe bite wounds to the 
cervical region. Advantages to the through-the-needle 
catheter include low cost, and speed and ease of place-
ment. Disadvantages include the potential of shearing of 
the catheter, excessive bleeding (the hole made by the 
needle is slightly larger than the catheter that remains), 
and the bulky bandage required to anchor the catheter.

Central venous catheter placement 
techniques

Guide-wire central venous catheter technique

Guide-wire catheters utilize the Seldinger technique, 
and can be placed percutaneously or via a mini or surgi-
cal cutdown. Commercially available in single, double, 
or triple lumen, sizes range from 22- to 16-gauge cath-
eters for peripheral use, and from 14- to 24-gauge cath-
eters for central use; lengths range from 16 to 55 cm. 
Most guide-wire catheters come in kits containing the 
percutaneous introductory short catheter, the central 
venous catheter, guide wire (typically encased in a pro-
tective plastic case for sterile insertion), dilator, flush 
syringe, and anchoring device (Fig. 4.6). The authors 
recommend using a short, large-bore over-the-needle 
catheter as the percutaneous, introductory catheter,  
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Figure 4.7 (a) A through-the-needle long catheter. (b) A plastic sleeve around the catheter prevents contamination during placement 
of the through-the-needle catheter. (c) Once the through-the-needle catheter has been fed entirely into the vessel, the needle is backed 
out of the skin and a protective guard is snapped over the needle. Ideally, the operator should practice aseptic technique during this 
procedure, to include donning sterile gloves.

(a) (b) (c)

and not the catheter or needle included in most kits, as 
the provided catheters are stiff and longer than is neces-
sary in veterinary patients. Most central catheters are 
made of polyurethane to help prevent thrombosis, and 
can also be purchased with silver sulfadiazine, chlorhexi-
dine (ArrowEVOLUTION with Chlorag+ard, Teleflex 
Medical, Research Triangle Park, NC), or heparin 
coating. With correct placement and care these catheters 
can stay in place for longer times, usually for the dura-
tion of hospitalization. (Table 4.3 summarizes the indi-
cations for the different catheter types.)

Care of central venous catheters is critical to maintain 
patency and patient comfort and to prevent infection (see 
Chapter 55, Care of Indwelling Device Insertion Sites, for 
more information). The central venous catheter bandage 
should be monitored frequently as it may tighten with 
neck movement and rehydration; the patient should be 
monitored for airway compromise and facial edema. 
When the catheter is removed, apply direct pressure to the 
insertion site for 5 minutes followed by application of a 
neck bandage to prevent hemorrhage. The neck bandage 
may be removed after 1–2 hours.

Through-the-needle catheters

Placement of a through-the-needle catheter requires 
standard fur clipping and aseptic site preparation. With 
either the neck or limb extended, the needle is inserted 

with the bevel side up, over the targeted vessel, taking 
care not to drag the needle over fur or nonprepared skin. 
The insertion site should be close to, but not directly on, 
the targeted vessel. After the needle is passed through the 
skin, the vein is then punctured directly from the top. 
Blood will usually flash back into the catheter, which 
confirms that the catheter is situated within the vessel; 
the catheter is then advanced into the vein. Resistance to 
advancement should be minimal. Once the catheter has 
been fed entirely into the vessel, the needle is backed out 
of the skin and either a guard is snapped in place over 
the needle (see Fig. 4.7c) or the needle is peeled away, 
depending on catheter design. If present, the stylet is 
then removed and the catheter is aspirated, to ensure 
blood flow, and flushed with either 0.9% saline or hepa-
rinized saline. The catheter should be anchored with 
either skin sutures or sterile bandaging. As the needle 
guard stays with the catheter, secure bandaging is impor-
tant to avoid catheter migration. In addition to skin 
sutures, the catheter should be anchored with surgical 
tape around the neck or limb (being careful not to place 
the tape too tight) followed by cast padding and Vetwrap 
(3M Animal Care Products, St. Paul, MN). If the catheter 
is placed in the jugular vein, the authors recommend 
that a “bumper” of rolled cotton or gauze be placed 
outside the wrap and up against the upright guard to 
protect the catheter from migrating or bumping against 
the cage or other objects.
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Vascular access port
 Chemotherapy
 Delivery of sedation for repeated radiation therapy 

treatments
 Long-term delivery of intravenous medications or fluids
 Repeated blood sampling
 Blood donation
 Total parenteral nutrition
 Potential complications

 Sepsis
 Thrombosis

Intraosseous catheterization
 Severe hypotension
 Severe dehydration
 Extremely small body size (neonates, exotic animals, pocket 

pets)
 Inaccessible venous access (e.g., edema, thrombosis, severe 

burns)
 Contraindications

• Pneumatic bones
• Metabolic or infectious bone disease
• Skin infection around proposed catheter insertion site

Protocol 4.4 Seldinger technique–placing a vascular catheter over a guide wire

Items Required
• Clippers
• Surgical scrub
• Sterile gloves
• 2 sterile drapes
• Large-bore, short, over-the-needle catheter
• #11 scalpel blade
• Guide-wire catheter kit
• Sterile gauze squares
• Heparinized saline
• T-port(s)
• Suture material
• Needle holders
• Thumb forceps
• Bandage scissors
• Bandage material
• At least one assistant

(Continued )

Table 4.3 Indications for different catheter types

Peripheral through-the-needle long catheter
 Jugular vein not accessible
 Coagulopathy
 Severe bite wounds or edema to the cervical region
 Frequent blood sampling needed
 Aggressive cat; restraint often easier for medial saphenous 

placement than for jugular placement
 Cervical disease or pain (AA luxation or cervical disk disease)
 Increased intracranial pressure; desire to avoid increasing 

intracranial pressure through occlusion of jugular vein
 Potential complications

 Catheter shearing by introducer needle
 Excessive bleeding

Central venous catheter
 Central venous pressure monitoring indicated
 Infusion of total parenteral nutrition or other hyperosmotic 

fluid
 Prolonged hospitalization expected
 Frequent blood sampling required
 Multiple ports required for simultaneous delivery of various 

fluids and medications
 Relative or potential contraindications

 Thromboembolic disease
 Coagulopathic disease
 Respiratory disease (increased placement time)
 Immune-mediated hemolytic anemia (due to 

thromboembolic disease potential)
 Increased intracranial pressure (actual or suspected)
 Cervical disease or pain (AA luxation or cervical disk 

disease)
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Procedure
1. Collect necessary supplies. If chemical restraint is necessary, allow adequate time for optimum results.
2. Patient should be placed in lateral recumbency with neck extended and thoracic limbs gently pulled caudally. It is 

recommended that two persons restrain the animal, one occluding the vessel and restraining the cranial end of the patient, 
the other restraining the patient’s caudal end. Chemical restraint is typically not necessary.

3. Clip a wide area of fur to avoid contamination of insertion site, at least 2–2.5 inches (at least 5 cm) around intended insertion 
site.

4. Aseptically prepare the area. Alternate cleansing scrub with isopropyl alcohol; prepare in circular motions, starting from the 
center and finishing at the periphery with each swab.

5. Perform hand hygiene and don sterile gloves.
6. If chemical sedation or general anesthesia is not feasible, infuse lidocaine (0.2–0.5 mL) into the subcutaneous region around 

the intended insertion site.
7. Prepare skin with a final surgical scrub and maintain a sterile field.
8. Sterilely drape the area cranial and caudal to insertion site
9. Using sterile technique, premeasure the guide wire from the intended insertion point to the third or fourth intercostal space 

(ICS), with the tip of guide wire not beyond the fourth ICS. It is not necessary to premeasure the guide wire if placed via a 
saphenous vessel.

10. Premeasure the central catheter length from the intended insertion site to the intended catheter tip resting point. For jugular 
catheters, the ideal resting point is in the cranial vena cava at approximately the level of the 3rd–4th ICS. The tip of the 
jugular catheter should rest in the cranial vena cava just cranial to the right atrium if central venous pressure monitoring is 
anticipated.

11. Place a large-bore, short, over-the-needle catheter into the vein, with the tip pointing in the direction of the heart; ensure a 
“clean” stick with adequate blood flow.

12. Insert the straight end of the guide wire into the vessel through the over-the-needle catheter to the premeasured length  
(Fig. 4.8a).

13. Remove over-the-needle catheter; ensure that the wire does not inadvertently back out or touch a nonsterile field.
14. Insert the plastic dilator into the vessel by placing the wire through it and guiding it into the vessel. Passage of the  

dilator may be facilitated by “tenting” the skin and gently rotating the dilator into the vessel (Fig. 4.8b). A cut into  
the skin with a #11 scalpel blade next to the wire may ease insertion and prevent “burring.” Insert one-half the length  
of the dilator into the vessel, hold for a few seconds, and then remove the dilator from the guide wire. Expect  
bleeding from the insertion site, and use sterile gauze to apply pressure if needed while transitioning to the  
next steps.

15. Insert the catheter over the wire and guide it into the vessel to predetermined length (Fig. 4.8c). Ensure the end of the wire 
is projecting out the distal end of the catheter before advancement; the wire should be held as the catheter is advanced into 
the vessel. If multilumen catheters are used, the wire should exit the distal port. Remember to remove the cap from the distal 
port so that the wire is able to emerge. Remove the wire and leave the catheter in place.

16. Aspirate catheter with a small syringe; blood should easily flow into the syringe. Flush the catheter with sterile saline and 
cap port(s) with a T-port or injection plug. Repeat procedure for each port if a multilumen catheter is used. It is important 
to always aspirate the catheter first, before flushing, so as not to create an air embolus, even if the catheter port(s) were 
preflushed.

17. If entire length of catheter is not used, secure excess catheter with plastic catheter holders provided. Secure the catheter in 
place with sutures between the skin and the designated grooves or holes on the catheter hub and/or the plastic catheter 
holders (Fig. 4.8d). Place a sterile dressing over the insertion site, such as a sterile cotton ball or a small sterile gauze square.

18. Apply a loose neck wrap containing cast padding or stretch bandaging followed by a water-resistant bandage. Tape T-port  
or multilumen ports onto top of the bandage for easy access (Fig. 4.8e). Ensure the bandage is not tight; several  
fingers should easily slide under the bandage. Recheck patency of the catheter by aspirating blood once the bandage  
is in place.



Catheterization of the Venous Compartment  61

Figure 4.8 (a) After aseptically preparing the area, insert the straight end of the guide wire into the vessel via the short over-the-
needle catheter. (b) Passage of the dilator may be accomplished by “tenting” the skin and gently but firmly rotating the dilator into 
the vessel. (c) Insert the catheter over the wire and guide into the vessel. (d) The catheter is secured in place with skin sutures 
attached to the wings of the plastic applicator. (e) A bandage is applied around the central catheter; a T-port is anchored on top 
of the bandage for easy access.

(a) (b)

(c)

(e)

(d)
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Figure 4.9 (a) Vascular access ports are subcutaneous delivery systems that allow serial blood sampling or intravenous administration 
of medications or fluid (CompanionPort, Mila International, Erlanger, KY). (b) The vascular access port (VAP) consists of a compact 
injection reservoir, self-sealing septum, and attached catheter. (c) A Huber point needle is necessary to access the VAP percutaneously. 
(d) The port should be implanted in a pocket lateral to and level with the lateral spine of the 3d–4th cervical vertebrae (P). Measure 
the distance from port pocket location to the vena cava–atrial junction (J), to approximate the distance to advance the catheter into 
the vasculature. (e) Port patency is confirmed by using a Huber needle attached to a syringe of sterile saline. (f) The port should be 
placed in the subcutaneous port pocket such that the septum does not lie directly beneath the skin incision.

(a) (b)

(c)

(e) (f)

(d)

Alternate vascular access options

Vascular access ports
Vascular access ports (VAPs), or implantable vascular 
access systems, are subcutaneous delivery systems, which 
allow serial blood sampling or intravenous administra-

tion of medications or fluid (i.e., CompanionPort, Mila 
International, Erlanger, KY). Vascular access ports are 
surgically placed subcutaneously (typically dorsal to the 
shoulder) in order to provide long-term venous access 
to chronically ill patients (Fig. 4.9). The catheter and 
port can be accessed without patient discomfort or seda-
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tion; therefore, most patients with VAPs can be treated 
intermittently on an outpatient basis. Clinical indica-
tions for the use of VAPs include delivery of chemo-
therapy, delivery of sedation for long-term radiation 
therapy, chronic diseases requiring medication or fluid 
administration (chronic renal failure), serial blood sam-
pling, or blood donation. Vascular access ports are 
unobtrusive, creating only a slight bump under the skin. 
Other advantages of VAPs include reduction in patient 
stress, reduced medication administration time, and the 
“rest” of peripheral vessels, which allows peripheral 
veins to remain intact for future use.

CompanionPorts are available in three sizes to accom-
modate various pets. The port itself is biocompatible 
and will not degrade over time. A Huber point needle 
must be used at all times to access the CompanionPort 
in order to maintain integrity of the septum.

Complications associated with VAP systems are 
similar to those seen with other types of intravenous 
devices, including local infection, sepsis, thrombosis, or 
extravasation. Nursing care required for VAPs includes 
daily insertion site inspection, mild antiseptic cleansing, 
and intermittent heparinized flushes to prevent clogging 
or occlusion. Minimal maintenance is required every 
3–4 weeks.

Vascular access port implantation procedure

The VAP is a totally implantable access system consisting 
of a compact injection reservoir, self-sealing septum, 
and attached catheter (Fig. 4.9b). It is designed for 
repeated entry to the vascular system or body cavity for 
drug delivery or withdrawal of venous blood samples. 
The port is accessed percutaneously with a Huber point 
needle (Fig. 4.9c). Once the port is accessed, fluid and/
or medication delivery is through the skin, via the 
needle, into the port reservoir.

Patient preparation

Place the patient in lateral recumbency with a towel 
under the neck to increase access to surgical site. Mark 
the target area of the port and catheter placement with 
a permanent marker; the port should be implanted 
lateral to and level with the lateral spine at the level of 
the 3rd–4th cervical vertebrae (Fig. 4.9c). Place the 
patient under general anesthesia.

Clip and aseptically prepare a surgical field 2–2.5 
inches (approximately 5–7 cm) around intended place-
ment site of the port, as well as the jugular site. Approxi-
mate the distance the VAP’s catheter must be tunneled 
to reach the jugular by measuring the distance from the 
port pocket location (insertion site) to the vena-cava–
atrial junction using the centimeter markers on the 
distal end of the catheter (Fig. 4.9d).

Surgical procedure

Note: Aseptic technique is critical in preventing prema-
ture catheter occlusion or port failure. Techniques listed 
below follow protocols intended for use of the Compan-
ionPort (Mila International, Erlanger, KY), a vascular 
device designed specifically for the veterinary patient.

Step 1: Incisions

While the patient is awake and upright, mark the areas 
of the planned port and catheter placement with a 
marker. The port should be implanted lateral to and 
level with the lateral spine at the level of the 3rd–4th 
cervical vertebrae directly over the supraspinatus muscle. 
Ensure that the placement area will not interfere with 
normal neck motion. Place the patient in lateral recum-
bency; a towel under the neck may facilitate access to the 
surgical site. Anesthetize and intubate the patient; clip 
and aseptically prepare the area. It is recommended  
that the patient be transported to a sterile operating 
room with the final prep on the surgical table. Sterile 
procedure, including surgical gown, cap, mask, sterile 
gloves, and drape, is necessary before the start of the 
procedure.

Make a small skin incision over the jugular vein 
ventral to the port pocket site; use blunt forceps to 
expose the vessel. Place a wet sponge over the site. Next, 
make a skin incision at the port placement site and 
create a pocket in the SQ tissue large enough to bury the 
port, about 6 cm. Place a wet sponge over the site.

Step 2: Tunneling the VAP

Create a tunnel from the port pocket incision site to the 
jugular incision site using forceps. Remove the protec-
tive sleeve from the catheter and grasp the boot (proxi-
mal end of the catheter) with the forceps. Then, pull the 
catheter through the tunnel from the jugular incision 
site to the port pocket incision (pulling “backward” 
feeding outward to the port site). A hollow trocar may 
be used to help create a tunnel, although such a device 
is not included with the port kit and would need to be 
ordered separately. Clamp the port end of the catheter 
to prevent backflow of blood once the catheter is inserted 
into the jugular vein.

Step 3: Placing the catheter into the vessel

Puncture the vessel with the needle introducer; ensure 
blood flashback in the flush chamber. Next, withdraw 
the introducer needle, leaving the “T” handle peel-away 
sheath portion in the vessel (some bleeding may be 
expected).

Slide the rounded tip (distal end) of the catheter 
through the introducer sheath; depth markings on the 
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catheter can help determine desired length of the cath-
eter advancement. Recommended placement length 
rests the catheter tip at the vena-cava–atrial junction. As 
the catheter is advanced into the vessel, simultaneously 
withdraw the introducer sheath, advancing the catheter 
as the introducer is pulled out.

Grasp the “T” handle of the introducer sheath and 
pull outward and up, peeling the sheath apart and 
freeing the catheter. Use the depth markings to verify 
optimal placement of catheter tip. Correct tip location 
is important as the junction of the vena cava and right 
atrium is an area of high blood flow, reducing the inci-
dence of VAP catheter occlusion.

Step 4: Connecting the port to the catheter

Trim the catheter to the length necessary for attachment 
to the barbed outlet pin on the port; it is usually neces-
sary to leave a little “wiggle” room for normal neck 
movement. Using a 22-gauge Huber point straight 
needle (provided in the kit), flush the port with sterile 
saline prior to connecting port and catheter. Replace the 
boot (or clear sleeve) onto the catheter; the wide end of 
the boot should face the port and the pointed end should 
face the catheter. Slide the catheter over all the barbs on 
the connector pin of the port; slide and screw the boot 
over the catheter–port connection. Confirm patency by 
using the Huber needle attached to a syringe of sterile 
saline; flush and prime the port prior to suturing (Fig. 
4.9e). If blood cannot be aspirated, manipulate the cath-
eter until blood can be withdrawn. At all points in the 
procedure, take care not to introduce air into the patient’s 
vascular system.

Step 5: Completing VAP placement

Place the port in the subcutaneous port pocket off to 
one side, so that the septum will not lie directly beneath 
the skin incision (Fig. 4.9f). Secure the port in place with 
nonabsorbable suture; all of the port’s anchor holes 
should be utilized to prevent port migration. Confirm 
port patency by sterile aspiration; close skin incision 
routinely and flush the port well with sterile saline fol-
lowed by a sterile heparin–saline lock solution.

Intraosseous catheterization
Intraosseous catheterization is a procedure in which a 
needle is placed into a bone, typically when the need for 
vascular access is urgent and venous catheterization 
cannot be performed quickly. The intraosseous space is 
easily accessible even in the most dehydrated or hypo-
volemic animal. Advantages of intraosseous catheter 
placement include speed and ease of placement, minimal 

complication rates, ease of fluid administration, and 
minimal cost of supplies.

Clinical indications for intraosseous catheterization 
include severe vascular collapse (e.g., hypovolemic 
shock), severe vascular trauma, peripheral edema, 
thrombosis, small patient size (e.g., neonates, exotics), 
or even obesity. Mastering intraosseous catheterization, 
which is simple to perform, can prevent patient death 
when timely vascular attempts are not feasible or practi-
cal. Locations for intraosseous catheter placement 
include the trochanteric fossa of the femur, the wing of 
the ileum, the proximal humerus, and the tibial tuberos-
ity (Fig. 4.10a). Potential complications are minimal; 
fracture of the bone at the catheter site, infection, osteo-
myelitis, edema, and patient discomfort associated with 
rapid fluid infusion are the reported complications to 
intraosseous catheterization.3 The most common com-
plication is dislodgement of the catheter due to animal 
movement. When this technique is applied to other 
species, care must be taken never to introduce fluids into 
pneumatic bones. Medications targeted for intravenous 
administration can be used via the intraosseous catheter 
or needle. Rate of maximal fluid administration is 
related to the diameter of the catheter or needle.

Swan–ganz catheters
A special balloon-tipped catheter called a Swan–Ganz 
catheter is used to measure pulmonary vascular pres-
sures and to gather data used to calculate cardiac output. 
A Swan–Ganz catheter can be used to measure cardiac 
output, right atrial pressure, pulmonary arterial pres-
sure (systolic, diastolic, and mean), and pulmonary arte-
rial occlusion pressure (also called wedge pressure). 
Some Swan–Ganz catheters are also equipped with an 
oximeter to measure mixed venous oxygen saturation. 
The Swan–Ganz catheter has several ports that can be 
utilized for fluid or medication administration. For 
more information on Swan–Ganz catheters, see Chapter 
12, Cardiac Output Monitoring.

Placement of a Swan–Ganz catheter for assessment of 
pulmonary arterial pressures, cardiac output, and oxygen 
extraction ratios requires specialized training and often 
expensive equipment; consequently, use of this particu-
lar catheter is typically limited to advanced critical care 
units. Risks associated with the placement of Swan–
Ganz catheters include cardiac valvular damage, catheter 
migration, pulmonary artery rupture, arrhythmias, and 
pulmonary infarction.4

Maintenance and care of intravenous catheters

Catheter care is important in order to avoid complica-
tions and to ensure patency for the desired length of 
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Protocol 4.5 Intraosseous catheterization (Fig. 4.10)

Items Required
• Clippers
• Surgical scrub
• 2% lidocaine in a 1-mL syringe with a 23- to 25-gauge needle
• Suture material
• Saline flush
• T-port
• Hypodermic needle appropriate for patient size (e.g., 22-gauge, ¾ or ½ inch long) for small patients or neonates, or spinal 

needles
• Bone marrow needles for adult patients whose bones have already ossified

Note. Spinal needles, containing an outer needle and an inner stylet, are preferred in the authors’ opinion because the shafts 
of hypodermic needles used on the neonate can become clogged during placement. Many veterinary companies also 
manufacture intraosseous catheters that can be used in adult patients, including intraosseous drills to facilitate insertion.

Procedure
1. Select best placement site, taking into consideration patient comfort, ease of placement, and anticipated catheter  

dwell time.
2. Collect necessary supplies.
3. Closely clip a generous area (2–2.5 inches–approximately 5 cm) around the intended insertion site and remove any  

loose fur.
4. Aseptically prepare the area. Alternate cleansing scrub with isopropyl alcohol; prepare in circular motions, starting from the 

center and finishing at the periphery with each swab.
5. Perform hand hygiene and don examination gloves; if the patient is immunocompromised, it is recommended to wear sterile 

gloves.
6. Restrain patient; avoid excessive stress to patient.
7. Administer a small amount of lidocaine to the level of the periosteum.
8. Prepare skin with a final surgical scrub and maintain a sterile field.
9. Place a finger on the long axis of the bone in which the catheter will be placed, to determine the bone’s axis and location.

10. If using the femoral trochanteric fossa, adduct the limb slightly (toward ventral midline) and rotate trochanteric fossa laterally 
to avoid the sciatic nerve.

11. Insert the catheter distally lengthwise into the medulla of the femur or humerus cortex parallel to the finger held alongside 
the bone, aiming for the trochanteric fossa if the femoral trochanteric fossa is the insertion site. Simultaneously push  
and twist the needle in a single line (i.e., avoid movement in the third dimension). Expect initial resistance as the needle 
passes through the cortex. If resistance is felt as the needle passes through the cortex into the medulla, the bevel of the 
needle may be seated incorrectly, causing blockage. Gently turn the needle 90°–180° to dislodge and attempt placement 
again.

12. Once the needle is in place, push the hub of the needle back and forth, simultaneously moving the limb; the hub of the 
needle should be seated securely in the shaft of the bone and move along with the bone when the limb is moved.

13. Aspirate needle or catheter; aspiration of bone marrow confirms placement. A radiograph can also confirm the correct 
anatomical location.

14. Flush gently with a small amount heparinized saline; little resistance should be felt.
15. Check surrounding tissue for fluid leakage; if leakage is evident, the catheter may need to be removed and another bone 

tried.
16. Attach a T-port.
17. Anchor the catheter either by placing a stay suture through the skin near the catheter hub and attaching that suture to the 

tubing of the T-port, or by stapling a small butterfly tape anchor from the catheter hub to the skin.
18. Check for displacement of the catheter at least twice daily.

(Continued )
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should be labeled appropriately and handled with aseptic 
technique. Ports should be swabbed with alcohol prior to 
introduction of a needle. Insertion sites should be rou-
tinely monitored for thrombosis, which causes a “ropey” 
feel to the vessel; for patient discomfort, redness, heat, or 
swelling around the insertion site; for catheter migration 
either into or out of the skin, compared with its depth at 
initial insertion; and for subcutaneous extravasation, 
which can lead to discomfort upon injection and accu-
mulation of fluids or medications under the skin.

Catheter bandages should be removed fully to allow 
inspection of the catheter site at least once daily. Adhe-

time. Any indwelling intravenous device predisposes a 
patient to nosocomial infection. All personnel involved 
with the placement or handling of the catheter should 
use aseptic technique when changing bandages, admin-
istering fluids or medications, withdrawing blood, or 
while using monitoring devices attached to the catheter. 
Infection may occur as a result of contaminated intrave-
nous solutions, contaminated injection ports, catheter 
caps, or T-ports, poor skin preparation or insertion  
techniques, or failure to routinely change the catheter 
bandage. Monitoring equipment should be cleaned and 
disinfected between patients. Multiple ports and lines 

(a) (b)

(c)

Figure 4.10 (a) Potential locations for intraosseous catheter placement (as indicated by needles) include the trochanteric fossa of 
the femur, the wing of the ileum, the proximal humerus, and the tibial tuberosity. (b) A hypodermic or spinal needle appropriate 
for patient size or a bone marrow needle can be used as an intraosseous catheter. Ideally, the catheter should be inserted with 
gloved hands through an aseptically prepared site. (c) The catheter or needle is inserted into the medullary cavity of the femur or 
humerus along the long axis of the bone.
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catheter care also requires daily inspection as indicated 
above for peripheral catheters. As central catheters are 
significantly longer than peripheral catheters, signs of 
extravasation may not be as apparent. The midsternal 
region should be examined for edema related to any 
jugular venous catheter, and the proximal aspect of the 
pelvic limb should be examined for edema related to 
lateral or medial saphenous venous catheter placement. 
Patency can be evaluated by ensuring blood can be aspi-
rated. Note that neck bandages should follow the “two 
finger rule,” wherein the bandage is loose enough to slide 
two fingers underneath to help ensure patient comfort. 
If it is necessary to change a central catheter and catheter-
related infection is not suspected, replacement can 
sometimes be done by passing a sterile guide wire 
through the existing catheter, removing the catheter, and 
aseptically placing a new one over the wire.2

Complications

Bacterial contamination of catheter sites can result 
from skin contamination at insertion, contamination 
from patient interference, soiled bandages, improper 
handling, contaminated injectates, blood left inside  
an injection port or T-port, and from the tops of mul-
tiuse intravenous medication bottles. Personnel should 
practice proper hygiene protocols, including washing  
hands frequently, swabbing ports and medication bottles 
with antiseptics, and frequent bandage changes for  
any catheter in any anatomic location. The authors  
recommend that flush solution be changed every 48 
hours to avoid microbial contamination. Any patient 
with an unexplained fever, pain upon injection, or 
inflammation at a catheter insertion site should be 
investigated for a catheter-related infection. Suspicious 
catheters must be removed in an aseptic manner and 
submitted for bacterial culture and susceptibility. See 
Chapter 54, Minimizing Nosocomial Infection, for in-
depth discussion.

Phlebitis is another commonly encountered compli-
cation of indwelling vascular catheterization. Phlebitis 
can occur due to inflammation associated with move-
ment of the catheter in the vessel, or due to bacterial 
infection, which can lead to sepsis.

Air embolism can occur if lines become disconnected 
or a significant volume of air is present within an  
administration set. Central venous catheters have the 
highest risk of incidence as air can be sucked in due to 
negative pressure within the thorax.2 Central venous 
catheters and large-bore catheters pose the risk of exsan-
guination if patient interference or disconnection goes 
undetected. Catheter embolism can occur if a fragment 
of the catheter becomes free within the vessel either due 

sive tapes must be examined for tightness and dryness; 
bandages contaminated with body fluids should be 
replaced immediately.

While sterile technique should be maintained for any 
vascular device intervention, nursing management of 
catheters used for parenteral nutrition (PN) warrants 
special focus, since nutritional formulae are excellent 
media for bacterial colonization. Proper catheter care of 
a PN catheter includes strict aseptic technique during 
insertion, including proper skin preparation, placement 
of a sterile underwrap over the insertion site, and strict 
aseptic technique when handling PN administration 
tubing and bags. The intravenous (IV) lines should not 
be disconnected; if diagnostic testing or frequent walking 
is necessary, PN administration lines and bags should 
accompany the patient after clamping lines to avoid 
accidental rapid infusion. If a multilumen catheter is 
placed, proper identification of each port is necessary, 
with one line dedicated to the PN solution only.

Catheter flushing
Catheters should be flushed with a small volume of 
sterile saline (0.5–2 mL, depending upon catheter length 
and size of patient) at least every 8–12 hours.5 Judicious 
use can also be made of a heparinized saline solution, 
paying particular attention to the heparin dose given to 
small patients or those with coagulopathies. The authors 
recommend flushing any unused central venous cathe-
ters or ports every 4 hours with 3–5 mL of flush using 
sterile technique. See Chapter 55, Care of Indwelling 
Device Insertion Sites, for more detailed information.

Peripheral intravenous catheters
A peripheral intravenous catheter should be replaced 
every 72–96 hours, or immediately if it is suspected to 
be the source of an infection or phlebitis.2 Minimizing 
tape use and anchoring with suture to secure catheters 
will aid in insertion site inspection and patient comfort. 
Any cutdown incision made during placement can 
increase the potential for infection; these catheters 
should be replaced or removed as soon as possible. Any 
catheter should be removed when no longer needed.2 
Intraosseous catheters are similar to IV catheters and it 
has been suggested that they can stay in place for over 3 
days in veterinary patients if no signs of infection are 
found.5

Central intravenous catheters
Central intravenous catheters may dwell for the length 
of patient hospitalization as long as there is no suspicion 
of catheter-related infection,2 but they require daily 
insertion-site inspection for signs of thrombosis or 
leakage, and daily site maintenance. Central venous 
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to placement error or patient interference. Radiopaque 
catheters can allow radiographic investigation to locate 
any such fragments and aid in planning for surgical 
retrieval.

Thrombus formation can occur with any venous or 
arterial cannulation, particularly if there is endothelial 
damage within the vessel. Smaller veins with slower 
blood flow, the use of rigid catheters, insertion over a 
joint, or pre-existing conditions such as immune-
mediated hemolytic anemia, glomerulonephritis, or vas-
culitis may increase the risk of thrombus formation. 
Severe thrombus formation could lead to pulmonary 
thromboembolism.

Acknowledgment

A special thanks to Dr. James S. Wohl, for materials 
referenced throughout this chapter.

References
1. Wohl J, Tefend M. Vascular access techniques. In: Bonagura JD, ed. 

Kirk’s Current Veterinary Therapy XIV. 8th ed. Philadelphia: WB 
Saunders; 2007:38–43.

2. Centers for Disease Control website. Guidelines for the prevention 
of intravascular catheter-related infections. Available at: www.cdc. 
gov/mmwr/preview/mmwrhtml/rr5110a1.htm. Accessed January 
2, 2001.

3. Mazzaferro EM. Intraosseous catheterization: an often underused, 
life-saving tool. Clinician’s Brief 2009;7:9–12.

4. Waddell L. Advanced vascular access options. Proceedings. 20th 
Annu Amer Coll Vet Int Med Forum 2004;719–722.

5. Cave C. High dependency nursing. In: Aspinall V, ed. The Com-
plete Textbook of Veterinary Nursing. 1st ed. St. Louis, MO: Else-
vier; 2006:545.

Recommended reading
Hadaway L. Technology of flushing vascular access devices. J Infus 

Nurs 2006;29(3):137–145.

http://www.cdc.gov/mmwr/preview/mmwrhtml/rr5110a1.htm
http://www.cdc.gov/mmwr/preview/mmwrhtml/rr5110a1.htm


69

5
Arterial puncture and catheterization

Elisa M. Mazzaferro and Cindy Hauser

Arterial puncture and catheterization are among the 
most important techniques required for monitoring the 
critically ill small animal patient. Arterial puncture is 
most commonly performed to obtain arterial blood 
samples for blood gas analysis. If repeated arterial blood 
sampling is required, or if the patient requires continu-
ous direct blood pressure monitoring, the placement of 
an arterial catheter is necessary.

Arterial puncture

To perform an arterial puncture, clip and clean (i.e., 
with isopropyl alcohol) the area over the artery, particu-
larly if the animal is immunosuppressed and at risk of 
infection. In most cases, a full surgical scrub is unneces-
sary unless an indwelling catheter is going to be intro-
duced into the artery. Prefabricated syringes that contain 
a pellet of lithium heparin can be purchased from a 
variety of manufacturers (i.e., Smith Medical; Vital 
Signs, Inc.; Becton Dickinson; Cardinal Health). A 
simpler and less expensive technique, however, is to use 
equipment that is already stocked in the emergency 
room (ER) or intensive care unit (ICU).

Procedure
The supplies required to perform arterial puncture for 
blood sample collection are heparin and a 3-mL syringe 
with a 22- or 25-gauge needle attached—or a lithium 
heparin arterial blood gas syringe with its needle 
attached—as well as pressure bandaging supplies appro-
priate for the sampling site.

If using a standard 3-mL syringe and needle, pull a 
small amount of liquid heparin into the syringe, and 

pull the plunger to the 3-mL mark to coat the entire 
inner surface of the syringe with the heparin. Expel all 
the heparin and air from the syringe. Pull air back into 
the syringe to the 3-mL mark and forcibly expel all the 
heparin and air from the syringe again; repeat this forced 
air expulsion procedure three times.1 This syringe evac-
uation procedure minimizes sample dilution with liquid 
heparin, which would cause significant preanalytical 
error in blood gas and electrolyte values. Even using this 
technique, ionized calcium concentration should not be 
measured on heparinized samples.1

Arterial puncture is most commonly performed on 
the dorsal pedal artery (or one of its metatarsal branches) 
or the femoral artery. Following aseptic preparation  
of the proposed needle insertion site, palpate for the 
dorsal pedal pulse over the second and third metatarsal 
bones, or for the femoral pulse over the cranial aspect 
of the proximal femoral diaphysis. Insert the needle at a 
15°–20° angle with respect to the skin over the point 
where the pulse is most easily palpable. It is easiest to 
feel the pulse with the nondominant hand. Advance  
the needle very slowly in 1– to 2-mm increments; after 
each movement, look at the syringe hub carefully for a 
flash of blood. If the needle has been advanced to what 
seems a sufficient depth and a flash of blood has not 
been encountered, the needle should be slowly with-
drawn in the plane of entry. As the needle is withdrawn, 
watch closely for a blood flashback. In some cases, the 
needle has punctured through the deep portion of  
the vessel wall and blood will enter the needle and 
syringe during withdrawal. If the needle must be redi-
rected, pull it to the superficial subcutaneous tissues 
before redirecting.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
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Protocol 5.1  Arterial puncture for blood sample collection

Items Required
•  Clean clippers and blade
•  Skin-cleaning supplies: isopropyl-alcohol-soaked cotton, or full surgical scrub as appropriate
•  Prefabricated lithium heparin arterial blood gas (ABG) syringe
-or-
•  3-mL syringe, liquid heparin, and a 25- or 22-gauge needle
•  Pressure bandage for postpuncture wrap
•  An assistant (usually only one is required)

Procedures
If using a prefabricated ABG syringe, begin at step 6.
1.  Collect necessary supplies.
2.  Equip the 3-mL syringe with the needle.
3.  Pull a small amount of the heparin into the syringe, then pull the plunger back to coat the entire inner surface of the syringe.
4.  Expel all the heparin and air from the syringe.
5.  Pull air into the syringe to the 3-mL mark and forcibly expel contents from the syringe; repeat three times. The syringe and 

needle hub should appear evacuated of liquid heparin.
6.  Closely clip a generous area (2–2.5 inches—approximately 5 cm) around the intended insertion site and remove any loose 

fur.
7.  Aseptically prepare the area. Alternate cleansing scrub with isopropyl alcohol; prepare in circular motions, starting from the 

center and finishing at the periphery with each swab.
8.  Perform hand hygiene and don examination gloves.
9.  Restrain patient; avoid excessive stress to patient.

10.  Palpate for the pulse: over the 2nd and 3rd metatarsal bones for the dorsal pedal artery, or over the cranial aspect of the 
proximal femoral diaphysis for the femoral artery.

11.  Insert needle at 15°–20° angle with respect to the skin where the pulse is most easily palpable.
12.  Advance needle very slowly, checking frequently for a “flash” of blood. If the needle has been advanced a sufficient  

depth and no flash has been encountered, slowly withdraw the needle in the plane of entry, watching closely for  
a flash.

13.  Once the needle tip enters the artery, gently pull the plunger or allow arterial pressure to fill the syringe.
14.  Gently withdraw the needle from the skin and apply pressure with a bandage for many minutes to an hour.

Once the needle tip is seated in the artery, gently pull 
the plunger of the syringe to withdraw blood, or allow 
arterial pressure to fill the syringe. The latter technique 
confirms that the blood is arterial rather than venous. 
Gently withdraw the needle from the skin when an ade-
quate sample has been withdrawn. Apply pressure with 
a bandage for many minutes to an hour. When a pres-
sure bandage is applied with tape and left on the patient 
for a period of time, it may be useful to write “Remove 
Pressure Bandage” on the patient’s order sheet so the 
bandage is not left in place for a prolonged time. (See 
Protocol 5.1.)

Sublingual venipuncture
Sublingual veins are also used for sampling in anesthe-
tized patients because oxygenation in this vascular bed 
closely approximates arterial blood. Thus, samples from 
this site can be used for arterial blood gas analysis. These 

superficial, soft-walled vessels are usually punctured 
with a 25-gauge needle. Firm pressure on the vessel must 
be performed for a minimum of 5 minutes to prevent 
hematoma formation after puncture. The sublingual 
veins are not usually used for catheterization in clinical 
patients.

Special considerations for arterial  
catheter placement

Although the placement of an arterial catheter can be 
more technically difficult than placement of a peripheral 
venous catheter, the equipment necessary and the pro-
cedures performed are largely the same. The materials 
and supplies required to attach an arterial catheter to a 
transducer for continuous blood pressure monitoring 
are discussed elsewhere in this text (see Chapter 8, Fluid-
Filled Hemodynamic Monitoring Systems, for more 
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Analgesia
Placement of an arterial catheter can be uncomfortable, 
so some patients benefit from sedation or a local anes-
thetic during placement.

Percutaneous facilitation
The placement of the arterial catheter through a small 
hole in the skin helps prevent the tip of the catheter from 
becoming burred. If a burr develops, catheter insertion 
will be difficult and there exists increased risk of throm-
bus formation.5

The concept of percutaneous facilitation involves 
making a small nick in the skin surface over a proposed 
site of catheter placement in animals that are extremely 
dehydrated or have very thick or tough skin. Percutane-
ous facilitation is most commonly performed with the 
bevel of an 18- or 20-gauge hypodermic needle. Tent the 
skin over the catheter insertion site and make a nick 
through the skin with the needle’s sharp bevel, taking 
care to avoid underlying vessels. If the bevel of the needle 
nicks the underlying artery, the artery will spasm and 
the pulse will wane or disappear. When an artery spasms, 
it is very difficult to cannulate until a palpable pulse 
returns.

Securing the Arterial Catheter
If an arterial catheter accidentally becomes discon-
nected, excessive blood loss can quickly occur, which 
may increase morbidity in an already critical patient. As 
such, it is recommended that the infusion plug and 
T-port have Luer lock connections (e.g., Luer-Lok 
[Becton, Dickinson and Company, Franklin Lakes, NJ]). 
Any attached fluid-filled monitoring system should like-
wise have Luer lock connections. When securing the 
arterial catheter itself, some clinicians prefer to use sur-
gical glue to adhere the catheter hub to the patient’s skin. 
However, skin glue can be difficult and painful to 
remove. If the catheter hub and patient’s skin are dry 
and free of debris, the catheter can usually be secured 
adequately with standard white medical tape as described 
below.

Dorsal pedal artery catheterization

The dorsal pedal artery and its metatarsal arterial 
branches are located over the metatarsal bones. The 
most prominently palpable is usually found on the dor-
somedial aspect of the foot between the second and 
third metatarsal bones, just distal to the tarsus (the 
hock).

Place the patient in lateral recumbency on the side in 
which the catheter is to be placed (i.e., if the proposed 

details). Special considerations for arterial catheter 
placement follow here.

Arterial catheter site selection
A variety of arteries can be used for arterial catheter 
placement, including the dorsal metatarsal artery (com-
monly called the dorsal pedal artery) and the radial, 
coccygeal, femoral, or auricular artery. When selecting a 
site for placement, it is important to consider the 
patients’ mobility and activity level, and whether the 
patient has access to the site and could potentially 
remove the catheter. As mentioned below, one should 
also consider risk of contamination and practicality of 
keeping the area clean when selecting an arterial cathe-
terization site. More-peripheral arteries may be prefer-
able in patients with hemostatic concerns. Finally, the 
operator’s experience and expertise with different ana-
tomic sites may impact catheter site selection.

Aseptic technique
The most important aspect of minimizing the risk of 
catheter-related infection is strict adherence to aseptic 
technique when placing an arterial catheter.2 Therefore, 
an important consideration when placing an arterial 
catheter is whether the location has a high risk of con-
tamination. For example, although the dorsal pedal 
arteries are perhaps the most simple to catheterize, con-
sider whether the patient has diarrhea that could poten-
tially contaminate the arterial catheter site. It is generally 
recommended that no catheter be placed into an area of 
damaged skin, abrasion, or pyoderma.3

One of the most common causes of hospital-acquired 
infection is the transmission of disease-causing bacteria 
on the hands of hospital personnel. Therefore a very 
basic, and extremely important, tenet of infection 
control and antiseptic technique is for the operator to 
thoroughly wash his or her hands before placing an arte-
rial catheter. The Centers for Disease Control has pub-
lished hand-washing guidelines that instruct on proper 
hand hygiene techniques for healthcare workers.4 Addi-
tionally, the reader may see Chapter 54, Minimizing 
Nosocomial Infection, for detailed information. For 
arterial catheter placement, after carefully scrubbing the 
hands the operator should don examination gloves, 
unless the patient is immunocompromised, in which 
case sterile gloves should be worn.

Once an acceptable artery has been identified, care-
fully clip all fur over the artery and circumferentially 
around the patient’s extremity, leaving at least 5 cm 
(∼2 in.) between the fur margin and the proposed inser-
tion. Next, perform a surgical preparatory scrub on the 
area over and around the catheter insertion site.
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Following aseptic preparation, feel again for the dorsal 
pedal pulse over the second and third metatarsal  
bones. Remember to palpate the artery gently, so as to 
not occlude the vessel and obscure the pulse. Once the 
pulse is located, a nick can be made in the skin to  
facilitate catheter placement (see “Percutaneous facilita-
tion” above). Insert an over-the-needle catheter through 
the nick or directly through the skin, at a 15°–20° angle 
with respect to the skin over the point where the pulse 
is most easily palpable. It is easiest to feel the pulse with 
the nondominant hand, then insert the catheter through 
the skin under the gloved fingertip (see Fig. 5.1a). Direct 
the catheter through the skin and into the artery, taking 
care to advance the needle and catheter very slowly in 
1– to 2-mm increments. After each movement, one 
should inspect the catheter hub carefully for a flash of 

insertion is the right dorsal pedal artery, the patient 
should be positioned in right lateral recumbency). The 
limb should be extended comfortably for the patient, 
and the distal limb gently rotated such that the dorsal 
pedal artery is palpable and on the nondependent, 
medial surface of the limb. Some people tape the digits 
to the table or a heavy sandbag to keep the limb in place 
during catheter placement. This positioning will help 
the operator introduce the catheter into the artery. 
Palpate the foot between the second and third metatarsal 
bones distal to the tarsus to locate the pulse.

Once the artery has been located, clip the fur at least 
5 cm (∼2 in.) in all directions from the proposed catheter 
insertion site, as patient size allows. One may choose to 
clip fur circumferentially from the metatarsal region to 
maximize tape adhesion when securing the catheter. 

Figure 5.1 (a) Angle of  catheter  insertion  for dorsal metatarsal  artery. Note  that  the operator palpates  for  the pulse between  the 
second and third metatarsal bones. (b) Watch for blood in the hub of the catheter. (c) Once a catheter is in place, pulsatile blood will 
flow from the catheter hub. (d) Securing the catheter  involves wrapping pieces of tape around the catheter hub, under the catheter 
hub, and around the limb. The catheter should be labeled as an arterial catheter so it is not inadvertently used for infusion.

(a) (b)

(c) (d)



Arterial Puncture and Catheterization  73

Protocol 5.2  Dorsal pedal (dorsal metatarsal) arterial catheterization

Items Required
•  Clean clippers and blade
•  Sandbag for limb positioning, if desired
•  Surgical scrub preparation supplies
•  Examination or sterile gloves for operator
•  Sterile gauze squares
•  Surgical tape (½- and 1-inch widths)
•  Cotton roll gauze
•  Water-resistant bandaging material, if desired
•  22- to 20-gauge needle
•  Over-the-needle or over-the-wire intravascular catheter
•  Luer lock T-port or Luer lock infusion plug
•  Preservative-free heparinized saline flush syringes
•  “Not for IV Infusion” label or indelible marker
•  One or two assistant(s)

Procedure
1.  Collect necessary supplies, prepare tape, and prepare and flush the T-port or male adapter with preservative-free heparinized 

saline.
2.  Place patient in lateral recumbency, with limb of proposed catheter insertion adjacent to the table.
3.  Assistant should restrain the animal in lateral recumbency.
4.  Secure patient’s digits to a sandbag or the table’s edge with medical tape.
5.  Palpate gently for arterial pulse over 2nd and 3rd metatarsal bones to determine proposed insertion site.
6.  Clip fur over dorsal aspect of the metatarsus at least 5 cm (∼2 inches) from the proposed catheter insertion site. Wipe clipped 

fur away with a gauze square.
7.  Aseptically prepare the proposed catheter insertion site using surgical scrub technique. Allow a minimum of appropriate 

contact time of the cleanser with the skin, according to manufacturer’s instructions.
8.  Perform hand hygiene and don examination gloves (sterile gloves if the patient is immunocompromised).
9.  Gently remove residual scrub with sterile gauze moistened with sterile water or saline.

10.  Place sterile gauze square over the fur on the distal limb, to avoid contamination of the catheter.
11.  Use gloved index finger to palpate dorsal metatarsal pulse in the surgically scrubbed area.
12.  Once pulse is found, perform percutaneous facilitation with bevel of a 20- to 22-gauge needle, if needed.
13.  Gently insert over-the-needle catheter through the skin, directing the catheter at a 15° angle with respect to the skin toward 

the pulsing artery.
14.  Advance the stylet–catheter apparatus in 1- to 2-mm increments into the area of the pulse. Observe catheter hub for a flash 

of blood.
15.  Once a flash is observed in the hub, insert the stylet 1–2 mm more and push the catheter off the stylet into the artery.
16.  Before removing the stylet from the catheter, place sterile gauze squares beneath catheter hub to absorb blood.
17.  Remove the stylet, and quickly place the male adapter or T-port into the catheter hub. Take care to avoid removing the 

catheter from the skin.
18.  With sterile gauze squares, wipe away excess blood, making sure that the skin under the catheter hub and around the limb is 

dry.
19.  Secure a length of ½-inch medical adhesive tape around the catheter hub, then around the limb.
20.  Secure a length of 1-inch medical adhesive tape under the catheter hub, around the limb, finishing with the tape over the 

catheter hub.
21.  Secure a third length of tape around the male adapter or T-port and then around the limb as described for step 20.
22.  Bandage the catheter with cotton gauze and an outer layer.
23.  Secure a “Not for IV Infusion” sticker over the catheter bandage, or make a note with indelible marker.

blood (see Fig. 5.1b). If the catheter has been advanced 
to what seems a sufficient depth and a flash of blood has 
not been encountered, the catheter system should be 
slowly withdrawn. While withdrawing the catheter 
system, watch closely for a blood flashback. In some 

cases, the catheter system has punctured through the 
deep portion of the vessel wall. If there is blood in the 
catheter hub, advance the needle and catheter another 
1–2 mm in the plane of the artery, then gently push the 
catheter off of the stylet into the vessel. If the catheter 
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limb proximally, cranially, or caudally, depending on 
patient comfort. The limb should be clipped and asepti-
cally scrubbed over its medial aspect from the inguinal 
region to the stifle. The femoral pulse is usually palpable 
on the cranial aspect of the femur near the inguinal 
region. The operator should palpate the femoral pulse 
with his or her nondominant hand, then insert an over-
the-needle catheter at a 15°–20° angle with respect to the 
skin, directing the stylet–catheter apparatus toward the 
point where the pulse is palpable. Watch carefully for a 
flash of blood in the catheter hub and redirect the  
stylet with incremental 1– to 2-millimeter changes in 
direction. Once a flash of blood is observed in the cath-
eter hub, the catheter angle should be dropped so that 
the catheter is in a good plane with the artery before 
attempting to feed the catheter into the vessel. Once the 
catheter is seated into the femoral artery, the stylet is 
removed. Then quickly place a flushed, Luer lock T-port 
or male adapter onto the catheter hub. Tape the catheter 
in place as described for dorsal pedal catheters, and  
flush it again with preservative-free, sterile heparinized 
saline solution. Depending on patient size and limb con-
formation, the operator may choose to reinforce the 
catheter hub’s security by suturing the hub’s tape to the 
patient’s skin. See Protocol 5.3. See Table 5.1 (Advan-
tages and disadvantages of various sites of arterial cath-
eter placement).

Auricular artery catheterization

Auricular arterial catheters can sometimes be placed  
in dogs with large, pendulous ears. This technique is 
generally reserved for patients that are anesthetized,  
as the pinna is very sensitive to touch and has a  
twitch reflex that makes its artery difficult to catheterize 
when the animal is awake. The auricular artery is located 
on the dorsal aspect of the pinna (see Fig. 5.2a). Palpate 
the pulse on the pinna surface and trace it to the ear  
tip to determine the artery’s location. Clip and  
aseptically prepare the entire dorsal surface of the ear 
pinna as previously described, while supporting the 
pinna with four fingers of the nondominant hand;  
fold the ear tip with the thumb so that it is perpendicular 
to the main portion of the pinna. Perform percutaneous 
facilitation if needed, and insert the catheter system 
through the skin directly into the artery in 1- to 2-mm 
increments. Once a flash of blood is visible in the  
catheter hub, gently advance the catheter into the auric-
ular artery. Quickly remove the catheter stylet and 
replace it with a preflushed Luer lock male adapter  
or T-port. Wipe the area clean; then secure a length of 
½-inch medical tape to the catheter hub and wrap it 
around the pinna (see Fig. 5.2b). Because the ear is 
floppy and can fold on itself, use several folded 4 × 4-

does not easily advance into the artery, gently withdraw 
the catheter back over the stylet, and redirect the cath-
eter system in small increments to replace it into the 
artery. If the catheter does not easily withdraw back over 
the stylet, it should not be forced back over, as the stylet 
may perforate the catheter; rather, if the catheter is dif-
ficult to pull back over the stylet, the whole system 
should be removed from the patient’s skin and evalu-
ated. In some cases, it is necessary to leave the original 
catheter and stylet in place and start over, attempting 
catheterization again proximal to the original site of 
catheter insertion. If the original catheter system is 
removed after it has disturbed the artery but before the 
catheter has been advanced into the vessel, the artery can 
spasm or bleed and thus complicate further attempts at 
catheter placement.

Once the catheter is inserted completely into the 
artery, be careful! Once the stylet is removed, blood 
should pulse readily from the catheter hub, which helps 
confirm placement in the artery rather than a vein. 
Prepare ahead of time by placing several sterile 4 × 4-
inch gauze squares under the catheter hub to prevent 
contamination of the site with blood (see Fig. 5.1c). 
Once the stylet is removed, quickly secure a Luer lock 
male adapter or T-port (preflushed with preservative-
free heparinized saline) to the catheter hub, taking care 
not to inadvertently dislodge the catheter from the 
artery.

Carefully wipe any blood from the area, then place a 
length of ½-inch white surgical tape around the catheter 
hub. Squeeze the tape securely around the hub to ensure 
the hub of the catheter does not spin within the tape, as 
spinning catheters fall out easily. Once the tape is secured 
to the catheter hub, wrap it snugly around the limb. 
Place a second length of 1-inch tape under the catheter 
hub, and wrap it around the limb. This piece of tape 
should be snug, but not so snug that it constricts the 
limb and impairs venous return. Secure a third piece of 
tape over the Luer lock T-port or male adapter and 
around the limb, such that it also encompasses the cath-
eter hub. The distal limb and catheter can now be 
wrapped with gauze rolls of choice. The entire apparatus 
should be labeled as an arterial catheter to help avoid 
accidental medication infusion (see Fig. 5.1d).

Femoral artery catheterization

Percutaneous placement of a femoral arterial catheter is 
almost identical to placement of a dorsal pedal arterial 
catheter, except for anatomic location. Percutaneous 
facilitation is required less frequently at this site.

Place the patient in lateral recumbency, with the 
medial aspect of the patient’s limb exposed. The person 
performing the restraint can pull the nondependent 



Arterial Puncture and Catheterization  75

Protocol 5.3  Femoral artery catheterization

Items Required
•  Clean clippers and blade
•  Surgical scrub preparation supplies
•  Examination or sterile gloves for operator
•  Sterile gauze squares
•  Surgical tape (½- and 1-inch widths)
•  Cotton roll gauze
•  Water-resistant bandaging material, if desired
•  Suture material, needle driver, thumb forcep, and suture scissors, if desired
•  Over-the-needle or over-the-wire intravascular catheter
•  Luer lock T-port or Luer lock infusion plug
•  Preservative-free heparinized saline flush syringes
•  “Not for IV Infusion” label or indelible marker
•  One or two assistants

Procedure
1.  Collect necessary supplies, prepare tape, and prepare and flush the T-port or male adapter with preservative-free heparinized 

saline.
2.  Place patient in lateral recumbency, with limb of proposed catheter insertion adjacent to the table.
3.  Assistant should restrain the animal in lateral recumbency. The patient should be immobile, and top limb should be well out 

of operator’s field.
4.  Palpate gently for arterial pulse on cranial aspect of proximal femoral diaphysis (near inguinal region) to determine proposed 

insertion site.
5.  Clip fur over the femoral artery, from inguinal area to stifle, on medial aspect of dependent limb. If the patient’s fur is long, 

clip limb circumferentially.
6.  Aseptically prepare the proposed catheter insertion site using surgical scrub technique. Allow a minimum of appropriate 

contact time of the cleanser with the skin, according to manufacturer’s instructions.
7.  Perform hand hygiene and don examination gloves (sterile gloves if the patient is immunocompromised).
8.  Gently remove residual scrub with sterile gauze moistened with sterile water or saline.
9.  Place sterile gauze square over the fur on scrubbed area’s distal margin, to avoid contamination of the catheter.

10.  Use gloved index finger to palpate femoral pulse in the surgically scrubbed area.
11.  Gently insert over-the-needle catheter through the skin, directing the catheter at a 20° angle with respect to the skin toward 

the pulsing artery.
12.  Advance the stylet–catheter apparatus in 1- to 2-mm increments into the area of the pulse. Observe catheter hub for a flash 

of blood.
13.  Once a flash is observed in the hub, drop catheter angle to align with vessel and push catheter off the stylet into artery.
14.  Before removing the stylet from the catheter, place sterile gauze squares beneath catheter hub to absorb blood.
15.  Remove the stylet, and quickly place the male adapter or T-port into the catheter hub. Take care to avoid removing the 

catheter from the skin.
16.  With sterile gauze squares, wipe away excess blood, making sure that the skin under the catheter hub and around the limb  

is dry.
17.  Secure a length of ½-inch medical adhesive tape around the catheter hub, then around the limb.
18.  Secure a length of 1-inch medical adhesive tape under the catheter hub, around the limb, finishing with the tape over the 

catheter hub.
19.  Secure a third length of tape around the male adapter or T-port and then around the limb as described for step 18.
20.  Suture catheter hub in place, if desired, by suturing the hub’s tape to the patient’s skin.
21.  Bandage the catheter with cotton gauze and an outer layer.
22.  Secure a “Not for IV Infusion” sticker over the catheter bandage, or make a note with indelible marker.

inch gauze squares or a roll of cotton gauze to softly 
splint the underside of the pinna such that the lateral 
aspects of the pinna are folded around the rolls (see  
Fig. 5.2c). The catheter and rolls of gauze or cotton  
are taped in place in a manner similar to that used  

for dorsal metatarsal catheters. Often, the weight of  
the bandage becomes too cumbersome in an awake 
patient and stimulates head shaking. This can cause  
the catheter to become dislodged. Also, the pinna has a 
relatively high risk of ischemia with prolonged arterial 
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Table 5.1 Advantages and disadvantages of various sites for arterial catheter placement

Location Advantages Disadvantages

Auricular Easy to visualize
Easy to catheterize

Easily dislodged with patient motion

Not affected by obesity Can create thrombosis
Best used for anesthetized patients
Not for long-term use

Coccygeal Easy to palpate Easily dislodged with movement
Easy to secure Easily contaminated with fecal material

Smaller catheters necessary
Not for long-term use

Dorsal metatarsal Easy to palpate May be affected by obesity
Easiest to cannulate
Less danger of hemorrhage in patients with 
coagulopathies

Radial Easy to palpate Metacarpal pad may interfere with placement
May easily become thrombosed
Not for long-term use

Femoral artery Easy to palpate Risk of hemorrhage, particularly if coagulopathy present
Affected by obesity
Easily dislodged with movement

occlusion. Therefore, auricular artery catheterization is 
often used only in extremely subdued, obtunded, or 
anesthetized patients for a limited time. See Protocol 5.4.

Radial artery catheterization

Catheterization of the radial artery is technically more 
difficult than for other anatomic locations because the 
radial artery is small. This technique can be performed 
in larger dogs while the patient is under general anes-
thesia. To place a radial arterial catheter, the patient is 
placed in lateral recumbency with the target limb adja-
cent to the table, and the palmar aspect of the patient’s 
paw is clipped just proximal to the metacarpal footpad. 
After the aseptic scrub, the patient’s paw is held in the 
operator’s hand and the radial pulse palpated with the 
forefinger. Percutaneous facilitation is often helpful in 
this location. With the dominant hand, an over-the-
needle catheter is inserted through the skin at a 15°–20° 
angle, while the operator observes closely for a flash of 
blood. The size and length of catheter depends on the 
size of the patient and the artery. Longer catheters (e.g., 
1½ inch) should be chosen for larger dogs, as skin move-
ment in this area can dislodge shorter catheters. Once a 
blood flash is visible in the catheter hub, the catheter is 

inserted and a flushed Luer lock T-port or male adapter 
is attached in place of the stylet. It is the author’s recom-
mendation that radial arterial catheters not remain in 
place for longer than 24 hours, particularly in cats and 
smaller dogs, because of the risk of arterial thrombosis 
and inhibition of perfusion to the distal extremity. See 
Protocol 5.5.

Coccygeal artery catheterization

The coccygeal artery can be catheterized in patients 
under general anesthesia. For coccygeal arterial catheter 
placement, the patient is positioned in either dorsal or 
lateral recumbency, and the ventral aspect of the tail base 
is clipped. Circumferential clips of the tail base should 
be considered in patients with long fur that could poten-
tially contaminate the catheter site. After an aseptic scrub 
and proper hand hygiene, the coccygeal pulse is palpated 
on the tail’s ventral midline. The pulse is palpable 
between coccygeal vertebrae. Once the pulse is felt, an 
over-the-needle catheter is inserted at a 15°–20° angle 
with respect to the skin, into the artery, while the catheter 
hub is observed for blood. Once a blood flash is visible 
in the catheter hub, the catheter is inserted and a flushed 
Luer lock T-port or male adapter is attached in place of 
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Figure 5.2 (a) The auricular artery is located approximately on the midline of the pinna’s dorsal surface. (b) Once the catheter is in 
place, the hub should be secured by applying adhesive tape around the hub and extending the tape circumferentially around the pinna. 
(c) Folded 4 × 4-inch gauze squares or rolls of gauze should be used to splint the pinna with the arterial catheter in place, to enhance 
security.

(a)

(c)

(b)

the stylet. The catheter is secured to the tail with medical 
tape and gauze as previously described. See Protocol 5.6 
for details. Coccygeal arterial catheters usually clot 
within 24 hours, so they must be watched very closely 
and flushed carefully. Also, because of the risk of con-
tamination by fecal material, and also because the cath-
eters tend to become dislodged with patient movement, 
coccygeal arterial catheters should be removed after 
general anesthesia and/or surgery has been completed.

Arterial catheter care

Because significant hemorrhage can occur quickly if an 
arterial catheter is dislodged, it is important that the 
catheter be securely placed. The catheter should be 
labeled appropriately to avoid intra-arterial infusion of 
drugs, intravenous fluids, or blood products. Except for 
small amounts of preservative-free, heparinized or non-

heparinized flush, no other drugs, blood products, or 
solutions should be administered through the arterial 
catheter.5–7 In human patients, complications have been 
associated with inadvertent intra-arterial administra-
tion of vasopressors, dextrose, potassium chloride, anti-
biotics, and insulin.7 Arterial catheters should be flushed 
with preservative-free heparinized saline every 1–4 
hours to maintain patency. Care must be taken in small 
patients not to overheparinize or cause intravascular 
volume overload. If the arterial catheter is being used for 
continuous blood pressure monitoring, it can be attached 
to a pressure transducer attached to a bag of heparinized 
saline under pressure. Most pressure transducers contain 
a continuous flush system that delivers approximately 
3 mL/hour of flush solution. In addition, most pressure 
transducer systems are equipped with a fast flush valve 
that allows for a rapid flush of the catheter whenever 
necessary.
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Protocol 5.4  Auricular artery catheterization

Items Required
•  Clean clippers and blade
•  Surgical scrub preparation supplies
•  Examination or sterile gloves for operator
•  Sterile gauze squares
•  4 × 4-inch gauze squares, or 3-inch roll gauze
•  Surgical tape (½- and 1-inch widths)
•  Cotton roll gauze
•  22- to 20-gauge needle
•  Over-the-needle or over-the-wire intravascular catheter
•  Luer lock T-port or Luer lock infusion plug
•  Preservative-free heparinized saline flush syringes
•  “Not for IV Infusion” label or indelible marker
•  An assistant, if needed

Procedure
1.  Collect necessary supplies, prepare tape, and prepare and flush the T-port or male adapter with preservative-free heparinized 

saline.
2.  Place the patient in sternal or lateral recumbency.
3.  If the patient is not anesthetized, an assistant should restrain so the patient is immobile.
4.  Clip the dorsal pinna surface on midline, 5 cm (∼2 inches) from proposed insertion site in all directions.
5.  Aseptically prepare the proposed catheter insertion site using surgical scrub technique. Allow a minimum of appropriate 

contact time of the cleanser with the skin, according to manufacturer’s instructions.
6.  Perform hand hygiene and don examination gloves (sterile gloves if the patient is immunocompromised).
7.  Gently remove residual scrub with sterile gauze moistened with sterile water or saline.
8.  Hold pinna in the nondominant hand, folding the ear over the fingers.
9.  The auricular artery should be visible on dorsal midline of the ear pinna.

10.  Perform percutaneous facilitation, if desired. Insert the catheter into the auricular artery.
11.  Watch for a flash of blood in the catheter hub.
12.  Once a flash of blood is visible in the catheter hub, advance the catheter and stylet an additional 1–2 mm.
13.  Feed catheter off the stylet into the artery.
14.  Before removing the stylet from the catheter, place sterile gauze squares beneath catheter hub to absorb blood.
15.  Remove the stylet and quickly place the flushed male adapter or T-port into the catheter hub. Take care to avoid removing the 

catheter from the skin.
16.  With sterile gauze squares, wipe away excess blood, and make sure that the skin under the catheter hub and around the ear 

is dry.
17.  Secure a length of ½-inch medical tape around the catheter hub, then around the ear.
18.  Secure a length of 1-inch medical tape under the catheter hub, around the ear, finishing with the tape over the catheter hub.
19.  Secure a third length of tape around the male adapter or T-port and then around the pinna as described for step 18.
20.  Place a roll of gauze or rolled up gauze squares under the ventral aspect of the ear.
21.  Tape the gauze roll in place with several lengths of surgical tape.
22.  Secure a “Not for IV Infusion” sticker over the catheter bandage, or make a note with indelible marker.

The catheter and bandage should be assessed fre-
quently for evidence of moisture, soiling, or blood stain-
ing. The catheter bandage should be removed and the 
catheter evaluated at least once a day for evidence of 
redness, swelling, or discharge from the catheter inser-
tion site. If there is pain when the catheter is flushed, or 
if any of the above abnormalities consistent with inflam-
mation are observed, the catheter should be removed 
and a pressure bandage secured over the catheter inser-
tion site for at least an hour, to decrease the risk of 

hemorrhage from the arterial puncture site. See Chapter 
55, Care of Indwelling Device Insertion Sites, for  
more information on regular maintenance of arterial 
catheters.

Complications associated with arterial 
puncture or catheter placement

Artery puncture or inadvertent dislodgment of a cath-
eter can result in arterial hemorrhage and hematoma 
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Protocol 5.5  Radial artery catheterization

Items Required
•  Clean clippers and blade
•  Surgical scrub preparation supplies
•  Examination or sterile gloves for operator
•  Sterile gauze squares
•  Surgical tape (½- and 1-inch widths)
•  Cotton roll gauze
•  Water-resistant bandaging material, if desired
•  22- to 20-gauge needle
•  Over-the-needle or over-the-wire intravascular catheter
•  Luer lock T-port or Luer lock infusion plug
•  Preservative-free heparinized saline flush syringes
•  “Not for IV Infusion” label or indelible marker
•  An assistant, if needed

Procedure
1.  Collect necessary supplies, prepare tape, and prepare and flush the T-port or male adapter with preservative-free heparinized 

saline.
2.  Position patient in lateral recumbency, with limb of proposed catheter insertion adjacent to the table.
3.  If patient is not anesthetized, have assistant restrain.
4.  Palpate gently for arterial pulse on caudomedial aspect of limb, just proximal to metacarpal footpad, to determine proposed 

insertion site.
5.  Clip fur proximal to metacarpal footpad, at least 5 cm (∼2 inches) from the proposed catheter insertion site in all directions. 

Wipe clipped fur away with a gauze square.
6.  Aseptically prepare the proposed catheter insertion site using surgical scrub technique. Allow a minimum of appropriate 

contact time of the cleanser with the skin, according to manufacturer’s instructions.
7.  Perform hand hygiene and don examination gloves (sterile gloves if the patient is immunocompromised).
8.  Gently remove residual scrub with sterile gauze moistened with sterile water or saline.
9.  Place sterile gauze square over the metacarpal pad and the fur on the distal limb, to avoid contamination of the catheter.

10.  Use gloved index finger to palpate radial pulse in the surgically scrubbed area.
11.  Once pulse is found, perform percutaneous facilitation with bevel of a 20- to 22-gauge needle.
12.  Gently insert over-the-needle catheter, directing the catheter at a 20° angle with respect to the skin toward the pulsing artery.
13.  Advance the stylet–catheter apparatus in 1- to 2-mm increments into the area of the pulse. Observe catheter hub for a flash 

of blood.
14.  Once a flash is observed in the hub, insert the stylet 1–2 mm more and push the catheter off the stylet into the artery.
15.  Before removing the stylet from the catheter, place sterile gauze squares beneath catheter hub to absorb blood.
16.  Remove the stylet, and quickly place the male adapter or T-port into the catheter hub. Take care to avoid removing the 

catheter from the skin.
17.  With sterile gauze squares, wipe away excess blood, making sure that the skin under the catheter hub and around the limb is 

dry.
18.  Secure a length of ½-inch medical adhesive tape around the catheter hub, then around the limb.
19.  Secure a length of 1-inch medical adhesive tape under the catheter hub, around the limb, finishing with the tape over the 

catheter hub.
20.  Secure a third length of tape around the male adapter or T-port and then around the limb as described for step 19.
21.  Bandage the catheter with cotton gauze and an outer layer.
22.  Secure a “Not for IV Infusion” sticker over the catheter bandage, or make a note with indelible marker.

formation at the puncture or insertion site. While  
severe hemorrhage from an arterial catheterization is 
rare, caution should be exercised with the femoral artery 
in particular. Basic precautions include inserting a cath-
eter only as large as necessary to avoid premature clot-
ting of the catheter, to obtain adequate blood samples, 

to obtain a good pressure waveform, and to avoid lacer-
ating the artery during puncture.8

Contamination or soilage of the catheter bandage can 
result in local or catheter-associated bloodstream infec-
tion. For this reason, consider anatomic location of 
catheter placement carefully, to avoid contamination 
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mised. In such cases, remove the catheter immediately. 
Ischemic complications of arterial catheterization are 
especially common in cats, which generally have poorer 
collateral circulation than dogs.

Contraindications to arterial puncture  
and catheterization

Arterial puncture and catheterization can be problem-
atic in patients with hemostatic abnormalities. For 

whenever possible. If an animal develops a fever, and the 
cause of the fever cannot be explained by the patient’s 
disease, all catheters, including arterial catheters, should 
be removed and the tips cultured for bacterial growth.

Monitor the extremity distal to the catheter site for 
poor perfusion. If the limb distal to the catheter feels 
cool or cold to the touch, if the limb is painful, if the 
catheter is not working well or is no longer patent, or if 
the arterial pulse cannot be palpated, the artery may be 
thrombosed and perfusion to the limb may be compro-

Protocol 5.6  Coccygeal arterial catheterization

Items Required
•  Clean clippers and blade
•  Surgical scrub preparation supplies
•  Examination or sterile gloves for operator
•  Sterile gauze squares
•  Surgical tape (½- and 1-inch widths)
•  Cotton roll gauze
•  Water-resistant bandaging material, if desired
•  22- to 20-gauge needle, if desired
•  Over-the-needle or over-the-wire intravascular catheter
•  Luer lock T-port or Luer lock infusion plug
•  Preservative-free heparinized saline flush syringes
•  “Not for IV Infusion” label or indelible marker
•  An assistant, if needed

Procedure
1.  Collect necessary supplies, prepare tape, and prepare and flush the T-port or male adapter with preservative-free heparinized 

saline.
2.  Place the patient in lateral or dorsal recumbency.
3.  Clip fur circumferentially from tail base, at least 5 cm (∼2 inches) from the proposed catheter insertion site in all directions. 

Wipe clipped fur away with a gauze square.
4.  Aseptically prepare the proposed catheter insertion site using surgical scrub technique. Allow a minimum of appropriate 

contact time of the cleanser with the skin, according to manufacturer’s instructions.
5.  Perform hand hygiene and don examination gloves (sterile gloves if the patient is immunocompromised).
6.  Gently remove residual scrub with sterile gauze moistened with sterile water or saline.
7.  Using a gloved index finger, palpate ventral midline of tail base, between coccygeal vertebrae.
8.  Perform percutaneous facilitation with bevel of a 20- to 22-gauge needle, if desired.
9.  Place sterile gauze square distal to the insertion site, to avoid contamination of the catheter.

10.  Insert the catheter at a 20° angle with respect to the skin, between coccygeal vertebrae, toward the palpable pulse.
11.  Advance the stylet–catheter apparatus in 1- to 2-mm increments into the area of the pulse. Watch the catheter hub for a flash 

of blood.
12.  Once a flash of blood is observed, align catheter angle with the artery, then push the catheter off the stylet, into the artery.
13.  Before removing the stylet from the catheter, place gauze squares under the catheter hub to absorb blood.
14.  Remove the stylet, and quickly place the male adapter or T-port into the catheter hub. Take care to avoid removing the 

catheter from the skin.
15.  Wipe away excess blood, and make sure that the skin under the catheter hub and around the tail is dry.
16.  Secure a length of ½-inch medical tape around the catheter hub, then around the tail.
17.  Secure a length of 1-inch medical tape under the catheter hub, around the tail, finishing with the tape over the catheter hub.
18.  Secure a third length of tape around the male adapter or T-port and then around the tail as described for step 17.
19.  Secure a “Not for IV Infusion” sticker over the catheter bandage, or make a note with indelible marker.
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example, if an animal has severe thrombocytopenia with 
a platelet count less than 40,000 platelets/µL,6 or if an 
animal has vitamin K antagonist rodenticide intoxica-
tion, arterial puncture or catheterization can result in 
hemorrhage from the arterial puncture or catheter site. 
In the presence of these conditions, placement of an 
arterial catheter is relatively contraindicated until the 
platelet count increases or until the coagulopathic  
toxicity has been resolved. The risk of hemorrhage must 
be outweighed by the need for direct arterial catheteriza-
tion in very critical patients.

Hypercoagulable states, such as those associated with 
immune-mediated hemolytic anemia or a protein-losing 
nephropathy or enteropathy, can have an increased risk 
of thrombosis; embolism of the artery distal to the cath-
eter site also may be an increased risk.6 This complica-
tion is uncommon, so a prothrombotic state is a relative 
contraindication to catheter placement. One must weigh 
the benefits of catheter placement in a prothrombotic 
animal carefully with respect to the risks involved with 
its placement. If an animal has a pulmonary thrombo-
embolism and will require numerous arterial blood gas 
analyses during the course of hospitalization, an arterial 
catheter may be necessary. However, if a catheter is 
placed simply to obtain continuous blood pressure 
monitoring, the use of an indirect method such as 
Doppler plethysmography or use of an oscillometric 
monitor may be preferable.

It is the author’s opinion that arterial puncture or 
catheterization should not be performed if the skin and 
tissue overlying the artery are compromised in any 
manner.3 Shearing injuries, pyoderma, burns, and even 
small abrasions potentially pose an increased risk of 
infection and, as tissue heals, an increased risk of throm-
bosis and wound contracture. For this reason, alterna-

tive anatomic locations should be considered for arterial 
puncture or catheterization.

Troubleshooting

The arterial catheter should be assessed frequently for 
patency and cleanliness. If the catheter is not patent, the 
first step should be to unwrap the catheter to see if the 
catheter has slipped or is no longer in the artery. It is not 
uncommon for the catheter to kink at the insertion site, 
so this should be investigated before aggressively flush-
ing the catheter. Because embolism is a possibility, an 
arterial catheter that is not flushing easily should always 
be evaluated. See Chapter 55, Care of Indwelling Device 
Insertion Sites, for more detail.
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6
Principles of electrocardiography

Joao Orvalho

Cardiac electrical activity

The main function of the heart is to pump blood; in 
order to accomplish that, a well-coordinated contrac-
tion is required. The myocardium is composed of muscle 
fibers linked by conduction system cells. A synchronized 
electrical stimulation of the muscle cells (myocytes) is 
necessary for an appropriate contraction. The myocytes 
are responsible for the contractile function, whereas the 
conduction cells deliver the electrical impulse that leads 
to myocyte contraction.1

The heart’s electrical stimulus originates at the sinus 
node (also called the sinoatrial or SA node), which is the 
primary pacemaker of the heart and is located in the 
right atrium. The three internodal tracts (anterior, 
medial, and posterior) and Bachmann’s bundle transmit 
the impulse to the atrioventricular node (AV node) and 
the left atrium, respectively.2 Conduction is slowed 
through the AV node, and then proceeds to the bundle 
of His, which is the only conductive pathway between 
the atria and the ventricles. At the level of the aortic 
valve, the conduction pathway bifurcates into the left 
bundle branch and right bundle branch. (See Fig. 6.1.) 
Both bundles divide into a network of Purkinje fibers 
that are distributed to both ventricles.3

The wave of contraction follows the electrical impulse. 
Starting in the right atrium, continuing to the left 
atrium, and then to the ventricles.

The wave of depolarization
Cardiac myocytes are electrically charged and maintain 
an electrical gradient across the cell membrane, called 
the resting membrane potential. This gradient is main-

tained by multiple systems of active ion transport, 
including the sodium–potassium pump (Na+–K+ pump), 
which pumps sodium out of and potassium into the cell. 
The concentration of potassium (K+) inside the cells is 
thus significantly higher than its concentration in the 
extracellular fluid.

A myocyte’s resting membrane potential is considered 
negative because its intracellular fluid is more negatively 
charged than the extracellular fluid. When the myocyte 
is stimulated by the conduction system or by a neighbor-
ing myocyte, its polarity is reduced (the myocyte’s  
interior becomes more positive). The less-negative 
membrane potential significantly alters the sodium and 
potassium permeability through the membrane. Sodium 
ions rush into the myocyte and K+ ions move to the 
outside. This change in the cell’s membrane polarity is 
called depolarization. As soon as a myocyte depolarizes, 
it stimulates the depolarization of adjacent cells, and the 
depolarization continues cell-to-cell throughout the 
myocardium. This chain reaction of cardiac myocyte 
depolarization is called the wave of depolarization.

Coordinated cardiac myocyte depolarization is 
responsible for the coordinated cardiac contraction.4 An 
electrocardiogram is a graphic representation of the 
summation of all the action potentials of the heart over 
a period of time (Fig. 6.2).

The electrocardiogram

The electrocardiograph is a galvanometer or voltmeter, 
which is able to record the electrical impulses between 
nearby negative and positive electrodes placed in or  
on the body. A system of two points between which 
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The first electrocardiogram
Waller first demonstrated that the electrical changes of 
the heart during the cardiac cycle could be recorded and 
that this constituted a graphic representation, which he 
named the electrocardiogram. Later, Einthoven intro-
duced the classification of P, QRS, and T for the standard 
electrocardiogram deflections.5,6

Recording the wave of depolarization
If a negative electrode is placed in the vicinity of the 
right atrium and a positive electrode is placed at the 
apex of the heart, the normal wave of depolarization 
travels toward the positive electrode and by convention 
is represented by a positive (upward) deflection on the 
ECG.1,4,7 The electrical impulse of a normal cardiac cycle 
starts at the SA node. (See Fig. 6.1.) The atrial depolar-
ization originates at the SA node, travels through the 
internodal tracts and Bachmann’s bundle and termi-
nates at the AV node. On the ECG, atrial muscle depo-
larization is represented by the P wave, which is the first 
positive deflection on the ECG before the QRS complex.8 
The atrial muscle depolarization also leads to atrial 
muscle contraction, and consequently to pumping of 
the blood from the atria to the ventricles.

There is a physiologic delay in impulse conduction at 
the AV node that allows time for the blood to flow from 
the atria to the ventricles prior to ventricular systole. 

electrical impulses are conducted is called a lead. The 
electrodes are usually positioned on the animal’s limbs 
(for standard leads), but they can also be placed on the 
thorax (for precordial chest leads) or in the heart (for 
intracardiac leads). The graphic representation of the 
information gathered from an electrocardiographic lead 
is the electrocardiogram (ECG [EKG is also used 
sometimes]).

Figure 6.1 Conduction system of the heart (from Bruce NP, Flynn JM, Roberts F. ECG interpretation. In: Flynn JM, Bruce NP, eds. Intro-
duction to Critical Care Skills. St. Louis, MO: Mosby; 1993:107).
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Figure 6.2 Idealized graphic representation of an electrocardio-
gram from a dog, with the P, QRS, and T waves labeled. The P 
wave is the result of atrial muscle depolarization. The QRS 
complex is the result of ventricular muscle depolarization. The T 
wave occurs as a result of ventricular muscle repolarization; T 
wave appearance can differ significantly from individual to indi-
vidual, but it should generally be uniform within the same animal. 
More information is available in Chapter 7, Electrocardiogram 
Interpretation.
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pelvic limb (positive electrode); and lead III detects the 
difference between the left thoracic limb (negative elec-
trode) and the left pelvic limb (positive electrode).8 
Standard leads are by far the most commonly used leads 
in the emergency room and intensive care unit.

Augmented unipolar leads

The unipolar, augmented leads use the same electrode 
placements as the standard leads and are generated by 
comparing a positive electrode and a neutral reference 
point. The neutral reference point is a result of the 
average of the other two electrodes, instead of using a 
negative electrode. Unipolar leads only record half the 
voltage of the standard leads; therefore, the ECG deflec-
tions must be amplified in order to obtain equivalent 
voltage of the standard leads.9,10 For the augmented 
leads, an “a” precedes the designation, and all designa-
tions contain a “V,” which identifies them as unipolar 
leads by convention. Lead aVR has its positive electrode 
at the Right thoracic limb; lead aVL has its positive 
electrode at the Left thoracic limb; and lead aVF has its 
positive electrode at the left pelvic limb (toward the Foot 
of a human). Electrode placement for the standard 
bipolar leads and augmented unipolar leads is shown in 
Table 6.1.

This physiologic delay is the origin of the P-R interval, 
or the electroneutral period between the P and QRS 
waves. Ventricular depolarization starts in the interven-
tricular septum and is represented by a slight negative 
deflection on the ECG, called the Q wave. When the 
majority of the ventricular muscle depolarizes, it gener-
ates the R wave, a large-magnitude positive deflection. 
The last parts of the ventricles to depolarize are the 
basilar portions, which create a negative deflection on 
the ECG that follows the R wave, called the S wave.

After the S wave has occurred, the cardiac depolariza-
tion phase is complete. Cardiac repolarization, or the 
myocytes’ regeneration of their resting membrane 
potentials, is necessary for another cardiac cycle to start. 
Ventricular repolarization is represented by the T wave, 
which in health can be positive, negative, or biphasic.1–9 
For information on ECG waveform interpretation, see 
Chapter 7, Electrocardiogram Interpretation.

Einthoven’s triangle and the principle  
of leads
A bipolar lead is the result of the difference in electrical 
activity between electrodes when a negative electrode is 
paired with a positive electrode. Each lead “sees” and 
registers a different view of a single electrical event (such 
as a cardiac depolarization wave), which allows a more 
comprehensive understanding of the heart’s electrical 
activity. Imagine that the P–QRS–T complex is an event 
such as a motor vehicle accident, and that each lead is a 
witness located in a different position in relation to the 
event. The witness in the two-story building has a dif-
ferent view than the person across the street, which is 
again different than that of the witness seated in the 
coffee shop. All the witnesses saw the same event, but 
each from a different angle. Thus we make our interpre-
tation of the event with the advantage of combined 
observations and not just a single point of view.

Standard leads

In 1902 Willem Einthoven proposed the first fixed ECG 
lead system. Einthoven’s equilateral triangle illustrates 
the three standard bipolar leads (see Fig. 6.3). To obtain 
these leads, electrodes are placed on the right thoracic 
limb or “arm” (RA; all ECG limb terminology is in arms 
and legs, by convention), the left thoracic limb or “arm” 
(LA) and left pelvic limb or “leg” (LL). The right pelvic 
limb (RL) is the connection to the ground.

As depicted in Figure 6.3, lead I detects the difference 
in electrical activity between the right thoracic limb 
(negative electrode) and the left thoracic limb (positive 
electrode); lead II detects the difference between the 
right thoracic limb (negative electrode) and the left 

Figure 6.3 Equilateral triangle of Einthoven, illustrating stan-
dard leads I, II, and III (RA, right arm; LA, left arm; LL, left leg).

RA LA

LL

IIIII

I

Table 6.1 Electrode position for standard bipolar and 
augmented unipolar leads: arm, thoracic limb; leg, pelvic limb

Lead Positive Negative/Neutral

I Left arm Right arm
II Left leg Right arm
III Left leg Left arm
aVR Right arm Left arm, left leg
aVL Left arm Right arm, left leg
aVF Left leg Right arm, left arm
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The thoracic limb electrodes are usually placed close 
to the olecranon (elbow) and the pelvic limb electrodes 
in the area of the patellar ligament (stifle). However, the 
electrodes may be placed at any point distal to the limb’s 
junction with the trunk without significantly affecting 
the ECG. The limb electrodes are color coded by indus-
try standard, and they should be placed as indicated in 
Table 6.3 and Figure 6.4. The chest leads are placed over 
the patient’s thorax as indicated in Table 6.2 and Figure 
6.5. The cables should not be twisted or placed over the 
patient’s body, as this is likely to cause significant arti-
facts on the ECG.

Types of electrodes
The electrodes are attached directly to the skin with 
alligator clips, electrode patches, or metal plates (see  
Fig. 6.6).

Alligator clips are the most commonly used electrodes 
in veterinary medicine, since they are relatively simple 
to apply, are durable, and do not disconnect easily when 
the patient moves.11 Before placing the electrode, a small 
skin fold should be made in the appropriate location. 
Isopropyl alcohol or electrocardiographic conducting 
gel must be applied to the area as a conduction medium; 
hair clipping is rarely necessary. Alcohol should be 

Unipolar precordial chest leads

The unipolar precordial chest leads require different 
electrode placement than standard and augmented 
leads. Unipolar precordial chest leads record the electri-
cal activity from the dorsal and ventral surfaces of the 
heart. These leads allow the operator to record the elec-
trical activity of a specific cardiac region. A positive elec-
trode is placed on the chest and, as with unipolar 
augmented leads, is paired with a neutral electrode that 
generates a “V” (unipolar) lead. The neutral electrode is 
the result of all the limb electrodes combined, and thus 
has a net voltage of zero volts. The positive exploring 
electrode can be moved on the chest to different posi-
tions, or multiple exploring electrodes can be used at the 
same time.

Six different types of V leads are commonly used in 
humans (V1 through V6), which have been modified for 
veterinary medicine into four chest leads (CV5RL, 
CV6LL, CV6LU, and V10). These leads are especially 
useful for detecting P waves and ventricular enlarge-
ment, and for identifying bundle branch blocks. (See 
Table 6.2.)

Procedures for diagnostic ECG measurement

Lead placement and patient position
The patient should be positioned in right lateral recum-
bency on a nonconductive surface. The handler should 
rest the right arm over the patient’s neck and the left arm 
over the hindquarters, so the limbs are perpendicular to 
the body, still and separated (see Fig. 6.4).9,10 An ECG 
can also be recorded with the patient in sternal or stand-
ing position, but this recording should only be used for 
rate measurement and detection of rhythm abnormali-
ties. Fortunately, rhythm investigation is the most 
common use for ECG measurement in emergency and 
intensive care settings. Standing technique is especially 
useful in a dyspneic or tachypneic patient. More infor-
mation about continuous ECG monitoring of acutely 
and critically ill animals is available in Chapter 7, Elec-
trocardiogram Interpretation.

Table 6.2 Electrode position for unipolar precordial chest leads 
with analogous human lead designation in parentheses

Lead Chest Location

CV5RL (V1) Fifth intercostal space, near sternum, right side
CV6LL (V2) Sixth intercostal space, near sternum, left side
CV6LU (V4) Sixth intercostal space, costochondral junction, 

left side
V10 (V6) Seventh thoracic vertebra, over spinous process

Figure 6.4 Standard patient position for recording an electro-
cardiogram (right lateral recumbency). Note the four standard 
electrocardiographic color-coded electrodes (RA, right arm, white; 
LA, left arm, black; RL, right leg, green; LL, left leg, red).

Table 6.3 Electrocardiograph color-coded cables

Cable Color Limb

White Right arm (RA), right thoracic limb
Black Left arm (LA), left thoracic limb
Red Left leg (LL), left pelvic limb
Green Right leg (RL), right pelvic limb
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Paper speed

An ECG can be recorded at any paper speed, but the 
most commonly used speeds in veterinary medicine are 
25 mm/sec and 50 mm/sec. This means that at a speed 
of 50 mm/sec, 50 mm of paper (10 large boxes) is 
recorded in 1 second. Therefore, the same patient’s QRS 
complex appears wider on a 50-mm/sec recording than 
on 25-mm/sec because it is recorded faster, which cor-
responds to more space on the ECG paper.

When performing ECG wave and complex measure-
ments, a lead II recording at 50 mm/sec should be used. 
For rhythm recordings 25 or 50 mm/sec can be used, 
with the choice largely dependent on the patient’s heart 
rate and the desired ECG complex definition. A slower 
speed will allow a longer recording with the same 
amount of paper, which saves ECG paper. A minimum 
of three complexes should be recorded for each standard 
lead, and a longer recording is recommended when dys-
rhythmias are present. Augmented leads aVR, aVL, and 
particularly aVF can be useful when standard limb leads 
do not answer the operator’s questions about ECG 
rhythm, wave, and complex appearance.

Sensitivity

Standard electrocardiographic calibration is 10 mm/mV, 
which means that a 1-mV electrical signal generates  
a 10-mm deflection from baseline on the ECG paper. 
The operator can recalibrate the electrocardiograph to 
produce larger (double sensitivity: 1 mV corresponds  
to 20 mm) or smaller (half sensitivity: 1 mV corresponds 
to 5 mm) ECG complexes. This feature is especially 
useful when the ECG complexes are very small, as is 
common in cats, or are very large, as ventricular prema-
ture complexes can be.

avoided in critical patients that may be candidates for 
defibrillation, since it is a very combustible substance. 
Electrocardiographic gel is also preferred when ECG 
recording will be required for longer than 10 minutes. It 
is preferable to apply the chosen conduction medium 
before placing the electrodes, as this will minimize inter-
ference from the patient’s hair. Self-adhesive electrodes 
are also available (see Fig. 6.6b), which usually must be 
secured with a bandage to stay in place. They can be 
applied directly to the footpads or in an area of shaved 
skin.

Electrocardiogram recording
The electrocardiograph (galvanometer) control settings 
vary with the manufacturer, but there should be an 
option for paper speed, calibration, and filter settings.

Figure 6.5 Standard position of the unipolar chest leads.

Figure 6.6 (a) An example of an alligator electrode clip (bottom) and a modified metal plate (top). (b) Different types of adhesive 
electrodes.

(a) (b)
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Since most dysrhythmias have a significant day-to-
day variation, there is a considerable advantage to 
obtaining this longer diagnostic sample. The technique 
is also useful in the evaluation of syncope and collapse. 
The patient can go home with the recording device in 
place, and very limited monitoring is required.10,12,13

ECG telemetry
Electrocardiographic telemetry is a monitoring tech-
nique that helps in the supervision of hospitalized 
patients, with digital ECG tracings obtained through a 
wireless method. This technique allows the patient to 
move freely in the cage without the inconvenience of 
wires. These methods utilize a precordial lead system, 
which usually uses adhesive electrodes that are placed on 
a shaved area of the thorax.

Equipment problems leading to ECG artifacts

Artifacts can lead to incorrect ECG interpretation. 
Therefore, it is very important to minimize potential 
artifacts, such as electrical interference, muscle tremor, 
patient and system movement, and inappropriate patient 
or electrode positioning.14 Incorrect electrode placement 
causes one lead to take on the appearance of another. 
Many possible lead misplacements can occur, but the 
most common mistake is switching the electrodes of  
the thoracic limbs, which will cause negative P waves in 
lead I and inverted leads II and III. This is the result of 
lead II becoming lead III, and vice-versa (see Fig. 6.8). 

The calibration mark is a graphic representation of a 
selected recording voltage, which is used to gauge the 
amplitude of the ECG waves. It should appear automati-
cally at the beginning of the recording in the form of a 
rectangle that represents the machine’s current calibra-
tion (i.e., 10 mm high for standard calibration). The 
calibration mark precedes the first recorded complex 
(see Fig. 6.7).

Filter settings

Internal electrocardiographic filters are used to reduce 
baseline artifacts, but they are not necessary for a good 
electrocardiographic recording. In dogs, 50-Hz filters 
are usually appropriate, and 150-Hz filters can be used 
in cats. Filtering can reduce the amplitude of the com-
plexes on an ECG; therefore, all complex measurements 
should be performed on an unfiltered tracing.

Ambulatory continuous electrocardiogram 
monitoring and ECG telemetry

Ambulatory continuous electrocardiogram 
monitoring (Holter monitoring)
Ambulatory continuous electrocardiogram monitoring 
is an electrocardiographic method that allows recording 
for longer periods of time, such as 24–48 hours. It is used 
for the diagnosis, monitoring, and therapeutic evalua-
tion of arrhythmias. Most of these ECG monitors are 
powered by batteries and provide a digital recording 
with multiple channels.10

Figure 6.7 Electrocardiographic recordings of the same dog’s ECG at (a) double, (b) standard, and (c) half sensitivities.
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Information about other causes of ECG artifacts is 
found in Chapter 7, Electrocardiogram Interpretation.
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7
Electrocardiogram interpretation

Matthew S. Mellema and Casey J. Kohen

Introduction

Electrocardiography is an incredibly valuable diagnostic 
and monitoring tool in veterinary emergency and criti-
cal care. It provides continuous real-time information 
about the state of the cardiovascular and autonomic 
nervous systems in a noninvasive fashion. There are very 
few other tools that provide the quantity and quality of 
clinical information that electrocardiography can 
provide. It is both a cost-effective and a sensitive tool for 
monitoring cardiovascular status. No emergency room 
(ER) or intensive care unit (ICU) should be without one 
(or better yet, several). Electrocardiography is the gold 
standard for the detection and classification of arrhyth-
mias and for the assessment of treatment responses. The 
emergency and critical care technician plays a vital role 
in the proper utilization of electrocardiography both in 
the acquisition of data and in the monitoring and 
screening for arrhythmias.

This chapter focuses on how to optimize the acquisi-
tion of a diagnostic electrocardiogram (ECG [EKG is 
sometimes used]) and on specific skills that veterinary 
emergency and critical care nursing staff should strive 
to master. A comprehensive discussion of electrocardio-
gram interpretation and all possible arrhythmias is 
beyond the scope of this chapter (or book) and inter-
ested readers are directed to several excellent texts  
on those topics. Also, see Chapter 6, Principles of 
Electrocardiography.

Acquisition of an electrocardiogram

Electrocardiography is a method of displaying or record-
ing the heart’s electrical activity using electrodes placed 

on the surface of the body. Electrocardiography per-
formed in the ER or ICU is “surface” electrocardiogra-
phy and thus measures changes in the overall electrical 
potential of the myocardium from the surface of the 
body. This technique can be used to assess changes in 
chamber size and conduction pathway function as well 
as to monitor heart rate and rhythm. Simultaneous 
monitoring of rate and rhythm is a common indication 
for ECG use in the emergency and ICU setting. With the 
widespread availability of radiography and echocardiog-
raphy, the assessment of chamber size based solely on 
electrocardiography is rarely required.

Electrocardiography can be used as either a diagnostic 
or a monitoring tool. The proper use of electrocar-
diography depends on which of those roles the electro-
cardiogram is meant to serve. To obtain a diagnostic 
ECG that allows determination of complex amplitude, 
complex or interval duration, and mean electrical  
axis for comparison with normal values, the operator 
must apply standardized methodology (see below). 
These same standards are not generally applied when 
electrocardiography is used as a continuous monitoring 
tool.

Electrocardiography—the diagnostic ECG
Patient positioning

For short-term recording of a diagnostic ECG, it is stan-
dard to position the patient in right lateral recumbency. 
This position is used by convention to assess multiple 
leads, measure amplitudes of specific wave deflections, 
and calculate the mean electrical axis. If the animal is to 
be placed on a metal table or other conducting surface, 
a blanket or rubber pad should be placed between the 
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ously (i.e., right thorax = white, right inguinal = green, 
left thorax = black, left inguinal = red).

If the waveform is difficult to interpret due to a 
patient’s exaggerated breathing efforts, the cranial elec-
trodes can be moved to the thoracic limbs; likewise, the 
caudal electrodes can be moved to the pelvic limbs. 
Once the electrodes are connected to the patient, the 
ECG waveform is assessed for quality and absence of 
artifacts (see below). Although any lead can provide 
information on heart rate and rhythm, lead II is rou-
tinely used to determine rate and rhythm and to measure 
waveform amplitude, as well as waveform and interval 
duration. The determination of mean electrical axis 
(although rarely done in the ER setting) requires that at 
least two leads be recorded for analysis.

Recording

A diagnostic ECG should include brief recordings of the 
three standard leads (I, II, and III) as well as the three 
augmented leads (aVR, aVL, and aVF) at 25 mm/sec 
paper speed. In addition 1–2 minutes of lead II at 
50 mm/sec should be recorded to allow for rhythm and 
rate analysis. The ECG should be evaluated for the pres-
ence of artifacts (see below) and measures taken to 
remove any artifact noted. See Chapter 6, Principles of 
Electrocardiography, for more information about leads 
and diagnostic ECG acquisition.

Electrocardiography: continuous monitoring
Commonly in the ER and ICU setting, the electrocar-
diograph is used for longer term monitoring, and main-
taining the patient in a standard position (i.e., right 
lateral recumbency) is not feasible or humane. Emer-
gency and ICU patients are monitored primarily for 
changes in heart rate and rhythm, where specific posi-
tioning is less important. In this setting, the lead that 

patient and the surface used, to avoid conduction inter-
ference and artifacts.

Electrodes—options and proper placement

There are several methods of connecting ECG electrodes 
to a patient. Alligator clips are a common method for 
short-term recording and require very little patient 
preparation. To minimize patient discomfort, the teeth 
on the alligator clips should be flattened or filed and 
recording time should be limited. The clips should be 
placed on the caudal aspect of each elbow, proximal to 
the olecranon, and on each stifle at the level of the patel-
lar ligament. Some ECG machines provide only three 
electrodes for connection to the patient. The white elec-
trode should be placed at the right elbow, black at the 
left elbow, and red at the left stifle. If a fourth (green) 
electrode is present, it should be placed on the right stifle 
(see Fig. 6.4). Conducting medium should be placed 
between the electrode and the patient’s skin. A gel 
designed for ECG electrodes is preferred as these gels are 
formulated for high inherent conductance, to reduce 
skin resistance, and they are generally hypoallergenic. 
Alcohol and many quaternary ammonia compounds are 
flammable substances and should not be applied if there 
is a chance a defibrillator will be used on the patient in 
the near future.

Adhesive pads are also available and can be applied 
for longer times if ECG monitoring is planned following 
the diagnostic ECG. Electrodes are available with snap 
adapters to connect to the pads. If pads are used, the 
patient’s fur must be clipped and the skin cleaned and 
dried to maximize adhesion. The adhesive pads can be 
placed so that two are on opposite sides of the thorax 
just caudal to the scapulae, and the third and fourth are 
placed in the inguinal regions (see Fig. 7.1). The elec-
trodes are connected in the orientation described previ-

Figure 7.1 (a–c) Color-coded lead system using adhesive pads rather than alligator clips. (c) Adhesive pads can be placed on meta-
carpal or metatarsal footpads if needed.

(a) (b) (c)
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staff to substantial alterations in either parameter. When 
auditory alterations are noted, it should prompt a visual 
inspection of the ECG display. Abnormalities noted after 
visual inspection should be recorded for analysis and 
documentation in the medical record. While recordings 
made at 25 mm/sec allow for more complexes to be 
recorded on a given length of paper, the authors recom-
mend 50-mm/sec recordings, as they are generally easier 
to interpret.

Electrocardiogram waveforms

As noted in Chapter 6, Principles of Cardiography, the 
process of myocardial depolarization and repolarization 
(the re-establishment of resting membrane potential) 
leads to a series of deflections that are generally recog-
nizable when displayed in sequence over time. Each 
portion of the typical ECG is associated with a specific 
portion of the myocardial depolarization–repolarization 
cycle. See Figure 7.3.

In a sinus rhythm, the P wave is the first deflection 
noted and reflects depolarization of the atria. As an 
impulse emerges from the area of the sinoatrial (SA) 
node, atrial depolarization begins and progresses from 
the right atrial myocardium to that of the left atrium. 
The direction of this wave of depolarization is such that 
a small positive deflection lasting less than 0.05 second 
is observed on lead II. The P-R interval is measured 
from the beginning of the P wave to the beginning of 
the QRS complex and represents the time required for 

produces the most readily identifiable complexes is used. 
One must bear in mind that the optimal lead often 
changes as patient position is altered.

For continuous monitoring, adhesive pad electrodes 
offer substantial advantages over alligator clips (see 
Electrodes—Options and Proper Placement). If the 
patient’s hair coat cannot be clipped or the patient 
requires ECG monitoring only temporarily during anes-
thesia, the adhesive pads can be applied to the metacar-
pal and metatarsal pads on the feet (see Fig. 7.1). Tape 
can be applied circumferentially to better secure the 
pads and electrodes. Some pads can adhere tightly to the 
skin after time and care should be taken when removing 
them, using adhesive remover as needed to prevent skin 
irritation and trauma. In patients with ventricular 
arrhythmias, which are prone to deteriorate into ven-
tricular fibrillation, the placement of larger electrode 
pads that can be utilized for defibrillation is advisable 
(see Fig. 7.2).1 These pads may also be used for external 
cardiac pacing in patients with complete heart block or 
who are symptomatic for other bradyarrhythmias (see 
Chapter 19, Temporary Cardiac Pacing, for more 
details).2 If the patient is active in the cage, the electrode 
wires can be gathered and secured to the patient with a 
stockinette fitted over the thorax to avoid tangling. 
Regardless of the electrode placement method used, the 
ECG tracing should be inspected for artifacts after place-
ment and measures taken to reduce any artifact present.

Continuous ECG monitoring often uses a combina-
tion of auditory and visual data. Most modern monitors 
are capable of producing an audible signal synchronized 
to the QRS complex. This feature allows for qualitative 
monitoring of rate and rhythm and can alert the clinic 

Figure 7.2 Using pacing-capable pads for ECG monitoring.

Figure 7.3 ECG waves as seen in lead II.
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the sinoatrial impulse to travel from the SA node to the 
ventricles. A substantial portion of this time is taken up 
by conduction through the atrioventricular (AV) node. 
Slower AV node conduction (e.g., when vagal tone is 
increased) results in a prolonged P-R interval.3,4 When 
the AV node is bypassed (e.g., ventricular pre-excitation) 
the P-R interval is substantially shortened, and the atria 
and ventricles depolarize nearly simultaneously; thus, 
the P wave and QRS complex are closer together or 
begin to merge.5 A P wave with increased duration or 
increased amplitude may indicate left or right atrial 
enlargement, respectively.6

The QRS complex is produced as a result of ventricu-
lar depolarization. The typical appearance of the QRS is 
due to the sequential depolarization of different por-
tions of the ventricles such that the wave of depolariza-
tion is moving away from a given lead at times (e.g., 
negative Q and S deflections on lead II) and toward it at 
others (e.g., positive R deflection on lead II). The dura-
tion of the QRS complex indicates how long ventricular 
depolarization took to occur. Ventricular depolarization 
typically occurs quite rapidly (<0.06 second) due to the 
presence of specialized conducting tissue (the Bundle of 
His and its branches; see Figure 6.1) that rapidly con-
ducts the signal to depolarize and distributes it through-
out the ventricles. Prolongation of the QRS complex can 
indicate a conduction disturbance (e.g., bundle branch 
block), an ectopic origin of the complex (e.g., a ventricu-
lar premature complex [VPC]), ventricular hypertrophy, 
or some combination thereof.5 Increases in the ampli-
tude and duration of the QRS can be seen with ventricu-
lar hypertrophy in some cases.7

The ST segment is a period of relative electrical inac-
tivity. In the healthy myocardium the ST segment is 
electrically silent and no differences in potential are 
detected on any lead. However, in the injured and/or 
ischemic myocardium an “injury current” may occur 
between adjacent diseased and healthy sections of myo-
cardium (although recent studies suggest a more 
complex pathophysiology).8 On the ECG this injury 
current manifests as either elevation or depression of the 
ST segment (see ECG Skill Set 9 at the end of this 
chapter); ST segment alterations can be important indi-
cators of myocardial injury and should always be further 
investigated when noted.

The QT interval is measured from the beginning of 
the QRS to the end of the T wave. It represents the com-
bined duration of the depolarization and repolarization 
processes for the ventricular myocardium as a whole. 
Although QT intervals vary inversely with heart rate 
(i.e., longer QT interval when heart rate slows), they are 
typically less than 0.25 second in duration at normal 
canine heart rates. Hypercalcemia can result in shorten-

ing of the QT interval; hypocalcemia results in prolon-
gation of the QT interval. Hypomagnesemia and 
hypokalemia can also result in QT interval prolongation. 
While there are many reported associations of QT 
abnormalities with electrolyte disturbances such as 
those just mentioned, a recent study has suggested the 
associations are not particularly robust.9

The T wave is associated with ventricular repolariza-
tion and the re-establishment of resting membrane 
potential. The conformation of the T wave is highly vari-
able in populations of normal, healthy dogs and may be 
positive, negative, or biphasic.10 However, in an indi-
vidual patient the appearance of their T wave is generally 
consistent. An abrupt alteration in the appearance of a 
patient’s T wave should prompt evaluation of serum 
electrolytes and arterial blood gases (or pulse oximetry). 
Overly large T waves can herald hypoxemia or 
hyperkalemia.

Stepwise interpretation of the 
electrocardiogram

Correct interpretation of electrocardiographic data can 
be enhanced by taking a stepwise approach and consis-
tently apply it in the same manner every time. While the 
steps may be taken in any order, there is some benefit to 
following a specific sequence such that the largest 
number of possible rule-outs is removed with each step. 
For example, determining heart rate first has the advan-
tage of excluding a very large number of possible 
rhythms and allows one to focus further on the remain-
ing possibilities (e.g., if heart rate is lower than normal, 
all the tachyarrhythmias may be excluded). The stepwise 
approach used by the authors is shown in Protocol 7.1 
(at the end of this section) and further details of each 
step are provided here.

Instantaneous heart rate may be determined by mea-
suring the time between successive P waves or QRS com-
plexes. Mean heart rate may be calculated by determining 
the number of cardiac cycles over a given length of time 
(e.g., 3–6 seconds) and multiplying that number to give 
an average per minute. Dysrhythmias involving AV 
block or ectopic complexes and rhythms may create an 
overall rhythm in which the atrial heart rate and the 
ventricular heart rate are not equal. It is recommended 
that both an atrial rate (based on P wave frequency) and 
a ventricular rate (based on QRS frequency) be deter-
mined separately. An example of a situation in which 
this approach may prove beneficial is given in ECG Skill 
Set 2 at the end of this chapter.

Next, one may attempt to evaluate the overall cardiac 
rhythm by inspecting the entirety of the recorded study. 
Are there specific complexes appearing at unexpected 
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Protocol 7.1 Stepwise approach to electrocardiogram interpretation

• See accompanying text (in the section Stepwise Interpretation of the Electrocardiogram) for details of each step.

Procedure
1. Determine the heart rate(s):

a. Atrial rate (frequency of the P waves)
b. Ventricular rate (frequency of the QRS complexes)
c. Are they the same?

2. Evaluate the overall cardiac rhythm:
a. Is the rhythm regular or irregular?

i. If irregular, is the rhythm regularly irregular or irregularly irregular?
ii. Are there specific complexes appearing at unexpected intervals or with QRS morphology that is different than the 

rest?
3. Identify the complexes and the intervals; determine their amplitude and/or duration:

a. P wave
b. P-R interval
c. QRS complex

i. Assess morphology of the Q, R, and S deflections.
d. QT interval
e. T wave
f. Inspect the ST segment for evidence of elevation or depression

4. Compare the amplitudes, durations, and morphology to normal values (see Table 7.1) for this species as well as to previous 
values for this individual (if available).

Table 7.1 Normal canine and feline ECG values

Canine Feline

Heart rate Puppy: 70–220 beats/min
Toy breeds: 70–180 beats/min
Standard: 70–160 beats/min
Giant breeds: 60–140 beats/min

120–240 beats/min

Rhythm Sinus rhythm
Sinus arrhythmia
Wandering pacemaker

Sinus rhythm

P wave
 Amplitude Maximum: 0.4 mV Maximum: 0.02 mV
 Duration Maximum: 0.04 sec (Giant breeds 0.05 sec) Maximum: 0.04 sec
PR interval 0.06–0.13 sec 0.05–0.09 sec
QRS
 Amplitude Small breeds: 2.5 mV Maximum: 0.9 mV
 Duration Large breeds: 3 mV

Small breeds: 0.05 sec maximum
Large breeds: 0.06 sec maximum

Maximum: 0.04 sec

ST segment
 Depression <0.2 mV None
 Elevation <0.15 sec None
QT interval 0.15–0.25 sec at normal heart rate 0.12–0.18 sec at normal heart rate
T wave May be positive, negative, or biphasic

No more than 25% of the R wave amplitude
Typically positive
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animals.10 What is important to note is when a 
patient’s T wave morphology changes relative to what 
had been observed in that same patient previously, as 
the change may herald the development of myocardial 
injury.14

The ST segment should be inspected for evidence of 
elevation or depression. The significance of these find-
ings is explained further in ECG Skill Set 9 at the end of 
this chapter.

Lastly, it is important to note that one should compare 
measurements not only with established normal values 
for this species, but also with previous recordings  
made from this patient. For example, has the QRS ampli-
tude increased relative to the last visit, suggesting  
progressive left ventricular hypertrophy? Or is this eleva-
tion in heart rate something that has been observed 
every time this patient visits your clinic (e.g., white coat 
syndrome)?15

In all cases, abnormalities in rate, morphology, 
rhythm, or interval durations should be noted in the 
patient record and brought to the attention of the clini-
cian on duty so that a treatment or monitoring plan can 
be constructed in a timely fashion.

Recognizing ECG artifacts

Electrocardiography is prone to a number of common 
artifacts that can interfere with interpretation, including 
respiratory artifact, poor-contact artifact, 60-cycle inter-
ference, muscle-activity artifact, and stylus-temperature 
artifact.

Respiratory artifact is due to lead motion during 
exhalation and inhalation. It results in a baseline that 
cyclically rises and falls rather than remaining stable (see 
Fig. 7.4a). Moving the cranial leads from the chest wall 
to the thoracic limbs usually reduces or eliminates this 
type of artifact. Poor-contact artifact results in the loss 
of recognizable complexes and coarse, ultra-high-fre-
quency oscillations (see Fig. 7.4b). Using contact gel or 
applying tape to secure the electrode pads more firmly 
can help reduce poor-contact artifact.

In most parts of the world, alternating current is used 
to power devices plugged into outlets. This current alter-
nates polarity (direction) 60 times each second. This 
alternating current results in an electrical field that can 
be picked up by electrocardiographic equipment. This 
type of artifact is termed 60-cycle interference and pro-
duces a baseline that has fine, persistent oscillations (see 
Fig. 7.4c); 60-cycle interference can be reduced by 
making sure that ECG equipment is plugged into a 
properly grounded outlet and that other devices plugged 
into this circuit are turned off or unplugged (if possible). 
Clippers are common sources of 60-cycle interference. 

intervals or with P or QRS morphology that is different 
than the rest? This may indicate ectopic activity such as 
atrial or ventricular premature complexes (APCs, VPCs). 
The rhythm should be evaluated for whether it is regular 
or irregular. If the QRS complexes are evenly spaced, 
then the rhythm is considered regular; if the spacing is 
variable, then the rhythm is termed irregular. However, 
there may at times be a pattern to the irregularity; this 
is a “regularly irregular rhythm.” An example of a regu-
larly irregular rhythm is respiratory sinus arrhythmia 
wherein the heart rate varies with the phases of respira-
tion (faster during inspiration and slower during expira-
tion). In contrast, an “irregularly irregular” rhythm is 
one for which there is no discernible pattern to the irreg-
ularity. Atrial fibrillation is a classic example of an irreg-
ularly irregular rhythm.

Next, identify the complexes and the intervals, and 
determine their amplitude and/or duration. Prolonga-
tion of a given parameter indicates that whatever process 
that parameter represents is taking longer than normal. 
An example is a prolonged P-R interval. The P-R interval 
is the length of time it takes a signal to travel from the 
sinus node to the ventricle. The bulk of that time is spent 
traveling through the AV node, so a prolonged P-R inter-
val indicates slowed AV node conduction (termed first-
degree AV block). Increased amplitude of a complex 
may also carry important information (e.g., increased P 
wave amplitude indicating right atrial enlargement), but 
this information is generally more heavily scrutinized 
during a multilead diagnostic ECG study than when 
electrocardiography is being used as a continuous moni-
toring tool. Decreased amplitude may occur in a number 
of settings. Those most relevant to the emergency and 
critical care setting include pleural space filling disorders 
and pericardial effusion.11

The normal QT interval varies inversely with heart 
rate, but may be altered pathologically in electrolyte dis-
turbances (most often those involving alterations in 
calcium or potassium). Normograms relating QT inter-
vals and heart rates are available but are seldom used in 
our practice.12

The T wave arises from ventricular repolarization. 
The process of repolarization is a reflection of how 
depolarization occurred. If depolarization occurs slowly 
and atypically, then repolarization will occur abnor-
mally as well. In clinical practice, this relationship is 
most often manifested in the wide and prominent T 
waves associated with VPCs. Electrolyte disturbances 
may also alter T wave morphology as evidenced by the 
tall peaked T waves seen in some hyperkalemic patients.13 
It should be noted that there is a vast array of T  
wave morphologies observed in normal patients.10 T 
waves may be positive, negative, or biphasic in normal 
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Figure 7.4 ECG recordings showing different types of artifact: (a) respiratory motion artifact; (b) poor lead contact artifact; (c) 60-cycle 
interference, lead II ECG at 50 mm/sec; (d) probable muscle-tremor artifact; (e) excessive stylus heat artifact.

(a)

(b)

(c)

(d)

(e)

LEAD II CAMCO NO. 40

Fluorescent overhead lighting should also be turned off 
if possible. Moving the patient and equipment away 
from walls containing electrical wiring may also help 
reduce 60-cycle interference.

Muscle activity can also produce an unstable, oscillat-
ing baseline that limits one’s ability to interpret the ECG 
(see Fig. 7.4d). Muscle tremors and shivering commonly 
produce muscle-activity artifact, as can purring in cats. 
Removing muscle-activity artifact often requires that 
one address the underlying cause of the muscle activity 
(e.g., warm a patient that is shivering) or move the leads 
to a different location, or both.

Most ECGs are recorded on thermal paper that 
darkens when heat is applied to it. The heated stylus 

moves up and down while the paper is advanced at a 
predetermined speed (e.g., 50 mm/sec). Stylus tempera-
ture should be adjusted to provide a tracing with optimal 
clarity. A stylus that is set at too low a temperature will 
yield a very faint tracing while an overheated stylus pro-
duces a tracing that is overly wide and dark (see Fig. 
7.4e). Either type of artifact can hamper interpretation 
efforts.

Conclusion

Electrocardiography is one of the most valuable  
monitoring tools available to the emergency and critical  
care (E/CC) staff. It provides continuous, real-time 
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tive, oscillating artifact on an ECG that interferes with 
interpretation of the baseline and with P waves in par-
ticular. Sixty-cycle interference is demonstrated in the 
first ECG (Fig. 7.5a). Note the extreme rapidity with 
which the baseline oscillates. A key difference between 
atrial flutter and 60-cycle interference is the rate at 
which the oscillations occur. The repetitive depolariza-
tion of the atrial myocardium that occurs in atrial flutter 
can be quite rapid at times, but it does not approach the 
3600 oscillations per minute found with 60-cycle inter-
ference (60-cycle or 60 Hz equals 60 oscillations per 
second, which is 3600 per minute).

Atrial fibrillation and atrial flutter can also result in a 
baseline with an undulating or oscillating appearance. 
There are, however, key features that allow the techni-
cian to distinguish these dysrhythmias from 60-cycle 
interference. Atrial fibrillation is demonstrated in the 
second ECG (Fig. 7.5b). Atrial fibrillation results in 
uncoordinated atrial electrical activity and thus the 
baseline undulations do not follow a repetitive pattern 
as is seen in 60-cycle interference. An example of atrial 
flutter is shown in the third ECG (Fig. 7.5c). One may 
note that this dysrhythmia also produces a baseline with 
a repetitive, oscillating appearance, just not as rapid and 

information regarding cardiovascular status and auto-
nomic tone. It defines the nature of cardiac arrest. The 
E/CC technician plays a vital role as a front-line inter-
preter of ECG data. Ten essential skills for the E/CC 
technician to master are discussed in the final portion 
of this chapter.

Skill sets

Skill set 1: distinguishing 60-cycle 
interference from atrial fibrillation or atrial 
flutter—Figure 7.5a–c
The ICU and ER environments are frequently busy, 
crowded places with a great deal of equipment. The pace 
of clinical practice and the requisite instrumentation all 
too frequently lead to poor-quality ECG recordings. One 
common cause of poor-quality ECG recordings is inter-
ference due to the transmission of power to electrical 
devices via alternating current in power lines, wires, and 
cords. In the United States, alternating current operates 
at a frequency of 60 Hz (also known as 60-cycle, meaning 
60 cycles per second). In many other parts of the world, 
an operating frequency of 50 Hz is used. Signals from 
nearby alternating current can produce a rapid, repeti-

Figure 7.5 (a) Sixty-cycle interference, lead II ECG at 50 mm/sec; (b) atrial fibrillation, lead II ECG at 50 mm/sec; (c) atrial flutter, lead 
II ECG at 50 mm/sec.

(a)

LEAD II

(b)

(c)

CAMCO NO. 40
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suppressed by the higher intrinsic rate of the sinus node. 
On occasion, the discharge rate of the AV junctional 
pacemaker site can become increased to the point that 
its rate is nearly equal to that of the sinus node. When 
this happens, AV dissociation may occur. AV dissocia-
tion is a class of dysrhythmia wherein the atria and 
ventricles are controlled by separate and independent 
rhythms. On a surface ECG, these two independent 
rhythms are superimposed on one another and may 
appear to represent a single disorganized rhythm. When 
the rate of the junctional pacemaker site is close to that 
of the sinus node, the sinus node may be unable to pace 
the ventricles, as the AV node is refractory to conduction 
because it has already been depolarized by the ectopic 
pacemaker site. This represents a form of functional AV 
block. No AV node pathology is required for this type of 
conduction disorder to occur.

The first ECG (Fig. 7.6a) is an example of complete 
heart block (also known as third-degree [3°] AV block). 
The atria are being depolarized by the sinus node and 
thus regular P waves are noted. The QRS complex is 
wide, indicating that ventricular depolarization is  
atypically prolonged. In 3° AV block, the QRS complexes 

with a less uniform morphology than 60-cycle interfer-
ence. Also note that with both atrial fibrillation and 
atrial flutter the R-R interval typically is irregularly 
irregular, which is not expected if 60-cycle interference 
is superimposed on a sinus rhythm.

Skill set 2: distinguishing third-degree  
AV block from isorhythmic dissociation—
Figure 7.6a,b
Disorders of conduction through the atrioventricular 
(AV) node can result in many different types of dys-
rhythmia, including the many forms of AV block. Many 
of these are easily distinguished from one another based 
on the nature of the P-R interval and its relation to the 
QRS complex. However, a complete lack of AV node 
conduction can result from many causes, including AV 
nodal pathology, drugs, excessive vagal tone (though this 
typically results in less-severe AV conduction distur-
bances), or physiologic refractoriness of the AV node 
due to the activation of non-sinus-node pacemaker 
activity. The AV junction contains cells capable of intrin-
sic pacemaker activity similar to the sinus node cells. 
However, the activity of the AV junction site is usually 

Figure 7.6 (a) Third-degree AV block, lead II ECG at 50 mm/sec; (b, top and bottom) an example of isorhythmic dissociation, lead II 
ECG at 25 mm/sec.

(a)

(b)

Continued on image below

* **

***
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Skill set 3: distinguishing apcs from vpcs—
Figure 7.7a,b

Ectopic depolarizations (often called premature com-
plexes) may arise from supraventricular or ventricular 
foci. They represent paroxysmal depolarizations arising 
from sites other than the sinus node. Atrial premature 
complexes (APCs) could more correctly be termed 
supraventricular ectopic depolarizations, which more cor-
rectly describes them because (a) APCs may arise from 
ectopic sites other than the atria, such as the AV junc-
tion, (b) they are not always particularly premature, and 
(c) although APCs do result in depolarization they may 
not always result in myocardial contraction. Ventricular 
premature complexes (or ventricular ectopic depolariza-
tions) arise from ectopic sites in the ventricles.

Both APCs and VPCs may be identified in small 
animal patients in the ER and ICU setting. In dogs, APCs 
are believed to result more often from primary cardiac 
disease than are VPCs, which frequently occur due to 
systemic disease and may be identified in normal dogs 
on occasion. In contrast, APCs are thought to arise most 
often due to underlying myocardial disease and less 
often due to extracardiac problems in canine patients.

Since APCs originate from foci at or above the AV 
junction, their transmission to the ventricle is typically 
via the Bundle of His and its branches. This normal path 
of impulse transmission means that ventricular depolar-
ization occurs in the same manner as with a sinus depo-
larization. Thus, the QRS morphology and duration 
with APCs should be comparable to the sinus complexes 
observed (see the second ECG, Fig. 7.7b). In contrast, 
VPCs originate from foci within the ventricles; thus, 

are the result of a ventricular escape rhythm, and  
ventricular depolarization frequency (and thus heart  
rate) is typically slower than normal. This form of AV 
dissociation is most commonly due to pathology of the 
AV nodal tissue.

The second ECG (Fig. 7.6b) is an example of iso-
rhythmic dissociation, which is a category of dysrhyth-
mia rather than a specific rhythm diagnosis, much like 
tachycardia is a category not a specific rhythm diagnosis. 
In the case example provided, one should note that, at 
the beginning of the strip, P waves and QRS complexes 
are distinct and appear as expected. However, in the 
center of the upper portion of Figure 7.6b one can see 
the P waves and QRS complexes merging (*) and sum-
mating (QRS amplitude appears increased). The P waves 
then begin to reappear in the downstroke of the R wave 
(**) and then ultimately reappear just to the left of the 
QRS complexes where they are usually found (***). In 
this case, there are two wholly independent rhythms 
present: a sinus rhythm depolarizing the atria and an 
accelerated junctional rhythm depolarizing the ventricles. 
An important distinguishing factor between the two 
ECGs (Fig. 7.6a and Fig. 7.6b) is that in 3° AV block there 
are many more P waves than QRS complexes, whereas 
in isorhythmic dissociation rhythms there are typically 
a few more QRS complexes than P waves. Also, in iso-
rhythmic dissociation rhythms the most common 
source of ectopic pacemaker activity is the AV junction, 
and the QRS complexes are most often narrow and 
normal in appearance. Third-degree AV block is typi-
cally a significant clinical problem whereas isorhythmic 
dissociation rhythms may be an incidental finding with 
less-adverse effects on cardiovascular performance.

Figure 7.7 (a) VPC, lead II ECG at 50 mm/sec; (b) APC, lead II ECG at 50 mm/sec.

(a)

(b)
*
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pensatory pause” (see Fig. 7.7b: the grey bar is longer 
than the black bar)—the complex following the APC 
occurs after a normal-length R-R interval. Conversely, 
VPCs are almost always followed by a “compensatory 
pause,” in which the next sinus complex occurs right on 
schedule (as if the VPC did not occur) because the VPC 
did not depolarize the SA node (see Fig. 7.7a: the grey 
bar is the same length as the black bars). The nature of 
the pause following an ectopic complex can on occasion 
assist in proper classification–in cases when the two 
types of ectopic depolarizations cannot be distinguished 
readily based on morphology, the differences in the 
types of pauses that follow them may allow proper 
characterization.

Skill set 4: distinguishing ventricular 
tachycardia from supraventricular 
tachycardia—Figure 7.8a,b
Distinguishing supraventricular from ventricular 
tachyarrhythmias accurately is an important skill for 
anyone performing ECG interpretation. These types of 
tachyarrhythmias need to be distinguished not only to 
guide proper antiarrhythmic drug selection, but also 
because of their different prognoses. Many drug agents 
that are effective for terminating supraventricular 

ventricular depolarization is slower and less organized 
since the Bundle of His does not distribute the impulse 
as it does with a depolarization that originates from a 
supraventricular focus. This pattern of depolarization 
leads to the wide and bizarre morphology typical of 
VPCs. As repolarization reflects the pattern of depolar-
ization, the T wave is also typically wide and prominent 
after a VPC. Repolarization of some portions of the 
ventricle may begin before more distant portions of the 
ventricle have completed depolarization, leading to slur-
ring of the QRS and T wave together. See the first ECG 
(Fig. 7.7a) for an example of a VPC and note that the 
ectopic complex both lacks a P wave and has a wide and 
bizarre morphology.

APCs typically result in atrial depolarization and 
therefore generate a premature P wave (termed P′ wave) 
preceding the normal-appearing QRS. An APC with a P′ 
wave (*) is depicted in Figure 7.7b. P′ waves may have a 
different morphology than P waves on the same ECG 
due to different patterns of atrial depolarization. This 
feature along with the normal QRS morphology is most 
helpful in distinguishing APCs from VPCs.

APCs and VPCs also differ in that APCs may depolar-
ize and therefore reset the sinus node, whereas VPCs 
generally do not. When an APC depolarizes and resets 
the sinus node, that APC is then followed by a “noncom-

Figure 7.8 (a) Example of a ventricular tachyarrhythmia, lead II ECG at 25 mm/sec; (b) example of a supraventricular tachyarrhythmia, 
lead II ECG at 25 mm/sec.

(a)

(b)
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the case when heart rate is rapid), but they do not have 
a predictable relationship to the QRS complexes.

The widened appearance of the QRS and the lack of 
P (or P′) waves is usually sufficient to distinguish SVT 
from ventricular tachyarrhythmias. However, there are 
times when the QRS seems only slightly widened and P 
waves are not identifiable; the classification of tachyar-
rhythmias becomes more challenging in this setting. 
Response to a trial intravenous dose of an antiarrhyth-
mic agent (e.g., lidocaine, diltiazem) and/or response to 
a vagal maneuver may be required in some cases in order 
to accurately identify the nature of the rhythm 
disturbance.

Skill set 5: distinguishing vpcs from 
ventricular escape beats—Figure 7.9a,b
Ventricular ectopic activity is best assessed when consid-
ering the context in which it is seen. Ectopic ventricular 
activity may be pathologic (e.g., VPCs, ventricular tachy-
cardia) or physiologic (e.g., ventricular escape beats, 
ventricular escape rhythms). VPCs and ventricular 
tachycardia are discussed in Skill Sets 3 and 4, respec-
tively. Ventricular escape beats are ventricular depolar-
izations that also arise from a ventricular focus, but 
under very different circumstances than VPCs. There are 
cells within the ventricles capable of pacemaker activity 
at slow rates (20–40 per minute), but their activity is 
usually suppressed by the more rapid pacing activity of 
other sites (i.e., sinus node and/or AV junction). 
However, when the heart rates initiated by these other 

tachyarrhythmias (e.g., calcium channel blockers) are 
less effective at addressing ventricular tachyarrhythmias. 
Moreover, rapid ventricular tachyarrhythmias carry 
greater risk of degenerating into ventricular fibrillation 
or flutter, which are associated with cardiac arrest. Rapid 
supraventricular tachyarrhythmias also need to be 
addressed promptly, as they compromise diastolic filling 
and can result in markedly reduced stroke volumes and 
poor cardiac output.

Supraventricular tachyarrhythmias (SVT) are usually 
associated with a QRS morphology that is narrow and 
normal in appearance (unless a conduction disturbance 
such as bundle branch block is also present). Supraven-
tricular tachycardias include atrial and junctional 
tachyarrhythmias and this class of dysrhythmias is also 
referred to as narrow QRS tachycardias (this term there-
fore also includes atrial fibrillation and atrial flutter 
when ventricular rates are rapid). P′ waves (see Skill Set 
3) may be identified or may be superimposed or merged 
with the T wave of the preceding complex (see the 
second ECG, Fig. 7.8b). The heart rate is rapid and often 
regular.

Ventricular tachycardia and ventricular flutter are 
tachyarrhythmias originating from within the ventricu-
lar myocardium. The Bundle of His and its branches do 
not distribute the impulse throughout the myocardium, 
which results in slower wave propagation and widening 
of the QRS complex as seen in the first ECG (Fig. 7.8a). 
These tachyarrhythmias may be referred to as wide QRS 
tachycardias. The occasional P wave may be identified if 
there is any baseline available for inspection (not usually 

Figure 7.9 (a) Ventricular premature complex (VPC), lead II ECG at 50 mm/sec; (b) ventricular escape complex (ventricular escape beat), 
lead II ECG at 50 mm/sec.

(a)

(b)
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Skill set 6: recognition of pulseless electrical 
activity (PEA)—Figure 7.10

Pulseless electrical activity (PEA) is a rhythm associated 
with cardiac arrest in small animal patients. It was previ-
ously termed electromechanical dissociation (EMD), 
which is a less correct term: EMD indicates that myo-
cardial depolarization is not leading to myocardial con-
traction; although this can occur, there are also situations 
when depolarization causes contraction but no effective 
stroke volume is ejected, which is still effectively cardiac 
arrest. A clinically relevant example of this latter sce-
nario is cardiac tamponade due to pericardial effusion. 
The importance of recognizing the many causes for 
pulselessness when ECG activity is still present has led 
to preference of the more general term pulseless electri-
cal activity.

Figure 7.10 shows the simultaneous electrocardio-
gram (upper tracing, ECG) and arterial blood pressure 
(lower tracing, ABP) from a veterinary patient with PEA. 
The upper tracing demonstrates that repetitive (but not 
regular) cardiac depolarization (QRS complex, which is 
widened) and repolarization (T waves) are occurring. 
The absence of P waves suggests atrial electrical activity 
may be absent, but precordial-lead recordings (“chest 
leads”) should be obtained before this conclusion is 
made. Regardless of the exact rhythm diagnosis, one 
should note the complete absence of an arterial pulse 
wave associated with any of the three QRS complexes.

The identification of PEA should prompt the imme-
diate initiation of cardiopulmonary cerebral resuscita-
tion (CPCR) measures in the unconscious patient while 
other personnel check for a pulse and determine if the 
arterial pressure monitoring system is working properly 
(see Chapter 16, Cardiopulmonary Cerebral Resuscita-
tion). It is advised that, if ultrasonography is available, 
the thorax be inspected for evidence of pericardial tam-
ponade or tension pneumothorax (which may require 
rapid, diagnostic thoracocentesis). The other setting in 
which PEA is commonly identified is after euthanasia 
with barbiturate or potassium solutions. Electrical  

sites fall below the intrinsic rate of the ventricular pacing 
cells, ventricular escape complexes or rhythms should 
occur. Once the rate of the sinus node or AV junction 
again exceeds that of the ventricles, the escape com-
plexes will be suppressed once again.

The pacemaking sites in the AV junction and ven-
tricle provide an important “safety net” and likely devel-
oped to ensure that a minimum heart rate will be 
maintained when the sinus node pauses, temporarily 
arrests, or fails altogether. A similar role is served when 
AV node conduction disturbances prevent the sinus 
node’s depolarization signal from reaching the ventri-
cles (e.g., complete or “third-degree” heart block; see 
Skill Set 2).

In the first ECG (Fig. 7.9a), a ventricular premature 
complex (VPC) is present following the third sinus 
complex. The lower black bar indicates the R-R interval 
between two successive sinus beats. The upper black bar 
indicates the time interval until the next sinus complex 
would be expected to occur based on this established 
R-R interval. The wide and bizarre complex lacking a P 
wave that occurs before the next sinus complex is 
expected (i.e., occurs prematurely) is a VPC. This ectopic 
beat does not reset the sinus node and a compensatory 
pause follows it (see Skill Set 3). VPCs may be due to 
cardiac or extracardiac disease in dogs, but they often 
indicate myocardial disease in cats. Frequent or multi-
form VPCs may require antiarrhythmic therapy.

In the second ECG (Fig. 7.9b), a ventricular escape 
complex (also called ventricular escape beat) is present 
following the third sinus complex. Once again, the lower 
black bar indicates the R-R interval between two succes-
sive sinus beats. In this case, the wide and bizarre 
complex lacking a P wave occurs after the next sinus 
complex is expected to occur. Escape beats occur after 
pauses in the activity of the sinus node as is shown here. 
Escape beats are important to help maintain adequate 
cardiac output in the face of inadequate pacemaker 
activity from the sinus node or disruption of AV node 
conduction and should not be suppressed with antiar-
rhythmic therapies.

Figure 7.10 Pulseless electrical activity, lead II ECG at 25 mm/sec with arterial blood pressure (ABP).

ECG

ABP
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Excessively rapid heart rates reduce diastolic filling of 
the ventricles and can reduce stroke volume and cardiac 
output while increasing myocardial workload. As such, 

activity often persists for several minutes after pulse gen-
eration has ceased.

Skill set 7: distinguishing ventricular 
tachycardia from accelerated idioventricular 
rhythm—Figure 7.11a,b
Ventricular dysrhythmias may be due to a number of 
different mechanisms (e.g., re-entry, enhanced automa-
ticity) and may represent a finding that (a) must be 
treated (e.g., ventricular flutter), (b) often should be 
treated (e.g., ventricular tachycardia), (c) may not 
require treatment (e.g., accelerated idioventricular 
rhythm), or (d) should not be treated (e.g., ventricular 
escape rhythms). The decision to treat or not treat a 
ventricular dysrhythmia is often subjective and based on 
clinical judgment; however, some general guidelines are 
outlined in Box 7.1.

Figure 7.11 (a) An example of ventricular tachycardia, leads I, II, and III ECG at 25 mm/sec; (b) accelerated idioventricular rhythm 
(AIVR), lead II ECG at 25 mm/sec.
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Box 7.1

Ventricular dysrhythmias likely should be treated if:

• The rate is rapid (>160–180 bpm).
• The dysrhythmia is sustained.
• Cardiovascular performance appears depressed (e.g., 

poor perfusion parameters, hypotension) as a result of the 
dysrhythmia.

• The ectopic activity has a polymorphic appearance.
• “R-on-T” is identified.
• Risk associated with leaving it untreated appears greater 

than the risks associated with the treatment selected.
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accelerated idioventricular rhythm (AIVR). This dys-
rhythmia typically occurs at a rate that is too slow to be 
classified as a true tachyarrhythmia (as is the case in the 
example shown). Further, it often causes little impair-
ment in cardiovascular performance and rarely pro-
gresses to a more life-threatening form. This dysrhythmia 
is frequently identified in canine patients presenting for 
splenic masses, hemoabdomen, postoperative gastric 
dilatation–volvulus (GDV), or intracranial disease. 
Emergency and critical care technicians play an impor-
tant role in recognizing that this dysrhythmia rarely 
requires treatment other than general supportive care 
and treatment of the primary problem. Experienced cli-
nicians may opt to terminate ECG monitoring rather 
than let this generally benign dysrhythmia become a 
distraction that actually impairs patient care.

Skill set 8: recognition of ventricular flutter 
and fibrillation—Figure 7.12a,b
Ventricular flutter and fibrillation represent two of the 
most immediately life-threatening dysrhythmias that 
the veterinary patient may develop. It is essential that the 
emergency and critical care technician be able to recog-
nize these rhythms. Once it is recognized that ventricu-
lar flutter or fibrillation has developed, one should 
immediately alert the clinician on duty—without 

ventricular tachyarrhythmias with rates greater than 
160–180 beats per minute (bpm) are more likely to 
require treatment than those exhibiting slower rates. 
Similarly, sustained dysrhythmias are more likely to 
compromise cardiovascular performance than those 
that are brief and intermittent. Patients whose cardio-
vascular parameters are normal may not require treat-
ment of mild, intermittent dysrhythmias. When the 
ectopic complexes have varying morphology, this may 
suggest more widespread ventricular myocardial injury 
and is more likely to prompt the initiation of therapy. 
In the “R-on-T” phenomenon the QRS complex of one 
beat occurs before the T wave of the preceding beat has 
been completed. Ventricular dysrhythmias exhibiting 
R-on-T behavior are at greater risk of deteriorating into 
ventricular fibrillation and warrant therapy. Lastly, one 
must always consider that all antiarrhythmic agents are 
also pro-arrhythmic and needlessly treating a benign 
dysrhythmia with these types of drugs may result in a 
more dangerous dysrhythmia developing.

The first ECG (Fig. 7.11a) shows a simultaneous 
recording of leads I, II, and III from a veterinary patient. 
Paroxysmal ventricular tachycardia is present. The rapid 
rate, polymorphic appearance, and R-on-T appearance 
all indicate that treatment is warranted.

The second ECG (Fig. 7.11b) shows a monomorphic, 
intermittent ventricular dysrhythmia that is termed 

Figure 7.12 (a) Ventricular flutter, lead II ECG at 25 mm/sec; (b) ventricular fibrillation, lead II ECG at 25 mm/sec.
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thought to respond more readily to electrical defibrilla-
tion than fine ventricular fibrillation. Epinephrine may 
be given prior to defibrillation in an attempt to convert 
fine ventricular fibrillation to the coarse form before 
performing defibrillation.

Skill set 9: recognition of ST segment 
elevation or depression—Figure 7.13
The ST segment on an ECG is a portion that is typically 
electrically silent and has a flat appearance. The ST 
segment encompasses the period of time after ventricu-
lar depolarization but prior to the initiation of repolar-
ization. Little or no electrical potential difference is 
detectable on any surface lead. However, in the injured 
myocardium an “injury current” may occur as current 
flows between diseased myocardium and adjacent, 
healthier myocardium. This injury current can result in 
an electrical potential difference being detectable during 
the ST segment that shifts its position above or below 
baseline (see Fig. 7.13). Whether the ST segment becomes 
shifted upward (elevation) or downward (depression) 
depends on the relative orientation of the diseased and 
healthier tissue to one another (e.g., epicardial injury vs. 
endocardial injury). Myocardial hypoxia can result in ST 
segment elevation or depression. ST segment changes 
should always be noted and brought to the clinician’s 
attention when they develop. Investigation of myocar-
dial injury (e.g., echocardiography, arterial blood gas 
analysis, arterial blood pressure assessment, biomarker 
assessment [NT-proBNP, troponin], thoracic radiogra-
phy) may be warranted once this finding has been 
detected.

Skill set 10: distinguishing bundle  
branch block (BBB) from ventricular 
rhythms—Figure 7.14a–c
The QRS complex may appear wide on an ECG for a 
number of reasons. Slight QRS widening may occur 
with left ventricular or biventricular hypertrophy (i.e., 

delay—and preparations for cardiopulmonary cerebral 
resuscitation (CPCR) should be initiated.

Ventricular flutter (see the first ECG, Fig. 7.12a) is a 
rapid, often regular-appearing rhythm with wide and 
bizarre QRS complexes that slur into the T waves. The 
ST segment and other portions of the ECG that typically 
appear flat are absent and a sinusoidal appearance to the 
rhythm is generally noted. Treatment options are similar 
to those for ventricular tachycardia (i.e., D/C cardiover-
sion, Class I antiarrhythmics [e.g., lidocaine], ultra-
short-acting Class II agents [e.g., esmolol], Class III 
agents [e.g., amiodarone], and/or magnesium sulfate). 
However, the authors would note that in many cases 
ventricular flutter deteriorates into ventricular fibrilla-
tion by the time intravenous antiarrhythmic agents can 
be administered, and defibrillation equipment should be 
readied once ventricular flutter is recognized.

Ventricular fibrillation (see the second ECG, Fig. 
7.12b) represents a chaotic ventricular dysrhythmia 
wherein organized electrical activity of the ventricular 
myocardium as a whole is absent. The lack of organized 
electrical activity results in the absence of effective myo-
cardial contraction, and cardiac output basically ceases. 
Ventricular fibrillation is a more common arrest rhythm 
in humans than in veterinary patients, presumably due 
to the greater human predisposition to myocardial 
infarction. However, ventricular fibrillation is identified 
in many cardiac arrest events in dogs and cats. The key 
features of ventricular fibrillation on an ECG are the 
lack of recognizable P–QRS–T complexes and the rapid 
rate coupled with irregular, bizarre waveforms. The 
example provided in Figure 7.12b is an example of coarse 
ventricular fibrillation. However, it is important to note 
that fine ventricular fibrillation can also occur, in which 
the waves are quite small in amplitude. Fine ventricular 
fibrillation may be mistaken for asystole at times. The 
only effective therapy for ventricular fibrillation is elec-
trical defibrillation, which should be performed without 
delay once this dysrhythmia is recognized (see Chapter 
18, Defibrillation). Coarse ventricular fibrillation is 

Figure 7.13 ST segment elevation, lead II ECG at 25 mm/sec.
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depolarization takes a bit longer because there is more 
ventricular tissue to depolarize). Marked QRS widening 
is typically due to either (a) dysfunction of one or more 
of the branches of the Bundle of His (“bundle branch 
block” [BBB]) or (b) the process of depolarization 
bypassing the Bundle of His entirely (e.g., ventricular 
escape beats, premature ventricular complexes). It is 
important that the emergency and critical care techni-
cian not assume that all QRS complexes with a “wide 
and bizarre” appearance are ventricular in nature. One 
needs to stop and inspect the ECG tracing for evidence 
of aberrant conduction (e.g., BBB).

The first two ECGs (Fig. 7.14a,b) show examples of 
block of the left and right branches of the Bundle of His 
(LBBB and RBBB), respectively. The most notable dif-
ference between LBBB and a normally conducted sinus 
beat is the widening of the QRS complex. With RBBB, 
the QRS appearance on lead II exhibits a deep, slurred 
S wave (the complex appears “upside down” in lead II) 
in addition to the widened appearance of the QRS 

Figure 7.14 (a) Left bundle branch block (LBBB), lead II ECG at 25 mm/sec; (b) right bundle branch block (RBBB), lead II ECG at 50 mm/
sec; (c) a ventricular rhythm that lacks evident P waves, lead II ECG at 25 mm/sec.

(a)

(b)

(c)

P P P

PPP

complex. If a six-lead ECG study is available, a right-axis 
deviation of the mean electrical axis may be noted. It 
must be noted that with both LBBB and RBBB the 
rhythm originates from sinus-node pacemaker activity. 
Since atrial depolarization precedes ventricular depolar-
ization, P waves are present and the P-R interval is 
regular and normal (see labeled P waves in Fig. 7.14a 
and 7.14b).
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8
Fluid-filled hemodynamic monitoring systems

Jamie M. Burkitt Creedon and Marc R. Raffe

Intravascular pressures are commonly measured in 
acute and critical illness. Intravascular or “blood” pres-
sure is the physical pressure that blood exerts on the 
vessel wall. This pressure is important because the dif-
ference in intravascular pressure at any two points in the 
vascular network is the driving force for blood circula-
tion. The pressure at the root of the aorta is much greater 
than the pressure in the vena cava so that blood flows 
from the arterial to the venous side, delivering oxygen 
and other nutrients to cells along its path. Intravascular 
pressures commonly measured in small animals are 
peripheral arterial blood pressure (ABP) and central 
venous pressure (CVP). Pulmonary arterial pressure 
(PAP) and pulmonary arterial occlusion pressure (PAOP; 
also called pulmonary capillary wedge pressure or 
“wedge pressure”) are also directly measured; however, 
these measurements are less commonly performed in 
the veterinary patient.

Peripheral arterial blood pressure may be directly 
evaluated by measuring intraluminal pressure following 
placement of an intravascular catheter measurement 
system, or it can be indirectly measured by surface-
applied cuff pressure and flow-detection methods such 
as Doppler ultrasound or oscillometry. Central venous 
pressure can only be measured directly by measuring 
pressure transmitted from the central vein into a catheter-
associated measuring system. This chapter deals specifi-
cally with the technical aspects of the direct measurement 
of intravascular pressure using fluid-filled monitoring 
systems.

Basic pressure principles

Pressure is defined as a force per unit area:

P F A= /  (8.1)

where P is pressure, F is applied force, and A is the cross-
sectional area over which force is applied. To interpret 
measured pressure, it must be compared with a known 
pressure standard. For instance, one can only appreciate 
the effect of pressure applied to the surface of a rubber 
band if one knows the pressure the rubber band exerts 
back on the operator—whether or not the band will 
distort (stretch) depends on the difference between 
these pressures. In medicine, the accepted standard pres-
sure against which physiologic pressures are compared 
is barometric pressure (PB), or the pressure in the earth’s 
atmosphere, which is approximately 760 mm Hg 
(1031 cm H2O) at sea level. Clinically, we often are more 
interested in knowing the intravascular pressure at a 
given site compared with PB (i.e., “What is the ABP as 
measured in the femoral artery of this cat?”) than in 
knowing the difference in pressure between two differ-
ent sites.

To understand the physiologic determinants and 
importance of intravascular pressure, one must also 
understand Ohm’s law of hydrodynamics, which is 
expressed as follows:

∆P Q R= ×  (8.2)
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Despite its widespread use for this purpose, there is evi-
dence from human literature that there is no relation-
ship between fluid responsiveness and either CVP or a 
change in CVP.3

Determinants of pulmonary arterial pressure
Pulmonary arterial pressure (PAP) is analogous to ABP, 
but is measured in the pulmonary circulation. Pulmo-
nary arterial pressure is the product of CO and pulmo-
nary vascular resistance (PVR):

PAP CO PVR= ×  (8.4)

Pulmonary vascular resistance is affected by multiple 
factors such as pleural pressure variation (in disease or 
secondary to the respiratory cycle) and pulmonary 
venous pressures. A thorough review of these factors is 
available elsewhere.4

Indications for direct monitoring

Direct intravascular pressure measurement is an integral 
part of the critically ill patient’s monitoring plan. Central 
venous pressure must always be directly measured. Indi-
cations for CVP monitoring are discussed elsewhere  
(see Chapter 11, Central Venous Pressure Monitoring).  
Pulmonary arterial pressure is commonly estimated in 
small animals via Doppler echocardiographic evaluation 
using modified Bernoulli equation rather than mea-
sured directly. However, any time precise, continuous, or 
frequent measurements of PAP are desirable, it must be 
measured directly with a pulmonary arterial catheter 
(see Chapter 12, Cardiac Output Monitoring).

Systemic ABP can be measured either by a direct 
method using a peripheral arterial catheter system or by 
an indirect method using surface-applied pressure from 
an inflatable cuff partnered with flow-detection meth-
odology (sphygmomanometry). The most common 
methods of indirect ABP measurement in dogs and cats 
are Doppler ultrasonic or oscillometric techniques, 
which are discussed in Chapter 10, Noninvasive Arterial 
Blood Pressure Monitoring.

Most human intensive care references consider direct 
pressure monitoring the “gold standard” against which 
indirect methods are compared.5–8 Direct pressure mea-
surement is generally more accurate because detection 
and measurement of arterial pressure occurs directly in 
the vessel lumen. Cuff measurement techniques depend 
on blood flow to provide pressure measurement. Cuff 
methods are particularly poor in patients with low blood 
pressure secondary to myocardial failure or in cases 
where significant alteration in vascular resistance occurs 
(shock).5,7 In these cases, there can be large differences 
between values provided by indirect methods versus 

where ΔP is the pressure difference between an upstream 
and a downstream measurement site, Q is the flow of 
blood between those sites, and R is the resistance between 
those sites. The ΔP may be referred to as the driving 
pressure. Blood flow (Q) is the volume of blood move-
ment per unit time and is directly correlated with ΔP. 
Resistance to flow, R, is the force opposing forward fluid 
movement. In very basic terms, the higher the driving 
pressure (the pressure differential between the arterial 
and venous sides of a blood vessel), the more likely 
blood will flow through that blood vessel; the higher the 
resistance across the blood vessel, the less likely blood 
will flow through that vessel. An important concept 
herein is that blood flow through a blood vessel or to an 
organ is not guaranteed by a “normal” driving pressure 
if high resistance is present; conversely, blood flow 
through an organ may be adequate at low driving pres-
sure if the resistance through that blood vessel or organ 
is also low.

Determinants of intravascular pressure

Determinants of systemic arterial pressure
Systemic ABP is the product of cardiac output (CO) and 
systemic vascular resistance (SVR) such that

ABP CO SVR= ×  (8.3)

This equation is derived from Ohm’s law, where CO 
is blood flow (Q), SVR is vascular resistance (R), and 
ABP is driving pressure (ΔP).

Systemic ABP is determined by cardiac factors such 
as heart rate and contractility, by blood volume, and by 
systemic (also called peripheral) vascular tone. Blood 
pressure is under tight minute-to-minute and long-term 
control by an integrated neural, endocrine, and para-
crine system. Full discussion of these physiologic influ-
ences is outside the scope of this chapter, and details can 
be found elsewhere.1,2

Determinants of central venous pressure
Central venous pressure is frequently used as a surrogate 
for right atrial (RA) pressure under conditions of no 
flow obstruction into the RA and normal tricuspid valve 
function. CVP is very close to right ventricular end dia-
stolic pressure; this value represents the filling pressure 
of the right side of the heart. Factors determining central 
venous (RA) pressure include effective blood volume at 
the site of measurement, pleural pressure (which influ-
ences transmural pressure across the great veins and 
right heart), venous vascular resistance, and right heart 
“function.” Changes in CVP are commonly used to esti-
mate blood volume in critically ill veterinary patients. 
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consisting of fluid-filled tubing that connects a vascular 
catheter at or near the site of interest to a measuring 
device. Pressure waves move from the area of interest 
within the body (such as the cranial vena cava for CVP 
measurement), through the catheter and fluid-filled 
tubing either to a water manometer or to a pressure-
transducer–processor–display system. Fluid must com-
pletely fill the system because fluid is relatively 
noncompressible and therefore transmits pressure waves 
well; air is too compressible to accurately transmit pres-
sure waves. The fluid column between the site of interest 
and the measurement system must be unobstructed for 
the measuring system to provide accurate information.

The water manometer is the simpler of the two 
common measurement systems. The intravascular cath-
eter is attached to a fluid-filled system of tubing and a 
manometer (see Fig. 8.1). There is a continuous fluid 
column between the catheter tip within the patient’s 
body and the manometer. The pressure at the catheter 
tip supports a column of fluid within the manometer; 
the pressure is then reported as the height of the fluid 
within the column. Therefore, when used properly, this 
technique allows for direct measurement of the pressure 
at the catheter tip. Measurements are manually per-
formed intermittently. Water manometers are calibrated 
in centimeters of water (cm H2O) and are generally only 
used for CVP measurement in veterinary practice. 
Peripheral ABP is too high to allow for practical mea-
surement with a water manometer (ABP is higher than 
the pressure produced by the standard fluid column, so 
arterial blood would shoot out the top of the water 

direct measurement. The Association for the Advance-
ment of Medical Instrumentation (AAMI) has set  
performance standards for indirect ABP monitors in 
humans.9 Multiple veterinary studies have found that 
commonly used indirect methods fail to meet these stan-
dards in dogs and cats, though study methods did not 
match those of the AAMI.10–13 Therefore, continuous 
invasive pressure monitoring is indicated in many criti-
cally ill patients, and particularly those in shock states 
(see Box 8.1).

Despite the advantages noted with direct intravascu-
lar pressure measurement, this technique is more tech-
nically challenging and measurement errors are noted 
even when equipment is properly calibrated, leveled, 
and zeroed. The potential for inaccuracy is high for 
directly measured systolic and diastolic ABP. Directly 
measured mean arterial blood pressure (MAP) is more 
consistent and is a useful value to monitor, as it is the 
mean (continuous) pressure the organs “see.” The inher-
ent pitfalls of even the gold standard of pressure moni-
toring underscore the importance of evaluating the 
whole patient—reported values that do not fit the whole 
clinical picture should be considered suspect, and the 
monitoring system investigated for sources of error. 
System inaccuracy and sources of error will be addressed 
specifically later in the chapter.

Both central venous and arterial pressure monitoring 
require large venous and arterial catheterization, respec-
tively, and therefore carry the risks of these techniques. 
Complications, troubleshooting, and contraindications 
for central venous and arterial catheterization are dis-
cussed in Chapters 4 and 5, respectively.

Types of direct intravascular pressure 
monitoring systems

Direct pressure monitoring systems in veterinary prac-
tice are usually (normal saline) monitoring systems 

Box 8.1  Indications for continuous direct arterial blood 
pressure measurement7,8

•  Hypotensive states with actual or potential tissue 
malperfusion

•  Significant peripheral vasoconstriction
•  Severely hypertensive states
•  Vasodilator therapy
•  Intraoperative and postoperative monitoring of critically ill 

patients

Figure 8.1 A water manometer being used to measure central 
venous pressure (CVP) in a ferret. Note the bottom of the manom-
eter,  at  0  cm  in  height,  is  being  leveled  with  the  ferret’s  right 
atrium, establishing the right atrium as the zero reference point 
to which the CVP will be compared.
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Measurement system components

Both the manometer system and the pressure-
transducer–processor–display system begin with an 
intravascular catheter and specialized fluid-filled tubing. 
Beyond the tubing, the manometer system consists of a 
three-way stopcock, a water manometer, and a fluid res-
ervoir (source). Beyond the tubing, the electronic system 
consists of at least one stopcock, a pressure transducer, 
a pressurized fluid reservoir, a flush device, cable con-
necting the transducer to a processor, and the processor–
display, which is generally a single unit.

For the pressure (and waveform, with an electronic 
system) to be reported faithfully, each of the system 
components must meet certain physical and technical 
criteria. Even if each of the system components meets 
the required criteria, combining the components alters 
the physical properties such that the system as a whole 
may not provide accurate information. Therefore, the 
operator should be able to do the following: appropri-
ately set up the system; recognize waveform patterns in 
electronic systems consistent with system malfunction; 
and test the electronic system for fidelity.

Intravascular catheter
The catheter’s gauge, length, insertion site, orientation, 
and proximity to the vessel wall all affect reported pres-
sures. Frictional resistance to fluid movement within the 
system increases as the catheter’s inner diameter 
decreases or the catheter lengthens. Therefore, the ideal 
catheter for pressure-wave transmission would be short 
with a large bore. However, because the catheter itself 
increases resistance within the vessel at the insertion site 
and thus alters pressure, the catheter should ideally 
occupy no more than 10% of the vessel lumen.5 The 
reality for dogs and cats is somewhere in the middle: in 
general, the catheter selected should be one that reason-
ably fits within the vessel while minimizing the likeli-
hood of vascular occlusion.

The catheter insertion site should be chosen for clean-
liness, ease of placement, and maintenance. If a “stiff” 
catheter is used, it should remain straight along its entire 
path to minimize occlusion. Catheters for CVP moni-
toring are most commonly inserted into the external 
jugular vein in both dogs and cats and threaded into the 
cranial vena cava. Alternately, a long, flexible catheter 
may be placed into a saphenous vein and threaded crani-
ally into the thoracic vena cava. Because saphenous-
inserted thoracic caval catheters yield similar values as 
those placed through the external jugular vein,14 this is 
common practice in dogs and cats. Venous catheter 
insertion is discussed in detail in Chapter 4, Catheteriza-
tion of the Venous Compartment.

manometer). Water manometers generally report a 
single value, which is considered the mean intravascular 
pressure in the cavity (vessel, cardiac chamber) of inter-
est at the reference height (more regarding reference 
height, leveling, and zeroing below).

For direct arterial blood pressure measurement, a 
fluid-filled catheter system attached to a pressure-
transducer–processor–display system. This system is 
commonly used for systemic blood pressure because it 
is designed to accommodate the higher pressures gener-
ated in arterial blood vessels and permits continuous 
monitoring. There is a continuous fluid column between 
the catheter tip within the patient’s body and a pressure 
transducer, which changes (transduces) the physical 
pressure wave into an electronic signal (see Fig. 9.1). 
The electronic signal is transmitted via a cable to a 
processor where the signal is amplified and processed 
into a real-time display of graphic waveform and 
numeric pressure values. Digital monitors generally 
display pressure in millimeters of mercury (mm Hg), 
and report systolic, mean, and diastolic pressures. 
Transducer–processor–display systems are often one 
component of patient monitors designed to simultane-
ously report multiple physiologic parameters (such as 
temperature, respiratory rate, electrocardiogram, mul-
tiple pressures, pulse oximetry; see Fig. 8.2). Blood pres-
sure waveforms are displayed on the monitor screen in 
addition to the numerical pressure values that are 
displayed.

Figure 8.2 The screen of a multiparameter monitor displaying 
a  simultaneous  lead  I  ECG,  heart  rate,  arterial  blood  pressure 
waveform, arterial blood pressure values, central venous pressure 
waveform,  mean  central  venous  pressure,  and  rectal 
temperature.
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Zeroing the Transducer, below). If a commercially pro-
duced water manometer is unavailable, one can create a 
water manometer from standard fluid extension tubing 
hand-marked with centimeters indicated along its 
length. The base of the water manometer fits into a 
three-way stopcock with the noncompliant-tubing–
catheter system on the second port and the fluid reser-
voir on the third.

Although it is called a “water” manometer, the tubing 
column is filled with a biologically compatible crystal-
loid fluid to perform the measurement. The fluid res-
ervoir for the water manometer is usually a 20-mL 
syringe filled with isotonic crystalloid. Full details 
regarding assembly and use of the water manometer 
pressure measurement system are available in Chapter 
11, Central Venous Pressure Monitoring, specifically in 
Protocol 11.1, Intermittent Central Venous Pressure 
Measurement.

Pressure transducer
When an electronic pressure monitoring system is used, 
the noncompliant tubing is attached to a pressure trans-
ducer (see Fig. 9.1). The transducer has a pressure-
sensitive membrane that distorts in response to pressure 
changes that are created when pressure waves strike it. 
The transducer converts the membrane distortion into 
an electronic signal using an integral electronic circuit 
that functions by the “Wheatstone bridge” principle.5 
The generated electrical signal is transmitted to the 
processor–display unit by a shielded electrical cable. 
Most pressure transducers used in an integral veterinary 
medicine are classified as “disposable,” meaning that 
they are intended for single use in humans. Disposable 
transducers are sterile in their packaging and electroni-
cally precalibrated; some models come with high-
pressure tubing attached.

Pressure transducers have a female adapter for con-
nection to the fluid reservoir. The fluid reservoir is a bag 
of sterile isotonic crystalloid and administration set 
attached to the transducer. The bag of isotonic crystal-
loid is held under constant pressure such that a small 
volume of fluid continuously flushes through the system, 
preventing blood from flowing back and contaminating 
the monitoring system. The infused volume is generally 
2–4 mL/hour (read manufacturer’s specifications for 
more precise value). Most transducers have a pigtail or 
lever protruding from the housing that activates an inte-
grated “flush valve” that allows rapid infusion (“fast 
flush”) of fluid from the pressurized fluid bag through 
the system to clean the transducer “head.”

Handled with care, “disposable” transducers may  
be cleaned and reused following ethylene oxide  

Common insertion sites for arterial catheters in dogs 
are the perforating metatarsal artery (commonly called 
the dorsal pedal artery) and the radial, coccygeal, femoral, 
and auricular arteries. In cats, the femoral artery is most 
commonly used; the perforating metatarsal artery can 
also be used in larger cats for short durations (hours). 
Information regarding arterial catheter insertion can be 
found in Chapter 5, Arterial Puncture and Catheteriza-
tion. Mean pressure is lower in distal portions of the 
arterial tree compared with the aorta because pressure-
wave energy is lost as heat generated by frictional flow 
resistance along the vessel length. The pressure differ-
ence along the arterial tree is not considered a significant 
factor when selecting measurement sites.

Catheter tip orientation in relation to direction of 
blood flow affects the measured pressure value in both 
arterial and venous systems. A catheter tip facing into 
the blood flow (upstream) will measure a slightly higher 
pressure value than the actual intravascular pressure; a 
catheter tip facing away from the flow of blood (down-
stream) will measure a pressure value slightly lower than 
actual pressure. These differences are due to alteration 
in kinetic and potential energy at the catheter tip; these 
differences are relatively small in the vascular catheters 
commonly placed in veterinary practice.

Noncompliant tubing
The tubing that connects the intravenous catheter and 
pressure transducer must be made of specialized mate-
rial to prevent pressure-wave energy from being absorbed 
(or “dampened”) by the tubing wall. This tubing is 
called rigid, noncompliant, or high-pressure tubing. The 
tubing must be completely filled with fluid without any 
air bubbles present. Use of standard fluid extension 
tubing between the vascular catheter and the pressure 
transducer will lead to significant error in the pressure 
and waveform measurement. Noncompliant tubing is 
less important for CVP measurement as the pressure 
values are significantly lower than systemic arterial 
pressure.

Water manometer
Water manometers are used for intermittent measure-
ment of CVP, which is detailed in Chapter 11, Central 
Venous Pressure Monitoring. The water manometer is a 
plastic tube that is marked in centimeters along its 
length and has a “zero,” or reference, mark near the 
bottom of the column height (sometimes the bottom is 
the zero mark, as in Fig. 8.1). The zero mark is used as 
a reference site for aligning the manometer at the level 
of the right atrium prior to CVP measurements (see 
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is extremely important that the operator understand the 
technical principles that affect its fidelity, how to prop-
erly configure and test the system for fidelity, and how 
to recognize and correct for system error.

Zeroing the transducer
To interpret measured pressure, it must be compared 
with a known pressure standard. The standard pressure 
against which direct intravascular pressure measure-
ments are compared is barometric pressure (PB), which 
is approximately 760 mm Hg (1031 cm H2O) at sea level.

The electronic pressure measurement system is cali-
brated to standard pressure, or “zeroed,” by opening the 
transducer’s stopcock port (see Fig. 9.1) to the atmo-
sphere and depressing the “zero” button on the electro-
nic pressure monitor (see Protocol 8.2 for instructions 
on zeroing a transducer). Zeroing the transducer to 
atmospheric pressure makes discussion of physiologic 
pressures easier (i.e., “The patient’s MAP is 98 mm Hg” 
rather than “The patient’s MAP is 760 + 98 = 858 mm 
Hg”). Transducer zeroing should be done at initial 
system setup, any time system components are removed 
or replaced, or if any problems occur with system read-
ings. If a transducer system fails to zero, the transducer, 
the monitor, or the connecting cable may be faulty 
(most often it is the transducer, especially when using a 
resterilized disposable transducer). These items should 
be sequentially changed until the faulty component is 
identified and replaced.

Water manometers are always open to the atmosphere 
and are thus inherently “zeroed” to atmospheric pres-
sure. Therefore, no zeroing actions need to be performed 
on a water manometer, but its top must always remain 
open to the air or readings will be inaccurate.

Calibrating the system
After the system is zeroed to the atmosphere, it must be 
calibrated prior to use. To calibrate a measuring instru-
ment is to compare and align its readings with known 
standards so that the measuring instrument can provide 
accurate readings. Calibrating a water manometer device 
simply involves comparing the markings on the manom-
eter against those on a centimeter ruler. Such calibration 
is unnecessary on commercially available manometers, 
since they come premarked, but is required if regular 
fluid extension tubing is used to contain the fluid 
column.

Calibration is required for electronic systems each 
time the system is assembled and again any time prob-
lems arise. The transducer must be calibrated to confirm 
that when standard pressure is applied to the transducer, 

resterilization. Resterilization can lead to damage of the 
pressure-sensitive membrane, which can lead to inac-
curate pressure reporting. When a resterilized trans-
ducer is used, the operator should always perform a 
calibration prior to performing clinical measurements 
(see below for information about calibration).

Assembling the electronic direct pressure 
measurement system

A full list of supplies and step-by-step instructions 
required to assemble the electronic direct pressure mea-
suring system are available in Protocol 8.1. Figure 8.3 
shows a portion of a direct arterial pressure monitoring 
system in use.

Technical aspects of the electronic direct 
pressure measurement system

Direct pressure monitoring is relatively complex and far 
from foolproof. There are many technical points that 
must be carefully followed for accurate measurement. It 

Figure 8.3 Part of a direct arterial pressure monitoring system 
in a dog. The dog’s perforating metatarsal (dorsal pedal) arterial 
catheter is attached to a T-port, which is connected to noncompli-
ant, fluid-filled tubing by a three-way stopcock. This stopcock is 
optional to the system and is in place here for serial arterial blood 
sampling. The noncompliant  tubing  is attached  to  the pressure 
transducer, which  is  secured  to a yellow sandbag with medical 
tape; the sandbag provides a stable base for the transducer and 
helps  raise  the  transducer’s  zero point  (top of  the  transducer’s 
stopcock) to the level of the patient’s right atrium. The red pigtail 
on the transducer can be used to provide rapid system flush from 
the pressurized fluid bag (not pictured; its tubing leads from the 
pigtail to the fluid bag out the top of the frame). The grey cable 
runs from the transducer to the electronic processor and display 
monitor (not pictured).
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Protocol 8.1  Assembling the electronic direct pressure measurement system for CVP or ABP monitoring

Items Required
•  Indwelling vascular catheter at the appropriate site
•  ≤2 lengths of high-pressure tubing with locking fittings—keep as short as feasible
•  Stopcocks with locking fittings—2 or fewer
•  1–2 sterile infusion plugs with locking fittings
•  Sterile pressure transducer with integrated fast flush device
•  Sandbag and medical tape, or other stabilizing device to fix the transducer
•  Bag of isotonic crystalloid flush solution with standard administration set attached; standard extension set(s) as needed

  Most commonly the flush solution is heparinized—ask clinician for any special considerations.
•  Pressure bag of appropriate size for fluid bag used
•  Monitor, with its power cord and transducer-to-monitor cable
•  Power source

Procedure
1.  Collect necessary supplies.
2.  Plug the monitor in, turn it on, and attach the transducer-to-monitor cable to the monitor. Configure the monitor per 

manufacturer’s instructions to display pressure from the socket into which you have inserted the transducer-to-monitor cable.
3.  Perform hand hygiene and don clean examination gloves.
4.  Aseptically prepare the patient’s catheter port onto which the monitoring system will be attached. Flush the patient’s catheter 

gently to ensure patency.
5.  Heparinize the flush solution unless the clinician instructs otherwise. Standard dilution is 1 unit heparin per milliliter of 

flush. Mark the fluid bag to indicate its additives. Remove all air from the fluid bag by inserting a 22-gauge needle into 
the medication port and withdrawing gas until none remains. This minimizes the risk of air embolism from the pressurized 
system.

6.  Attach a standard fluid administration set, with the roller clamp closed, to the heparinized fluid bag and squeeze the drip 
chamber until it is approximately half-full. Prime the fluid line with flush using gravity flow, then reclamp the fluid line. 
Handle fluid line aseptically such that the end remains sterile.

7.  Insert the fluid bag into a pressure bag and inflate to approximately 300 mm Hg. Hang the pressurized bag and fluid line near 
the patient’s area.

8.  Remove the pressure transducer (see Fig. 9.1) from its packaging and manipulate all moving parts to ensure they move as 
intended. Handle aseptically such that all ports remain sterile. Inspect for any evidence of damage, particularly if the unit has 
been resterilized.

9.  Attach the primed flush fluid line to the transducer. If necessary, attach one length of high-pressure tubing to the transducer 
on the patient side. If necessary, add more high-pressure tubing to reach the patient, to a maximum of two lengths total. 
Place a sterile, locking injection port to the transducer’s zeroing (air) port.

10.  The vented cap on a new transducer’s stopcock should be thrown away, as its vents may allow contaminants to enter the 
system.

11.  If blood sampling from the catheter is desired, place a stopcock between the high-pressure tubing and the catheter or 
catheter’s T-port. The unused port should have a sterile, locking injection port attached.

12.  Use the fast flush device on the transducer to prime the entire system until fluid drips from the end of the high-pressure 
tubing. Flush slowly to avoid air bubble formation in the tubing.

13.  Attach the monitoring system to the patient’s vascular catheter or the catheter’s T-port.
14.  Tighten all connections and engage all fitting locks to prevent inadvertent disconnection and subsequent blood loss.
15.  Plug the monitor cable into the transducer and fix the transducer to its stabilizing device (i.e., sandbag with tape) such that 

the transducer’s zeroing (air) port is at the appropriate height (at the level of the right atrium).
16.  Zero and level the system. (See the sections Zeroing the Transducer and Leveling the Transducer, for more information.)
17.  Turn all stopcocks in the system open to the patient.
18.  Perform a fast flush test and make any necessary adjustments to the system to optimize the system’s dynamic response. (See 

text for more information about dynamic response.)
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Protocol 8.2  Zeroing a pressure transducer

Items Required
•  An assembled electronic direct pressure measurement system, attached to its monitor via the transducer cable

Procedure
1.  Plug in and turn on the monitor. Configure the monitor such that the screen displays an option to zero the transducer (see 

manufacturer’s instructions for specific steps).
2.  Perform hand hygiene and don clean examination gloves.
3.  Turn the transducer’s stopcock “off” to the patient’s side of the system so there is a continuous fluid column between the 

stopcock’s injection cap and the transducer’s pressure diaphragm.
4.  Remove the injection cap from the stopcock, maintaining system asepsis.
5.  Depress the “zero” button on the monitor.
6.  The pressure tracing should be a flat line at the zero mark on the display.
7.  If the pressure reads a number other than 0, or if the pressure tracing is not a flat line at the zero mark on the graph, the 

transducer may be faulty, in which case it must be replaced with another flushed, sterile transducer. If this does not remedy the 
issue, the transducer cable or monitor itself may be faulty and may need to be replaced.

8.  Once the monitor displays “0” with the transducer’s fluid interface open to the atmosphere via the stopcock, aseptically 
replace the injection cap and turn the stopcock “off” to the injection cap, opening the fluid column between the transducer 
and the patient end of the system.

the correct pressure is reported. Calibration should be 
conducted with the transducer attached to the monitor, 
as instructed by the monitor’s manufacturer. Alternately, 
a water manometer filled with fluid to a set height may 
be attached to the transducer’s stopcock and the dis-
play’s reading compared with the known applied pres-
sure from the fluid column, remembering that 1.36 cm 
H2O exerts the same pressure as 1 mm Hg. Calibration 
problems can be due to transducer, monitor, or 
connecting-cable problems.

Leveling the transducer
A transducer is both zeroed, to eliminate the influence 
of atmospheric pressure from vascular pressure read-
ings, and leveled, to eliminate the influence of gravity. 
For both CVP and ABP, the “level” reference point is the 
right atrium (RA); thus the RA is called the zero refer-
ence point. To level the measuring system, the trans-
ducer should be placed at the height of the RA and 
zeroed at that point by opening the three-way valve to 
air. This step should be performed prior to every mea-
surement (see Protocol 8.3). An external anatomic land-
mark that correlates well with the RA reference point is 
the sternum of the cat or dog lying in lateral recum-
bency. As stated in Chapter 11, Central Venous Pressure 
Monitoring, in a sternally recumbent animal the RA lies 
at a point roughly 40% the height of a vertical line that 
extends from the sternum to the top of the dorsal 
spinous process just caudal to the shoulder.

Once the transducer is zeroed at RA height, it must 
remain at RA height for every measurement. The reason 
for this requirement may best be explained by example. 
In a patient undergoing CVP monitoring, if the trans-
ducer falls below RA level by 10 cm (approximately 4 
inches), a 10-cm blood fluid column is exerting pressure 
on the transducer in addition to the actual CVP. Though 
this additional pressure is not a change in CVP, the 
transducer will “see” both the actual CVP and the addi-
tional 10-cm blood column and will report a value equal 
to the CVP plus 10 cm H2O. The opposite is true if the 
transducer ends up higher than its zero reference point—
the pressure reported will be falsely low in such cases 
(see Fig. 8.4). For peripheral ABP monitoring, such 
changes are less likely to create clinical confusion because 
as a proportion of the pressure of interest, the error is 
smaller. For instance, while a difference of 10 cm H2O 
(7.4 mm Hg) in CVP can greatly influence a clinician’s 
decision-making process, that same 7.4 mm Hg differ-
ence in MAP is less likely to cause an error in clinical 
judgment. This example underscores the importance of 
evaluating the whole clinical picture before making 
decisions, and the importance of proper transducer lev-
eling at the zero reference point (the RA) prior to every 
measurement, particularly when monitoring CVP.

Dynamic response of the system
Intravascular pressures are pulsatile in nature. Reflection 
of pressure waves through the vessel creates multiple 
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Protocol 8.3  Leveling a pressure transducer at the zero reference point (the right atrium)

Items Required
•  An electronic direct pressure measurement system, attached to a powered-on monitor and to the patient
•  Carpenter’s level
•  Piece of string

Procedure
1.  Configure the monitor such that the screen displays an option to zero the transducer (see manufacturer’s instructions for 

specific steps).
2.  Perform hand hygiene and don clean examination gloves.
3.  Turn the transducer’s stopcock “off” to the patient’s side of the system so there is a continuous fluid column between the 

stopcock’s injection cap and the transducer’s pressure diaphragm.
4.  Remove the injection cap from the stopcock, maintaining system asepsis.
5.  Ensure the transducer’s fluid–air interface is at the height of the right atrium. Assess this level using the string and 

carpenter’s level for accuracy—this will enhance accuracy and repeatability from one operator to the next for repeated 
measures.
a.  With the patient in lateral recumbency, RA height is approximately the height of the sternum.
b.  For a dog or cat in sternal recumbency, the RA is approximately 40% the distance from the sternum to the dorsal spinous 

process just caudal to the scapula.
6.  Secure the monitor at this height if performing continuous monitoring and the patient is immobile.
7.  Depress the “zero” button on the monitor.
8.  The pressure tracing should be a flat line at the zero mark on the display.
9.  If the pressure reads a number other than 0, or the pressure tracing is not a flat line at the zero mark on the graph, the 

transducer may be faulty, in which case it must be replaced with another flushed, sterile transducer. If this does not remedy 
the issue, the transducer cable or monitor itself may be faulty and may need to be replaced.

10.  Once the monitor displays “0” with the transducer’s fluid–air interface open at RA height, aseptically replace the injection cap 
and turn the stopcock “off” to the injection cap, opening the fluid column between the transducer and the patient end of the 
system.

11.  Allow the system to equilibrate and record the measured value.

Figure 8.4 Illustration of what happens when the patient’s right atrium (RA; level shown by dashed line A) falls below the transducer’s 
zero  reference  point  (at  the  level  of  dotted  line  B)  as  the  bed  is  lowered:  (left)  change  in  recorded  pressures  (Part,  peripheral 
arterial;  Ppao,  pulmonary  arterial  occlusion  [wedge];  CVP,  central  venous  pressure);  (right)  water  manometers  (tubes  A  and  B) 
that demonstrate how lowering the RA relative to the transducer lowers the measured pressures. In this example, the bed was lowered 
by  10  cm,  which  means  that  the  patient’s  RA  (the  proper  level)  is  10  cm  lower  than  the  current  zero  reference  point  (B),  which  
translates to a pressure drop of 10 cm H2O, or approximately 8 mm Hg. Figure reprinted and legend adapted from Magder S, Invasive 
intravascular  hemodynamic  monitoring:  technical  issues,  Critical  Care  Clinics,  Vol.  23,  pp.  401–414,  2007,  with  permission  from 
Elsevier.
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maximize a system’s natural frequency is to keep the 
system as simple as possible, for instance with as short 
a tubing length and as few components as possible.

Effect of a system’s damping coefficient

Damping is loss of the pulse pressure energy between 
the catheter tip and the transducer. Damping is due to 
frictional resistance along the system’s length, absorp-
tion of energy by the tubing and other materials, and air 
bubbles, which are more compressible than fluid. The 
more damped a system is, the more quickly it returns to 
“zero” after an applied stimulus due to this energy loss.

Damping in a pressure system is measured and 
expressed as the damping coefficient; the higher the 
coefficient, the more significant the damping. An over-
damped pressure waveform has slurred upstrokes and 
downstrokes, loss of detail, and a generally flattened 
appearance; overdamped systems cause a falsely nar-
rowed pulse pressure with falsely low systolic and falsely 
high diastolic pressure readings (see Fig. 9.7). Con-
versely, underdamped waveforms contain nonphysio-
logic points and spikes, extra waves, and appear 
exaggerated—they are overshot or have excessive ringing, 
as discussed previously regarding natural frequency. 
Underdamping causes falsely high systolic and falsely 
low diastolic pressure readings. A system with an infi-
nitely high natural frequency does not require damping 
to produce accurate results (see Fig. 8.5), but because 
available systems have natural frequency overlap as 
noted previously, they usually require some operator-
implemented damping.

Determining the system’s dynamic response

Many catheter–tubing–transducer systems have weak 
natural frequencies to faithfully reproduce physiologic 
pressure data; thus, these systems are inherently under-
damped. Within a certain range, adjusting the system’s 
damping can help produce more accurate values and 
waveforms (Fig. 8.5). To know whether a system has 
adequate dynamic response, its natural frequency and 
damping coefficient should be determined and plotted 
onto a graph such as Figure 8.5. These properties are 
measured by performing a fast flush or “square wave” 
test on the system. When the transducer’s fast flush 
device is activated, the transducer–tubing–catheter 
system is exposed to the high pressure in the flush fluid 
bag (300 mm Hg). To perform the test, the fast flush 
device should be opened briefly (<1 second) and released 
quickly several times to produce multiple square waves 
for analysis. The high pressure should appear on the 
recorder as a square waveform as shown in Figure 8.6. 
A normal square wave has a nearly 90° upstroke, a flat 

oscillating waves of different amplitude and frequency 
(Fourier series) that summate to create the observed 
waveform. An intravascular pressure monitoring system 
must have the physical properties required to measure 
pressures within the expected range and must be able to 
respond adequately to physiologic pressure pulsations. 
The ideal system would report the pressure waves of 
interest and no others. The ability of a system to accu-
rately display the shape and amplitude of the pulse pres-
sure waveform is determined by the system’s dynamic 
response, also called the system’s frequency response. 
The system’s dynamic response is determined by its 
physical properties, specifically its mass, elasticity, and 
friction.15 Dynamic response is discussed in terms of 
natural frequency and damping coefficient, both of 
which are measurable and have significant impact on a 
waveform’s appearance.

Effect of a system’s natural frequency

When stimulated, every structure naturally vibrates at a 
characteristic frequency, which is expressed in cycles per 
second or hertz (Hz). This frequency is called the struc-
ture’s natural frequency, fundamental frequency, or 
resonant frequency. Adding components together (as in 
connecting a catheter, noncompliant tubing, and trans-
ducer) alters a system’s natural frequency. It is important 
that the natural frequency of a fluid-filled monitoring 
system not coincide with the frequency of physiologic 
pressure waves, because frequency overlap causes sum-
mation (from the patient and the system) and results in 
exaggerated waveforms and numerical values. Exagger-
ated results are due to too low a system natural frequency, 
and such exaggeration leads to what is often called over-
shoot, ringing, or resonance of the waveform.15 Ringing 
causes pointy, spiked waveforms, falsely high systolic 
pressure readings, and falsely low diastolic pressure 
readings.

A fluid-filled monitoring system will have optimal 
responsiveness if its natural frequency is as high as pos-
sible. Though individual materials made for intravascu-
lar pressure monitoring are designed with this principle 
in mind, once a catheter–tubing–transducer system is 
assembled, the natural frequency drops to minimal 
requirements for humans.5 Because dogs and cats gener-
ally have pulse rates that exceed humans’, their pulse 
pressure waveforms have a higher frequency than peo-
ple’s, and thus almost certainly overlap the natural fre-
quency of most measurement systems. This overlap 
means that without correction through damping (see 
below), our patients’ pulse pressure waveforms will 
almost always ring, systolic pressures will be falsely high, 
and diastolic pressures will be falsely low. One way to 
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Figure 8.5 Use  of  natural  frequency  and  damping  coefficient  to  determine  if  the  catheter–tubing–transducer  system  is  producing 
accurate pressure waveforms and values. Plot the system’s frequency and damping coefficient; the intersection falls in the gray area 
for an adequately responsive system. Overdamped readings will fall above the gray area and underdamped readings will fall below 
the gray area. This figure and its legend were altered and used here with permission from Hemodynamic Waveform Analysis; Ahrens 
RS, Taylor LA; Technical considerations in obtaining hemodynamic waveform values, pp. 209–258, copyright Saunders 1992.
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Figure 8.6 Performing a  square wave  test.  The  fast  flush device  is  activated  at  point  1.  Squaring of  the waveform occurs  as  the 
transducer  is exposed to 300 mm Hg pressure  from the flush fluid bag and has a flat plateau (2) with right angles on both sides. A 
rapid downstroke occurs as the fast flush device  is  released (3). This test should be performed several  times and the square waves 
analyzed to determine the system’s natural frequency and damping coefficient. These values can then be plugged into the graph in 
Figure 8.5  to determine whether  the system has adequate dynamic  response. This figure used with permission  from Hemodynamic 
Waveform Analysis; Ahrens RS, Taylor LA; Technical considerations in obtaining hemodynamic waveform values, pp. 209–258, copyright 
Saunders 1992.

1

3

2

Optimizing dynamic response by altering  
a system’s natural frequency and  
damping coefficient

There are many steps one can take to optimize a system’s 
dynamic response by either increasing the natural fre-
quency or altering the damping coefficient. Underdamp-
ing is far more common in dogs and cats than 
overdamping. An example from a ringing, underdamped 

plateau at 300 mm Hg, and a rapid downstroke as the 
fast flush device is released. The top is squared, as the 
test’s name implies. Protocol 8.4 describes how to deter-
mine a system’s natural frequency and damping coeffi-
cient, and thus the system’s dynamic response, using 
waveforms from square wave tests.

A square wave test should be performed when the 
system is initially assembled and any time there are 
questions about the fidelity of measurement results.
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Protocol 8.4  Determining the dynamic response of a fluid-filled monitoring system (Figs. 8.7–8.9)

Items Required
•  An electronic direct pressure measurement system, attached to a powered-on monitor (with printer) and to the patient
•  Calculator
•  Straightedge (i.e., ruler)
•  Pen and paper

Procedure
1.  Ensure the pressure bag containing the flush fluid is pressurized to 300 mm Hg.
2.  Perform hand hygiene and don clean examination gloves.
3.  Perform a square wave test during diastole by activating the transducer’s fast flush device briefly (for <1 second) and quickly 

releasing the device. A square wave should appear on the monitor—print this waveform with 1–2 seconds of strip on either 
side. Repeat this process 3–5 more times and collect the square waves for analysis.

4.  Evaluate the square waves to determine the system’s natural frequency. The natural frequency is the frequency with which the 
waveform oscillates after the fast flush device is released. For example: The paper speed in Figure 8.7 is 25 mm/sec. Note the 
number of blocks between oscillation peaks—in this case just over 2 blocks between oscillations. Divide the paper speed by 
the number of blocks to determine the system’s natural frequency: (25 mm/sec) ÷ (2 mm) = 12.5 cycles/sec = 12.5 Hz, which is 
a minimally acceptable natural frequency for measurements in humans.

5.  Determine the frequency on all of the square waves collected, and average the values to reach the mean natural frequency. 
Use this mean natural frequency in the dynamic response graphic plot (see step 8).

6.  Evaluate the square wave to determine the system’s damping coefficient. This is done by comparing the length of two 
successive oscillations and dividing the second (smaller) oscillation by the first (see Fig. 8.8). The number generated is 
called the amplitude ratio. For example: The paper speed in Figure 8.8 is 25 mm/sec. Measure the length of two successive 
oscillations (i.e., from peak to valley, and from that same valley to the next peak). Divide the smaller oscillation by the larger to 
determine the amplitude ratio. Here, 6 mm ÷ 28 mm = 0.21, which is the amplitude ratio.

7.  Determine the amplitude ratio on all of the square waves collected and average the values to reach the mean amplitude ratio. 
Use the graph in Figure 8.9 to determine the damping coefficient from the amplitude ratio.

8.  Use a straightedge to plot the mean natural frequency against the damping coefficient on the graph in see fig 8.5 above. If the 
intersecting point falls into the gray area, the system is adequately responsive. Overdamped readings will fall above the gray 
area and underdamped readings will fall below the gray area.

Figure 8.7 Step 4, determine system’s natural frequency. Paper speed 25 mm/sec. First, note the number of blocks between oscil-
lation peaks—in this case just over 2 blocks between oscillations. Then divide the paper speed by the number of blocks to determine 
the system’s natural frequency: (25 mm/sec) ÷ (2 mm) = 12.5 cycles/sec = 12.5 Hz, which is a minimally acceptable natural frequency 
for measurements in humans. Figure altered and used with permission from Hemodynamic Waveform Analysis; Ahrens RS, Taylor 
LA; Technical considerations in obtaining hemodynamic waveform values, pp. 209–258, copyright Saunders 1992.

2 blooks between oscillations
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system and one from an overdamped system are shown 
in the square wave tests in Figure 8.10 Further discussion 
of the effects of underdamping and overdamping on 
ABP waveforms and values is found in Chapter 9, Direct 
Systemic Arterial Blood Pressure Monitoring. Measures 

to take that may help optimize the system’s dynamic 
response are listed in Box 8.2.

Though it is important for accurate pressure readings 
and interpretation, it is unclear that the systems in clini-
cal use today commonly have adequate dynamic 

Figure 8.8 Step 6, calculating the amplitude ratio  to determine damping coefficient. Paper speed 25 mm/sec. First measure the 
length of two successive oscillations (i.e., from peak to valley, and from that same valley to the next peak). Then divide the smaller 
oscillation by the larger to determine the amplitude ratio. Here, 6 mm ÷ 28 mm = 0.21, which is the amplitude ratio. Figure altered 
and  used  with  permission  from  Hemodynamic  Waveform  Analysis;  Ahrens  RS,  Taylor  LA;  Technical  considerations  in  obtaining 
hemodynamic waveform values, pp. 209–258, copyright Saunders 1992.

6

28

Figure 8.9 Step 7, Use this graph to determine the damping coefficient from the amplitude ratio. Figure altered and used with 
permission  from  Hemodynamic  Waveform  Analysis;  Ahrens  RS,  Taylor  LA;  Technical  considerations  in  obtaining  hemodynamic 
waveform values, pp. 209–258, copyright Saunders 1992.
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Box 8.2  Measures to help optimize a system’s dynamic response

The corrections for overdamped and underdamped systems are similar, so the following actions can be tried in the case of either 
problem.16,17

•  Simplify the system as much as possible to increase its natural frequency:
  Remove as many lengths of tubing between the catheter and the patient as possible such that the tubing does not exceed 

3–4 feet in length.
  Remove any unnecessary stopcocks.
  Consider removing any T-ports or other connections.

•  Ensure only noncompliant tubing is present between the catheter and the transducer, particularly for arterial pressure 
monitoring.

•  Check for and remove any visible clots or air bubbles.
•  Check tubing for kinks or occlusions.
•  Gently aspirate and flush the catheter to assess for occlusion.
•  If the catheter is <18-gauge (or 7 Fr), compliant, or long, consider replacement with a shorter, larger-bore, stiffer catheter.
•  If the waveform is underdamped, consider insertion of a damping device into the system.

Figure 8.10 Square wave test waveforms: (a) Example of a square wave generated from an underdamped system. Note the spiky, 
pointy nature of  the arterial pressure waveform and  the subjectively apparent excessive  ringing of  the square wave  test  compared 
with  the normal example  in Figure 8.6. To confirm underdamping, calculate  the amplitude ratio: measure vertically  from point a  to 
point b, 37 mm; then from point b to point c, 34 mm; then divide the smaller length by the larger, 34 mm ÷ 37 mm = 0.92. An amplitude 
ratio of 0.92 corresponds  to a damping coefficient of  less  than 0.1, which  is extremely  low and corroborates  the  impression of an 
underdamped waveform.  (b)  Example of  a  square wave generated  from an overdamped  system. Note  the  slurred arterial pressure 
waveform with no apparent dicrotic notch, and the slurred downstroke of the square wave test with lack of oscillations at baseline 
(arrow). It is very difficult to determine damping coefficient in the absence of any measurable oscillations, but the damping coefficient 
here  is high, probably greater than 0.6.16 Part  (b)  is altered and used here with permission from Hemodynamic Waveform Analysis; 
Ahrens RS, Taylor LA; Technical considerations in obtaining hemodynamic waveform values, pp. 209–258, copyright Saunders 1992.
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response.15 It is important to remember both this source 
of inaccuracy and that pressure waveforms and pressure 
values are altered by simple changes the operator makes to 
the system such as alterations in system components and 
damping. Thus, the gold-standard invasive pressure 
monitoring system is also inherently flawed by inevita-
ble operator manipulations.

Summary

Fluid-filled monitoring systems provide important 
information in patients with cardiovascular instability. 
Though they are more complicated than noninvasive 
measurement techniques, they can provide continuous 
monitoring. As with any technique, one becomes more 
proficient with practice and use. A solid understanding 
of the principles behind fluid-filled monitoring systems 
allows the clinician to make the most of these systems’ 
capabilities and avoid common technical errors. It is 
important to remember that there is a potential for tech-
nical error if equipment is incorrectly configured, inac-
curately zeroed, uncalibrated, or poorly leveled. It is also 
important to remember that actions we take to optimize 
the dynamic response of a system (altering natural fre-
quency and damping) can change the reported pressure 
results and mislead the clinician.
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9
Direct systemic arterial blood  
pressure monitoring

Edward Cooper and Stacey Cooper

Arterial blood pressure (ABP) measurement is one of 
the major hemodynamic monitoring tools used in 
patient assessment because adequate systemic blood 
pressure is required to perfuse vital organs. Arterial 
blood pressure, or more specifically mean arterial blood 
pressure (MAP), is a function of cardiac output (CO) 
and systemic vascular resistance (SVR). This relation-
ship is represented by the following equation:

MAP CO SVR= ×  (9.1)

While ABP is often measured to assess whether sys-
temic blood pressure is adequate to perfuse vital organs, 
as Equation 9.1 indicates, a normal blood pressure value 
does not guarantee adequate blood flow, as MAP is 
affected by vascular tone. The body’s compensatory 
response to homeostatic insult, largely mediated by the 
sympathetic nervous system, results in tachycardia and 
vasoconstriction and serves to sustain blood pressure at 
all costs. Increasing SVR through vasoconstriction can 
actually diminish flow to peripheral tissues, even when 
ABP is maintained. Therefore, just because the blood 
pressure is normal does not mean blood flow is normal 
or that tissue perfusion is adequate. Hypotension occurs 
only when sympathetic compensatory mechanisms have 
failed after an insult.

Other monitoring techniques, such as serial physical 
examination, the determination of cardiac output, 
assessment of blood lactate concentration or central 
venous hemoglobin saturation, or even direct imaging 
of the microcirculation, potentially offer greater insight 
into blood flow and tissue perfusion. However, with the 

exception of serial physical examination and blood 
lactate concentration, these techniques are of limited 
availability and largely impractical for most practitio-
ners. Therefore, despite the limitations of the informa-
tion provided by its measurement, arterial blood pressure 
is still used commonly to assess hemodynamic stability 
in veterinary medicine. As the level of care provided to 
veterinary patients continues to grow, especially in a 
critical care setting, the value and availability of direct 
arterial blood pressure (dABP) monitoring has increased 
significantly. This chapter explores the practical and 
technical aspects of dABP measurement in veterinary 
practice.

Indications for direct arterial  
pressure monitoring

Blood pressure measurements provide insight into the 
cardiovascular status of a patient. In patients that are 
critically ill or have cardiovascular compromise, it is 
generally accepted that dABP monitoring is more accu-
rate than methods used to obtain blood pressure indi-
rectly (e.g., Doppler or oscillometric monitors).1–5 Direct 
ABP measurement is considered to be the “gold stan-
dard” for blood pressure monitoring. There are numer-
ous clinical scenarios in which accurate and continuous 
dABP monitoring would be beneficial (see Table 9.1).6 
The information obtained using dABP measurement 
can be used to help tailor administration of medications 
affecting blood pressure (e.g., titration of vasopressors 
or antihypertensive medications) or to help guide fluid 
therapy (e.g., resuscitation of hypovolemic shock) on a 
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Advantages and disadvantages of direct 
arterial pressure monitoring
The dABP measurement technique offers the benefit of 
beat-to-beat blood pressure monitoring. This allows cli-
nicians and technicians to monitor trends in both blood 
pressure and arterial waveform, thus permitting rapid 
recognition of changes in status and more immediate 
intervention. Having blood pressure readings continu-
ously available also allows the technician to perform 
other treatments and monitoring, rather than spending 
the time necessary to acquire frequent iABP measure-
ments. The “hands-off” nature of dABP monitoring, 
once it is established, may also diminish the effect that 
patient handling can have on the arterial blood pressure 
values obtained. As the stress secondary to handling may 
iatrogenically elevate blood pressure, dABP could allow 
for more accurate assessment. In addition to its role in 
hemodynamic monitoring, placement and maintenance 
of an arterial catheter also allows for ease of arterial 
blood sampling to monitor acid–base status and blood-
gas parameters, which are typically also of great interest 
in the critical care patient. For more information on 
arterial catheterization and sampling, please see Chapter 
5, Arterial Puncture and Catheterization.

Though the technique may be more accurate in criti-
cally ill patients, dABP monitoring is not without  
drawbacks, risks, and complications. Obtaining and 
maintaining arterial access can be technically challeng-
ing. Further, the equipment necessary to monitor dABP, 
especially continuously, can be expensive (pressure 
transducers, hemodynamic monitors, etc.) compared 
with the techniques used for indirect determination. 
While it is considered to be the most accurate method 
for blood pressure determination, there are numerous 
factors (both technical and mechanical) that can inter-
fere with blood pressure signal transduction and overall 
accuracy of the readings, making even this gold standard 
prone to error. Technical issues that contribute to inac-
curacy (overdamping, underdamping, zeroing errors, 
etc.) are discussed in detail in Chapter 8, Fluid-Filled 
Hemodynamic Monitoring Systems. Potential complica-
tions associated with arterial catheterization include 
hematoma or bleeding at the catheter insertion site, 
infection, arterial thrombosis and associated tissue isch-
emia, and significant hemorrhage if the transducer 
system becomes disconnected.

Continuous dABP equipment and setup

Once the decision is made to measure dABP, all of the 
necessary equipment must be available (see Protocols 
8.1–8.4).

minute-to-minute basis.6 To further understand why 
dABP measurement might be chosen over indirect  
blood pressure measurement methods, it is important 
to understand the benefits and limitations of each 
modality.

Advantages and disadvantages of indirect 
blood pressure monitoring
As indirect arterial blood pressure (iABP) monitoring is 
covered in depth in Chapter 10, Noninvasive Arterial 
Blood Pressure Monitoring, here it is only briefly dis-
cussed in the context of comparison with dABP moni-
toring. Indirect methods (such as Doppler ultrasound 
or oscillometry) are noninvasive to the patient and 
therefore do not require arterial catheterization or seting 
up a fluid-filled monitoring system. As such, indirect 
methods are generally less technically demanding. While 
there is cost associated with acquiring equipment for 
iABP monitoring, it is typically much less expensive 
than the equipment required for dABP measurement 
(e.g., pressure transducers, special hemodynamic moni-
tors). For these reasons, iABP is measured much more 
commonly than dAPB in both human and veterinary 
medicine.

Perhaps the greatest limitation to the use of iABP 
monitoring is its accuracy. Direct ABP measurement has 
been shown to be more accurate in both dogs and cats, 
whether awake or anesthetized.1–5 This appears to be 
especially true in hypotensive, hypothermic, and small 
patients.7 There are factors such as cuff size, differences 
in technique, and the possibility of operator error  
that can further affect the reliability of iABP determina-
tion. In addition, iABP measurement provides less infor-
mation than does dABP measurement. For example, 
Doppler ultrasound technique only measures systolic 
blood pressure whereas the direct method measures sys-
tolic, diastolic, and mean arterial pressures. While oscil-
lometric machines provide all three pressures, standard 
oscillometry may be less reliable in cats and small dogs 
compared with dABP or Doppler ultrasound measure-
ment techniques.8–9

Table 9.1 Clinical scenarios benefitting from dABP monitoring6

• Patients in shock with hypotension or cardiovascular collapse
• Patients requiring the use of vasopressors
• Titration of medications for afterload reduction in patients 

with severe congestive heart failure
• Patients receiving pharmacotherapy for severe hypertension
• Patients placed on mechanical ventilation
• Patients with high anesthetic risk
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making sure to evacuate any air bubbles. When con-
nected to the pressurized saline bag, the transducer will 
allow a slow forward flow of fluid through the system to 
decrease the risk of clot formation and catheter occlu-
sion (check the manufacturer’s materials for exact flow 
rates through a given transducer). Most pressure trans-
ducers also have a unidirectional flush valve (“fast flush 
valve”) that can be used to prime the noncompliant 
tubing (see Fig. 9.1). At the other end of the transducer 
is rigid, noncompliant (“high-pressure”) tubing that 
will be attached to the arterial catheter (see Fig. 9.1). If 
your transducer system does not come equipped with 
noncompliant tubing, you will need to supply your own 
and use it to complete the circuit. It is important that 
standard extension tubing is not used for this purpose, as 
its compliant nature will result in signal distortion and 
affect the accuracy of blood pressure readings (see Abnor-
mal Arterial Pressure Waveforms below). Once the 
tubing is connected to the patient, the catheter is flushed 
to verify patency. The use of Luer lock adapters (such as 
Luer-Lok from Becton, Dickinson and Company, Frank-
lin Lakes, NJ) throughout the system aids in safety and 
integrity. Finally, the pressure transducer is connected to 
the hemodynamic monitor via a transducer cable.

Before you can begin monitoring patient blood pres-
sure you must zero the transducer. This sets a reference 
point (called a zero point) with which the pressure read-
ings from the system are compared. To zero the system, 
the transducer should be placed at the level of the right 
atrium (RA) to best approximate central venous pres-
sure. If peripheral pressures are preferred, the transducer 
should be placed at the level of the catheter. Once the 
transducer is positioned, the stopcock is closed to the 
patient and opened to the atmosphere, and the “zero 
transducer” or similar button on the monitor is engaged. 
The waveform line should flatten and the screen should 
read “0/0 (0).” When zeroing is complete the stopcock is 
closed to the atmosphere and opened to the patient and 

The first step in establishing dABP monitoring is 
obtaining arterial access. Arterial catheter placement is 
discussed in depth in Chapter 5, Arterial Puncture and 
Catheterization; what follows here is a brief overview. 
Placement of an arterial catheter can be done percutane-
ously or by a cutdown method. The most common 
arteries used for dABP monitoring in small animals are 
the dorsal pedal and femoral, though coccygeal can also 
be used. It has been demonstrated in human patients 
that there is no significant difference in the accuracy of 
pressures obtained from a peripheral as opposed to a 
central arterial catheter, especially with regard to MAP.10 
Patient size often plays a role in catheter insertion site as 
dorsal pedal access can be very challenging in cats and 
very small dogs. Femoral or coccygeal arteries may be 
better options in these patients. The catheter site should 
be clipped and aseptically prepared. Local anesthetics 
such as 2% lidocaine can be injected locally prior to the 
procedure to decrease patient discomfort, especially if a 
cutdown is performed. Special arterial catheters are 
commercially available; they are generally more rigid, 
may contain a guide wire to facilitate placement, and are 
intended for longer-term use. These catheters are more 
typically used for femoral arterial access. Most com-
monly an over-the-needle peripheral intravenous (IV) 
catheter is used. Once the area has been prepared, the 
artery is palpated and the catheter advanced through the 
skin toward the pulse. Given the relatively small lumen 
of arteries compared to veins, it is important that only 
very small incremental advances are made until there is 
a flash of blood in the catheter hub. Once this occurs the 
catheter is advanced off the stylet and into the artery. 
The catheter is secured with tape and appropriate pro-
tective wrap, keeping the insertion site clean and dry. It 
is further important to label the catheter as “Arterial 
Line” so that intravenous injections are not inadver-
tently administered. The site should be inspected daily 
to ensure there are no signs of bleeding or infection. 
Warmth of the extremity distal to the insertion site 
should be assessed regularly to monitor for arterial 
thrombosis.

Once arterial access has been established, the pressure 
transducer and monitoring system can be attached to 
the catheter (see Protocols 8.1–8.4). At one end the pres-
sure transducer is attached via an administration set to 
a pressurized 500-mL or 1.0-L bag of 0.9% NaCl to 
which heparin has been added (to achieve a 1–2 U/mL 
concentration). The pressure bag must be inflated to a 
pressure greater than the patient’s systolic blood pres-
sure or blood will flow back into the line. Typically a 
pressure between 250 and 300 mm Hg is adequate unless 
the patient has significant hypertension. Heparinized 
saline is flushed through the system to prime the tubing, 

Figure 9.1 Pressure transducer for a fluid-filled hemodynamic 
monitoring system.

High pressure
tubing (to the
patient)

Zeroing port cap

3-way stopcock

Fast flush valve Heparinized
flush
solution

Transducer
cable

Transducer holder

Pressure transducer



Direct Systemic Arterial Blood Pressure Monitoring   125

of arterial blood pressure and results in the dicrotic 
notch, also called the incisura (see Fig. 9.3). This notch 
causes disruption in the downslope of the waveform as 
pressures return to diastolic values. The presence of the 
dicrotic notch is largely a function of arterial elasticity 
and can be significantly diminished to absent in the face 
of vasoconstriction.14

Although the arterial waveform tends to take on the 
appearance just described, there are changes that occur 
as the pressure wave moves from central arterial circula-
tion out to the periphery. This phenomenon is referred 
to as distal pulse amplification. As such there can be 
slight differences in tracings obtained depending on 
where the catheter tip is located. In general, the initial 
upstroke becomes steeper, the systolic pressure increases, 
the dicrotic notch appears later, and the end-diastolic 
pressure decreases as the waveform moves from central 
to peripheral (Fig. 9.4).15 Despite the higher systolic 
pressure and wider pulse pressure obtained peripherally, 
the lower peripheral diastolic pressure results in little net 
effect on the mean arterial pressure from central to 
peripheral measurement sites.

In addition to differences in arterial pressure and 
waveform referable to catheter location, there can also 
be normal, minor variations in blood pressure seen with 
spontaneous as opposed to mechanical ventilation. 
During spontaneous breathing, SAP is slightly lower 
during inspiration than it is during expiration. During 
mechanical ventilation the opposite is true: SAP slightly 
increases during inspiration and decreases during expi-
ration (Fig. 9.5). Arterial pressure changes during the 
respiratory cycle because alterations in pleural pressure 
affect thoracic vasculature and cardiac function, which 
in turn cause changes in stroke volume. During mechan-
ical inspiration, positive pleural pressure results in an 
increase in left ventricular preload and a decrease in left 
ventricular afterload. The net effect is an increase in  

the arterial waveform should appear on the screen, pro-
viding continuous arterial blood pressure measurements 
(see Fig. 9.2).

Normal arterial pressure waveforms

The waveform generated by the hemodynamic monitor 
is a reflection of the pressure changes transmitted along 
the arterial tree and sensed by the transducer. An ideal-
ized schematic of an arterial pressure waveform is 
depicted in Figure 9.3. The “baseline” of the waveform 
represents diastolic arterial pressure (DAP) and indi-
cates the minimum blood pressure, which is present 
during ventricular relaxation (diastole). Diastolic arte-
rial pressure is a function of blood viscosity, arterial 
distensibility, systemic vascular resistance, and the length 
of the cardiac cycle.11,12 The initial upstroke in the 
waveform represents the rapid rise in arterial pressure 
from DAP to systolic arterial pressure (SAP), which 
occurs with opening of the aortic valve and stroke 
volume ejection. Systolic arterial pressure represents the 
peak blood pressure during ventricular contraction 
(systole), and its determinants are stroke volume, veloc-
ity of left ventricular ejection, systemic vascular resis-
tance, arterial distensibility, and left ventricular 
preload.12,13 The difference between DAP and SAP is 
called the pulse pressure and is responsible for the 
intensity of palpated peripheral pulses. As the stroke 
volume runs off into the arterial tree toward the end of 
systole, there is a decline in pressure (initial downslope). 
Once aortic pressure exceeds left ventricular pressure 
(with left ventricular relaxation), the aortic valve closes. 
Elastic recoil of the arterial tree in the presence of a 
closed aortic valve causes a slight rebound (or elevation) 

Figure 9.2 Hemodynamic monitor screen capture demonstrat-
ing standard output of arterial waveform with systolic and dia-
stolic pressures displayed.

Figure 9.3 Idealized arterial pressure waveform.
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tion and transducer signal distortion. As such, determi-
nation of MAP is important for assessing clinical status 
as well as guiding therapeutic decisions. Using dABP 
measurement, most hemodynamic monitors calculate 
MAP by averaging the area under the arterial pressure 
waveform over several beats. It is also possible to approx-
imate MAP through a calculation based solely on SAP 
and DAP. Based on the premise that approximately  
two-thirds of the cardiac cycle is spent in diastole, the 
equation

MAP DAP SAP DAP /= + −( ) 3  (9.2)

provides a good estimate of MAP. However, patients 
with tachycardia have decreased diastolic filling time, 
and thus this equation will underestimate MAP. In addi-
tion, this equation may overestimate MAP in patients 
with narrow arterial pulse pressure waveforms, as these 
waveforms have a smaller area under the curve (and 
thereby a lower true MAP), regardless of the SAP and 
DAP.

Calculations of arterial blood  
pressure variation
As previously stated, there are normally minor varia-
tions in systolic blood pressure during both spontane-

left ventricular stroke volume and thereby SAP. However, 
pleural pressure changes also result in decreased stroke 
volume leading to decreased SAP during passive expira-
tion in the mechanically ventilated patient. Under 
normal circumstances this pressure variation, which 
typically does not exceed 5 mm Hg, is not clinically sig-
nificant.16 However, as discussed later, there are certain 
pathological conditions that can lead to exaggeration of 
this respiratory cycle-related arterial pressure variation, 
making the variation more important both diagnosti-
cally and therapeutically.

Normal arterial blood pressures in dogs have been 
reported to range from 110 to 190 mm Hg for systolic 
and from 55 to 110 mm Hg for diastolic pressure,  
whereas cats have systolic pressures ranging from 120 to 
170 mm Hg and diastolic pressures ranging from 70  
to 120 mm Hg.7 Mean arterial blood pressure normally 
ranges from 80 to 130 mm Hg in both species.

Calculations derived from the arterial  
pressure waveform

Mean arterial pressure is generally considered superior 
to systolic pressure as an indicator of true driving pres-
sure for tissue perfusion.17 In addition, MAP is much less 
susceptible to variability associated with catheter loca-

Figure 9.4 Comparison of idealized arterial waveforms from a catheter placed either centrally (left) or peripherally (right).
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Figure 9.5 Respiratory-associated variation in arterial pressure for a patient undergoing mechanical ventilation.
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as indicators of intravascular volume status and a 
patient’s potential for fluid responsiveness (see Fig. 
9.6). To use Δup and Δdown, one must first determine 
a reference systolic pressure (SPref) by measuring SAP 
during an end-expiratory pause. Δup is then the dif-
ference between SPmax and SPref and more specifically 
reflects the positive-pressure-inspiratory increase in 
SAP. Conversely, Δdown is the difference between SPref 
and SPmin and reflects the expiratory decrease 
in SAP:

∆up SP SPref= −max  (9.4)

∆down SP SPref= − min  (9.5)

Since it is thought that the expiratory decrease in 
systolic pressure contributes the majority of the SPV 
seen with hypovolemia, it stands to reason that Δdown 
might be a more useful calculation than SPV. However, 
Δdown has not been shown to offer any better correla-
tion to hypovolemia or volume responsiveness when 
compared with SPV in human patients with sepsis-
induced hypotension.21

• Pulse pressure variation—Pulse pressure variation 
(PPV) offers yet another way to quantify respiratory 
variation in arterial pressures associated with ventila-
tion (see Fig. 9.6). Pulse pressure variation is obtained 
by dividing the difference between the maximum and 
minimum pulse pressures (PPmax and PPmin) over a 
single breath by the mean of the two values.22 The 
PPV, expressed as a percentage, is given by the follow-
ing equation:

PPV PP PP / PP PP /(%) ( ) [( ) ]max min max min= × − +100 2  
(9.6)

Compared with SPV, Δup, and Δdown, PPV appears 
to have the strongest correlation to hypovolemia and 
volume responsiveness, with higher PPVs correlating to 
greater degrees of volume responsiveness.23,24

ous and mechanical ventilation. Hypovolemia magnifies 
this effect because, during hypovolemia, the heart and 
the thin-walled intrathoracic vessels (such as the vena 
cava and pulmonary veins) are more collapsible. Under 
such circumstances, the changes in pleural pressure that 
occur during the respiratory cycle can have more signifi-
cant hemodynamic impact and thus result in greater 
pressure variation. This fact has led to the notion that 
respiratory cycle-associated arterial pressure variation 
could be used as an indicator of volume responsiveness 
for patients undergoing positive-pressure ventilation. 
Spontaneously breathing patients generally have wide 
variation in tidal volume, and thereby variable changes 
in intrathoracic pressures, which unfortunately makes 
respiratory effects on arterial pressure less consistent 
and interpretation very challenging. Systolic pressure 
variation (SPV), Δup/Δdown, and pulse pressure varia-
tion (PPV), all markers of respiratory cycle-associated 
arterial pressure variation, have been explored as indica-
tors of volume responsiveness for patients undergoing 
positive-pressure ventilation and are discussed here 
briefly:

• Systolic pressure variation—Systolic pressure varia-
tion, very simply, is the difference between the 
maximum systolic pressure (SPmax) present during 
inspiration and the minimum systolic pressure (SPmin) 
present during expiration:

SPV SP SP= −max min  (9.3)

An SPV greater than 10 mm Hg has been shown to 
correlate fairly well to hypovolemia in human 
patients.18 In addition, in people, SPV has been shown 
to correlate with pulmonary capillary wedge pressure 
and left ventricular end-diastolic area, both correlates 
of intravascular volume status.19,20

• Δup and Δdown—As an extension of SPV, some inves-
tigators have evaluated the utility of Δup and Δdown 

Figure 9.6 Variables used to determine volume responsiveness based on ventilation-associated variation in blood pressure: SPV, 
systolic pressure variation; SPmax, maximum systolic pressure; SPmin, minimum systolic pressure; SPref, reference systolic pressure; PPmax, 
maximum pulse pressure; PPmin, minimum pulse pressure.16

PPmax

SPmax SPmin

SPV

SPref ∆up ∆down

PPmin



128  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

There are several limitations to using these tech-
niques. Perhaps the most significant is that, as previously 
mentioned, arterial blood pressure variation equations 
can only be used in patients undergoing positive-
pressure ventilation. This limits the application to 
patients needing ventilatory support for hypoxemia, 
hypoventilation, or during anesthesia. In addition, 
factors such as technical issues, the presence of arrhyth-
mias, effects of chest wall and lung compliance, or right 
or left ventricular failure could all interfere with the 
accuracy and utility of these values in determining 
volume responsiveness.16

Other uses for the arterial pressure waveform

In addition to use in assessment of volume status, arte-
rial waveforms have also been used to determine cardiac 
output through pulse contour analysis. Pulse contour 
analysis provides beat-to-beat cardiac output values 
based on computation of the area under the systolic 
portion of the arterial pressure curve after calibration 
with a known cardiac output (typically determined by 
either lithium dilution or thermodilution). Cardiac 
output determination from the arterial pressure wave-
form requires additional equipment and software. Avail-
able systems include PulseCO (LiDCO Ltd, London, 
UK), PiCCO (Pulsion Medical Systems, Munich, 
Germany), and Flotrac (Edwards Lifesciences, Irvine, 
CA), all of which have been validated in a variety clinical 
scenarios in humans.25–29 While potentially useful in 
clinical veterinary medicine, cardiac output determina-
tion by pulse contour analysis has been shown to have 
poor correlation compared with lithium dilution in 
patients with anesthesia or hypovolemia-induced hypo-
tension, and frequent recalibration is required.30,31

Abnormal arterial pressure waveforms

Recognition of abnormal pressure waveforms is an 
essential component of utilizing dABP (see Protocol 
9.1). Alterations in waveform morphology could reflect 
true changes in clinical condition, thereby warranting 
intervention for the patient. On the other hand, they 
could indicate a technical or mechanical issue that would 
require troubleshooting the system rather than the 
patient.

Technical problems that cause abnormal 
arterial pressure waveforms
One of the major technical issues that can arise with use 
of a dABP transducer system is pressure waveform over-
damping or underdamping. Damping is the inherent 

Protocol 9.1 Suggested step-by-step approach for 
assessing direct arterial blood pressure (dABP)

Procedure
1. Determination of arterial blood pressure:

a. What is the reported systolic pressure?
b. What is the reported diastolic pressure?
c. What is the reported or calculated mean pressure?
d. What is the calculated pulse pressure?
e. Do these values reflect hypotension or 

hypertension?
f. Do these values match the patient’s clinical 

condition?
g. Do these values coincide with palpated pulse 

quality?
h. Is there significant ventilation-associated variation?

2. Assessment of pulse rate and rhythm:
a. What is the pulse rate reported by the monitor?
b. Does this value reflect bradycardia or tachycardia?
c. Does the rate match the auscultated and ECG heart 

rate?
d. Is the pulse rhythm regular or irregular? Does it 

match changes in the ECG (i.e., is there a pulse 
waveform for each QRS complex)?

3. Assessment of waveform morphology:
a. Has the waveform morphology changed 

significantly?
b. Is the morphology consistent from beat to beat?
c. Is a dicrotic notch present?
d. Has the waveform become muted (significant 

decrease in pulse pressure)?

tendency for the system itself to alter the pressure signal 
as it is transmitted from the patient to the transducer. 
Underdamping occurs when the resonant frequency of 
the monitoring system too closely matches the frequency 
of the pressure waveform. The result is a summation or 
resonance of the two frequencies, amplification of the 
signal, overestimation of SAP, and underestimation of 
DAP. All dABP monitoring systems have some inherent 
underdamping effects and, as such, tend to report falsely 
high SAPs and falsely low DAPs. The degree of inaccuracy 
can be minor or significant. The MAP reported is gener-
ally considered accurate. Normal arterial pressure wave-
forms have no “pointy” or jagged parts—waveforms 
with points or sharp peaks are therefore likely under-
damped. The length of tubing connecting the arterial 
catheter to the transducer can contribute to under-
damping in a direct relationship—increased length of 
tubing proportionally worsens underdamping.

Overdamping, on the other hand, results in attenua-
tion or muting of the arterial pressure waveform, leading 
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in Chapter 8, Fluid-Filled Hemodynamic Monitoring 
Systems) can be performed to assess the system for 
damping.

Another manifestation of respiratory arterial pressure 
variation can occur in the form of pulsus paradoxicus, 
most commonly associated with pericardial effusion 
that has resulted in cardiac tamponade. Similar to  
hypovolemia, the effective decrease in venous return 
from increased pericardial pressure results in an  
exaggeration of the difference between the SAP during 
inspiration and the SAP during expiration. Provided  
the patient is breathing spontaneously, SAP will be 
higher on expiration and lower on inspiration (see  
Fig. 9.9a).

Finally, there are certain clinical scenarios whereby a 
patient has waveforms with increased pulse pressure 
(“tall”) but are of fairly short duration (“narrow”) (see 
Fig. 9.9b). This morphology is typically caused by an 
increased SAP and a very rapid falloff to DAP, the latter 
occurring either because of decreased blood viscosity or 
backward flow of blood. Potential causes of “tall and 
narrow” waveforms, also referred to as water hammer or 
Corrigan’s pulses, include aortic regurgitation, patent 
ductus arteriosus, hypertension, and hemodilutional 
anemia.32

Thresholds of concern for arterial pressure 
value and waveform abnormalities
Significant changes in blood pressure or waveform mor-
phology should prompt assessment of clinical condition 
and intervention as indicated (see Table 9.2). Onset or 
worsening of hypotension, generally defined as SAP less 
than 80 mm Hg or MAP less than 60 mm Hg, should be 
addressed as soon as possible to limit tissue ischemia 
and potential for cardiac arrest.7 Along similar lines, 
marked hypertension, generally defined as SAP greater 

to falsely low SAP and falsely elevated DAP. The net 
effect is a significant reduction in the pulse pressure 
though the MAP generally remains relatively accurate. 
Overdamped waveforms are very smooth with loss of 
many of their defining characteristics, such as the sys-
tolic upstroke and dicrotic notch (see Fig. 9.7). Potential 
causes of overdamping include air bubbles in the line, 
line occlusion from kinking or clotting, or use of overly 
compliant tubing. More detail concerning system 
damping and technical issues of fluid-filled monitoring 
systems can be found in Chapter 8, Fluid-Filled Hemo-
dynamic Monitoring Systems.

Patient problems that cause abnormal 
arterial pressure waveforms
Alterations in arterial waveforms can also manifest as a 
result of significant changes in patient hemodynamics. 
For example, various arrhythmias can have a significant 
impact on cardiac output and blood pressure, and  
can result in diminished to completely absent arterial 
waveforms despite the presence of electrical activity (see 
Fig. 9.8).

Significant hypotension secondary to low cardiac 
output (as from hypovolemic or cardiogenic shock) can 
result in markedly muted waveforms secondary to small 
stroke volumes combined with peripheral vasoconstric-
tion. As such, pressure waveforms from patients with 
hypotension can be difficult to distinguish from those 
caused by overdamped systems. Clearly, recognizing the 
difference is essential to taking appropriate action if the 
patient is truly hypotensive. The patient’s clinical status 
(mental responsiveness, heart rate, manual palpation of 
pulses) as well as the MAP (remembering that MAP is 
typically preserved with overdamping and will be low 
with hypotension) can be helpful in distinguishing 
between the two. Alternately, a fast flush test (described 

Figure 9.7 Arterial waveform from a patient with sudden and marked overdamping of the pressure signal (arrow) associated with 
catheter occlusion. Note the sudden loss of waveform morphology, slight decrease in systolic pressure, increase in diastolic pressure, 
and loss of dicrotic notch, all without any change in heart rate.



Figure 9.8 Examples of arrhythmia-associated changes in arterial waveform morphology. (A) Ventricular premature contractions 
associated with diminished (solid arrow) to absent (dashed arrow) pressure tracings. (B) Marked tachycardia (heart rate 210 beats per 
minute) resulting in progressively diminished waveforms and blood pressure (arrows). (C) Atrial flutter with prolonged periods of absent 
ventricular contraction resulting in absent arterial waveforms.

(a)

(b)

(c)

Figure 9.9 (a) Arterial waveforms from a patient with pulsus paradoxicus demonstrating respiratory-associated arterial pressure varia-
tion. (b) Arterial waveforms from a patient with hemodilutional anemia demonstrating “tall and narrow” morphology.
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present. If there are not any readily discernable changes 
in clinical condition or ECG, the transducer setup 
should be assessed to make sure that the noncompliant 
tubing is not kinked and that there are no air bubbles 
present in the fluid column. It is also important to 
ensure the pressure bag is still inflated to at least 
250 mm Hg. If there has been significant change in 
patient position, it may be beneficial to relevel and 
rezero the transducer. To assess patency of the arterial 
catheter, the catheter should be aspirated to ensure arte-
rial blood is obtained; any air bubbles or clots should be 
removed. If the catheter does not readily aspirate, the 
system can be gently, manually flushed to assess patency 
and to evacuate any air bubbles or clots. A fast or forceful 
flush of an arterial catheter that does not readily aspirate 
carries the risk of introducing air or small thrombi into 
distal arterial circulation. If the system does not flush or 
aspirate readily, the arterial catheter should be closely 
inspected to confirm its position and functionality. If the 
catheter appears to be at least partially patent then a “fast 
flush test” (described in detail in Chapter 8, Fluid-Filled 

than 180–200 mm Hg or MAP greater than 140 mm Hg, 
could cause significant end-organ injury and would 
require intervention.33 The presence of ventilatory varia-
tion in systolic pressure greater then 10 mm Hg might 
suggest hypovolemia (prompting more aggressive fluid 
resuscitation) or pericardial effusion (prompting peri-
cardiocentesis).34 Arrhythmias that result in a sustained 
impact on blood pressure or even intermittent hypoten-
sion would need to be addressed with antiarrhythmic 
medications or a pacemaker. This could include tachy-
cardia with heart rate greater than 180–200 beats per 
minute (bpm) in dogs or 240 bpm in cats, or bradycardia 
with heart rate less than 60 bpm in dogs and 80–100 bpm 
in cats.35

Troubleshooting abnormal waveforms

One of the primary objectives in troubleshooting abnor-
mal waveforms is to determine whether changes in 
blood pressure or waveform morphology indicated by 
dABP monitoring are truly reflective of hemodynamic 
changes in the patient or if they are a function of techni-
cal or mechanical issues. These issues arise most com-
monly with the apparent presence of significant 
hypotension (and muting of the arterial waveform) or 
hypertension (and exaggeration of the waveform). 
Several steps can be followed to systematically work 
through the potential causes for these changes (see Pro-
tocol 9.2). When an abnormal waveform is detected, the 
first step is to determine if there are concurrent changes 
in the patient’s clinical status such as alteration in 
responsiveness, heart rate, or palpable pulse quality that 
might require immediate intervention. In addition, if 
not already being continuously monitored, an ECG 
should be obtained to determine if an arrhythmia is 

Table 9.2 Guidelines indicating need for clinician intervention 
based on dABP monitoring

• Hypotension7

 SAP < 80 mm Hg
 MAP < 60 mm Hg

• Hypertension33

 SAP > 180–200 mm Hg
 MAP > 140 mm Hg

• Arrhythmias35

 Tachyarrhythmias
• HR > 180–200 (dog)
• HR > 240 (cat)

 Bradyarrhythmias
• HR < 60 (dog)
• HR < 80–100 (cat)

Protocol 9.2 Troubleshooting abnormal arterial pressure 
waveforms

Procedure
• Assess patient for changes in clinical status to explain 

change in morphology:
 Assess mentation, heart rate, pulse quality, mucous 

membrane color, capillary refill time, and extremity 
temperature.

 Assess ECG for changes in rate and rhythm coinciding 
with changes in waveform.

• If patient parameters have not changed:
 Assess transducer setup and make sure:

 Noncompliant tubing is used between patient and 
transducer.

 Noncompliant tubing is not kinked.
 There are no air bubbles in the fluid column.
 Pressure bag is inflated to at least 250 mm Hg.

 Relevel transducer to level of the patient’s heart base 
and rezero the transducer, if patient position has 
changed significantly.

 Assess patency of arterial catheter:
 Aspirate arterial catheter.

• Ensure arterial blood is easily obtained.
• Remove air bubbles and clots from line.

 Flush arterial catheter.
• Ensure catheter flushes easily—do not force.
• Evacuate air bubbles or small clots from system.

• Perform “fast flush test” to assess for system overdamping 
or underdamping.
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Hemodynamic Monitoring Systems) can be performed 
to assess for the presence of overdamping or under-
damping. If underdamping is present, it may be neces-
sary to use shorter noncompliant tubing between the 
pressure transducer and the arterial catheter. If over-
damping is present and does not resolve with flushing, 
it may be necessary to confirm the presence of noncom-
pliant rather than standard extension tubing between 
the catheter and the transducer, and to assess all system 
connections and the arterial catheter itself.

Conclusions

Despite the potential limitations and technical difficul-
ties associated with its use, dABP monitoring offers 
valuable information regarding hemodynamic status. If 
equipment is available and a level of familiarity is 
obtained, dABP measurement could be used in any 24-
hour veterinary hospital and is especially useful if criti-
cally ill patients are routinely seen.
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10
Noninvasive arterial blood pressure monitoring

Jill A. Williamson and Stephanie Leone

Blood pressure is the force that the flow of blood exerts 
on the wall of the blood vessels.1 Blood pressure can be 
broken down into three components: the systolic arterial 
pressure (SAP), the diastolic arterial pressure (DAP), 
and the mean arterial pressure (MAP). The SAP and 
DAP correlate to respective phases of the cardiac cycle; 
MAP is the average of the arterial pressure measured 
millisecond by millisecond over a period of time. It is 
not equal to the average of SAP and DAP because more 
of the cardiac cycle is spent in diastole.2 The following 
equation provides an estimate of MAP and demon-
strates this principle:

MAP SAP DAP / DAP= − +[( ) ]3  (10.1)

Systemic mean arterial blood pressure (MAP) is the 
product of systemic cardiac output (CO) and systemic 
vascular resistance (SVR). Cardiac output is blood flow 
provided by the heart and is the product of stroke 
volume (SV; the volume of blood ejected with each 
heartbeat) and heart rate (HR)3:

MAP CO SVR= ×  (10.2)

CO SV HR= ×  (10.3)

Systemic vascular resistance is affected by both vascu-
lar tone and blood viscosity. While increased SVR leads 
to increased blood pressure, this increased resistance 
decreases blood flow, as described by this modification 
of Ohm’s law:

Q P R= ∆ /  (10.4)

In this equation, Q is blood flow, ΔP is the driving 
pressure of blood from one point in the circulation to 

another, and R is resistance. The equation can be altered 
specifically for MAP as relates to CO and SVR:

CO MAP RAP /SVR= −( )  (10.5)

where RAP is right atrial pressure. This concept under-
scores the notion that elevations in blood pressure do 
not guarantee improvements in blood flow.

When monitoring blood pressure, it is important to 
remember the determinants of MAP since therapy 
should target the aberrant underlying component, 
whether that be cardiac output, systemic vascular  
resistance, or both. For example, if a septic patient is 
hypotensive, one may need to address both cardiac 
output (due to hypovolemia or poor cardiac contractil-
ity) and systemic vascular resistance (due to systemic 
vasodilation).

Indirect blood pressure 
monitoring: background

Comparing direct and indirect blood  
pressure monitoring
Blood pressure monitoring in small animals has become 
a crucial part of clinical practice. The evolution of non-
invasive blood pressure (NIBP) monitoring has led  
to easier monitoring and management of both hyper-
tensive and hypotensive states. Invasive, direct blood 
pressure (dABP) monitoring is considered the gold stan-
dard in both veterinary and human medicine.4–7 Direct 
blood pressure monitoring involves intra-arterial  
catheterization, a pressure transducer, and a monitor 
allowing continuous reporting of SAP, DAP, and MAP. 
While it is considered the most accurate method, dABP 
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sure measuring devices have met these criteria in people, 
and to date, no indirect blood pressure measuring 
devices have been validated by these criteria in conscious 
dogs or cats.10,15

Discrepancies between direct and indirect arterial 
blood pressure measurements can be attributed largely 
to the fact that the dABP technique measures blood 
pressure directly, whereas most indirect techniques 
measure some variable related to blood flow.6,15,16 Non-
invasive blood pressure measurement techniques esti-
mate blood pressure by detecting return of blood flow 
by Doppler ultrasonic technology or by sensing arterial 
wall motion beneath or distal to an occlusive cuff as that 
cuff is slowly released. Indirect methods are somewhat 
limited by the fact that they require a large superficial 
artery on a distal extremity that can be occluded by a 
pressure cuff. The limited presence of these vessels, the 
variability in size and shape of the limbs, and the poten-
tial inaccessibility of these arteries due to trauma or 
peripheral venous catheters can all make it difficult to 
obtain reliable NIBP readings.4

Comparison with the dABP measurement method 
should not be the only way in which NIBP measurement 
devices are judged.7,10,15 Inherent limitations such as 
patient noncompliance, significant differences in patient 
sizes and conformations, and lack of protocol standard-
ization make NIBP measurements in dogs more difficult 
to obtain than in humans.7 Thus, validation of veteri-
nary devices should likely take into consideration these 
inherent difficulties in our unique clinical setting. In 
2007, a panel of experts on systemic hypertension in the 
American College of Veterinary Internal Medicine 
(ACVIM) made recommendations for the validation of 
NIBP methods in veterinary patients.15 These recom-
mendations are based on the AAMI guidelines for 
humans and state that the tested NIBP monitoring 
device should be compared against a dABP measure-
ment device or another NIBP measuring device for 
which validation has been published in a refereed 
journal; that a device is validated for only the species and 
condition in which the validation test was conducted; 
and that a device may be validated for systolic, diastolic, 
or both types of measurements. The ACVIM panel states 
that the investigational criteria and recommendations of 
the AAMI should be followed; criteria for validation of 
system efficacy are detailed and strict.15 Although there 
are no validated NIBP measuring devices for use in vet-
erinary patients, NIBP monitoring is nevertheless more 
commonly used than direct monitoring in clinical prac-
tice.15,17–19 The ACVIM consensus statement advocates 
the use of receiver–operator curve characteristics to 
evaluate NIBP measurement method efficacy in dogs 
and cats until such methods are properly validated.15,19

monitoring is considered invasive4,8 and has several 
other drawbacks, including that it is relatively techni-
cally demanding (especially in small patients), catheter-
ization can be painful, the catheter system increases the 
patient’s risk of sepsis, system problems such as catheter 
occlusion prevent measurement, and more equipment 
and expertise are required than for NIBP measurement.4 
Another potential drawback of dABP monitoring is 
increased cost to the client, as the required equipment 
and advanced training of technical staff are more exten-
sive and expensive than for NIBP measurement. Advan-
tages of dABP monitoring include the following: it is 
continuous and has an optional auditory signal with 
each pulse for closer, moment-to-moment monitoring 
of the most critically ill patients; after initial setup, no 
patient intervention is performed to obtain a pressure 
reading; the dABP monitors display arterial pressure 
waveforms that can be helpful in monitoring and diag-
nosis; and it is generally considered more accurate than 
indirect methods.

Noninvasive blood pressure monitoring techniques 
depend on detection of flow that passes beneath an 
occluding cuff, though the sensor differs between 
methods. In general all NIBP techniques offer the  
advantages over direct techniques of being quicker, non-
invasive, easier to perform, and requiring relatively 
minimal technical expertise.9 The primary disadvan-
tages of NIBP monitoring are that it has relatively poor 
accuracy during peripheral vasoconstriction (i.e., hypo-
volemia, shock), it is less accurate at extremely high and 
low pressures compared with dABP methods, and it is 
not truly continuous. Also, the Doppler method requires 
that an operator be physically involved during each mea-
surement. However, given the technical requirements 
and costs associated with dABP monitoring, it has 
become commonplace to use NIBP methods to obtain 
blood pressure measurements.

Validation of NIBP
The ease and widespread availability of NIBP monitor-
ing has made this method the most common for obtain-
ing blood pressure measurements in veterinary medicine. 
Therefore, it is important to know the accuracy of NIBP 
monitoring devices compared with the dABP method. 
Given that direct blood pressure measurement is con-
sidered the gold standard, NIBP devices have been eval-
uated for accuracy primarily by comparing dABP and 
NIBP measurements in both human and veterinary 
patients.10–12 The Association for the Advancement of 
Medical Instrumentation (AAMI) has developed guide-
lines for validation of NIBP measuring devices in people, 
which involve comparison of NIBP measurements 
versus dABP measurements.13,14 Few indirect blood pres-
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conditions or disease processes include all types of shock 
(cardiogenic, distributive, hypovolemic, septic), trauma, 
anaphylaxis, and gastric dilatation–volvulus.20 Anesthe-
sia is a common cause of hypotension. Many injectable 
and all inhalant anesthetic agents can cause depression 
of cardiac output and peripheral vasodilation, either of 
which can result in hypotension.20,21 The American 
College of Veterinary Anesthesiologists recommends 
blood pressure monitoring during anesthesia for all 
patients with moderate to severe systemic disease.22 
NIBP allows monitoring of trends and allows for appro-
priate therapeutic intervention.

Hypertension is a sustained increase in systemic blood 
pressure.15 Systemic arterial hypertension is becoming 
more commonly recognized as a complication of several 
disease processes (see the end of this section). This 
increased index of suspicion for hypertension has made 
screening and monitoring with NIBP measurement 
devices invaluable in clinical practice. There are two 
clear indications for measuring blood pressure: evidence 
of end-organ damage consistent with a hypertensive 
episode and the presence of a disease or condition that 
is known to cause hypertension.15 The four major organs 
affected by hypertension are the kidneys, eyes, brain, and 
heart. Sustained or acute rises in blood pressure can have 
detrimental effects on these organ systems. See Table 
10.2 for specific clinical signs of end-organ damage.

Systemic arterial hypertension can be either primary 
(idiopathic) or secondary to another disease. Secondary 

Indications for noninvasive blood  
pressure monitoring

There are many indications for monitoring blood pres-
sure in dogs and cats. Blood pressure should be mea-
sured in patients with known hypotension or 
hypertension, in patients with diseases or conditions 
that may lead to hypotension or hypertension, and in 
many undergoing anesthesia. Table 10.1 gives arterial 
blood pressure values that are considered normal for 
dogs and cats.

Hypotension, or low arterial blood pressure, is not a 
primary disease but is rather a clinical manifestation of 
another problem. There are multiple diseases that can 
lead to hypotension by various mechanisms. Potential 

Table 10.1 Arterial blood pressure values commonly 
considered normal in dogs and cats1

Dogs Cats

Systolic arterial 
pressure

90–140 mm Hg 80–140 mm Hg

Diastolic arterial 
pressure

50–80 mm Hg 55–75 mm Hg

Mean arterial 
pressure

60–100 mm Hg 60–100 mm Hg

Table 10.2 Common end-organ damage secondary to hypertension

Organ or System Effect of Hypertension Effects More Likely Comments

Kidneys Enhanced rate of decline of renal function
Nephron loss
Enhancement of proteinuria or microalbuminuria

SAP>160 mm Hg Renal disease may be a cause 
or an effect of 
hypertension.15,23–25

Eyes Exudative retinal detachment
Retinal or vitreal hemorrhage, hyphema
Retinal vessel tortuosity or perivascular edema
Secondary glaucoma
Retinal degeneration

SAP>180 mm Hg ”hypertensive choroidopathy” 
or “hypertensive 
retinopathy”15,26

Brain Disruption of blood flow due to failure of autoregulation
Fibrinoid arteriolar necrosis
Thrombosis with subsequent hypoxic damage
Cerebral swelling or edema

SAP>180 mm Hg 
acutely

Clinical signs result from 
ischemic stroke and/or 
hemorrhage damage.15,24

Heart Concentric LV hypertrophy, leading to increased wall 
stress and promoting ischemia

Secondary murmur or gallop rhythms

Unknown In cats cardiac changes may 
resolve with successful 
antihypertensive therapy.15,26

SAP, systemic arterial blood pressure; LV, left ventricular.
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guidelines for quick patient assessment. Pulse pressure 
is the difference between SAP and DAP:

Pulse pressure SAP DAP= −  (10.6)

When blood pressure is normal, the difference 
between SAP and DAP tends to be greater than the dif-
ference between SAP and DAP at low blood pressures. 
Hence, patients with small pulse pressures may be more 
likely to have low blood pressure whereas those with 
normal pulse pressure may be more likely to have normal 
blood pressure. It is important to note that no correlation 
can be estimated regarding pulse pressures and 
hypertension.

Doppler ultrasound
Principles

Doppler ultrasonic blood pressure monitoring is one of 
the most common NIBP measurement methods. In this 
technique, a Doppler probe containing two piezoelectric 
crystals is placed against the skin overlying a peripheral 
artery, distal to a pressure cuff applied circumferentially 
to the animal’s limb (see below). The Doppler probe 
emits ultrasonic waves into the tissue that are reflected 
back to the probe. The difference between the emitted 
and returning signals’ frequencies, called the frequency 
shift, is detected at the transducer and converted to an 
audible signal emitted from the Doppler unit.10,27 The 
SAP (only) is read from a sphygmomanometer con-
nected to a pressure cuff placed proximal to the Doppler 
transducer. The cuff is inflated, which occludes the 
artery, until no sound is audible from the Doppler box. 
The cuff is then gradually deflated until the first audible 
arterial sound returns, which is documented as the 
SAP.10,27 The Doppler technique cannot be used in dogs 
and cats to determine MAP or DAP. The Doppler ultra-
sonographic technique is inexpensive, easy to perform, 
and widely used in veterinary patients. The Doppler 
technique is a relatively sensitive NIBP measurement 
method in low-flow states and in smaller patients.10,18,27

The pressure cuff

The pressure cuff size is key to obtaining accurate results; 
the cuff ’s numerical size should be approximately 40% 
the circumference of the limb in centimeters in dogs 
(30%–40% in cats), at the point where the cuff will be 
placed. If the cuff size is too small, there can be errone-
ously high readings, whereas if the cuff is too large, the 
readings may be erroneously low—likely due to com-
pression of a larger portion of the artery.10,17,18,27–31 See 
Table 10.4 for appropriate pressure cuff sizing.

hypertension can also occur in response to therapeutic 
agents that are known to cause hypertension, such as 
erythropoietin, phenylpropanolamine, glucocorticoids, 
or nonsteroidal anti-inflammatory agents, among 
others.15 Both dogs and cats are affected by certain dis-
eases and conditions known to cause hypertension. In 
dogs, diseases commonly associated with hypertension 
include acute or chronic renal disease, hyperadrenocor-
ticism, diabetes mellitus, obesity, hyperaldosteronism, 
pheochromocytoma, and hypothyroidism. In cats, 
chronic renal disease, diabetes mellitus, hyperthyroid-
ism, and obesity are the common diseases and condi-
tions associated with hypertension.15 A clinician is likely 
to order blood pressure measurements in dogs and cats 
with these conditions, to screen and monitor them for 
hypertension.

Noninvasive blood pressure  
monitoring methods

There are several different ways to noninvasively monitor 
blood pressure, including Doppler ultrasound, oscillo-
metric sphygmomanometry, photoplethysmography, 
and even crudely by physical examination.

Physical examination
Known as the “poor man’s blood pressure monitor” 
pulse quality assessment during the physical examina-
tion may allow rough approximation of a patient’s blood 
pressure. Palpation of dorsal pedal pulses generally cor-
relates with SAP>90 mm Hg, while palpation of a femoral 
arterial pulse in the absence of a palpable dorsal pedal 
pulse roughly correlates with a SAP between 60 and 
90 mm Hg. The inability to palpate a femoral pulse may 
indicate a SAP<60 mm Hg (see Table 10.3). These find-
ings are based on the author’s experience and are not 
meant to replace actual blood pressure monitoring of 
acutely or critically ill patients, but rather to serve as 

Table 10.3 Physical examination findings

Estimated Systolic Blood 
Pressure

Physical Exam Findings

SAP > 60 mm Hg Unable to palpate a femoral 
pulse

60 mm Hg > SAP > 90 mm Hg Palpable femoral pulse, but no 
palpable dorsal pedal pulse

SAP > 90 mm Hg Palpable dorsal pedal pulses

SAP, systemic arterial blood pressure.
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Systemic arterial blood pressure is generally refer-
enced to the level of the right atrium (RA), which would 
require that the site of measurement (the cuff) be posi-
tioned at RA level. If the cuff is positioned lower than 
the RA, readings will be falsely elevated; the opposite is 
true if the cuff is positioned above the right atrium.15,30 
It is suggested that, if the vertical distance between  
the cuff and the RA is 10 cm (4 inches) or more, a cor-
rection factor be applied as in Table 10.5. Rather than 
applying correction factors, it is recommended that  
the cuff be as close as possible to the horizontal plane of 
the RA. However, these correction factors can be very 
helpful in animals with respiratory distress or in other 
situations that prevent the operator from repositioning 
the patient.

Performing Doppler ultrasonographic blood 
pressure measurement

Equipment required for Doppler ultrasonic blood pres-
sure measurement includes clippers with blade, ultra-
sonic gel, medical adhesive tape, various size pressure 

Table 10.4 Cuff selection for doppler ultrasonic or standard 
oscillometric blood pressure measurement

Cuff Size Limb Circumference

1.0 cm 2.5–3.7 cm (1.0–1.5 in)
2.0 cm 3.8–6.2 cm (1.5–2.4 in)
3.0 cm 6.3–8.7 cm (2.5–3.4 in)
4.0 cm 8.8–11.2 cm (3.5–4.4 in)
5.0 cm 11.3–13.7 cm (4.5–5.4 in)
6.0 cm 13.8–16.2 cm (5.4–6.4 in)
7.0 cm 16.3–18.7 cm (6.4–7.4 in)
8.0 cm 18.8–21.2 cm (7.4–8.3 in)
9.0 cm 21.3–23.7 cm (8.4–9.3 in)
10.0 cm 23.8–26.2 cm (9.4–10.3 in)
11.0 cm 26.3–28.7 cm (10.4–11.3 in)

Table 10.5 Correction factors for a vertical distance of ≥10 cm 
(4 inches) between the RA and the pressure cuff

If the Cuff is . . . Then . . . 

≥10 cm below the RA Subtract 0.8 mm Hg for every 
1 cm the cuff is below the RA

≥10 cm above the RA Add 0.8 mm Hg for every 1 cm 
the cuff is above the RA

RA, right atrium.

cuffs, sphygmomanometer, and Doppler ultrasound 
machine. See Protocol 10.1 and Figure 10.1 for detailed 
instructions regarding performance of Doppler ultra-
sonic NIBP measurements.

The operator should perform several consecutive 
Doppler blood pressure measurements, discarding the 
first reading and averaging the following three to seven 
consecutive, consistent (<20% variability in value) read-
ings.15 This method appears to improve the reliability of 
NIBP measurements.32

Standard oscillometry (oscillometric 
sphygmomanometry)
Principles

The oscillometric sphygmomanometry technique is 
even less time consuming and requires less technical skill 
than the Doppler ultrasonic technique. Oscillometry 
involves the connection of a pressure cuff to a device 
that detects arterial wall oscillations during blood flow. 
Inflating the cuff occludes the artery. As the cuff is 
deflated, the arterial wall oscillations increase at SAP, 
reach a maximum at MAP, and decrease at DAP.1,33 The 
oscillometric machines generally display MAP, SAP, 
DAP, and pulse rate. Many oscillometric machines cal-
culate SAP and DAP from the MAP using proprietary 
algorithms; therefore, MAP is probably the most reliable 
reading obtained by standard oscillometry.

The pressure cuff

For oscillometry, the bladder of the cuff should be posi-
tioned over the artery for maximum sensitivity to oscil-
lations. Other instructions regarding pressure cuff size 
and the pressure cuff position in relation to the right 
atrium are the same for standard oscillometry as for the 
Doppler method and are given in the preceding discus-
sion of Doppler ultrasound.

Limitations of standard oscillometric blood 
pressure measurement

The oscillometric techniques measure pulse rate, which 
should always be compared with the patient’s pulse rate 
as determined manually.8 If the oscillometer’s pulse rate 
estimate is inaccurate, the blood pressure results may be 
inaccurate as well. Although oscillometry is routinely 
used reliably in nonsedated dogs and for monitoring 
feline and canine blood pressures during anesthetic  
procedures,5,6,34–36 this technique appears to be less reli-
able in nonsedated cats and small dogs. This is likely  
due to smaller peripheral artery size, which may not 
generate sufficient pulse pressure to generate detectable 
cuff pressure oscillations.10,27 Additional reasons for 
invalid results using standard oscillometry include 
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Protocol 10.1 Doppler ultrasonic blood pressure 
measurement

Items Required
• Clippers with clean blade
• Ultrasonic conductance gel
• Medical adhesive tape
• Various size pressure cuffs
• Sphygmomanometer
• Charged (or plugged in) Doppler ultrasound machine, with 

headphones if desired
• Assistant, if required

Procedure
1. Collect necessary supplies.
2. Position patient in lateral or sternal recumbency while 

holding the planned cuff site at approximately the level 
of the right atrium (RA). (If this is not possible, see Note 
following the list of procedures.)

3. Clip hair from area over artery.
4. Secure a deflated cuff proximal to the artery and attach 

the sphygmomanometer. Cuff should be of a size that 
is approximately 40% of limb circumference in dogs 
or 30%–40% of limb circumference in cats. When 
measuring Doppler on the forelimbs, secure cuff on the 
radius. When measuring on the hind limbs, secure the 
cuff to proximal to the hock. Medical adhesive tape 
may be required to secure the cuff well.

5. Apply ultrasonic gel to concave surface of the Doppler 
probe.

6. Place gelled probe on the clipped skin overlying 
the artery, keeping the probe’s cord parallel to the 
limb. Adjust with fine movements until the rhythmic 
“whooshing” arterial sound is audible.

7. Inflate sphygmomanometer to 30–40 mm Hg past 
the point at which the arterial sounds are no longer 
detectable.

8. Slowly deflate the cuff until the first sounds are 
detected, marking the systolic blood pressure.

9. Allow cuff to completely deflate, allowing blood flow to 
return to the limb.

10. The first measurement should be discarded and the 
average of three to seven consistent, consecutive 
readings recorded.

11. Record results, cuff size, and cuff location in patient 
record.

Note: If positioning the cuff at approximately the (vertical) 
level of the right atrium is not possible, use the following 
correction factors when recording measurements:

If the cuff is . . . Then . . . 

≥10 cm below the RA Subtract 0.8 mm Hg for every 1 cm 
the cuff is below the RA.

≥10 cm above the RA Add 0.8 mm Hg for every 1 cm the 
cuff is above the RA.

cardiac dysrhythmias, significant bradycardia or tachy-
cardia, vasoconstriction, hypothermia, and patient 
movement. The Cardell (CAS Medical Systems INC, 
Branford, CT) oscillometric machine, unlike the 
Dinamap (Criticon Co., Tampa, FL), has been shown to 
be accurate in cats as well as dogs.11,37

Performing standard oscillometric blood 
pressure measurement

Equipment required for standard oscillometric blood 
pressure measurement includes various size pressure 
cuffs, adhesive medical tape, and the oscillometer.  
See Protocol 10.2 and Figure 10.2 for detailed instruc-
tions regarding performance of oscillometric NIBP 
measurements.

The operator should perform several consecutive 
blood pressure measurements, discarding the first 
reading and averaging the following three to seven con-
secutive, consistent (<20% variability in value) read-
ings.15 This method appears to improve the reliability of 
NIBP measurements.32

High-definition oscillometry
High-definition oscillometry (HDO) blood pressure 
monitors are relatively new to the veterinary world.  
The developers claim that HDO monitors have many 
advantages over conventional oscillometric blood pres-
sure measurement devices. Contrary to standard oscil-
lometry in which the MAP is measured and the SAP  
and DAP are calculated, HDO devices perform real- 
time analysis of arterial wall oscillations to obtain  
pressure wave amplitudes. Some additional putative 
benefits include electronically controlled valves that 
adapt to maintain linearity during cuff deflation,  
permitting accurate readings from 5 to 300 mm Hg; 
high-speed analysis that allows the detection of and 
accurate measurement of blood pressure in the face  
of dysrhythmias; and high sensitivity that allows  
measurements from minimal signals and during heart 
rates of up to 500 beats per minute.38 There have been 
promising preliminary results in both the dog and the 
cat.15,39–41 More recent studies following recommended 
validation guidelines unfortunately have not been able 
to officially validate the method, though as mentioned 
previously, no NIBP monitoring method has yet met 
these criteria for nonsedated dogs and cats. Recent 
studies of HDO in dogs and cats have not shown good 
correlation with other blood pressure measurement 
methods.38,41 Since few peer-reviewed studies have been 
published evaluating HDO in clinical patients, its future 
role in small animal blood pressure monitoring remains 
unclear.
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fashion with the cardiac cycle. This variation is detected 
with a clamp attached to a finger in humans or on a foot 
or tail in veterinary patients. The pressure cuff is deflated 
and inflated rapidly to maintain a constant volume in 
the extremity; the cuff pressure will then equal intra-
arterial pressure. This technique allows for real-time 
display of cuff pressure, and therefore intra-arterial 

Photoplethysmography

Photoplethysmography is a less frequently encountered 
NIBP measurement technique. The photoplethysmo-
graph uses infrared radiation to measure blood volume.1 
This method is based on the “volume clamp” principle. 
The blood volume in an extremity varies in a cyclic 

Figure 10.1 (a) Equipment required for Doppler blood pressure measurement: (clockwise from left) pressure cuffs of various sizes, 
ultrasonic gel, Doppler machine, sphygmomanometer. (b) Proper measurement technique for pressure cuff size. (c) Appropriate cuff 
size for this patient. (d) Proper patient and pressure cuff positioning (in relation to the patient’s right atrium) for measurement of 
Doppler blood pressure in a dog.

(a) (b)

(c) (d)
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Optimizing the reliability of noninvasive blood 
pressure measurement

The ACVIM consensus panel established some guide-
lines for optimizing the reliability of NIBP measure-
ments. The panel cited operator experience as the most 
likely cause of inaccurate values; hence, an experienced 
operator should always perform measurements, and 
appropriately training staff cannot be overemphasized. 
The panel’s recommendations also include the use of a 
standardized protocol (see Protocols 10.1 and 10.2), 
allowing the animal to acclimatize to its environment 
prior to measurement, proper and comfortable cuff 
placement, and performance of several readings as rec-
ommended previously. Although these recommenda-
tions are valid and should be followed when possible, 
some of them are not possible in the emergency room 
and the intensive care unit (ICU). Thus, it is important 
at the least that an experienced operator be measuring 
the blood pressure and to ensure appropriate cuff size 
and location. The consensus panel also recommends 
calibrating each NIBP device twice yearly for best 
accuracy.15

Acutely and critically ill patients are typically highly 
stressed and are often in shock; therefore, acquiring 
accurate and reliable NIBP measurements is very chal-
lenging even when using all recommended techniques. 
Hence, one should perform patient physical examina-
tion frequently and may consider additional monitoring 
such as electrocardiogram (ECG), which can help cor-
roborate findings. The patient’s pulse rate should  
correlate with the pulse rate on the NIBP device; lack  
of correlation raises concerns of inaccurate NIBP 
readings.

Conclusion

Hypotension and hypertension are both common find-
ings in the emergency room and the ICU. Several disease 
conditions and clinical presentations warrant NIBP 
monitoring. Using blood pressure to help guide fluid 
resuscitation and specific pharmacologic interventions 
will help reduce both morbidity and mortality in these 
patients. Familiarizing the staff and clinicians with 
normal arterial pressure values, along with use of a stan-
dardized protocol for NIBP devices, will facilitate their 
use and optimize their reliability.

At this time there are no machines validated to 
perform NIBP measurement in dogs and cats, but that 
does not mean these methods are necessarily unreliable 
or unuseful in clinical practice. Stringent requirements 
for validation using the comparative gold standard of 
dABP monitoring should likely be re-evaluated. The 

Protocol 10.2 Standard oscillometric sphygmomanometry 
blood pressure measurement

Items Required
• Various size pressure cuffs
• Oscillometer, with power cord
• Assistant, if required

Procedure
1. Collect necessary supplies.
2. Position patient in lateral or sternal recumbency while 

holding the planned cuff site at approximately  
the level of the right atrium (RA). (If this is  
not possible, see Note following the list of procedures.)

3. Secure a deflated cuff of a size that is approximately 
40% of limb circumference in dogs or 30%–40% of limb 
circumference in cats.

4. The bladder of the cuff (the portion that fills with air) 
should be centered over the palpable pulse if possible.
a. Cuff should be measured for and placed above the 

carpus in small dogs and in cats.
b. Cuff should be measured for and placed over the 

metatarsal in larger dogs.
5. Push the button on the oscillometer that begins pressure 

readings. Discard the first reading and record the 
average of at least three to seven consecutive, consistent 
readings.

6. Record the average SAP, DAP, and MAP, and the cuff size 
and location in the patient record.

Note: If positioning the cuff at approximately the (vertical) 
level of the right atrium is not possible, use the following 
correction factors when recording measurements:

If the cuff is . . . Then . . . 

≥10 cm below the RA Subtract 0.8 mm Hg for every 1 cm 
the cuff is below the RA

≥10 cm above the RA Add 0.8 mm Hg for every 1 cm the 
cuff is above the RA

pressure, systolic and diastolic measurement.8 This 
device is designed for use on the human finger and has 
the advantages of continuous monitoring ability, beat-
to-beat assessment of blood pressure, and visualization 
of the pressure pulse waveform.1,10,37 Disadvantages 
include its limited usefulness on awake animals and on 
larger animals, due to the clamp size.1,10 Although it has 
been found to be accurate in both dogs and cats it has 
not come into favor as a commonly used clinical NIBP 
monitor.
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measurement is advised although in emergent and criti-
cal situations often it is not entirely possible. Adhering 
as closely as reasonably possible to standard protocols 
and using physical exam findings, along with other 
monitors, will improve the utility of NIBP devices and 
their measurement results.

ACVIM consensus panel recommendations for valida-
tion should lead to some NIBP monitoring tools gaining 
validation in small animals.

Standardization of hospital protocols and staff train-
ing for use of NIBP devices is highly recommended. 
Following the ACVIM guidelines for blood pressure 

Figure 10.2 (a) Example of a standard oscillometric blood pressure monitor. (b) Proper pressure cuff and patient positioning for 
standard oscillometric blood pressure measurement in a cat. (c) Proper cuff size for standard oscillometric blood pressure measurement 
in this dog. (d) Proper positioning for standard oscillometric blood pressure measurement in a dog.

(a) (b)

(c) (d)
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11
Central venous pressure monitoring

Rosalind S. Chow and Pamela Dilley

Clinical management of the critically ill animal usually 
requires regular assessments of the adequacy of intra-
vascular blood volume and cardiac preload. Hemody-
namic instability may develop in many different  
ways. Excessive vomiting, diarrhea, polyuria, hemor-
rhage, or body cavity effusion can result in hypovolemia. 
Sepsis or systemic inflammatory response syndrome 
may alter vascular volume and tone. Central venous 
pressure (CVP) measurement can provide useful infor-
mation in these and other situations. It represents the 
direct measurement of venous blood pressure from a 
catheter inserted into the cranial vena cava or, less com-
monly, into the caudal vena cava or the right atrium. 
When measured from the vena cavae, CVP is considered 
to be a close approximation of right atrial pressure,1 
which in turn is a determinant of right ventricular 
preload. As a result, CVP measurement is widely used  
as an index of circulating blood volume to help guide 
fluid resuscitation and diuretic therapy in veterinary 
patients.2–5

Determinants of central venous pressure

Central venous pressure is determined primarily by the 
interrelationship between venous return and right heart 
function.6 In turn, venous return is affected by venous 
tone, venous wall compliance, and circulating blood 
volume, whereas right-sided cardiac output is deter-
mined by heart rate, preload, afterload, and contractility. 
Therefore any normal physiological process, disease, or 
medical intervention that alters one of these factors may 
affect CVP. This includes changes in sympathetic tone 
that occur during stress and illness, structural and func-

tional diseases of the heart, and vasoactive drugs such as 
vasopressors, sedatives, and general anesthetics.

While these factors affect CVP due to their influence 
on cardiovascular function or blood volume, in some 
cases, extravascular forces, such as increases in intratho-
racic or intra-abdominal pressure, can also change the 
CVP.7,8 High pressure within the thoracic cavity can 
develop secondary to a number of conditions, including 
effusion, presence of a space-occupying mass, a forced 
expiratory respiratory pattern, or positive end-expiratory 
pressure (PEEP) during mechanical ventilation. A suf-
ficient rise in intrathoracic pressure will compress the 
vena cava and right atrium and raise the CVP. Similarly, 
elevations in intra-abdominal pressure can be seen with 
ascites, acute abdominal syndrome, neoplasia, active 
abdominal expiratory effort, and other conditions. 
When there is significant disease in the thoracic or 
abdominal cavities, it is important for the clinician to be 
aware of their potential influence on the CVP. In general, 
when interpreting CVP measurements to help with clin-
ical decision-making, it is crucial to remember that 
many things other than circulating blood volume affect 
the CVP.

Indications for the measurement of central 
venous pressure

Monitoring CVP can help to guide fluid therapy in 
animals with abnormalities in circulating blood volume 
or abnormal right heart function. Central venous  
pressure cannot be used to make inferences about left 
ventricular preload or function, however.9 Specific indi-
cations for CVP measurement include the presence of 
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Measurement technique

Central venous pressure is typically measured from a 
specialized catheter that is inserted into the external 
jugular vein and advanced into the cranial vena cava or, 
less commonly, into the right atrium. Right atrial pres-
sure can also be measured from the proximal lumen of 
a pulmonary artery catheter. Pressure measurements 
from the vena cava and the right atrium are generally 
considered interchangeable at rest,13,14 although this is 
untrue if there exists an obstruction between these two 
sites, and their responses are not identical following 
fluid bolus or vasopressor therapy.15 Several alternative 
techniques for obtaining the CVP have been described 
in animals, including catheter insertion into the omo-
brachial vein in dogs16 with subsequent passage into the 
cranial vena cava, as well as placement into the femoral 
vein and caudal vena cava in dogs17 and cats.18 In human 
patients, peripheral venous pressure has also been used 
as an estimate of CVP due to the similarities between 
centrally and peripherally measured venous pres-
sures.19,20 Unfortunately, this technique has shown poor 
correlation in dogs and cats.21

Catheter selection and placement
Either single-lumen or multilumen vascular catheters 
can be used and should be of sufficient length to reach 
the thoracic vena cava from the point of insertion. Inser-
tion of a multilumen catheter has the added advantage 
of allowing continued infusion of intravenous fluids and 
drugs through the proximal ports as the CVP is mea-
sured simultaneously from the catheter’s distal port. The 
rate of fluid administration has been shown to have no 
affect on the CVP in humans, even during pressurized 
saline infusions of up to 9120 mL/hour via a double-
lumen catheter and up to a combined rate of 14,340 mL/
hour through the proximal ports of a triple-lumen cath-
eter.22 These results are likely similar in veterinary 
patients although similar experiments have not yet been 
published.

Prior to catheter placement, it is important to prede-
termine an appropriate depth of insertion. Before 
approaching the jugular vein, a good estimate of depth 
can be obtained by measuring the distance between the 
insertion site and the caudal aspect of the shoulder, 
which should position the tip within the cranial vena 
cava. Following placement, the catheter’s position can be 
verified by radiography and by visualization of a char-
acteristic central venous pressure waveform (as dis-
cussed in the Waveform Analysis section in this chapter). 
Radiographic confirmation is particularly important 
when alternative catheter insertion sites are used, such 
as the saphenous vein, as premeasurement is more dif-

persistent hypotension despite fluid resuscitation, vaso-
pressor therapy, extensive third space losses, oliguria or 
anuria, hemorrhage, trauma, sepsis, burns, and heart 
failure. Patients undergoing urgent or emergent surgical 
procedures, and those with multiple medical problems, 
can be predisposed to developing cardiovascular insta-
bility while anesthetized. In these animals it may be 
practical to insert a central venous catheter and begin 
monitoring preemptively to allow earlier detection of 
abnormalities in the perioperative period.

Risks

Central venous catheter use carries small but real risks 
of thrombosis, thromboembolism, carotid arterial pun-
cture, infection, phlebitis, bleeding, and vascular erosion. 
Cardiac arrhythmias, or rarely cardiac wall perforation, 
can result if the catheter tip is accidentally advanced into 
the right atrium or right ventricle. There are fewer prob-
lems associated with CVP measurement itself. The main 
risk is accidental introduction of air or bacteria into the 
venous system, particularly if poor technique is prac-
ticed. The cranial vena cava is a low-pressure system, and 
opening the system to the atmosphere may result in air 
embolism formation. Fortunately, this is a rare occur-
rence with intermittent CVP measurement technique 
and even less common with continuous technique, as 
the system is closed to the outside environment. Addi-
tionally, several straightforward precautions will reduce 
the incidence of complications. These include following 
proper hand hygiene measures prior to handling the 
jugular catheter or CVP system, careful inspection of the 
tubing and transducer to assess for defects, the use of 
Luer lock connectors such as Luer-Lok (Becton, Dickin-
son and Company, Franklin Lakes, NJ), and periodic 
verification of the tightness of these connections, par-
ticularly in mobile patients.

Normal value

The most commonly used reference range for central 
venous pressure is around 0—5 cm H2O,3,10,11 although 
values of up to 10 cm H2O can be normal.2,12 The wide 
reference range reflects the inherent variability in normal 
resting CVP due to the impact of many factors on 
venous pressure, including blood volume, venous tone, 
and cardiac function.

The units of CVP measurement are millimeters of 
mercury (mm Hg) or centimeters of water (cm H2O), 
depending upon the method of measurement. To 
convert from mm Hg to cm H2O, multiply by a factor 
of 1.36:

CVP in cm H O CVP in mm Hg2 1 36= × .  (11.1)
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Zeroing and leveling

To obtain reliable pressure measurements, two princi-
ples are important. First, atmospheric pressure, which 
measures approximately 760 mm Hg at sea level, is used 
as the standard reference point to which CVP is com-
pared. Atmospheric pressure is created by the weight of 
air, which presses down on the body and everything 
within it, including the central veins. It also pushes on 
the transducer and the manometer fluid column. Since 
it exerts the same magnitude of pressure on each object, 
for simplicity it is cancelled out and atmospheric pres-
sure is considered 0 cm H2O (0 mm Hg) for purposes of 
CVP measurement. This allows a CVP of 770 mm Hg to 
be read as 10 mm Hg and eliminates the need to adjust 
CVP measurements for fluctuations in barometric pres-
sure.23 The process of correcting for atmospheric pres-
sure is called zeroing. Pressure transducer systems have 
an integrated stopcock and port that can be opened to 
the atmosphere to calibrate, or zero, the transducer.

The second principle is the importance of aligning the 
transducer system (or manometer) with the vascular 
structure containing the pressure of interest, also known 
as the zero reference point, in order for the measure-
ments to be accurate. In the case of CVP, the zero refer-
ence point is the center of the right atrium. The stopcock 
(for continuous CVP measurement) or the 0 cm H2O 
mark on the manometer (for intermittent measure-
ment) must be positioned or leveled on the same hori-
zontal plane as the patient’s right atrium during zeroing 
and thereafter during measurement, as demonstrated in 
Figure 11.1. See Chapter 8, Fluid-Filled Hemodynamic 
Monitoring Systems, for more information regarding 
zeroing and leveling transducers.

Due to species- and breed-related variability in tho-
racic conformation, there is no completely foolproof 
method of determining where the right atrium lies. 
However, as a general rule of thumb, the sternum is a 
good approximation for a dog or cat in lateral recum-
bency. For an animal in sternal recumbency, draw an 
imaginary vertical line at the caudal aspect of the shoul-
der that extends from the top of the dorsal spinous 
process to the sternum. The right atrium lies at a point 
that is roughly 40% of the height of this line.

Proper determination of the zero reference point is 
crucial, because failure to level the transducer (or manom-
eter) relative with it will result in an erroneous central 
venous pressure reading. It will be falsely high if the trans-
ducer is resting below the right atrium and falsely low if 
the transducer is above the right atrium; if the error is 
not detected and the resulting measurements are used 
as the basis for fluid therapy decisions, harm to the 
patient could result. For this reason, the height of the 

ficult to perform with accuracy in such cases. Catheters 
advanced into the right atrium can occasionally generate 
arrhythmias and should be backed out slightly. Acciden-
tal advancement of the catheter tip into the ventricle 
should be avoided. However, if it occurs, it is not difficult 
to recognize once a pressure measurement is obtained, 
as peak right ventricular pressures approach 20–
30 mm Hg in the normal animal.2 They will be visible as 
extreme fluctuations of the fluid column of the water 
manometer (for intermittent CVP measurement) or of 
the displayed waveform on the electronic monitor (for 
continuous CVP measurement).

General principles
The two methods of obtaining the CVP are intermittent 
measurement and continuous measurement. In both 
methods, the catheter is connected via a fluid-filled 
tubing system to a pressure-measuring device that dis-
plays the venous pressure. Intermittent measurement 
involves connecting the catheter to a water manometer, 
infusing a predetermined volume of saline, and allowing 
the fluid level to equilibrate with the patient’s central 
venous pressure. The height of the fluid column within 
the manometer is recorded in centimeters of water pres-
sure (cm H2O). Continuous CVP measurement is 
obtained by linking the catheter via noncompliant, 
fluid-filled tubing to a pressure transducer that converts 
the venous pressure wave to an electrical signal. The 
venous pressure waveform is displayed continuously 
and in real time on a monitor. The average venous  
pressure in millimeters of mercury (mm Hg) is also 
shown.

As is commonly the case where more than one method 
of measurement is available, there are advantages and 
disadvantages to each technique. The equipment needed 
to perform intermittent CVP monitoring is simple and 
inexpensive. However, repeated measurements are rela-
tively time-consuming to obtain. In contrast, once the 
system for continuous CVP monitoring is assembled, 
moment-to-moment changes in CVP are displayed on 
the monitor without the need for additional interven-
tion. The ability to view CVP continuously is particu-
larly useful for unstable patients in the intensive care 
unit and in the operating room. Frequent measurements 
also permit better and more timely determination of a 
patient’s response to therapy. However, a higher level of 
technical knowledge and skill is needed to set up and 
troubleshoot continuous CVP monitoring and it also 
requires purchase of a specialized monitor, which can be 
expensive. When available, refurbished and used moni-
tors may represent a more economical solution for many 
hospitals.
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manufactured for this purpose that has centimeter 
markings along its length. A simpler homemade alterna-
tive consists of a short section of IV fluid extension 
tubing that can be affixed to a ruler. Either standard fluid 
tubing or noncompliant tubing manufactured specifi-
cally for blood pressure monitoring can be used. The 
equipment required to perform intermittent CVP mea-
surement is shown in Figure 11.2.

To ensure accuracy, the patient should rest in the same 
position for each measurement period and this position 
should be recorded on the patient’s treatment sheet for 
future reference. Both lateral and sternal recumbencies 
are acceptable. It may be more difficult to obtain accu-
rate readings from an animal that is sitting or standing. 
Whenever possible, use the same position for subse-
quent measurements. In some situations, it will be 
impractical or unsafe to position the patient in a certain 
way. If this is the case, it is important to adjust the height 
of the manometer so that the 0 cm H2O mark is level 
with the zero reference point (the right atrium) prior to 
recording the CVP. Alternatively, as CVP can occasion-
ally fall below zero, it can be helpful to align the 
10 cm H2O mark with the zero reference point to facili-

transducer and stopcock system should always be evalu-
ated prior to each pressure reading. Their position may 
need to be adjusted depending on whether the animal is 
recumbent, sitting, or standing. Gentle restraint may be 
needed with mobile patients to obtain accurate CVP 
readings. The transducer should also be periodically 
rezeroed—always at the level of the right atrium—due 
to the potential for drift.24 Additionally, whenever pos-
sible, measurements should be taken by the same person 
to avoid inconsistent technique. The attending veteri-
narian should be notified if the CVP measurements are 
showing an upward or downward trend, particularly if 
they fall outside of expected or target values.

Intermittent central venous  
pressure measurement

Prior to initiating CVP measurement, it is important to 
verify the patient has a correctly positioned central 
venous catheter, as described earlier in this chapter. Two 
types of water manometers can be used for intermittent 
CVP measurement. The best one is a rigid, narrow, 
cylindrical tube made of glass or plastic specifically 

Figure 11.2 Equipment required for intermittent central venous 
pressure measurement.

Figure 11.1 Leveling of the manometer with the zero reference 
point. Though this ferret’s heart is far caudal of the manometer, 
note that the zero value must only be on the same horizontal 
plane as the patient’s right atrium in order for measurements to 
be accurate.
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tate measurement of negative pressures. When this posi-
tioning is used, one must subtract 10 cm H2O from the 
height of the fluid column in the manometer to obtain 
the true CVP measurement.

The CVP is read at the bottom of the meniscus in the 
manometer (or at the center of the floating ball in  
the manometer, if present). Patient heartbeat or respira-
tion may cause millimeter fluctuations in the meniscal 
level. In a spontaneously breathing animal, the CVP 
reading will decrease during inspiration and increase 
during expiration. The pressure reading should be 
obtained at end-expiration if the patient is breathing 

Protocol 11.1 Intermittent central venous pressure measurement

Items Required
• Indwelling central venous catheter (inserted to the proper depth)
• Disposable water manometer (calibration in centimeters), or a centimeter ruler and extension tubing
• 0.9% NaCl
• Three-way stopcock with locking fittings
• 20-mL syringe
• Noncompliant tubing or standard fluid extension tubing
• Heparinized saline flush
• One assistant

Procedure
1. Collect the necessary supplies.
2. Perform hand hygiene and don examination gloves.
3. The patient may lie in lateral or sternal recumbency. This position should be recorded on the patient treatment sheet for 

future reference.
4. If applicable and safe to do so, have the patient rest in the same position that was recorded in the treatment sheet for prior 

CVP measurements.
5. Flush the patient’s central venous catheter with heparinized saline solution to ensure patency.
6. Assemble the CVP monitoring setup. First orient the manometer vertically. Then connect the three-way stopcock to the 

manometer, to the saline-filled syringe, and to the fluid tubing.
7. Orient the three-way stopcock valve so that it is closed to the manometer and open to the tubing and fluid-filled syringe. 

Then, prime (fill) the stopcock and fluid tubing with 0.9% NaCl from the syringe. Connect the fluid tubing to the central 
venous catheter. If a multilumen catheter is being used, connect the tubing to the central lumen.

8. Orient the stopcock valve so that it is closed to the patient’s central venous catheter and open between the manometer 
and the fluid-filled syringe. Using the 20-mL syringe, fill the manometer with 0.9% NaCl to a level that is approximately 
10–20 cm H2O greater than the patient’s expected CVP. Do not allow the manometer to overflow while filling.

9. The manometer may be attached to an IV pole to facilitate height adjustments, held vertically in the operator’s hand, or 
taped to the wall of the cage. Locate the 0 cm H2O mark and position the manometer so that it is level with the zero reference 
point (the patient’s right atrium).

10. Close the stopcock valve toward the syringe, which will open a fluid column between the manometer and the patient. The 
fluid level in the manometer will initially fall as it flows into the patient and then stabilize as the fluid level equilibrates with 
the CVP.

11. The operator should ensure consistent readings by performing three or more consecutive measurements and calculating an 
average. Record the average pressure and patient position on the patient’s treatment sheet.

12. When the measurements have been completed, turn the stopcock off to the manometer and disconnect the pressure tubing 
from the central venous catheter. If intravenous fluid therapy will not be immediately resumed, flush the central venous 
catheter with heparinized saline.

normally. If there is pronounced expiratory abdominal 
effort, the measurement should be obtained at the 
beginning of the expiratory phase, prior to the onset of 
active abdominal effort.1,6 Detailed instructions on per-
forming intermittent CVP measurement are available in 
Protocol 11.1.

The time interval between measurements will depend 
on the patient’s cardiovascular status as well as person-
nel availability, but a reasonable place to start is to space 
readings 1–4 hours apart. If more frequent measure-
ments are desired, continuous CVP measurement should 
be considered.
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zeroing port cap is replaced and the stopcock is turned 
so it points off toward the port cap to create a continu-
ous fluid column between the pressure transducer and 
the patient’s central vein. Central venous pressure mea-
surement may then begin.

As with intermittent CVP measurement, it is impor-
tant to ensure the transducer is at the level of the zero 
reference point prior to zeroing or obtaining a reading. 
This is best achieved by having the patient lie in the  
same position for each measurement period. Specific 
instructions for assembling the continuous CVP  
measurement system are included in Protocol 11.2. 
Common issues and solutions that may be encountered 
during continuous CVP monitoring are summarized in 
Table 11.1.

Maintenance of the continuous CVP system
For the patient undergoing continuous CVP monitor-
ing, certain maintenance procedures should be included 
in the patient’s treatment orders, listed in Box 11.1. The 
patient can be disconnected from and reconnected to 
the CVP measurement system without the need to 
rezero the transducer as long as the disconnection occurs 
between the transducer and the central venous catheter. 
However, if the transducer cable is disconnected from 
the monitor, it will be necessary to rezero the transducer 
prior to obtaining a CVP reading.

CVP interpretation

Central venous pressure should never be used as the sole 
monitoring parameter to determine the adequacy of cir-
culating blood volume. It must always be evaluated in 
conjunction with the patient’s history, signalment, and 
physical examination, and ideally with knowledge of the 
animal’s cardiac and renal function. Laboratory data 

Continuous central venous  
pressure measurement

The list of supplies and equipment needed for continu-
ous CVP measurement is more extensive than it is for 
intermittent measurement. To better familiarize the 
reader with the materials and monitoring technique, 
additional details are provided here.

Pressure transducer kits come presterilized and typi-
cally consist of a disposable pressure transducer, three-
way stopcock with zeroing port cap, and a flush 
mechanism (see Fig. 9.1). Some also include noncompli-
ant (“high-pressure”) tubing that is needed to join the 
pressure transducer to the patient’s central venous cath-
eter. Additional tubing can be added between the trans-
ducer and the patient if more length is needed. Standard 
fluid extension tubing is soft and compliant, whereas 
noncompliant tubing made for blood pressure measure-
ments is flexible but nondistensible. In theory, excessively 
long or compliant tubing could dampen transmission of 
the pressure waveform, resulting in waveform distor-
tion.25,26 Due to the low vascular pressures of the venous 
system, damping from overly compliant tubing is less of 
a concern with CVP measurement than it is with direct 
arterial blood pressure monitoring.26 But optimization 
of the CVP waveform will be achieved with noncompli-
ant tubing specifically manufactured for blood pressure 
monitoring. The reader is referred to Chapter 8, Fluid-
Filled Hemodynamic Monitoring Systems, for more 
details regarding tubing characteristics.

The last element of the continuous monitoring setup 
is assembly of the flush system, which is pressurized and 
provides a simple method of flushing the catheter by 
pulling the rapid flush valve (usually referred to as a 
pigtail on the transducer). The flush solution consists of 
heparinized saline and it is prepared by adding unfrac-
tionated heparin to a bag of 0.9% NaCl to a final con-
centration of 1 U/mL.

Prior to beginning measurement, the transducer must 
be zeroed at the proper level by exposing it to atmo-
spheric pressure in approximately the same horizontal 
plane as the right atrium (see Intermittent Measurement 
instructions for more details). The fluid-filled system is 
zeroed and leveled by turning the stopcock lever off 
toward the patient, removing (and saving) the zeroing 
port cap, and setting the monitor to zero. The reader 
should consult the reference manual for his or her spe-
cific monitor for additional details. Once this has been 
done, the monitor will display 0 mm Hg and the wave-
form tracing should overlap zero on the displayed scale. 
If the transducer does not zero, the transducer is the 
most likely culprit, and it should be replaced and  
the procedure reattempted. After the zeroing step, the 

Box 11.1 Maintenance of the continuous CVP system

• The transducer and catheter system should be periodically 
flushed by pulling on the fast flush device. This should be 
performed at least once every 4 hours.

• The transducer should be rezeroed no less frequently than 
every 12 hours due to the potential for drift.

• Change the flush solution and tubing every 48 hours.
• Ensure there are no air bubbles in the fluid line at any 

time.
• Periodically inspect and reinflate the pressure bag to 

300 mm Hg as necessary, and verify the heparinized saline 
bag is not empty.
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Protocol 11.2 Continuous central venous pressure measurement

Items Required
• Indwelling central venous catheter inserted to the proper depth
• Pressure transducer kit
• Bag of 0.9% NaCl heparinized to a concentration of 1 U/mL
• Standard fluid administration set
• Pressure bag of appropriate size for heparinized saline bag
• Ideally, noncompliant fluid tubing; alternately, standard fluid extension tubing
• Electronic blood pressure monitor and its associated transducer cable

Procedure
1. Collect the necessary supplies.
2. Perform hand hygiene and don examination gloves.
3. The patient may lie in lateral or sternal recumbency. This position should be recorded on the patient treatment sheet for 

future reference.
4. Flush the patient’s central venous catheter with heparinized saline solution to ensure patency.
5. Assemble the heparinized saline flush system by spiking the heparinized saline fluid bag with the standard fluid 

administration set and flushing fluid through the tubing. Clamp the tubing and cap the set’s open end.
6. Place the pressure bag over the bag of heparinized saline, hang it on an IV pole placed next to the patient, and inflate the 

pressure bag to 300 mm Hg.
7. Assemble the transducer system by connecting it to the noncompliant tubing, to the assembled heparinized saline flush 

system, and to the transducer cable and electronic monitor, as shown in Figure 9.1.
8. Prime (fill) the transducer and noncompliant tubing system with heparinized saline by pulling the transducer’s fast flush valve 

(pigtail).
9. Connect the pressure tubing to the central venous catheter. If using a multilumen catheter, the CVP measurement 

should be obtained from the most distal lumen, reserving the other lumens for IV fluid therapy, drug administration, or 
blood withdrawal. It is not necessary to discontinue IV fluid or drug administration through the other ports during CVP 
measurement.

10. Position the height of the transducer and stopcock system so that the stopcock is aligned at the same height as the zero 
reference point (the right atrium). The transducer may be attached to an IV pole, to the cage door, or taped to a stable 
support that is resting on the floor of the cage.

11. Flush the catheter by pulling on the pigtail and wait for the pressure to equilibrate.
12. The system must be calibrated (zeroed) before any measurements can be interpreted. To perform zero-calibration, with the 

stopcock at the height of the right atrium, turn the stopcock off toward the patient. Remove the zeroing port cap on the 
stopcock to open it to the atmosphere. Select the zeroing function on the display monitor and wait for it to read 0 mm Hg. 
Replace the zeroing port cap and turn the stopcock toward the zero port, which will allow the pressure to equilibrate 
between the patient’s vena cava and the transducer.

13. Once the pressure has stabilized, record the CVP measurement.
14. For subsequent measurements, verify the transducer height is correctly positioned at the zero reference level before recording 

the CVP measurement.

and additional markers of hemodynamic status, such as 
arterial blood pressure and urine output, should also be 
factored into the clinical assessment.

Due to the number of potential factors that can influ-
ence CVP, an isolated value is difficult to interpret and 
is of minimal benefit. However, serial measurements 
over time may document trends in venous blood pres-
sure that can provide useful information to assist in  
the assessment of circulating volume status. Apart from 
its usefulness as a diagnostic tool when hypovolemia  
is suspected, CVP measurement can also be used to 

monitor the effectiveness of fluid therapy to treat  
low circulating blood volume. However, in a similar 
manner, its success or failure should be determined by 
concurrently evaluating a combination of other clinical 
markers.

In hemodynamically unstable patients, the primary 
objective of fluid therapy is to optimize right ventricular 
preload in an effort to improve cardiac output and  
tissue perfusion. The rationale for performing CVP 
measurement is its ability to serve as an estimate of  
right atrial pressure, which is a major determinant  
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venous pressure is useful here to highlight their 
reasoning.

Venous return describes the flow of blood from the 
systemic circulation back to the heart. Proper flow 
depends on the maintenance of an adequate pressure 
gradient, often referred to as the driving pressure, 
between the peripheral and central venous vasculatures. 
Driving pressure here is small. The pressure in the 
peripheral venous circulation averages only 5–10 mm Hg 
greater than the pressure within the central veins, and 
homeostatic adjustments ensure continued return blood 
flow as variables change.7

The dynamic properties of the venous system that 
allow it to regulate venous return also govern its other 
role, which is to serve as a blood reservoir. Veins contain 
approximately 65% of the systemic blood volume.28 A 
major portion of that blood is contained within the 
splanchnic veins, which function as capacitance vessels 
capable of significant adjustments in wall compliance to 
accommodate changes in blood volume. When effective 

of right ventricular end-diastolic pressure. Right atrial 
and right ventricular pressure are equal when the tricus-
pid valve is open and pressures have equilibrated at the 
end of ventricular diastole. Right ventricular end-
diastolic pressure is in turn related to right ventricular 
end-diastolic volume, which determines end-diastolic 
myocardial wall stretch, or preload.

While the initial temptation would be to assume that 
low values of CVP correspond to hypovolemia and high 
values indicate volume overload, in reality, the associa-
tion between CVP and preload is not always straightfor-
ward. Critics note that isolated values of CVP do not 
correlate well with intravascular blood volume, nor can 
CVP be used to predict stroke volume or cardiac output 
following a fluid challenge.27 Despite these limitations, 
its proponents argue that CVP nevertheless provides 
useful information about preload and right-sided heart 
function and that these criticisms reflect misunder-
standing and misuse of this monitoring tool.14 A review 
of the physiological principles behind venous return and 

Table 11.1 Troubleshooting tips for continuous CVP measurement

Problem Possible Cause

Pressure is displayed as a 
flat line rather than a 
waveform.

Complete occlusion of the catheter, stopcock, or fluid line (displayed pressure will be far above the 
normal reference range).

Partial occlusion of the catheter, stopcock, or fluid line.
Patient is small (cats and small dogs occasionally lack a visible waveform although the mean pressure 

can still be used for trending purposes).
Air bubble or leak in the system.

No pressure is displayed 
on the monitor.

Monitor display settings are incorrect.
Transducer was not zeroed.
Transducer cable is broken or is not plugged into the monitor.

Pressure reading is higher 
than expected.

Intrathoracic or intra-abdominal pressure is significantly increased.
Central venous catheter is clamped off or occluded.
Transducer is below the level of the right atrium.
Transducer is defective.

Pressure reading is lower 
than expected.

Transducer is above the level of the right atrium.
Transducer is defective.

Waveform is “noisy.” Patient movement.
Panting.
Catheter tip is within the heart.
Arrhythmia.

Sudden change in 
pressure.

Hemodynamic instability.
Transducer position relative to the zero reference point (right atrium) has changed.

System does not flush. Stopcock position is incorrect.
Pressure bag is not sufficiently inflated.
Heparinized saline bag is empty.
Heparinized saline administration line is clamped off or occluded.
Central venous catheter is clamped off or occluded.
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Potential sources of interpretation errors

As discussed earlier, extravascular forces, such as signifi-
cant elevations in the pressure within the thoracic or 
abdominal cavities, can raise CVP. An increase in CVP 
of approximately 3 mm Hg was seen at PEEP levels of 
10 cm H2O in humans31 and 15 cm H2O in pigs.32 
However, in the absence of PEEP, an alteration of tidal 
volume alone (8 mL/kg versus 16 mL/kg) did not result 
in a similar effect.31 Large elevations in intra-abdominal 
pressure, secondary to acute abdominal syndromes, 
ascites, or a forced expiratory respiratory pattern, can 
also lead to changes in the CVP due to transmission of 
the increased abdominal pressure across the diaphragm 
to the thoracic cavity.8,29

It is important to recognize that the higher CVP gen-
erated by an elevation in intrathoracic or intra-
abdominal pressure does not necessarily result in changes 
in driving pressure and venous return. This is because the 
physiological variable that ultimately governs distension 
of the central veins is transmural pressure, not CVP.1,6 

circulating volume is low, constriction of the splanchnic 
veins increases the circulating pool of blood to help 
support adequate venous return.7 Central venous pres-
sure may change minimally during this time despite the 
recruitment of additional volume, and clinically, the 
patient may appear to be coping quite well. However, 
once the blood reservoir has been depleted and other 
compensatory mechanisms have been exhausted, the 
patient will decompensate suddenly and CVP will fall.

The complex relationship between CVP and circulat-
ing blood volume may explain why a CVP within the 
normal reference range cannot distinguish the normo-
volemic patient from one with compensated hypovole-
mia or hypervolemia, due to homeostatic mechanisms 
that attempt to maintain an adequate pressure gradient 
for venous return. A severely elevated CVP may be due 
to normovolemia in the presence of severe cardiac dys-
function, or hypervolemia with adequate cardiac perfor-
mance.14 The complexity of these interactions may 
explain why studies have consistently failed to find a 
threshold CVP pressure below which fluid loading will 
always improve cardiac output.27,29

Despite these limitations, several generalizations 
about CVP interpretation can be made that ensure its 
continued usefulness in the ICU. First, CVP should be 
regarded as a probable, rather than an absolute, indica-
tor of volume status. In other words, in the presence of 
normal cardiac function, patients with a low CVP are 
more likely to respond to volume than patients with a 
normal or high CVP. In human patients with severe 
circulatory dysfunction, a CVP less than 5 mm Hg has 
been shown to be an excellent positive predictor of fluid 
responsiveness.30 In contrast, those with a CVP greater 
than 10–12 mm Hg are unlikely to benefit from a fluid 
bolus, although some still can.1,14 Those that do respond 
may have a condition such as elevated intrathoracic or 
intra-abdominal pressure that is causing the CVP to 
overestimate the true transmural pressure.1,8

The second generalization that can be made is that 
rising or falling trends are clinically meaningful. A pro-
gressive drop in CVP should alert the clinician to the 
possibility of ongoing and excessive internal or external 
fluid losses, particularly if supported by the presence of 
other markers of hypoperfusion. In contrast, a rising 
CVP with concurrent evidence of worsening tissue per-
fusion may indicate declining cardiac function as the 
cause, and may suggest that additional fluid loading is 
unwise.1 With the latter scenario, additional caution is 
warranted if hypoalbuminemia or vasculitis is present, 
as either of these conditions increases the risk of edema 
formation with intravenous fluid therapy. A summary 
of the possible clinical interpretations of rising or falling 
trends in CVP is provided in Table 11.2.

Table 11.2 Clinical interpretation of CVP measurement trend21

CVP Trend Possible Cause

Low or falling Shock
Vasodilation

Normal Normovolemia
Compensated hypovolemia
Compensated hypervolemia

High or rising Volume overload
Vasoconstriction or systemic hypertension
Right-sided heart disease
• Tricuspid regurgitation
• Tricuspid stenosis
Pericardial disease
• Pericardial effusion
• Constrictive pericarditis
Vena caval obstruction
Pulmonary disease
• Pulmonary hypertension
• Pulmonary thromboembolism
Increased intrathoracic pressure
• Pleural effusion
• Intrathoracic mass
• PEEP
• Positive-pressure ventilation in the 

presence of hypovolemia
• Pneumothorax
Increased intra-abdominal pressure
Occlusion of the catheter, fluid line, or 

stopcock
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measure without cardiac catheterization or other spe-
cialized techniques, several indirect indices are more 
commonly used, such as improved systemic arterial 
blood pressure, lower blood lactate concentration, 
increased urine production, and higher central venous 
oxygen saturation, as well as improvement in physical 
examination findings. See Chapter 15, Monitoring 
Tissue Perfusion: Clinicopathologic Aids and Advanced 
Techniques, for more information about many of these 
indirect perfusion indices.

A fluid challenge is performed by rapidly infusing a 
small volume of crystalloid or colloid using a pressure 
bag or fluid pump. Useful crystalloid test volumes are 
15 mL/kg in the dog, or 5 mL/kg in the cat. If a colloid 
is used, 5 mL/kg in the dog or 2.5 mL/kg in the cat are 
reasonable. The fluid bolus is given over 10–15 minutes 
and the animal is monitored for signs of improved per-
fusion and CVP.

The classic response to a fluid challenge in the 
euvolemic animal is a rise in CVP of 2–4 cm H2O, fol-
lowed by a rapid return to the original value within 
15 min.33 However, if the starting CVP is low and it rises 
minimally or rapidly returns to baseline (within 5–15 
minutes) following a fluid challenge, hypovolemia is 
likely,33,34 particularly when corroborated by other 
findings as mentioned previously. The fall in CVP is  
due to the redistribution of fluid from the intravascular 
to the interstitial space, stress-induced relaxation of 
venous tone, and pooling of blood within the splanchnic 
vascular bed.35 In contrast, a persistent, marked 
elevation in CVP following a fluid challenge, or a pro-
longed return to baseline (greater than 30 minutes)  
may support volume overload, decreased cardiac  
performance, or restrictive pericardial disease such as 
tamponade.33

It should be noted that these guidelines reflect general 
trends, not absolute rules. A low CVP will not always 
indicate that a patient has inadequate blood volume, just 
as a high CVP does not necessarily signify fluid excess 
or cardiac dysfunction.14 Normovolemic animals may 
show a rise in CVP following a test bolus, even though 
they do not actually require fluid. Therefore, there is no 
substitute for careful patient assessment and clinical 
judgment when using CVP measurement to help guide 
fluid therapy.

The normal CVP waveform

Blood pressure in the central veins is pulsatile as a result 
of pressure changes in the right heart during the cardiac 
cycle. The baseline pressure also fluctuates from changes 
in intrathoracic pressure generated by the phases of res-
piration. Both intermittent and continuous CVP mea-

The concept of transmural pressure is best understood 
by recognizing that venous distension depends not only 
on the pressure exerted on the vascular wall from the 
inside (CVP), but also on the pressure exerted from the 
outside, and this is pleural pressure, not atmospheric 
pressure. The net difference (intravascular pressure 
minus extravascular pressure) is called transmural pres-
sure. Due to the inherent difficulties in obtaining pleural 
or pericardial pressures in the clinical setting, transmu-
ral pressure is usually not directly determined. Fortu-
nately, it corresponds fairly closely to CVP under most 
conditions. However, this relationship can unravel 
during certain situations, notably with increases in 
intrathoracic or intra-abdominal pressure.7,8 In the 
PEEP example described above, the increased alveolar 
pressure generated by PEEP is transmitted to the heart 
and intrathoracic vessels and results in an elevation in 
CVP. However, PEEP is also transmitted to a similar 
extent to the pleural and pericardial spaces. As a result, 
central venous transmural pressure changes minimally.

However, as we have already mentioned, venous 
return depends ultimately on driving pressure, which is 
the difference between peripheral and central venous 
pressures. Driving pressure was previously defined as the 
difference between peripheral and central venous pres-
sures. However, it is more accurately defined as the dif-
ference between peripheral and central transmural 
venous pressures. So in this example, although there has 
been an absolute increase in measured CVP, transmural 
central and peripheral venous pressures have remained 
steady. Therefore there is no change in the rate of return 
of blood to the heart.

Performing a fluid challenge

When CVP is extremely low or falling, the index of sus-
picion for hypovolemia should be high. Usually, an 
evaluation of other clinical markers will support an 
assessment of low circulating blood volume, and fluid 
resuscitation can be started immediately. However, on 
occasion, these findings will be unclear or contradictory; 
when this occurs, a fluid challenge is the classic method 
of verifying fluid responsiveness.

The idea is to give a small test volume as a rapid bolus 
and to monitor for an improvement in clinical perfusion 
parameters such as patient alertness, pulse quality, pulse 
rate, mucous membrane color, and capillary refill time. 
Faster administration reduces the volume needed to 
achieve an effect. If a beneficial response is seen follow-
ing the volume challenge, additional fluid is given until 
the desired endpoint is reached. Under ideal monitoring 
circumstances this endpoint would be an increase in 
cardiac output. However, as cardiac output is difficult to 
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Determining the CVP from the  
normal waveform
During continuous CVP measurement, the monitor  
displays a single pressure reading that represents an 
average pressure measurement over time. The mean 
CVP is often sufficient for clinical assessment in patients 
lacking significant primary cardiovascular or respiratory 
disease. However, changes in respiratory pattern,  
cardiac arrhythmias, and diseases that alter filling, emp-
tying, or compliance of the right heart can lead to an 
inaccurate estimation of ventricular end-diastolic pres-
sure (preload), resulting in errors in clinical interpreta-
tion. When any of these problems are evident, it is 
important to determine the CVP directly from the 
printed venous pressure tracing to ensure accuracy. The 
CVP and ECG waveforms are viewed simultaneously to 
determine the location of the a wave, which begins in 
the PR interval on the ECG. This should be distinguished 
from the c wave, which is found in the RT interval, and 
the v wave, which appears after the T wave.37 Once the 
a wave is identified, determine the pressure at the top of 
the a wave and bottom of the x descent and calculate the 
mean to determine the CVP36:

CVP estimate wave peak  descent base /= +( )a x 2  (11.2)

The reason the mean of the a wave is used to estimate 
the CVP is because it peaks at ventricular end-diastole. 
Immediately after end-diastole, the tricuspid valve closes 
with the onset of ventricular systole, an event that 
follows the appearance of the QRS wave on the electro-
cardiogram. Therefore an alternative method of deter-
mining the CVP is to locate the R wave37 or the end 
of the QRS complex36 on the ECG. A perpendicular 
line is drawn at this point extending down toward the 
CVP waveform and where they intersect represents the 
true CVP.

Abnormal CVP waveform

Waveform analysis provides a method of obtaining an 
accurate estimate of preload in the presence of cardio-
vascular or respiratory disease. It can also provide 
important supplementary information about cardiovas-
cular function to help diagnose or confirm the presence 
of certain abnormalities. Several of these situations are 
described in the following subsections.

Respiratory changes
Venous return varies with respiratory phase and respira-
tory muscle activity. During inspiration, there is a 
decrease in pleural pressure generated by expansion of 

Figure 11.3 The relationship between the waves and descents 
of the CVP waveform and the electrocardiogram. Under normal 
circumstances, the mean of the a wave provides the best estimate 
of CVP because it corresponds to the venous pressure at the end 
of diastole. Ventricular systole begins immediately following the 
appearance of the QRS complex on the ECG.
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surement techniques provide a mean CVP, although in 
the case of intermittent measurement, small pulsations 
are often evident in the fluid column.33

In a similar manner, the CVP reported during con-
tinuous measurement represents a mathematical average 
of this variable pressure. The pressure waveform is dis-
played on the monitor and classically consists of three 
“waves” (positive deflections from baseline: the a wave, 
c wave, and v wave) and two descents (negative deflec-
tions: the x descent and the y descent), which corre-
spond to specific right atrial and right ventricular cardiac 
events (see Fig. 11.3).36 Not all waves and descents will 
be evident in all CVP tracings and considerable indi-
vidual variability in waveform appearance can be seen. 
Waveforms can be small or impossible to discern in cats 
and small dogs, and may be absent if the catheter lumen 
becomes partially occluded (such as by a blood clot).

The a wave is generated by atrial contraction and 
appears shortly after the P wave on an electrocardio-
gram. The a wave is followed by the x descent, which 
reflects a decrease in right atrial pressure caused by atrial 
relaxation. The c wave is sometimes visible as a second-
ary peak following the a wave and is caused by bowing 
of the tricuspid valve into the atrium during early right 
ventricular systole. As atrial diastolic filling proceeds, the 
v wave is created and it is generated soon after the T wave 
on an electrocardiogram. When ventricular systole ends 
and the ventricle relaxes, atrial pressure exceeds ven-
tricular pressure, the tricuspid valve opens, and blood 
flows from the right atrium into the ventricle. Atrial 
emptying leads to a decrease in atrial pressure, thus pro-
ducing the y descent. The a wave is usually larger than 
or similar in size to the v wave.36
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pressure caused by contraction of the atrium against a 
closed tricuspid valve during ventricular systole (see Fig. 
11.5b).39 When one of these arrhythmias is present, the 
CVP should be estimated from the normal a waves 
visible on the waveform tracing.38

Pericardial effusion with cardiac tamponade
Increased pericardial fluid pressure inhibits diastolic 
filling of the heart. This results in an increase in the 
mean CVP and flattening of the CVP waveform due to 
greater equalization of the pressures within the atria and 

the chest wall and caudal movement of the diaphragm.38 
This decrease in transmural pressure is transmitted 
across the wall of the vena cava and causes a small 
decrease in CVP, which returns to baseline following 
passive, unforced expiration. For this reason, in the 
spontaneously breathing, relaxed patient, the CVP 
reading (the mean of the a wave) should be measured 
at the end of the expiratory phase to best correspond to 
right ventricular end-diastolic pressure.1,6,38

However, when there is increased expiratory effort, 
which may be seen patients that are vocalizing or dys-
pneic, CVP will be overestimated with this method. In 
that situation, CVP is best obtained during early expira-
tion prior to the onset of active abdominal muscle con-
traction.6 Again, the mean of the a wave is used but it is 
necessary to evaluate the printed CVP waveform to 
determine the most accurate place to obtain this mea-
surement (see Fig. 11.4). Similarly, positive-pressure 
ventilation may also raise the displayed mean CVP. The 
waveform should be examined and CVP measured from 
a time point corresponding to end-expiration.

Arrhythmias
Certain cardiac rhythm disturbances, such as atrial 
fibrillation and junctional and ventricular arrhythmias, 
can lead to a lack of atrial contraction and therefore loss 
of the a wave on a CVP tracing. During atrial fibrillation, 
there is also a prominent c wave resulting from overfill-
ing of the right atrium, which is unable to generate 
normal contractions (see Fig. 11.5c).37 The most accu-
rate CVP estimate will be obtained by viewing the CVP 
tracing and ECG simultaneously and selecting the pres-
sure that is present toward the end of the QRS complex, 
which best represents ventricular end-diastole.26

Ventricular premature contractions (seen as ventricu-
lar premature complexes [VPCs] on an ECG), atrial 
fibrillation, atrial premature contractions (seen as atrial 
premature complexes [APCs] on an ECG), and second- 
or third-degree atrioventricular (AV) node block can 
intermittently produce large (cannon) a waves due to AV 
dissociation, where there is a transient increase in atrial 

Figure 11.5 Illustration demonstrating (a) normal and (b–f) 
abnormal CVP waveforms. (b) Large “cannon” a waves are pro-
duced by simultaneous contraction of the right atrium and right 
ventricle and they can intermittently appear with certain arrhyth-
mias, including second- and third-degree AV block, and some 
ventricular arrhythmias such as the ventricular premature complex 
(VPC) shown here. (c) Atrial fibrillation produces a prominent c 
wave. (d) Cardiac tamponade arising from pericardial effusion 
causes the CVP waveform to become flattened and there is a 
prominent x descent and small or absent y descent. (e) A broad 
and tall c–v wave is characteristic of tricuspid regurgitation. 
(f) Right ventricular (RV) pressure overload arising from pulmo-
nary hypertension or pulmonic stenosis produces large, promi-
nent a waves.
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(e) Tricuspid regurgitation
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poor pulse strength, and cool extremities. When physical 
findings are equivocal, blood lactate concentration can 
provide a quantitative measure of the severity of 
impaired tissue perfusion and anaerobic metabolism. As 
shock worsens, arterial blood pressure will fall, and oli-
guria or anuria will develop. A high urine specific gravity 
will also be seen unless a concurrent disorder is present 
that is impairing renal concentrating ability. See Chapter 
15, Monitoring Tissue Perfusion: Clinicopathologic Aids 
and Advanced Techniques, for more information about 
many of these other indices of perfusion.

In the absence of hypoalbuminemia or cardiac dys-
function, clinical signs suggestive of excessive intravas-
cular blood volume include peripheral edema, chemosis, 
pleural or peritoneal effusion, serous nasal discharge, 
and in some cases, development of a new heart murmur 
or an increase in murmur intensity. Urine output is typi-
cally high and urine specific gravity low. If pulmonary 
edema is present, pulmonary crackles and respiratory 
difficulty may be evident. These findings, particularly 
when combined with rising CVP measurements, provide 
convincing evidence of volume overload.

Conclusion

In summary, the measurement of CVP is a useful adjunc-
tive hemodynamic monitoring tool in critically ill 
patients and it is readily performed in any patient that 
has a central venous catheter. Trends, rather than iso-
lated values, should be followed. A severely low or falling 
CVP suggests hypovolemia. A severely elevated or rising 
CVP can be seen with hypervolemia as well as with 
increased venous tone, reduced cardiac compliance, 
diminished cardiac function, or increased intrathoracic 
or intra-abdominal pressures. In conjunction with other 
clinical markers of cardiovascular function, CVP can 
serve as a valuable guide in the assessment and treat-
ment of problems related to intravascular volume status 
and right-sided heart function.
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12
Cardiac output monitoring

Steve C. Haskins

Indications for cardiac output measurement

Evaluation of the cardiovascular status of critically ill 
patients is broadly divided into those parameters that 
relate to venous return to the heart and those that relate 
to forward flow from the heart. Parameters that evaluate 
venous return (preload; end-diastolic ventricular filling) 
include ease of jugular vein distention and central 
venous pressure, postcava diameter (radiography), and 
end-diastolic ventricular diameter (ultrasonography). 
Parameters that evaluate forward flow can be broadly 
divided as follows: (1) those that relate to cardiac output, 
such as heart rate, stroke volume, pulse quality, and 
cardiac output; (2) arterial blood pressure; (3) those that 
relate to arteriolar vasomotor tone, such as mucous 
membrane color and capillary refill time; and (4) those 
that relate to tissue perfusion, such as appendage tem-
perature, urine output, gastric carbon dioxide tension, 
oxygen extraction ratio, venous oxygen tension, and 
metabolic acid–base balance (including blood lactate 
concentration).

There are various levels of knowledge involved in the 
evaluation of the cardiovascular status. Clinicians typi-
cally start with the collection of historical data and the 
physical examination of mental status, hydration status, 
ease of jugular vein distention, heart rate, pulse quality, 
mucous membrane color, capillary refill time (CRT), 
and appendage temperature. In many cases, based on the 
findings of this examination, a strong case can be made 
for hypovolemia, low cardiac output, or poor tissue per-
fusion and a therapy plan can be formulated. If the 
patient responds to therapy, no additional cardiovascu-
lar information is necessary. In other cases, the informa-

tion derived from the initial history and physical 
examination is insufficient to comfortably define patient 
status, or the patient’s response to the initial therapy is 
insufficient to restore clearly delineable normal-range 
cardiovascular values. Subsequent therapeutic decisions 
require additional information. A second level of cardio-
vascular information is gained by measuring parameters 
such as central venous pressure (CVP), postcava diam-
eter, end-diastolic left ventricular diameter, arterial 
blood pressure (ABP), and parameters of metabolic 
acid–base balance; there are chapters in this textbook 
describing these techniques. Many times this additional 
information helps clarify the patient’s cardiovascular 
status and facilitates subsequent therapeutic decisions. 
A few residual patients either still cannot be defined or 
do not respond to therapy; in such cases, additional 
information is required. It is at this point that flow infor-
mation such as cardiac output and oxygen delivery 
might be helpful. Cardiac output can be measured many 
ways but the common clinically applicable techniques 
involve indicator dilution.

Indicator dilution techniques

Indicator dilution techniques basically involve the injec-
tion of a known volume of fluid (V1) with a known 
concentration of indicator (C1) into an unknown larger 
volume (V2) and then measuring the concentration of 
the indicator in the larger volume of fluid (C2). The 
unknown volume (V2) is then calculated by the follow-
ing formula:

C V C V1 1 2 2× = ×  (12.1)
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Thermodilution has been demonstrated to be accu-
rate and repeatable in in vitro models1–4 and when com-
pared in vivo with dye dilution,5 electromagnetic 
flowmetry,6 and transit-time flowmetry.7

Transpulmonary thermodilution cardiac output mea-
surements, with the thermistor placed in a peripheral 
artery (thus avoiding the use of the balloon-tipped ther-
modilution catheter), have been reported to accurately 
reflect traditional thermodilution cardiac output mea-
surements made with the pulmonary artery catheter.8–12 
Using the transpulmonary thermodiluation method, 
extravascular lung water (pulmonary edema) can also 
be estimated.

Cardiac output can also be measured continuously 
with specialized thermodilution catheters that incorpo-
rate a thermal filament near the proximal port of the 
catheter that is positioned in the cranial vena cava or 
right atrium. The thermal filament cycles on and off. 
The change in temperature of the heated blood is sensed 
by the downstream thermistor in the pulmonary artery. 
Values for cardiac output, ejection fraction, end-diastolic 
volume, end-systolic volume, and stroke volume are 
generated as an average for the last 5–10 minutes. This 
methodology has been reported to compare well with 
intermittent thermodilution cardiac output measure-
ments,13–16 although low-range cardiac outputs may be 
overestimated while high-range cardiac outputs may be 
underestimated.17

Thermodilution cardiac output measurements are the 
standard of practice for clinical measurements of cardiac 
output in people. Balloon-tipped thermodilution cath-
eters are, however, expensive, variably difficult to place, 
and are invasive. Measurements are subject to significant 
intermeasurement variation and therefore repeated 
measures, to obtain an average, are necessary and take 
time. Many studies compare the cardiac output esti-
mates of a particular methodology with thermodilution; 
variance and bias are usually blamed on the compared 
methodology without regard to the inherent variability 
of thermodilution. This approach elevates thermodilu-
tion to “gold standard” status and unfairly biases against 
the tested methodology.

While thermodilution catheters permit the measure-
ment or calculation of a large number of important 
cardiovascular parameters, their use has a variable 
record with regard to improved patient survival.18–24 
Although one might expect that increased monitoring 
should provide the means for improved patient care 
and, therefore, survival, there is no overwhelming evi-
dence for this. The lack of demonstrable statistically 
significant survival benefit does not, however, prove that 
the thermodilution catheter is a useless monitoring tool. 
Thermodilution catheters were used ubiquitously in 

In a moving fluid such as the cardiovascular system, 
C2 is calculated as the average change in indicator con-
centration over time.

Any indicator can be used as long as it can be mea-
sured with a rapidly responding sensor. In thermodilu-
tion, the indicator is temperature. A small volume of 
fluid (V1) at a known temperature (T1) is injected into 
the cranial vena cava or right atrium. This injected fluid 
flows and mixes with the blood through at least two 
heart valves. The change in temperature as the blood–
fluid mix flows past a rapid-acting thermistor in the 
pulmonary artery or a peripheral artery is measured (see 
Fig. 12.1). The average change in temperature (T2) is 
integrated from the change in temperature over time. 
The unknown volume of blood (V2, the cardiac output) 
flowing along with the injected fluid is then calculated 
by the Stewart–Hamilton formula:

 

Cardiac output - computation constant

integrat

b i= × ×
÷
V T T1 ( ) ( )

[ eed area of the measured

temperature change over time ( )]T2

 

(12.2)

where V1 is the volume of the injectate, Tb is baseline 
blood temperature, and Ti is the temperature of the 
injectate. The computation constant is calculated from 
the density and specific heat of the injectate compared 
with the density and specific heat of blood, and the 
change in temperature of the injected fluid as it traverses 
the catheter. The computation constant is provided by 
the equipment manufacturer. The computer calculates 
cardiac output in milliliters or liters per minute, and this 
value must then be indexed to body size either as kilo-
grams of body weight or square meters of body surface 
area.

Figure 12.1 Temperature–time curve of a thermodilution cardiac 
output measurement. (Tracing can be displayed in either an 
upward or a downward direction.)
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sure, and cardiac output (see Fig. 12.2); and as five- and 
six-lumen catheters for measuring CVP, pulmonary 
artery pressure, and cardiac output, for placement of 
pacing electrodes, and for continuous reflectance oxim-
etry. Catheters are available in lengths of 80 (for pediat-
rics) or 110 (for adults) cm and in diameters of 4, 5, 6, 
7, 7.5, or 8.5 Fr, depending upon the number of lumens 
and intended use. The cost of these catheters varies 
between about $80 for the simpler versions to $200 (in 
2010) for the more comprehensive catheters. The 4-Fr 
catheter is the smallest diameter four-lumen catheter 
with thermodilution capabilities and can be used in cats 
and small dogs (1–3 kg). The 7-Fr four-lumen catheter 
can be used in dogs over 10 kg; 5- and 6-Fr catheters are 
suitable for dogs between 3 and 10 kg. Thermodilution 
cardiac output catheters are available from Arrow Inter-
national (www.arrowintl.com) or Edwards Lifesciences 
(www.edwards.com). Cardiac output computers are 
available from many companies that market patient 
monitoring equipment (Baxter, Abbott, USCI, Siemens, 
Hewlett-Packard, Marquette, Space Labs, Spectramed, 
PPG, Elecath, Kontron, Lyons, Kone, Mennen, and 
Nihon Koden).

Insertion of the balloon-tipped 
thermodilution catheter and complications
Introduction of the catheter and repositioning of it after 
placement are facilitated by the use of an appropriate-
sized introducer catheter, which incorporates a plastic 
cover sheath to protect the thermodilution catheter 
from contamination during the initial insertion as well 
as during subsequent repositioning.

The cardiac output computer and pressure monitor 
are turned on and readied. A bag of heparinized saline 
in a pressure bag is readied for the intrafusor. Introducer 

human critical care and without regard for selecting 
patients who might truly be benefited. Of course, ulti-
mate survival depends upon the effectiveness of the 
management of the underlying disease process, irrespec-
tive of the tools used to monitor the patient.

Lithium and indocyanine green (ICG) indicators are 
also used to measure cardiac output. The measurement 
is made by injecting a known amount of indicator into 
a central vein and withdrawing blood at a constant rate 
from an arterial catheter, past a lithium sensor or den-
sitometer, respectively. Newer methods of ICG cardiac 
output use a transcutaneous finger photosensor25 or 
ICG fluorescence26 rather than an ex vivo cuvette densi-
tometer. With the lithium indicator, cardiac output is 
calculated from the lithium dose and the area under the 
lithium concentration-versus-time curve:

Cardiac output lithium dose mM

integrated area unde

= ×
÷
[ ( )]

[

60

rr the

concentration time curve

mM/sec -PCV

−
×( ) ( )]1

 (12.3)

where PCV stands for packed cell volume. Lithium dilu-
tion has been reported to compare well with thermodi-
lution in dogs,27 cats,28 and foals.29 One limitation to 
lithium and dye dilution techniques is the number of 
measurements that can be performed before background 
indicator concentrations start to interfere with subse-
quent measurements.

Balloon-tipped thermodilution catheter
Balloon-tipped catheters are available as two-lumen 
catheters for measuring pulmonary artery pressure and 
pulmonary artery occlusion pressure; as four-lumen 
catheters for measuring CVP, pulmonary artery pres-

Figure 12.2 Schematic of a four-lumen, thermodilution, balloon-tipped catheter.
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against a vessel or chamber wall, there will be a sudden 
cessation of pressure waveform on the monitor. If the 
line is attached to a high-pressure, low-volume, constant-
infusion device (to prevent clotting within the catheter 
between measurements), the pressure tracing will 
increase rapidly to the top of the screen. Withdraw the 
catheter slightly, rotate it, and advance it again.

If the catheter fails to enter the right ventricle after 
repeated rotating (first one way then the other) and 
readvancing, try advancing the catheter with the bal-
loon inflated; try shifting the position of the animal, 
insofar as possible. If all else fails and patience is at an 
end, use fluoroscopy to guide the introduction of the 
catheter.

Once the tip of the catheter is in the right ventricle, 
the balloon is inflated (1 mL) and further advanced until 
it enters the pulmonary artery (see Fig. 12.3). Once in 
the pulmonary artery, with the balloon still inflated, the 
catheter is further advanced until it occludes a branch 
of the pulmonary artery, at which time the pressure 
tracing will change to a typical occlusion pressure (see 
Fig. 12.3). Deflation of the balloon allows the measure-
ment of pulmonary artery pressure; reinflation of the 
balloon allows the measurement of pulmonary artery 
occlusion pressure. During subsequent inflations of the 
balloon, always monitor the pressure tracing. When the 
catheter is first introduced, there is usually a big loop of 
catheter in the right ventricle. Over time, between mea-
surements, the catheter will migrate further into smaller 
branches of the pulmonary artery. Full inflation of the 
balloon at this time could rupture these smaller pulmo-
nary vessels. If less than full balloon inflation occludes 
the vessels (as indicated by the appearance of a typical 
occlusion pressure waveform on the monitor), the 
balloon should be deflated and the catheter should be 
withdrawn a short distance until it requires the full 
1-mL inflation to occlude the vessel. The balloon should 
be inflated only for the measurement of occlusion pres-
sure and then should be deflated; it should not remain 
inflated for an extended duration because continuous 
inflation will cause vessel damage. Step-by-step instruc-
tions for pulmonary arterial catheterization are available 
in Protocol 12.1.

Once the catheter is ideally positioned so that all  
measurements (central venous, pulmonary artery, and 
occlusion pressure) can be obtained, it should be se-
cured to the patient and bandaged aseptically and oc-
clusively.

Sepsis is a major hazard of these catheters. They are 
long and floppy and are easily contaminated during 
placement if one is not careful. Once placed, they are 
“busy” catheters in that they are frequently used through-
out the day to make measurements and procure blood 

catheter kits and thermodilution catheter kits are 
opened. Catheters can be placed via the jugular vein or 
the saphenous or femoral vein. Introducer wires, intro-
ducer catheters, and thermodilution catheters are long 
and floppy, and are easily contaminated. Aseptic intro-
duction must be assured. An area of at least 5-cm (2-
inch) radius around the intended venipuncture site is 
clipped and aseptically prepared. Large sterile drapes are 
used to extend the sterile field.

First insert the introducer catheter and suture it in 
place. Next, the proximal port line of the thermodilution 
catheter is filled with sterile, heparinized saline and 
capped. The distal port line is flushed with heparinized 
saline and attached to a pressure transducer and a physi-
ologic monitor for pressure measurements that will be 
used to identify the location of the catheter during its 
introduction. As the catheter is advanced toward the 
right atrium, a typical CVP tracing should be displayed 
on the monitor (see Fig. 12.3). Initially, angle the natural 
curvature of the catheter toward the sternum and the 
right ventricle. Marks on the catheter at 10-centimeter 
intervals identify how much of the catheter has been 
inserted. Typically the tip of the catheter will reach the 
right ventricle when it has been inserted to 25–40 cm, 
depending on the size of the patient. When the catheter 
enters the right ventricle the tracing will change to a 
typical ventricular pressure waveform (see Fig. 12.3). If 
the catheter has been introduced as far as 50 cm and has 
not entered the right ventricle, it has either coiled in the 
right atrium or passed into the caudal vena cava. The 
catheter should be withdrawn to 20 cm and reinserted. 
There is little directional control over the tip of the 
catheter and so, on subsequent reintroductions, the 
catheter should be rotated in one direction or another 
and readvanced until it ultimately (“accidentally”) falls 
into the right ventricle. If the catheter end-hole butts up 

Figure 12.3 Schematic of representative pressure waveforms 
while introducing the balloon-tipped catheter into the pulmonary 
artery.
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Protocol 12.1 Insertion of the balloon-tipped thermodilution catheter

Items Required
• Appropriate-sized thermodilution catheter set
• Appropriate-sized introducer set with catheter guard sheath
• Pressure transducer
• Noncompliant fluid tubing, if desired
• Patient monitor with integrated cardiac output computer and associated power cord, thermistor cable, and transducer cable
• Hair clippers and surgical scrub solutions
• Surgical cap, mask, and sterile gloves
• Sterile surgical drapes
• Basic surgical set and skin-suitable suture such as 3–0 to 2–0 nylon
• Sterile syringes with needles
• Three-way stopcocks
• Heparinized saline
• Bag of 0.9% NaCl heparinized to 1 U/mL
• Standard fluid administration set
• Pressure bag
• At least one assistant

Procedure
1. Collect necessary supplies.
2. Turn on the cardiac output computer and patient monitor. Input any necessary information into the computer (volume and 

temperature of injectate).
3. Spike the heparinized saline bag with the standard fluid administration set and insert into a pressure bag. Make sure the 

administration set is clamped and capped.
4. Attach electrocardiograph(ECG).
5. Clip and prepare with antiseptic solutions a wide area of skin over the intended vessel puncture site.
6. Perform a surgical aseptic hand scrub. Don cap, mask, sterile gown, and sterile gloves.
7. Drape off introduction site to create a large sterile field.
8. Open introducer and catheter sets. Fill proximal port line with heparinized saline; clamp and cap this line.
9. Attach distal catheter port to pressure transducer via a three-way stopcock and flush the system with heparinized saline. If 

any fluid line is inserted between the patient and the transducer, it must be noncompliant tubing.
10. Attach continuous flush line to the transducer and pressurize the bag to ≥200 mm Hg.
11. Zero the pressure transducer. Zeroing information can be found in Protocol 8.2.
12. Insert the introducer catheter per manufacturer’s recommendations and suture in place.
13. Insert the thermodilution catheter through the introducer catheter to about 20 cm and verify that the pressure tracing reflects 

a central venous pressure waveform.
14. Advance the catheter with the natural curve of the catheter aimed toward the sternum of the animal; watch for a typical 

ventricular waveform.
15. If the catheter advances to the 50-cm mark without entering the right ventricle, withdraw it to the 20-cm mark and start 

again.
16. It may help to twist the catheter, a little or a lot, in either direction, to change the chance that it might enter the right 

ventricle.
17. If the pressure tracing becomes damped, flush the distal port with the transducer’s fast flush device; if the pressure tracing 

abruptly ceases followed by a rapid, linear increase, the end-hole has butted up against a vessel or heart chamber wall and 
should be withdrawn slightly and then reinserted.

18. It may help to change the position of the animal.
19. Once the catheter tip has entered the right ventricle, inflate the balloon with 1 mL of air and advance it further until the 

pressure waveform indicates that the catheter tip has entered the pulmonary artery.
20. With the balloon inflated, advance the catheter until the pressure tracing reflects occlusion of a branch of the pulmonary 

artery; deflate the balloon and verify a good pulmonary artery tracing.
21. Bandage the catheter and introducer set aseptically and occlusively.
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computer will indicate when it is ready for injection to 
begin. The designated volume of fluid is injected into 
the cranial vena cava or right atrium. The operator 
should try to make the injection at the end of exhalation 
and as fast as possible. The computer will measure the 
change in temperature as the fluid–blood mixture passes 
by the thermistor in the pulmonary artery and will then 
calculate the average change in temperature and cardiac 
output. Typically make three to five measurements, 
discard outliers, and average the rest to obtain a repre-
sentative cardiac output value. Please see Protocol 12.2 
for step-by-step instructions for performing pressure 
and cardiac output measurements.

Lithium cardiac output measurement
A central venous and an arterial catheter are placed. The 
lithium sensor is attached via a three-way stopcock to 
the arterial catheter and to the cardiac output computer. 
Arterial blood will be withdrawn past this sensor at a 
constant rate of 4 mL/min and into a collection con-
tainer. Hemoglobin and sodium concentration are pre-
measured and entered into the computer. A sensor 
constant and the intended lithium dose are also entered 
into the computer. The dose of lithium is 0.005–
0.008 mM/kg and is generally injected as a 0.015–
0.15 mM/mL solution; a change in blood lithium 
concentration of 0.2–0.8 mM/L is recommended to 
obtain a good signal for cardiac output calculation. The 
calculated dose of lithium is placed into an extension set 
attached to the jugular catheter. The pump for with-
drawal of arterial blood and the cardiac output com-
puter are started. The dose of lithium is flushed into the 
anterior vena cava after 5–10 seconds (the computer 
needs a little time to establish a baseline; larger animals 
may require the longer delays). The sensor measures the 
change in lithium concentration over time and the com-
puter calculates cardiac output. The measurement 
should be repeated at least once, outliers excluded, and 
the remaining values averaged. Please see Protocol 12.3 
for detailed instructions.

Other measurements and calculations
The units of the raw cardiac output measurements are 
milliliters (or liters) per minute and must be indexed to 
the size of the patient. The size of the patient can be 
expressed as either kilograms of body weight or square 
meters (m2) of surface area (see Table 12.1).

The measurements that can be obtained from the 
thermodilution catheter are central venous pressure, 
pulmonary artery pressure, pulmonary artery occlusion 
pressure, and cardiac output. In addition, mixed venous 

samples. Everything that is done with and around these 
catheters must be accomplished with the utmost care 
and asepsis. Thus, the operator should perform hand 
hygiene and don clean gloves each time the catheter, its 
ports, or its sheath is handled. See Chapter 54, Minimiz-
ing Nosocomial Infection, for more information.

Physical contact of these catheters against the endo-
cardium, especially during introduction, is occasionally 
associated with arrhythmias. Simply stop or withdraw 
the catheter slightly and then recommence the proce-
dure once the arrhythmia has abated. Persistent arrhyth-
mia problems could be treated with an antiarrhythmic 
such as lidocaine.

Catheter-associated clot emboli may occur but there 
is not much one can do to prevent it. It is not typical to 
administer anticoagulants to patients with these cathe-
ters any more than it is for any other catheter. Heparin-
coated catheters are now available that may decrease this 
problem. Air emboli may occur if air is inadvertently 
injected into the catheter or into the balloon port if the 
balloon has ruptured.

Pulmonary vessel trauma and rupture has been 
reported in people due to leaving the balloon inflated or 
by fully inflating the balloon after the catheter has 
migrated.30 Additional rarely reported complications 
include pneumothorax, hemothorax, and knotting of 
the catheter (in the right ventricle) during removal.

Thermodilution cardiac output measurement
To measure pressure, a pressure transducer and physi-
ologic monitor are required; to measure cardiac output, 
a compatible cardiac output computer is required; to 
measure venous blood oxygen saturation, a compatible 
oximeter is required; and to pace the heart, a suitable 
catheter-tipped pacemaker and control unit are required.

To make a cardiac output measurement, the thermis-
tor connection is attached to the cardiac output com-
puter. Some systems incorporate an injectate-measuring 
thermistor at the injection port. The computer will cal-
culate a compensated value for the change in tempera-
ture of the injectate as it traverses the catheter. Otherwise 
the temperature of the injectate (room temperature or 
iced) will need to be measured and entered into the 
computer. Usually room-temperature fluid is used. Ice 
water temperature fluid may be necessary for signal 
detection when smaller volumes of fluid are used in 
larger patients. Injectate volume must be entered into 
the computer. Usually a small volume of fluid (3–5 to 
10 mL; smaller volumes for smaller patients) of a crystal-
loid fluid such as saline is used. After recording all of  
the measured pressures, the operator must indicate to 
the computer that an injection is about to be made; the 
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Protocol 12.2 Thermodilution cardiac output measurement

Items Required
• Patient with indwelling pulmonary arterial catheter
• Cardiac output computer-equipped patient monitor with 

associated thermistor and pressure-transducer cables; 
power cord

• Injectate with known temperature—room temperature 
(measured) or iced fluid (0°C [32°F])

Procedure: Pressure Measurements
1. Perform hand hygiene and don clean examination 

gloves.
2. Inflate balloon while observing pressure tracing. It 

should take the entire 1-mL balloon volume.
3. If an occluded pressure waveform appears with less 

than the full 1 mL, deflate the balloon and withdraw the 
catheter a couple centimeters, and try again.

4. If the full 1-mL balloon inflation fails to occlude the 
vessel, leave the balloon inflated and advance the 
catheter until the vessel occludes.

5. Deflate the balloon after the occlusion pressure 
measurement has been made. Record the occlusion 
pressure.

6. Record the central venous pressure and arterial blood 
pressure.

Procedure: Cardiac Output Measurement
1. Perform hand hygiene and don clean examination 

gloves.
2. Make sure that the cardiac output computer knows the 

volume and temperature of the injectate (temperature 
is either measured or it must be input by the operator). 
Enter the computation constant if necessary. Make sure 
that the thermistor cable is attached to the computer.

3. Push the button on the cardiac output computer to tell 
it that you want to make a measurement; the computer 
will tell you when it is ready for you to inject.

4. At the end of a breath, rapidly inject a volume of 
injectate into the proximal port (patient weight less than 
3 kg, use 3 mL; 3–25 kg, 5 mL; >25 kg, 10 mL).

5. Record the measurement.
6. Repeat measurement 3–5 times; discard outliers; 

average the remaining values.
7. Index to body size.

blood samples can be obtained from the distal port of 
this catheter for pH and blood gas analysis. If a separate 
arterial catheter is placed, arterial blood pressure and 
arterial blood samples (for pH and blood gas analysis) 
can be obtained. In addition to cardiac output, measure-

Protocol 12.3 Lithium cardiac output measurement

Items Required
• A lithium sensor and cardiac output computer
• Preplaced jugular venous and arterial catheters
• Three-way stopcock
• A roller pump and scavenge bag to withdraw blood at 

4 mL/min

Procedure
1. Collect necessary supplies.
2. Perform hand hygiene and don clean examination 

gloves.
3. Premeasure hemoglobin and sodium concentration 

and enter into computer. Input sensor constant and 
intended lithium dose (0.005–0.008 mM/kg).

4. Attach lithium sensor, extension set, roller pump, and 
scavenge bag to the arterial catheter via the side-port 
of a three-way stopcock.

5. Measure and record central venous and arterial blood 
pressure.

6. Charge the extension set on the jugular catheter with 
the dose of lithium (0.005–0.010 mM/kg).

7. Start the roller pump and blood withdrawal at 4 mL/min 
and push the button to tell the computer that you are 
ready to make a measurement.

8. After 5–10 seconds, depending on the size of the 
animal (<5 kg, 5 seconds; 5–30 kg, 6–7 seconds; 
>30 kg, 8–10 seconds), rapidly inject the lithium at the 
end of a breath.

9. Repeat the measurement at least once and average 
similar values.

10. Index to body size.

ments that can be obtained during lithium cardiac 
output measurements include central venous pressure 
and blood sampling, and arterial blood pressure and 
blood sampling (for pH and blood gas analysis).

Once cardiac output is measured, heart rate is mea-
sured separately and stroke volume can be calculated. 
When arterial and pulmonary pressure and cardiac 
output are measured, systemic arterial and pulmonary 
vascular resistance and left and right heart work indices 
can be calculated. When hemoglobin concentration and 
PO2 are known, oxygen content can be calculated. When 
cardiac output and oxygen content are known, oxygen 
delivery can be calculated. When cardiac output and 
arterial and mixed-venous oxygen content are known, 
the oxygen consumption and extraction and the venous 
admixture can be calculated. Table 12.2 contains stan-
dard calculations.
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Other methods of estimating cardiac output

Thermodilution cardiac output measurement is the 
standard against which other methodologies are often 
compared in the clinical measurement of cardiac output. 
Electromagnetic flowmetry is the gold standard for 
experimental blood flow measurement. Flow probes can 
be surgically placed around a suitably size-matched 
vessel of interest or flow catheters can be introduced  
into a large vessel. The application of a magnetic field 
perpendicular to the blood flow induces an electrical 
potential proportional to the blood flow velocity that 
can be easily and accurately calculated. Flow is calcu-
lated from flow velocity and conduit diameter. Other 

methods of measuring cardiac output have been recently 
reviewed.31,32

The Fick Method
The Fick principle assumes that flow is proportional to 
the rate of uptake of an indicator gas, and the difference 
between the concentration of the indicator gas entering 
and exiting the organ being studied:

Flow indicator gas uptake

gas conc in - gas conc out

=
÷
( )

[( . ) ( . )]
 (12.4)

Table 12.1 Body Weight to Surface Area Conversion Table*

Weight Surface 
Area

Weight Surface 
Area

Kilograms Pounds (sq meter) Kilograms Pounds (sq meter)

0.5 1.1 0.06 26 57.2 0.89
1 2.2 0.10 27 59.4 0.91
2 4.4 0.16 28 61.6 0.93
3 6.6 0.21 29 63.8 0.95
4 8.8 0.25 30 66 0.98
5 11 0.29 31 68.2 1.00
6 13.2 0.33 32 70.4 1.02
7 15.4 0.37 33 72.6 1.04
8 17.6 0.40 34 74.8 1.06
9 19.8 0.44 35 77 1.08

10 22 0.47 36 79.2 1.10
11 24.2 0.50 37 81.4 1.12
12 26.4 0.53 38 83.6 1.14
13 28.6 0.56 39 85.8 1.16
14 30.8 0.59 40 88 1.18
15 33 0.61 41 90.2 1.20
16 35.2 0.64 42 92.4 1.22
17 37.4 0.67 43 94.6 1.24
18 39.6 0.69 44 96.8 1.26
19 41.8 0.72 45 99 1.28
20 44 0.74 46 101.2 1.30
21 46.2 0.77 47 103.4 1.32
22 48.4 0.79 48 105.6 1.34
23 50.6 0.82 49 107.8 1.36
24 52.8 0.84 50 110 1.38
25 55 0.86

Source: Hand MS, Thatcher CD, Remillard RL, et al., Body surface area of dogs. In: Small Animal Clinical Nutrition. 4th ed. Topeka: 
Mark Morris Institute; 2000:1009.
*(10.1 × kg0.67)/100.
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output estimates compared well with dye-dilution 
cardiac output measurements in anesthetized dogs34 
and pigs.13

Arterial–venous oxygen content, oxygen 
extraction, venous oxygen, arterial–venous 
oxygen saturation

Oxygen consumption is usually not measured in clinical 
veterinary medicine so the whole Fick equation (Eq. 
12.4) usually cannot be used. However, assuming that 
oxygen consumption has not changed too much 
(although it can easily halve [hypothermia; general  
anesthesia] or double [increased muscular activity]  
in common clinical situations), the arterial–venous 
oxygen content difference alone can be used to estimate 
the adequacy of tissue perfusion (directly related to 
cardiac output if the animal is not vasoconstricted). When 
oxygen delivery decreases, and oxygen uptake continues 
at its previous level, a greater proportion of oxygen is 
removed from the blood (oxygen extraction). This will 

Various marker gases have been used: oxygen, carbon 
dioxide, acetylene, and nitrous oxide. If any two param-
eters in this equation are known, the third can be calcu-
lated. When cardiac output is measured, for instance, 
arterial and venous oxygen content are calculated (from 
PO2 and hemoglobin measurements; see Table 12.2), 
and oxygen consumption (VO2) is calculated (flow times 
arterial–venous O2 content). The venous blood sample 
used for these calculations must come from a central 
vein (pulmonary artery best; vena cava acceptable); 
cephalic or saphenous venous blood oxygen mea-
surements will not do for this calculation. By the  
Fick equation, cardiac output can be calculated from 
oxygen consumption (calculated as the difference 
between inspired tidal volume and oxygen concentra-
tion and expired tidal volume and oxygen concentra-
tion) divided by arterial–venous O2 content. Fick cardiac 
output estimates compared well with thermodilution 
cardiac output measurements in cats at low (r = 0.89) 
and normal (r = 0.69) cardiac outputs, but overesti-
mated high (r = 0.75) cardiac outputs.33 Fick cardiac 

Table 12.2 Standard Formulas for Calculated Variables

Parameter Formula

Body surface area (10.1 × kg0.67)/100
Alveolar PO2 (room air) [(barometric pressure-50) × 0.21]-(PaCO2/RQ), where 50 is the saturated water vapor 

pressure at 38.5oC, 0.21 is the fractional inspired oxygen, and RQ = 0.9
Arterial, mixed venous, and capillary 

oxyhemoglobin saturation
([38,848/(202 × PO2 + 1.17 × PO2

2 + PO2
3)] + 1)−1 × 100*

Arterial, mixed-venous, and pulmonary 
capillary oxygen content

(1.34 × Hb × SO2) + (0.003 × PO2), where 1.34 is 100% saturated hemoglobin oxygen 
content, SO2 is hemoglobin saturation, PO2 is partial pressure of oxygen in arterial, 
mixed venous, or capillary blood

Cardiac index Cardiac output per square meter BSA or kilogram of body weight
Stroke volume index CI/heart rate
Systemic vascular resistance index (ABP-CVP) × 79.92/CI m2 or (ABP-CVP)/CI kg
Pulmonary vascular resistance index (PAP-PAOP) × 79.92/CI m2 or (PAP-PAOP)/CI kg
Left and right cardiac work index CI × ABPm × 0.0144

CI × PAPm × 0.0144
Left and right ventricular stroke work SVI × ABPm × 0.0144

SVI × PAPm × 0.0144
Oxygen delivery CaO2 × (CI m2 × 10) or (CI kg/100)
Oxygen consumption (CaO2-CmvO2) × (CI m2 × 10) or (CI kg/100)
Oxygen extraction VO2/DO2 or CaO2-CmvO2/CaO2

Venous admixture (CcO2-CaO2)/(CcO2-CmvO2)
Arterial and venous blood carbon dioxide 

content
(2.226 × 0.0299 × PCO2 × (1 + 10(pH-6.085))) × (1-((0.0289 × Hb)/

((3.352-(0.456 × (SO2/100)))  × (8.142-pH))))**
Carbon dioxide production (CaCO2-CmvCO2) × CI × 10

*Reeves RB, et al., Oxygen affinity and Bohr coefficients of dog blood. J Appl Physiol 1982;53:87–95.
**Douglas AR, et al., Calculation of whole blood CO2 content J Appl Physiol 1988;65:473–477.



168  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

to compare favorably with normal-range thermodilu-
tion cardiac output measurements (but overestimated 
cardiac output at low-range cardiac outputs and under-
estimated high-range cardiac outputs).17 The NICO2 
system compared well with ultrasound transit time 
flowmetry and thermodilution during and after cardio-
pulmonary bypass,7 and with lithium cardiac output 
measurements, across a spectrum of low to high cardiac 
outputs, in anesthetized dogs.41 The NICO2 system is 
noninvasive, easy to use, and provides near-continuous 
measurements.

Venous–arterial PCO2

Carbon dioxide production is not measured in clinical 
veterinary practice and so the whole Fick equation  
(Eq. 12.6) cannot be used. However, assuming that 
carbon dioxide production has not changed too much 
(although it can easily halve [hypothermia; general  
anesthesia] or double [increased muscular activity]  
in common clinical situations), the venous–arterial 
PCO2 difference alone can be used to estimate the ade-
quacy of tissue perfusion (directly related to cardiac 
output if the animal is not vasoconstricted). When blood 
flow decreases, and carbon dioxide production contin-
ues at its previous level, an increase in venous carbon 
dioxide results in a greater difference between arterial 
and venous PCO2. Venous–arterial PCO2 was reported 
to be 4.2 ± 1.5 in normal dogs, increasing to 10.7 ± 3.9 
in moderately hypovolemic dogs.35 In a canine acute 
hemorrhage model, venous–arterial PCO2 increased 
from 5.2 to 12.9 mm Hg.36 Venous–arterial PCO2 was 4.9 
in critically ill people with normal cardiac output mea-
surements and was 7.4 in patients with low cardiac 
output.42 Venous–arterial PCO2 decreased from 9 to 
5 mm Hg with dobutamine augmentation of cardiac 
output.37

Pulse contour methods
The area under the pulse pressure waveform bears some 
correlation to stroke volume. The pulse pressure wave-
form can be qualitatively characterized by digital palpa-
tion of an arterial vessel; a tall, wide pulse is likely 
associated with a large stroke volume while a short, 
narrow pulse is likely associated with a small stroke 
volume. The pulse pressure waveform can also be mea-
sured by indirect sphygmomanometry or by direct arte-
rial measurement.

Pulse contour methodologies calculate stroke volume 
from measured pulse pressure waveforms using algo-
rithms that consider arterial impedance, compliance, 
and resistance. At a given arterial compliance there is  
a directional relationship between the change in the  

result in a decrease in venous oxygen and a greater dif-
ference between arterial and venous oxygen content. 
Arterial–venous oxygen content was reported to be 
3.6 ± 1.2 mL/dL in normal dogs, increasing to 7.0 ± 
1.9 mL/dL in moderately hypovolemic dogs.35 In this 
same report, oxygen extraction increased from 21 ± 6% 
to 42 ± 10%. Oxygen extraction is calculated by the fol-
lowing formula:

Oxygen extraction Cont O -Cont O /

Cont O

Art Ven

Art

= ( )2 2

2

 (12.5)

Central venous oxygen (partial pressure [PO2] or 
saturation [SO2]) alone (without calculating oxygen 
content) can also be used in this same context. Normal 
central venous PO2 and SO2 were reported to be 49 ± 6 
and 78 ± 6, respectively, in normal dogs and decreased 
to 35 ± 5 and 56 ± 9 in moderate hypovolemia.35 
In another canine acute hemorrhage model,36 PvO2 
decreased from 46 to 34 mm Hg. Venous PO2 was 
reported to be significantly correlated with cardiac 
output in cats; however, there was notable variability.33 
In a cohort of critically ill humans, dobutamine  
augmentation of cardiac output, decreased oxygen 
extraction from 48% to 36% and increased mixed-
venous oxygen saturation from 49% to 61%.37 Other 
studies reported weak correlations between venous 
oxygen saturation and cardiac output in human 
intensive-care-unit patients38 and in a piglet hemor-
rhagic shock model.39

Carbon dioxide–based Fick

The Fick principle and formula can also be used with 
carbon dioxide production:

Flow carbon dioxide production / CvCO -CaCO= ( ) ( )2 2  
(12.6)

A commercial, noninvasive method for measuring 
cardiac output in intubated patients is available (NICO2, 
Novametrix Medical Systems, Wallingford, CT). The 
method involves the transient partial rebreathing  
of carbon dioxide (for 50 seconds every 3 minutes). 
Cardiac output is calculated from end-tidal carbon 
dioxide concentrations during normal and CO2 rebreath-
ing episodes. End-tidal CO2 (measured) and carbon 
dioxide solubility are used to calculate arterial CO2 
concentration. Inspired oxygen and arterial oxygena-
tion are used to calculate a shunt fraction, which is  
used to correct for the shunted portion of cardiac 
output.40,41 This method of analysis has been shown 
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vascular response coupling (+1 = best; −1 = worst). 
Cardiac cycle efficiency is a ratio between myocardial 
work and energy consumed, and represents an index of 
heart stress. PRAM compares very well with thermodi-
lution cardiac output in people,54 and with electromag-
netic flowmetry and thermodilution cardiac output 
measurements in pigs across a wide range of cardiac 
outputs.55

The Portapres system (Finapress Medical Systems, 
Amsterdam, The Netherlands) is an ambulatory blood 
pressure monitoring unit that measures heart rate and 
blood pressure, calculates stroke volume and cardiac 
output, and calculates vascular resistance, compliance, 
and impedance. The technology compares well with 
thermodilution cardiac output in critically ill humans as 
a clinically acceptable trend monitor, but the substantial 
variation of measurements leads to a significant percent-
age of inaccurate measurements.56,57

The Flo Trac sensor and Vigileo monitor system 
(Edwards Lifesciences, Irvine, CA) utilizes user-entered 
anthropomorphic data (sex, age, weight, height, and 
surface area) to assign a value to compliance and  
vascular tone independent of external cardiac output 
measurements and system recalibration. For use in  
veterinary medicine, either the algorithms would  
need to be changed or false information would have to 
be entered to enable correct surface-area calculations. 
Flo Trac compared well with thermodilution cardiac 
output measurements.32,45 The sensor can be used with 
any arterial catheter and no external calibration is 
required.

Transthoracic impedance
The transthoracic impedance method uses four paired 
electrodes to measure changes in transthoracic imped-
ance during the cardiac cycle and then calculates an 
estimate of stroke volume. Over a cardiac cycle, the only 
intrathoracic fluid volume that changes is intrathoracic 
blood volume. The magnitude and rate of change reflects 
myocardial contractility. Baseline impedance is affected 
by other fluid accumulation diseases such as hydrotho-
rax and pulmonary edema. A meta-analysis of thoracic 
impedance technology concluded that the technique 
may only be sufficiently accurate as a trend monitor.58 
There are several commercial devices that measure and 
assess the thoracic impedance.

The BioZ ICG system (Cardiodynamics, San Diego, 
CA, subsidiary of Sonosite, Bothel, WA) evaluates heart 
rate, blood pressure, cardiac output, systemic vascular 
resistance, systolic time ratio (an index of myocardial 
contractility), and thoracic fluid content. Studies gener-
ally report moderate correlation with thermodilution 

area under the pulse pressure waveform and the change 
in volume (stroke volume). Unfortunately, arterial  
compliance is not measured and so cardiac output must 
be periodically and independently verified. Once this 
measured cardiac output is fed into the computer,  
it back-calculates correction factors that will be used  
in future pulse-contour assessments (until it is again 
recalibrated). There are several commercial devices that 
continuously measure and assess the pulse pressure 
waveform.

The PiCCO2 system (Pulsion Medical Systems, Irving, 
TX) requires a central venous and an arterial catheter. 
The PiCCO2 system uses transpulmonary thermodilu-
tion to intermittently measure cardiac output (saline is 
injected into a jugular catheter and the change in tem-
perature is measured by a thermistor in a special arterial 
catheter). The PiCCO2 system also estimates cardiac 
filling volume, intrathoracic blood volume, and extra-
vascular lung water. The PiCCO2 system compared very 
well with thermodilution cardiac output measurements 
in critical human patients.9,10,12,43–45 and in a piglet hem-
orrhagic shock model.39

The LiDCO Plus system (LiDCO Ltd Cambridge, 
UK) uses a pulse power analysis algorithm (PulseCO) 
that mathematically calculates changes in stroke volume; 
independent lithium indicator dilution cardiac output 
measurements are needed to calibrate the system. There 
is good agreement with thermodilution cardiac output 
measurements but large variability. Accuracy falls off 
with time and periodic recalibration (by remeasuring 
cardiac output) as often as every 1–2 hours may be nec-
essary.12 The PulseCO system has been reported to 
compare well with thermodilution and lithium cardiac 
output measurements (but overestimated cardiac output 
at low-range cardiac outputs and underestimated high-
range cardiac outputs).17,32,46,47 Early canine studies of 
pulse contour cardiac output estimates reported good 
correlation and accuracy compared with implanted 
electromagnetic flowmeter measurements48,49 and ther-
modilution cardiac output measurements.50 Several sub-
sequent canine studies, however, have reported a high 
variability and poor correlation between pulse contour 
cardiac output estimates and lithium calibration cardiac 
output measurements.51–53

The MostCare™ device (Vytech Health, Padova, Italy) 
uses the pressure recording analytical method (PRAM), 
via perturbation theory, to estimate cardiac output  
just from the analysis of the pressure wave profile 
(requires only an arterial catheter). The PRAM algo-
rithm characterizes the elastic properties of the arterial 
system from the analysis of the pulse pressure profile. 
The PRAM system also provides a parameter called 
cardiac cycle efficiency, which is an index of heart–
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The ultrasound cardiac output monitor (USCOM, 
Uscom Ltd, Sydney, Australia) uses continuous-wave 
Doppler and anthropomorphic aortic and pulmonary 
valve data to calculate stroke volume. There are no 
reports of its use in dogs and cats.

Doppler probes can also be placed into the esophagus 
and positioned so as to face the descending thoracic 
aorta (Hemosonic 100, Arrow International, Reading, 
PA; Dynemo 3000, Sometec, Paris). The ultrasound 
transducer is positioned as close as possible to the direc-
tion of blood flow (corrections are made to the measure-
ment to compensate for the angle between the direction 
of the ultrasound beam and that of the blood flow). The 
phase shift in the reflected ultrasound waves as they are 
carried downstream by the flowing blood is used to 
calculate blood flow velocity. Flow velocity and time are 
used to calculate stroke distance, and stroke distance 
times cross-sectional area of the aorta (measured or 
anthropomorphically determined) is used to calculate 
stroke volume. A major assumption of this technique is 
that a constant proportion of the cardiac output flows 
through the descending aorta (the remainder going 
through the brachiocephalic and coronary arteries). 
Unfortunately this is variable; hypovolemia decreases 
and vasodilation increases the proportion of the cardiac 
output entering the descending aorta. Although some 
reports suggest good correlation with thermodilution 
cardiac output,44,68–70 other reports suggest a variable 
correlation.71 Use of the technique has been reported in 
anesthetized dogs, but cardiac output values were not 
reported.72 Transesophageal probes are large, anesthesia 
is required to introduce them, and they cannot be fixed 
in place for continuous measurements.

Other methods
Velocity encoded phase contrast magnetic resonance 
imaging is a very accurate technique for measuring  
flow in large vessels.73 Nuclear scintigraphy can also 
be used to evaluate cardiac output.74 The equipment is 
very expensive, requires considerable training to operate, 
and the measurements are intermittent. These tech-
niques do not lend themselves to use in the intensive 
care unit.

Interpreting measurements

There is a large amount of cardiopulmonary function 
information that can be derived when cardiac output is 
measured (see Fig. 12.4 and Table 12.3). This allows for 
broader characterization of patient status and may 
improve survival opportunities for some patients. Since 
forward flow is dependent upon venous return, it is 

cardiac output measurements59,60 or between thoracic 
fluid content and the amount of fluid removed by 
hemodialysis.61

Electrical cardiometry (Icon and Aesculon [Cardio-
tronic, Inc. La Jolla, CA]) utilizes electrical velocimetry 
(changes in thoracic conductivity caused by the align-
ment of red blood cells) to calculate heart rate, stroke 
volume, cardiac output, systolic time ratio, an index of 
contractility, and thoracic fluid index. Electrical velo-
cimetry estimates of cardiac output compared favorably 
with transpulmonary thermodilution cardiac output 
measurements in piglets.11

The RheoCardioMonitor (ACMA, Ltd, Singapore) 
assesses cardiac output and compared well to thermodi-
lution cardiac output measurements in pigs62 and 
people.63

The Niccomo instrument (Medis, Ilmenau, Germany) 
measures heart rate and blood pressure and utilizes  
a physiological adaptive signal analysis (PASA) algo-
rithm to calculate stroke volume, cardiac output, sys-
temic vascular resistance, thoracic fluid content, left 
cardiac work index, several indices of contractility, and 
systolic time intervals. The company also produces 
computer-based impedance cardiography interfaces, 
using the same technology as the Niccomo that can run 
on any personal computer (Cardioscreen 1000 and 
2000). The PASA-algorithm-derived cardiac output cor-
related well with thermodilution in people64; other 
studies reported only modest correlation between 
impedance-estimated cardiac output and transthoracic 
Doppler cardiography65 and thermodilution cardiac 
output.56

Whole-body impedance estimates of cardiac output 
correlated well with thermodilution cardiac output 
measurements in one study66 but not in another.67

Doppler ultrasound
Standard echocardiography, operated by experienced 
individuals, can be used to measure aortic or pulmonary 
valve diameter and the velocity–time integral, from 
which stroke volume can be calculated. Accurate assess-
ment of the diameter of the outflow tract is difficult, and 
measurements are intermittent and not a readily viable 
option for critical care settings. Echocardiographic esti-
mated cardiac output did not correlate well with ther-
modilution cardiac output measurements in cats.33 In a 
hemorrhage model in dogs, the pulmonic valve, com-
pared with the aortic valve, and proximal and distal 
aorta, was the site that generated the most repeatable 
Doppler measurements,36 but none of the echocardio-
graphic cardiac output determinations compared very 
well with thermodilution.
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volemia is possible; high cardiac output and arterioscle-
rosis are unlikely).

Next evaluate cardiac output. Low cardiac output could 
be caused by the following: hypovolemia (check the 
preload parameters); cardiac disease (atrioventricular 
[AV] insufficiency, aortic stenosis, fibrosis, pericardial 
tamponade); poor contractility (if not measured, then 
presumed if preload parameters are high and forward 
flow parameters are low, in the absence of anatomic 
cardiac disease). Low cardiac output should be treated 
if it is associated with hypotension or evidence of poor 
tissue perfusion.

Next evaluate systemic vascular resistance. Low vas-
cular resistance (vasodilation) may be associated with 
hypotension, in which case, it should be treated by 
administering a vasoconstrictor. Low vascular resistance 
associated with acceptable blood pressure does not need 
to be treated. High vascular resistance (vasoconstric-
tion) may be associated with poor tissue perfusion. If 
associated with high blood pressure, the situation may 
benefit from judicious vasodilator therapy. However, if 
associated with marginal blood pressure, the condition 
should not be specifically treated because it is probably 
compensation for hypovolemia or marginal cardiac 
output, and vasodilator administration will probably 
cause hypotension.

Next evaluate oxygen content, delivery, consumption, 
and extraction. Low oxygen content is most likely caused 
by anemia. Low oxygen delivery may be caused by  
low oxygen content or low cardiac output. Low oxygen 
consumption may be caused by low oxygen delivery or 
impaired metabolism. High oxygen extraction is usually 
indicative of low oxygen delivery; low oxygen extraction 
may be caused by impaired cellular metabolism or 
peripheral arterial–venous shunting. Venous oxygen is 
low when oxygen extraction is high, and vice-versa; the 
assessments are the same.

Conclusion

Determination of cardiac output and systemic oxygen 
delivery can be helpful in patients with perfusion  
status that is poorly defined by other methods or  
that do not respond to therapy. Cardiac output can be 
measured many ways but the common clinically appli-
cable techniques involve indicator dilution, usually 
either thermodilution with the balloon-tipped pulmo-
nary arterial catheter or lithium dilution. Though it is 
unclear whether use of this advanced monitoring 
improves outcome, certainly outcome can only be 
improved if the technique is performed properly, the 
results interpreted correctly, and the appropriate therapy 
instituted.

Figure 12.4 Integrated cardiopulmonary function: preload 
determines diastolic filling of the heart; contractility is the strength 
of load-independent contraction of the ventricles; afterload is the 
pressure against which the heart must contract to generate a 
stroke volume; stroke volume and heart rate determine cardiac 
output; hemoglobin concentration and the amount of oxygen 
loaded onto it determine oxygen content; cardiac output and 
systemic vascular resistance determine arterial blood pressure; 
arterial blood pressure is primarily important as a determinant of 
cerebral and coronary perfusion; systemic vascular resistance is 
primarily important as a determinant of visceral tissue perfusion; 
cardiac output and oxygen content determine oxygen delivery; 
oxygen delivery minus oxygen consumption determine venous 
oxygen.
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appropriate to first evaluate preload parameters. Central 
venous pressure represents preload pressure to the right 
heart (0–10 mm Hg); pulmonary artery occlusion pres-
sure represents preload pressure to the left heart (2–
12 mm Hg). Low pressures suggest that there is room for 
additional blood volume augmentation if other param-
eters corroborate hypovolemia. High pressures may rep-
resent hypervolemia or heart failure, and suggest that 
additional volume loading may be unwarranted. Preload 
pressure has a variable relationship to preload volume, 
depending upon ventricular compliance. High preload 
pressure does not necessarily define high preload but it 
always necessitates a conservative fluid plan.

Next evaluate arterial blood pressure. Low mean arte-
rial blood pressure (<60 mm Hg) could be caused by 
hypovolemia (check preload parameters), poor cardiac 
output (measure cardiac output; check for cardiac 
disease), or vasodilation (calculate systemic vascular 
resistance; check clinical vasomotor tone signs). High 
mean systemic arterial pressure (>140 mm Hg) is usually 
attributable to high vasomotor tone (iatrogenic hyper-



Table 12.3 Cardiopulmonary Values in Normal Dogs75

Parameter Units Baseline 95%

n = 97 Confidence

Mean ± SD Interval

BW kg 20.5 ± 6.9

BSA m2 0.74 ± 0.17

Temp °C 38.4 ± 0.6 38.3–38.5

pHa Units 7.381 ± 0.025 7.376–7.387

PaCO2 mm Hg 40.2 ± 3.4 39.5–41.0

HCO3a mEq/L 23.1 ± 2.0 22.7–23.5

BDa mEq/L −2.1 ± 2.3 −1.7 to −2.6

pHmv Units 7.362 ± 0.027 7.356–7.367

PmvCO2 mm Hg 44.1 ± 3.8 43.3–44.9

HCO3mv mEq/L 24.2 ± 2.1 23.7–24.6

BDmv mEq/L −1.9 ± 2.3 −1.4 to −2.3

a–mv pH Units 0.020 ± 0.012 0.018–0.022

a–mv PCO2 mm Hg −3.9 ± 1.6 −3.6 to −4.2

a–mv HCO3 mEq/L −1.1 ± 0.7 −0.9 to −1.2

a–mv BD mEq/L 0.2 ± 0.7 0.1–0.4

PaO2 mm Hg 99.5 ± 6.8 98.1–100.8

SaO2 % 96.3 ± 0.9 96.1–96.5

Hb g/dL 13.6 ± 1.8 13.3–14.0

CaO2 mL/dL 17.8 ± 2.3 17.4–18.3

PmvO2 mm Hg 49.3 ± 5.8 48.2–50.5

SmvO2 % 77.1 ± 5.5 75.6–78.2

CmvO2 mL/dL 14.2 ± 2.2 13.8–14.7

Ca–vO2 mL/dL 3.6 ± 1.0 3.4–3.8

PAO2 mm Hg 105.8 ± 3.7 105.1–106.9

A–aPO2 mm Hg 5.5 ± 6.9 3.6–7.4

ScO2 % 96.9 ± 0.5 96.8–97.0

CcO2 mL/dL 18.0 ± 2.3 17.5–18.5

Ven admix % 3.6 ± 4.1 2.8–4.4

CaCO2 mL/dL 45.8 ± 4.3 44.9–46.6

CmvCO2 mL/dL 48.5 ± 4.4 47.6–49.4

Ca–vCO2 mL/dL 2.7 ± 1.4 2.5–3.0

CVP cm H2O 3.1 ± 4.1 2.3–4.0

PAOP mm Hg 5.5 ± 2.9 4.8–6.2

HR Beats/min 87 ± 22 83.0–91.8
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Parameter Units Baseline 95%

n = 97 Confidence

Mean ± SD Interval

ABPm mm Hg 103 ± 15 99.9–106.0

PAPm mm Hg 14.0 ± 3.2 13.4–14.7

CO mL/min 3360 ± 1356 3086–3633

CI L/min/m2 4.42 ± 1.24 4.17–4.67

mL/min/kg 165 ± 43 156–174

SVI mL/beat/m2 51.9 ± 13.5 49.2–54.7

mL/beat/kg 1.93 ± 0.46 1.84–2.02

SVRI dyne·sec·cm−5/m2 1931 ± 572 1815–2045

mm Hg/mL/min/kg 0.641 ± 0.173 0.606–0.676

PVRI dyne·sec·cm−5/m2 196 ± 78 179–210

mm Hg/mL/min/kg 0.065 ± 0.026 0.060–0.070

LCWI kg·min/m2 6.6 ± 2.3 6.2–7.1

mm Hg/mL/min/kg 17,045 ± 5393 15,957–18,132

LVSWI g·min/m2 76.7 ± 24.5 71.7–81.6

mm Hg/mL/min/kg 199 ± 54 188–210

LVRPP Beats/min mm Hg 9057 ± 2937 8465–9649

RCWI kg·min/m2 0.91 ± 0.41 0.83–0.99

mm Hg/mL/min/kg 2353 ± 981 2156–2551

RVSWI g·min/m2 10.4 ± 3.9 9.6–11.2

mm Hg/mL/min/kg 27.1 ± 9.1 25.2–28.9

RVRPP Beats/min mm Hg 1247 ± 510 1144–1350

DO2 mL/min/m2 790 ± 259 737–842

mL/min/kg 29.5 ± 8.8 27.7–31.3

VO2 mL/min/m2 164 ± 71 148–181

mL/min/kg 6.0 ± 2.6 5.5–6.5

O2 extrac % 20.5 ± 5.7 19.4–21.7

VCO2 mL/min/m2 128 ± 46 114–136

Source: Haskins SC, Pascoe PJ, Ilkiw JE, Fudge M, Hopper K, Aldrich J. Reference cardiopulmonary values in normal dogs. Comparative 
Medicine 2005;55:158–163.
BW, body weight; BSA, body surface area; a, arterial; mv, mixed venous; A, alveolar; c, capillary; a–v, arterial–mixed venous; m, 
mean; A–a, alveolar–arterial; PCO2, partial pressure of carbon dioxide; HCO3, bicarbonate; BD, base deficit; PO2, partial pressure of 
oxygen; SO2, hemoglobin saturation with oxygen; Hb, hemoglobin; C, content; O2, oxygen; CO2, carbon dioxide; ven admix, venous 
admixture; HR, heart rate; ABPm, mean arterial blood pressure; CVP, central venous pressure; PAPm, mean pulmonary arterial blood 
pressure; PAOP, pulmonary artery occlusion pressure; CO, cardiac output; CI, cardiac index; SVI, stroke volume index; SVRI, systemic 
vascular resistance index; PVRI, pulmonary vascular resistance index; LCWI, left cardiac work index; LVSWI, left ventricular stroke work 
index; RCWI, right cardiac work index; RVSWI, right ventricular stroke work index; LVRPP, left ventricular rate pressure product; RVRPP, 
right ventricular rate pressure product; DO2, oxygen delivery; VO2, oxygen consumption; O2 extrac, oxygen extraction; VCO2, carbon 
dioxide production.



174  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

17. Kothari N, Amaria T, Hegde A, Mandke A, Mandke NV. Measure-
ment of cardiac output; comparison of four different methods. 
Ind J Thorac Cardiovasc Surg 2003;19:163–168.

18. Shoemaker WC, Appel PL, Kram HB, Waxman K, Lee TS. Pro-
spective trial of supranormal values of survivors as therapeutic 
goals in high risk surgical patients. Chest 1988;94:1176–1186.

19. Ivanov R, Allen J, Calvin JE. The incidence of major morbidity in 
critically ill patients managed with pulmonary artery catheters: a 
meta-analysis. Crit Care Med 2000;28:615–619.

20. Binanay C, Califf RM, Hasselblad V, et al. Evaluation study of 
congestive heart failure and pulmonary artery catheterization 
effectiveness: the ESCAPE trial. JAMA 2005;294:1625–1633.

21. Hall JB. Searching for evidence to support pulmonary artery 
catheter use in critically ill patients. JAMA 2005;294(13): 
1693–1694.

22. Pinsky MR, Vincent JL. Let us use the pulmonary artery catheter 
correctly and only when we need it. Crit Care Med 2005;33: 
1119–1122.

23. Harvey S, Stevens K, Harrison D, Young D, Brampton W, McCabe 
C. An evaluation of the clinical and cost-effectiveness of pulmo-
nary artery catheters in patient management in intensive care: a 
systematic review and randomised controlled trial. Health 
Technol Assess 2006;10: iii–iv, ix–xi, 1–133.

24. Friese RS, Shafi S, Gentilello LM. Pulmonary artery catheter use 
is associated with reduced mortality in severely injured patients: 
a National Trauma Data Bank analysis of 53,312 patients. Crit 
Care Med 2006;34:1597–1601.

25. Hori T, Yamamoto C, Yagi S, Lida T, Taniguchi K, Hasegawa T, 
Yamakado K, Hori Y, Takeda K, Maruyama K, Uemoto S. Assess-
ment of cardiac output in liver transplantation recipients. Hep-
tobiliary Pancreat Dis Int 2008;4:362–366.

26. Maarek HM, Holschneider DP, Harimoto J, Yang J, Scremin OU, 
Rubinstein EH. Measurement of cardiac output with indocyanine 
green transcutaneous fluorescence dilution technique. Anesthe-
siology 2004;100:1476–1483.

27. Mason DJ, O’Grady M, Woods P, McDonell W. Assessment of 
lithium dilution cardiac output as a technique for measurement 
of cardiac output in dogs. Am J Vet Res 2001;62:1255–1261.

28. Bealieu KE, Kerr CL, McDonell WN. Evaluation of a lithium 
cardiac output technique as a method for measurement of  
cardiac output in anesthetized cats. Am J Vet Res 2005;66: 
1639–1645.

29. Corley KTT, Donaldson LL, Furr MO. Comparison of lithium 
dilution and thermodilution cardiac output measurements in 
anaesthetised neonatal foals. Equine Vet J 2002;34:598–601.

30. Kelso LA. Complications associated with pulmonary artery cath-
eterization. New Horizons 1997;6:259–263.

31. Mathews L, Singh KRK. Cardiac output monitoring. Ann Cardiac 
Anaesth 2008;11:56–68.

32. deWaal EEC, Kalkman CJ, Rex S, Buhre W. Validation of a new 
arterial pulse contour–based cardiac output device. Crit Care 
Med 2007;35:1904–1909.

33. Dyson DH, Allen DG, McDonell WN. Evaluation of three 
methods for cardiac output determination in cats. Am J Vet Res 
1985;46:2546–2552.

34. Noe FE, Whitty AJ, Davies KR. Simultaneous computer-calculated 
carbon dioxide and oxygen direct Fick and dye dilution measure-
ments of cardiac output in dogs. Acta Anaesthesiol Scand 
1981;25:12–16.

35. Haskins SC, Pascoe PJ, Ilkiw JE, Fudge M, Hopper K, Aldrich  
J. The effect of moderate hypovolemia on cardiopulmonary func-
tion in dogs. J Vet Emerg Crit Care 2005;15:100–109.

References
 1. Powner DJ, Snyder JV. In vitro comparison of six commercially 

available thermodilution cardiac output systems. Med Instrum 
1978;12:122–127.

 2. Bilfinger TV, Lin CY, Anagnostopoulos CE. In vitro determina-
tion of accuracy of cardiac output measurements by thermal 
dilution. J Surg Res 1982;33:409–414.

 3. Dyson DH, McDonell WN, Horne JA. Accuracy of thermodilu-
tion measurement of cardiac output in low flows applicable to 
feline and small canine patients. Can J Comp Med 1984;48: 
425–427.

 4. Norris SL, King EG, Grace M, Weir B. Thermodilution cardiac 
output—an in vitro model of low flow states. Crit Care Med 
1986;14:57–59.

 5. Sorensen MB, Bille-Brahe NE, Engell HC. Cardiac output mea-
surement by thermal dilution: reproducibility and comparison 
with the dye-dilution technique. Ann Surg 1976;183:67–72.

 6. Pelletier C. Cardiac output measurement by thermodilution. Can 
J Surg 1979;22:347–350.

 7. Botero M, Kirby D, Lobato EB, Staples ED, Gravenstein N. Mea-
surement of cardiac output before and after cardiopulmonary 
bypass: comparison among aortic transit-time ultrasound, ther-
modilution and noninvasive partial CO2 rebreathing. J Cardio-
thorac Vasc Anaesth 2004;18:563–572.

 8. Sakka SG, Reinahrt K, Meier-Hellman A. Comparison of pulmo-
nary artery and arterial thermodilution cardiac output in criti-
cally ill patients. Intensive Care Med 1999;25:843–846.

 9. Geodje O, Hoeke K, Lichtwarck-Aschoff M, Faltchauser A, Lamm 
P, Reichart B. Continuous cardiac output by femoral arterial ther-
modilution calibrated pulse contour analysis: comparison with 
pulmonary arterial thermodilution. Crit Care Med 1999;27: 
2407–2412.

10. Della Rocca G, Costa MG, Coccia C, Pompei L, DiMarco P, Vilardi 
V, Pietropaoli P. Cardiac output monitoring: aortic transpulmo-
nary thermodilution and pulse contour analysis agree with stan-
dard thermodilution methods in patients undergoing lung 
transplantation. Can J Anaesth 2003;50:707–711.

11. Osthaus WA, Huber D, Beck C, Winterhalter M, Boethig D, Wessel 
A, Sumpelmann R. Comparison of electrical velocimetry and 
transpulmonary thermodilution for measuring cardiac output in 
piglets. Paediatr Anaesth 2007;17:749–755.

12. Hamzaoui O, Monnet X, Richard C, Osman D, Chemia D, Teboul 
JL. Effects of changes in vascular tone on the agreement between 
pulse contour and transpulmonary thermodilution cardiac outpt 
measurements within an up to 6-hour calibration-free period. 
Crit Care Med 2008;36:434–440.

13. Thrush D, Downs JB, Smith RA. Continuous thermodilution 
cardiac output agreement with Fick and bolus thermodilution 
methods. J Cardiothorac Vasc Anesth 1995;9:399–404.

14. Watt RC, Loeb RG, Orr J. Comparison of a new non-invasive 
cardiac output technique with invasive bolus and continuous 
thermodilution. Anesthesiology 1998;89:A536.

15. Zollner C, Polasek J, Kilger E, Pichler B, Jaenicke U, Briegel J, 
Vetter H, Haller M. Evaluation of a new continuous thermodilu-
tion cardiac output monitor in cardiac surgical patients: a pro-
spective criterion standard study. Crit Care Med 1999;27: 
293–298.

16. O’Malley P, Smith B, Hamlin R, Nickel J, Nakayama T, MacVicar 
M, Mann B. A comparison of bolus versus continuous cardiac 
output in an experimental model of heart failure. Crit Care Med 
2000;28:1985–1990.



Cardiac Output Monitoring  175

to monitor cardiac output in anesthetized dogs. Am J Vet Res 
2005;66:1430–1436.

52. Cooper ES, Muir WW. Continuous cardiac output monitoring 
via arterial pressure waveform analysis following severe hemor-
rhagic shock in dogs. Crit Care Med 2007;35:1724–1729.

53. Duffy AL, Butler AL, Radecki SV, Campbell VL. Comparison of 
continuous arterial pressure waveform analysis with the lithium 
dilution technique to monitor cardiac output in conscious dogs 
with systemic inflammatory response synsdrome. Am J Vet Res 
2009;70:1365–1373.

54. Romano SM, Pistolesi M. Assessment of cardiac output from 
systemic arterial pressure in humans. Crit Care Med 2002; 
30:1834–1841.

55. Scolletta S, Romano SM, Biagioli B, Capannini G, Giomarelli P. 
Pressure recording analytical method (PRAM) for measurement 
of cardiac output during various haemodynamic states. Br J 
Anaesth 2005;95:159–165.

56. Hirschl MM, Kittler H, Woisetschlager C, Siostrzonek P, 
Staudinger T, Kofler J, Oschatz E, Bur A, Gwechenberger M, 
Laggner AN. Simultaneous comparison of thoracic bioimped-
ance and arterial pulse waveform–derived cardiac output with 
thermodilution measurement. Crit Care Med 2000;28:1798– 
1802.

57. Jellema WT, Wesseling KH, Groeneveid ABJ, Stoutenbeek CP, 
Thijs LG, van Lieshout JJ. Continuous cardiac output in septic 
shock by simulating a model of the aortic input impedance. Anes-
thesiology 1999;90:1317–1328.

58. Raaijmakers E, Faes TJC, Scholten RJPM, Goovaerts HG, 
Heethaar RM. A meta-analysis of three decades of validating 
thoracic impedance cardiography. Crit Care Med 1999;27: 
1203–1213.

59. Albert NM, Hail MD, Li J, Young JB. Equivalence of the  
bioimpedance and thermodilution methods in measuring car-
diac output in hospitalized patients with advanced, decom-
pensated chronic heart failure. Am J Crit Care 2004;13: 
469–479.

60. Kamath SA, Drazner MH, Tasissa G, Rogers JG, Stevenson LW, 
Yancy CW. Correlation of impedance cardiography with invasive 
hemodynamic measurements in patients with advanced heart 
failure: the bioimpedance cardiography (BIG) substudy of the 
ESCAPE trial. Am Heart J 2009;158:217–223.

61. Wynne JL, Ovadie LO, Akride CM, Sheppard SW, Vogel RL, Van 
De Water JM. Impedance cardiography: a potential monitor for 
hemodialysis. J Surg Res 2006;133:55–60.

62. Haryadi DG, Westenskow DR, Critchley LAH, Schookin SI, 
Zubenko VG, Beliaev KR, Morozov AA. Evaluation of a new 
advanced thoracic bioimpedance device for estimation of cardiac 
output. J Clin Monitoring Computing 1999;15:131–138.

63. Barin E, Haryadi DG, Schookin SI, Westenskow DR, Zubenko VG, 
Beliaev KR, Morozov AA. Evaluation of a thoracic bioimpedance 
cardiac output monitor during cardiac catheterization. Crit Care 
Med 2000;28:698–702.

64. Sherhag A, Kaden JJ, Kentschke E, Sueselbeck T, Borggrefe M. 
Comparison of impedance cardiography and thermodilution-
derived measurements of stroke volume and cardiac output at 
rest and during exercise testing. Cardiovasc Drugs Therapy 
2005;19:141–147.

65. Fellahi JL, Caille V, Charron C, Deschamps-Berger PH, Viellard-
Baron A. Noninvasive assessment of cardiac index in healthy 
volunteers: a comparison between thoracic impedance cardioga-
phy and Doppler echocardiography. Anesth Analg 2009;108: 
1553–1559.

36. Day TK, Boyle CR, Holland M. Lack of agreement between ther-
modilution and echocardiographic determination of cardiac 
output during normovolemia and acute hemorrhage in clinically 
healthy, anesthetized dogs. J Vet Emerg Crit Care 2007;17: 
22–31.

37. Teboul JL, Mercat A, Lenique F, Berton C, Richard C. Value of the 
venous–arterial PCO2 gradient to reflect the oxygen supply to 
demand in humans: effects of dobutamine. Crit Care Med 
1998;26:979–980.

38. Mahutte CK, Jaffe MB, Sasse SA, Chen PA, Berry RB, Sassoon 
CSH. Relationship of thermodilution cardiac output to metabolic 
measurements and mixed venous oxygen saturation. Chest 
1993;104:1236–1242.

39. Piehl MD, Manning JE, McCurdy SL, Rhue TS, Kocis KC, Cairns 
CB, Cairns BA. Pulse contour cardiac output analysis in a piglet 
model of severe hemorrhagic shock. Crit Care Med 2008; 
36:1189–1195.

40. Guzzi L, Jaffe MB, Orr JA. Clinical evaluation of a new noninva-
sive method of cardiac output measurement: preliminary results 
in CABG patients. Anesthesiology 1998;89:A543

41. Gunkel CI, Valverde A, Morey TE, Hernandez J, Robertson SA. 
Comparison of non-invasive cardiac output measurement by 
partial carbon dioxide rebreathing with the lithium dilution 
method in anesthetized dogs. J Vet Emerg Crit Care 2004; 
14:187–195.

42. Durkin R, Gergits MA, Reed JF, Fitzgibbons J. The relationship 
between the arteriovenous carbon dioxide gradient and cardiac 
index. J Crit Care 1993;8:217–221.

43. Godje O, Hoke K, Goetz AE, Felbinger TW, Reuter DA, Reichart 
B, Friedle R, Hannekum A, Pfeiffer UJ. Reliability of a new algo-
rithm for continuous cardiac output determination by pulse-
contour analysis during hemodynamic instability. Crit Care Med 
2002;30:52–58.

44. Bein B, Worthmann F, Tonner PH, Paris A, Steinfath M, Hedd-
erich J, et al. Comparison of esophageal Doppler, pulse contour 
analysis and real-time pulmonary artery thermodilution for the 
continuous measurement of cardiac output. J Cardiothorac Vasc 
Anaesth 2004;18:185–189.

45. Chakravarthy M, Patil TA, Jayaprakash K, Kalligudd P, Prabhaku-
mar D, Jawali V. Comparison of simultaneous estimation of 
cardiac output by four techniques in patients undergoing off-
pump coronary artery bypass surgery—a prospective observa-
tional study. Ann Card Anaesth 2007;10:121–126.

46. Pittman J, Bar-Yosef S, SumPing J, Sherwood M, Mark J. Continu-
ous cardiac output monitoring with pulse contour analysis: a 
comparison with lithium indicator dilution cardiac output mea-
surement. Crit Care Med 2005;33:2015–2021.

47. Linton NW, Linton RA. Estimation of changes in cardiac output 
from the arterial blood pressure waveform in the upper limb. Br 
J Anaesth 2001;86:486–496.

48. Cibulski AA, Lehan PH, Raju S, Keister TL, Bennet KR, Hellems 
HK. Pulmonary arterial pressure method for estimating the ven-
tricular stroke volume. Am Heart J 1974;88:338–342.

49. Bourgeois MJ, Gilbert BK, Bernuth G, Wood EH. Continuous 
determination of beat-to-beat stroke volume from aortic pressure 
pulses in the dog. Circ Res 1976;39:15–24.

50. English JB, Hodges MR, Sentker K, Johansen R, Stanley TH. 
Comparison of aortic pulse-wave contour analysis and thermo-
dilution methods of measuring cardiac output during anesthesia 
in the dog. Anesthesiology 1980;52:56–61.

51. Chen HC, Sinclair MD, Dyson DH, et al. Comparison of arterial 
pressure waveform analysis with the lithium dilution technique 



176  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

66. Koobi T, Kaukinen S, Turjanmaa VMH. Cardiac output can be 
reliably measured noninvasively after coronary artery bypass 
grafting operation. Crit Care Med 1999;27:2206–2211.

67. Imhoff M, Lehner JH, Lohlein D. Noninvasive whole-body elec-
trical bioimpedance cardiac output and invasive thermodilution 
cardiac output in high-risk surgical patients. Crit Care Med 
2000;28:2812–2818.

68. Cariou A, Monchi M, Joly LM, Bellenfant F, Claessens YE, Thebert 
D, Brunet F, Dhainaut JF. Noninvasive cardiac output monitoring 
by aortic blood flow determination: evaluation of the Sometec 
Dynemo-3000 system. Crit Care Med 1998;26:2066–2072.

69. Perrino AC Jr, Harris SN, Luther MA. Intraoperative determina-
tion of cardiac output using multiplane transesophageal echocar-
diography: a comparison to thermodilution. Anesthesiology 
1998;89:350–357.

70. Tibby SM, Hatherill M, Murdoch IA. Use of transesophageal 
Doppler ultrasonography in ventilated pediatric patients: deriva-
tion of cardiac output. Crit Care Med 2000;28:2045–2050.

71. Estagnasie P, Djedaini K, Mier L, Coste F, Dreyfuss D. Measure-
ment of cardiac output by transesophageal echocardiography in 
mechanically ventilated patients. Comparison with thermodilu-
tion. Intensive Care Med 1997;23:753–759.

72. Wall PL, Rudison MM, Lazic T, Reidesel DH. Transesophageal 
monitoring of aortic blood flow during nonemergent canine sur-
geries. J Vet Emerg Crit Care 2002;12:1–8.

73. Arheden H, Stahlberg F. Blood flow measurements. In: Roos A de, 
Higgins CB, eds. MRI and CT of the Cardiovascular System. 2nd 
ed. Philadelphia: Lippincott ,Williams & Wilkins; 2006:71–90.

74. Kupinski MA, Hoppin JW, Krasnow J, Dahlberg S, Leppo JA, King 
MA, Barrett CE. Comparing cardiac ejection fraction estimation 
algorithms without a gold standard. Acad Radiol 2006;13: 
329–337.

75. Haskins SC, Pascoe PJ, Ilkiw JE, Fudge M, Hopper K, Aldrich J. 
Reference cardiopulmonary values in normal dogs. Comparative 
Medicine 2005;55:158–163.



177

13
Bedside echocardiography

Romain Pariaut

Bedside transthoracic echocardiography is a powerful 
tool for rapid assessment of the cardiovascular system. 
It provides information that cannot be obtained from 
physical examination and radiography alone. Moreover, 
echocardiography is noninvasive, displays a dynamic, 
live image of cardiac structures, and, in contrast to radi-
ography, it does not expose personnel and patient to 
ionizing radiation. However, bedside echocardiography 
has some obvious limitations. First, it demands technical 
skills in order to acquire good-quality images and expe-
rience to accurately interpret echocardiographic find-
ings. Second, acquisition of high-quality images in an 
intensive care unit or an emergency room is often dif-
ficult because of space constraints, difficult positioning 
of patients, and poor lighting. Therefore, it is important 
to know these limitations and not overinterpret or rely 
too heavily on suboptimal echocardiographic images. 
Finally, bedside echocardiography should not replace  
a thorough physical examination or delay life-saving 
procedures.

Principles of echocardiography

Transthoracic echocardiography uses the physical prin-
ciple of ultrasound wave reflection from tissue inter-
faces. The reflected waves are received by the transducer 
and processed by the echocardiograph, which displays a 
grayscale dynamic two-dimensional image of the heart. 
Ultrasound waves transmit poorly through gas; there-
fore lungs markedly interfere with cardiac imaging. 
Similarly, bones are obstacles to the propagation of 
ultrasound waves and prevent visualization of deeper 
structures. In dogs and cats, the heart can usually be 

imaged from one left and one right acoustic window 
along the sternal border, between the ribs, at the level of 
the pulmonary cardiac notch (fourth to fifth intercostal 
space). In this region of the thorax, the heart is in direct 
contact with the chest wall, without intervening lungs.1

The frequency of the ultrasound waves (always above 
20,000 Hertz [Hz]) determines the resolution of the 
image and the depth of tissues that can be visualized. 
High-frequency transducers (around 10 megahertz 
[MHz]) increase the resolution of the image but only 
penetrate a few centimeters of tissue. They are used for 
cats and small dogs. Lower frequency transducers can 
image tissues 20–30 cm deep with a diminished resolu-
tion. Typically, transducers with a frequency of 5–8 MHz 
are used for medium-size dogs, and transducers with a 
frequency of 3–5 MHz are selected for large and giant-
breed dogs. The transducer with the highest frequency 
that penetrates deep enough to provide an image of the 
entire heart should be selected.

In the two-dimensional (2D) mode, the echocardio-
graph displays a plane of the heart in real time. By 
moving the transducer, the operator can obtain ana-
tomical views of the heart from various levels and angles. 
Echocardiographic views and measurements have been 
standardized.2

M-mode echocardiography was mainly used before 
two-dimensional echocardiography was developed. It 
provides a one-dimensional view of the heart that is dis-
played over time. Interpretation of M-mode images is 
much less intuitive than two-dimensional images. Because 
image resolution is much higher than in two-dimensional 
mode and more than one cardiac cycle can be displayed 
on a single frame, M-mode echocardiography is still  
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used to measure left ventricular internal diameter and 
wall thicknesses over the cardiac cycle. In the emergency 
setting, M-mode echocardiography is usually not 
required, as the objective of the examination is primarily 
to obtain an overview of the cardiac structure and func-
tion. Additionally, all the measurements acquired from 
an M-mode image can also be obtained from a two-
dimensional still image.

Doppler echocardiography is used to evaluate blood 
flow direction and velocity. It is based on the detection 
of a change in frequency of the ultrasound waves that 
are reflected after they hit red blood cells moving away 
from or toward the transducer. Accurate assessment of 
blood flow can only be obtained if the flow is nearly 
parallel to the ultrasound beam (Doppler angle of 0°). 
Accuracy of blood flow velocity measurements is mark-
edly decreased when the Doppler angle is above 20°.3 
Typically, no signal can be detected if blood flow is per-
pendicular to the ultrasound beam. Doppler echocar-
diography can be divided into color mode and spectral 
mode. Color Doppler is the most useful tool for bedside 
echocardiography.

Color mode is the most recent development of the 
Doppler technique. It color-codes blood flow direction 
and velocity on a two-dimensional image. By conven-
tion, blood flowing toward the transducer is color-coded 
in red, and blood flow moving away from the transducer 
is color-coded in blue. Brighter colors indicate higher 
velocity flow. Blood turbulence is displayed in green or 
as a mosaic of colors, which makes color Doppler very 
useful for the assessment of valvular stenosis and in-
sufficiency and vascular shunts. Doppler settings are 
adjusted to show a predetermined range of blood flow 
velocities. The preselected color map and range of ve-
locities (velocity scale) are usually displayed on the top 
right of the monitor screen. For the purpose of bedside 
echocardiography, the scale is usually set to record the 
widest range of velocities.

Instrumentation

Many different models of echocardiographs are cur-
rently available. Each echocardiograph can usually  
be customized to the needs of the operator. However, 
every echocardiographic system should include the fol-
lowing important features. First, two or three transduc-
ers covering a range of frequencies are recommended to 
obtain adequate images in animals of various sizes. 
Phased-array transducers are specifically designed for 
echocardiography. They have a small contact surface, so 
they can easily be manipulated between the ribs. Linear 
transducers are not adapted for echocardiography. 
Second, color flow Doppler should be available, as  

it allows rapid interrogation of large areas to assess 
abnormal blood flow. Third, a port to connect electro-
cardiograph (ECG) cables must be available on the 
echocardiograph. This allows continuous display of an 
electrocardiographic tracing on the monitor screen 
during the examination.

There is also the option to choose between a portable 
echocardiograph and a standard system. A portable, 
battery-powered machine is more convenient for use in 
a busy and crowded emergency room or intensive care 
unit. Traditional machines are heavy and can be cum-
bersome; maneuvering them to the patient’s side is time-
consuming and may cause damage to valuable equipment 
and personnel in the process. However, only one trans-
ducer can usually be connected to portable machines at 
one time, and with their small keyboards, many buttons 
often serve dual or triple function.

Echocardiographic examination

Transthoracic images of the heart can be obtained where 
lung tissue is not interposed between the heart and the 
chest wall. There is one window on the right side along 
the sternal border (parasternal), and one window on the 
left side along the sternal border in the region of the 
fourth to sixth intercostal space.

Patient positioning and preparation
To decrease lung interference, echocardiograms are 
usually performed with the patient in lateral recum-
bency on a “cutout” table that allows transducer manip-
ulation from beneath the animal (see Fig. 13.1). One or 
two assistants restrain the patient in left or right lateral 

Figure 13.1 Patient positioning and “cutout” tabletop. The 
patient is restrained in right lateral recumbency. The thoracic 
limbs are pulled forward. The tabletop is made of Plexiglas and 
sits on a regular exam table. It is 56″ long and 25″ wide. Usually, 
one large cutout (15″ × 8″) is adequate. A pad can be made to 
cover the tabletop.
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recumbency. Sedation is usually not needed. Dogs and 
cats can also be examined in standing position. If the 
patient is recumbent and cannot be repositioned or 
removed from its cage, the operator should try to slide 
the transducer underneath the patient’s chest. If neces-
sary, the ultrasound probe can be placed on the nonde-
pendent chest wall of a laterally recumbent animal, but 
with significant decrease in image quality. Air artifact is 
also a common limitation in dyspneic animals. Decrease 
in image quality may prevent accurate interpretation of 
the echocardiographic findings. However, in such situa-
tions, it is still usually possible to assess systolic function 
of the left ventricle and estimate the size of the cardiac 
chambers.

Good quality images can usually be obtained without 
hair clipping. A generous amount of ultrasonographic 
coupling gel is applied to create an air-free space between 
the skin and the transducer. The author never clips dogs 
or cats in his practice.

Transducer manipulation
Views from the right parasternal acoustic window are 
usually obtained first. They provide information on 
cardiac chamber size, valve structure, and left ventricu-
lar function. From the right-sided views, the direction 
of blood flow circulating from atrium to ventricle and 
then from ventricle to the circulatory system is almost 
perpendicular to the ultrasound beam and therefore 
cannot be reliably assessed with Doppler. Apical views 
from the left parasternal window provide more accurate 
assessment of blow flow. However, in the emergency 
setting, assessment of blood flow by Doppler is usually 
not critical. Indeed, turbulent blow flow caused by valve 
insufficiency or stenosis typically creates a heart murmur 
that can be identified on physical examination. Findings 
from the echocardiographic examination, combined 
with those from a thorough physical examination, will 
usually give a diagnosis.

The ultrasound beam fans out of the transducer in a 
plane, whose orientation is indicated by an index mark 
on the probe (see Fig. 13.3 in the later subsection Right 
Parasternal Short-Axis Views). This index mark is a 
plastic ridge on the transducer itself, so the operator 
holding the probe is aware of its position without having 
to look at it. By convention, the side of the transducer 
with the index mark corresponds to the right-hand side 
of the display.

Right parasternal long-axis views

These views are obtained from the right acoustic window. 
The right acoustic window is located by placing the 
transducer on the right ventral thorax at the level of the 

palpable precordial impulse. The precordial impulse is 
caused by ventricular contraction, usually at the level of 
the fifth or sixth intercostal space, and can be felt by 
placing a hand on the animal’s chest.

In the long-axis view, the transducer should be  
aligned with the long axis of the heart. The image is 
oriented with the base of the heart to the right side of 
the screen, with the reference mark symbol on the top 
right side of the image and the reference index of the 
transducer pointing toward the heart base (i.e., oriented 
toward the patient’s head in most cases). In deep-chested 
dogs, the heart is positioned vertically within the chest; 
therefore, in such cases the long axis of the heart is 
almost perpendicular to the spine. In most dogs and 
cats, the long axis of the heart is along a line that con-
nects the xyphoid process to the caudal border of the 
scapula, creating a 45-degree angle with the spine. From 
this position, a simultaneous view of all four cardiac 
chambers, and a left ventricular outflow view that 
includes the ascending aorta, can be obtained (see Fig. 
13.2). Anatomically, the aorta has a central position 
within the heart, which offers a reference point in order 
to determine how the transducer should be moved to 
image various portions of the heart. Left and right atria 
are on the right side of the midline plane. Therefore, if 
the animal is in right lateral recumbency, the atria will 
be closer to the table and will be visualized by decreasing 
the angle between the probe and the horizontal plane, 
represented by the “cutout” table or the patient’s sagittal 
plane. If the transducer is tilted more vertically and 
slightly rotated clockwise, the ultrasound beam will 
intersect the aorta in a longitudinal plane. From this 
window, the right ventricle and atrium are seen at the 
top of the monitor image.

Right parasternal short-axis views

Right parasternal short-axis views are obtained with the 
animal and the probe in the same basic position as for 
the right parasternal long-axis view, and are acquired by 
rotating the probe 90° counterclockwise. The probe’s 
reference mark is now oriented toward the elbow of the 
animal. The transducer is positioned to display the pul-
monary artery to the right side of the screen when the 
base of the heart is in the image. Usually, the initial view 
obtained is at the level of the ventricular apex or the 
midventricular region (see Fig. 13.3). By moving  
the plane of the ultrasound beam from the apex to the 
base of the heart, the operator can examine various  
structures of the heart, displayed as successive two-
dimensional planes. In small dogs and cats, the transducer 
is kept in its initial position and is tilted toward the head 
of the patient in order to image the base of the heart. 
When the transducer is positioned more perpendicular to 
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Figure 13.2 Two-dimensional long-axis views, right parasternal window. (a) Position of the transducer with the animal restrained in 
right lateral recumbency. See text for details. (b) Four-chamber view. Note the symbol on the top right side of the sector image, which 
corresponds to the reference mark on the transducer. (c) Left ventricular outflow tract view. LA, left atrium; Lau, left auricle; LV, left 
ventricle; RA, right atrium; RV, right ventricle; Ao, aorta.

(a)

(b)

(c)

the table, a view at the level of the left ventricular apex  
is obtained. In large dogs, the transducer is usually moved 
from its initial position one or two intercostal spaces  
cranially in order to obtain views of the base of the heart. 
The following views are usually obtained: apex level,  
papillary muscle level, mitral valve level, basal level. At  
the basal level, left atrium and auricle, right atrium, and 
aorta are imaged. By tilting the probe toward the head, the 
right ventricular outflow tract, pulmonic valve, and pul-
monary arteries can be displayed (see Fig. 13.4).

Left apical views

Left-sided views are usually not essential to the evalua-
tion of a patient in the emergency setting. Apical views 
should be obtained if the clinician is interested in assess-
ing valve insufficiencies and stenotic areas by Doppler 
echocardiography. The animal is restrained in left lateral 
recumbency. If the patient is in standing position, its left 
side should face the operator. The transducer is placed 
at the level of the palpable precordial impulse, usually at 
the sixth intercostal space. On the left side, it corre-
sponds to the apex of the left ventricle. If the animal is 

in left lateral recumbency, the transducer is held almost 
parallel to the “cutout” table, oriented toward the left 
shoulder of the patient with the reference index down, 
facing the floor. With the transducer in this position, the 
heart is displayed upside down on the monitor, with the 
apex on top of the screen and the left cardiac chambers 
on the right side.

Echocardiographic assessment of cardiac 
anatomy and function
From the right parasternal acoustic window, the opera-
tor can subjectively evaluate the size of all cardiac cham-
bers. The right atrium and the left atrium should be of 
similar size. The left atrial diameter is 1–1.5 times the 
diameter of the aorta at the level of the aortic cusps. 
Cardiovascular diseases may cause atrial enlargement. It 
is usually associated with increased circulating blood 
volume, as a result of primary cardiac disease, chronic 
anemia, or fluid overload. Atrial dilation is more severe 
if significant atrioventricular valve insufficiency is 
present. Left and right atria can also dilate in response 
to impaired diastolic function of the ventricles. Diastolic 
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dysfunction reflects abnormal relaxation or compliance 
of the ventricles, usually in response to concentric 
hypertrophy of the ventricular walls (e.g., with hyper-
tension) or marked fibrotic replacement of normal 
cardiac tissue. Decreased ventricular filling in diastole 
results in progressive atrial dilation. Left atrial enlarge-
ment is directly correlated with the risk of pulmonary 
edema. Right atrial dilation is usually associated with 
increased systemic venous pressure, which may cause 
ascites and pleural effusion.

The right ventricular chamber is approximately one-
third of the left ventricular internal diameter. The free 
wall of the right ventricle is equal to one-third or one-
half the thickness of the left ventricular free wall.4

The interventricular septum and the left ventricular 
free wall are similar in thickness.

The mitral valve leaflets should be thin and should 
close on the plane of the mitral valve annulus in systole 
with no apparent bulging toward the left atrium.

The quality of left ventricular contraction can also be 
assessed from this view. The internal diameter of the left 
ventricle should decrease by 30%–40% in systole com-
pared with diastole. For the experienced operator,  
a qualitative evaluation of ventricular contraction is 
usually sufficient to determine if cardiovascular abnor-
malities are present. This knowledge is only gained by 
frequently evaluating normal animals.

The two-dimensional right parasternal short-axis 
view at the level of the papillary muscles is used to take 
measurements of left ventricular size and function. Left 
ventricular systolic function is objectively described  
by the calculation of the fractional shortening (FS). 

Figure 13.3 Short-axis views, right parasternal window. Note the position of the reference index (arrow). See text for details. (a) 
Position of the transducer with the animal in right lateral recumbency to visualize the left midventricular region. (b) Two-dimensional 
short-axis view at the level of the papillary muscles. (c) M-mode echocardiogram of the left ventricle at the level of the papillary 
muscles. The cursor is placed perpendicular to the interventricular septum and the left ventricular free wall on a live two-dimensional 
image. Four cardiac cycles are recorded on this M-mode image. The right ventricle is visualized at the top of the image as a thin echo-
free (black) line. Then the M-mode shows the interventricular septum, the echolucent (black) left ventricle, and the left ventricular free 
wall. The pericardium is the bright white line just below the left ventricular free wall. The scale on the right side indicates the depth 
of the image in centimeters. LV, left ventricle; PM, papillary muscle; RV, right ventricle; IVS, interventricular septum; LVFW, left ventricular 
free wall.

(a)

(b)

(c)
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Fractional shortening is based on the diameter of the left 
ventricle in diastole (LVIDd) and in systole (LVIDs) and 
is given as a percentage, calculated from the following 
formula:

% [( ) ]FS LVIDd LVIDs /LVIDd= − ×100  (13.1)

For example, a fractional shortening of 30% means 
that the left ventricular internal diameter is 30% smaller 
in systole than it is in diastole. In the author’s echocar-
diography laboratory, normal dogs have a fractional 
shortening of 30%–45%, while FS is 40% on average in 
cats.

Left ventricular size comprises the measurements of 
the left ventricular internal diameter and wall thickness 
in end-diastole and end-systole. Ideally, an ECG is 
recorded and displayed on the monitor screen during 
the echocardiographic examination. It allows diastole to 
be accurately identified as the onset of the QRS complex 

and systole as the peak of the T wave. Alternatively, 
measurements can be taken by visually recognizing left 
ventricular diastole and systole on the monitor screen. 
Diastole is measured on the still frame that displays the 
maximal left ventricular diameter; systole is measured at 
the minimal ventricular internal diameter. This method 
is less accurate than the previous one.

Measurements can also be obtained from an M-mode 
display of the left ventricle using the machine’s caliper 
function to measure the left ventricular internal diam-
eter in maximal left ventricular systole and diastole, and 
calculating %FS as above.

Measurements should be compared with published 
reference ranges in dogs and cats (see Tables 13.1 and 
13.2). A qualitative visual assessment is usually applied 
to the right ventricle.

Cardiovascular diseases trigger concentric or eccen-
tric hypertrophy of the ventricles. Thickening (concen-
tric hypertrophy) of the ventricular walls results from 

Figure 13.4 Short-axis views, right parasternal window. (a) Position of the transducer with the animal in right lateral recumbency to 
visualize the base of the heart. The probe is slightly tilted toward the head in order to image the right ventricular outflow tract and 
the main pulmonary artery. See text for details. (b) Two-dimensional short-axis view at the level of the left atrium. (c) Two-dimensional 
short-axis view at the level of the pulmonary arteries. LA, left atrium; Ao, aorta; RA, right atrium; RVOT, right ventricular outflow tract; 
PA, main pulmonary artery; rPA, right pulmonary artery.

(a)

(b)

(c)
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Table 13.1 Echocardiographic Values in Normal Dogs (Mean Values)

Weight LVIDd LVIDs IVSd LVFWd LA Ao
(kg) (cm) (cm) (cm) (cm) (cm) (cm)

3 2.0 1.1 0.5 0.6 1.3 1.1
5 2.4 1.3 0.6 0.7 1.5 1.3

10 3.0 1.8 0.7 0.8 1.8 1.6
15 3.4 2.1 0.8 0.8 2.0 1.9
20 3.8 2.4 0.9 0.9 2.2 2.1
25 4.0 2.6 0.9 0.9 2.4 2.2
30 4.3 2.8 1.0 1.0 2.5 2.4
35 4.5 3.0 1.0 1.0 2.6 2.5
40 4.7 3.1 1.0 1.0 2.7 2.6
45 4.9 3.3 1.1 1.1 2.8 2.7
50 5.0 3.4 1.1 1.1 2.9 2.8
55 5.2 3.6 1.2 1.1 3.0 2.9
60 5.3 3.7 1.2 1.1 3.1 3.0
65 5.5 3.8 1.2 1.2 3.1 3.1

LVID, left ventricular internal diameter; IVS, interventricular septum; LVFW, left ventricular 
free wall; LA, left atrium; Ao, aorta; d, diastole; s, systole.
Adapted from: Kittleson MS, Kienle RD. Small Animal Cardiovascular Medicine. St. Louis: 
Mosby; 1998.

Table 13.2 Echocardiographic Values in Cats (Normal Range)

LVIDd LVIDs FS LVFWd LVFWs
(cm) (cm) (%) (cm) (cm)

1.1–1.6 0.6–1.0 29–35 0.25–0.5 0.4–0.9

IVSd IVSd LA Ao LA/Ao
(cm) (cm) (cm) (cm)

0.25–0.5 0.5–0.9 0.85–1.25 0.65–1.10 0.8–1.3

LVID, left ventricular internal diameter; FS, fractional shortening; LVFW, left ventricular 
free wall; IVS, interventricular septum; LA, left atrium; Ao, aorta; LA/Ao, left atrium–to–
aorta ratio; d, diastole; s, systole.
Adapted from: Bonagura JD, O’Grady MR, Herring DS. Echocardiography: principles of 
interpretation. Vet Clin North Am Small Anim Pract 1985;15:1177.

increased resistance to ejection of blood into the  
vascular system. Signs of left ventricular hypertrophy 
indicate systemic hypertension, aortic stenosis and 
hypertrophic cardiomyopathy. Systemic hypertension 
occurs in dogs and cats. Subaortic stenosis is a cause of 
left ventricular concentric hypertrophy in large breed 
dogs. Dogs with severe subaortic stenosis have an 
increased risk of syncope and sudden death and may be 

presented on emergency after an episode of collapse. 
Physical examination will reveal a left basilar systolic 
murmur.5 In cats, hyperthyroidism and hypertrophic 
cardiomyopathy cause left ventricular concentric hyper-
trophy. Hyperthyroidism is commonly associated with 
systemic hypertension.6 In the case of feline hypertro-
phic cardiomyopathy, concentric hypertrophy is most 
likely a response to impaired myocardial contractility 
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secondary to a mutation of genes coding for sarcomeric 
proteins. Echocardiographic diagnosis is based on a  
diastolic left ventricular free wall or interventricular 
septum thickness above 6 mm from a right parasternal 
short-axis view below the tip of the mitral valve leaflets. 
Hypertrophy at the base of the interventricular septum 
typically causes outflow tract obstruction and increased 
afterload, which further worsens concentric hypertro-
phy.7 Right ventricular concentric hypertrophy results 
from pulmonic stenosis and pulmonary hypertension. 
Acquired right ventricular concentric hypertrophy 
usually indicates pulmonary hypertension, which may 
be secondary to various disease processes, including 
chronic respiratory disease, heartworm disease, left-
sided heart failure, and pulmonary embolism.4 The 
right ventricle’s response to increased afterload is usually 
dilation in combination with wall thickening. Right  
ventricular dilation is more obvious if pulmonary 
hypertension is acute and severe, a condition known as 
cor pulmonale.8 Valvular pulmonic stenosis is a common 
cause of right ventricular concentric hypertrophy. Pul-
monic stenosis is more common in small-breed dogs 
and brachycephalic breeds, and is associated with a left 
basilar systolic murmur on auscultation. Concentric 
right ventricular hypertrophy secondary to congenital 
defects is typically characterized by severe concentric 
hypertrophy of the right ventricle with no or minimal 
dilation.9 This difference in response of the right ven-
tricle to congenital as opposed to acquired pressure 
overload can be appreciated during the echocardio-
graphic examination.

Finally, the operator should be aware of the accuracy 
of measurements obtained from two-dimensional echo-
cardiography. Studies have shown that, in dogs, coeffi-
cients of variation of echocardiographic parameters 
vary between 3% and 26% and on average between 10% 
and 15%.10 The level of expertise of the operator and 
external factors that may impair optimal image acquisi-
tion may further decrease the accuracy of these mea-
surements. Therefore, measurements should not be 
interpreted independently from the qualitative assess-
ment of the cardiac structure and function, as well as the 
patient’s history and physical examination findings.

Use of echocardiography for diagnosis  
of cardiovascular diseases

Echocardiographic evaluation of the patient 
with cardiac tamponade
Bedside echocardiography is an important tool to 
confirm a suspicion of cardiac tamponade. Pericardial 
effusion is the accumulation of fluid within the pericar-

dial space, which can be acute or chronic. Acute cases 
result from hemorrhage within the pericardial space. 
Most commonly hemopericardium is associated with 
atrial hemangiosarcoma. Acute tamponade is character-
ized by the accumulation of a small amount of fluid 
within a noncompliant pericardial sac causing clinical 
signs of low cardiac output. Chronic tamponade results 
from the slow accumulation of a large volume of fluid, 
which slowly stretches the pericardium. Right intracar-
diac pressure rises until it causes right heart failure with 
ascites. Chronic tamponade may be associated with a 
cardiac tumor, but commonly the cause for tamponade 
is not found.11 On echocardiogram, pericardial effusion 
appears as an echo-free (black) space around the ven-
tricles. A small amount of effusion can be seen as a very 
small echo-free space in the left atrioventricular groove 
on a right parasternal long-axis view. The pericardium 
adheres to the large vessels at the heart base, which limits 
the accumulation of fluid in this region. The absence of 
fluid around the base of the heart can be used to dif-
ferentiate pericardial effusion from pleural effusion, 
which accumulates homogeneously around the heart 
unless marked inflammation results in loculated effu-
sion. Identification of the tip of the right auricle freely 
moving within the pericardial fluid in a right parasternal 
long-axis view, or the tip of the left auricle surrounded 
by fluid in a right parasternal short-axis view are also 
helpful signs to differentiate pericardial effusion from 
pleural effusion.3

A markedly dilated left auricle may mimic pericardial 
effusion in some echocardiographic views. In dogs and 
cats with severe left atrial dilation, the left auricle 
expands along the lateroposterior side of the left ven-
tricle, creating an echo-free space off the lateral side of 
the left ventricle (see Fig. 13.5).

Echocardiographically, signs of cardiac tamponade 
include right atrial collapse during atrial diastole follow-
ing atrial contraction, right ventricular collapse during 
ventricular diastole, and underfilling of the left side of 
the heart. Tamponade is best appreciated on a right 
parasternal long-axis view (see Fig. 13.6); its presence 
indicates that intrapericardial pressure is higher than 
right intracardiac chamber pressure.3 Echocardiography 
is the best method with which to identify the cause of 
the effusion. It is important to thoroughly examine the 
area of the right atrium, right auricle, and right atrio-
ventricular junction for an echogenic mass. An atrial 
mass is usually a hemangiosarcoma.12 Pericardial fluid 
around the heart facilitates the detection of an atrial 
mass. It is the preference of the author to perform the 
echocardiogram before pericardiocentesis, if possible. 
The heart base should be examined for the presence of 
a mass. Most heart base masses are chemodectomas. On 
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Figure 13.5 Severely enlarged left atrium mimicking pericardial effusion. (a) Two-dimensional four-chamber oblique view obtained 
from a right parasternal window in a deep-chested dog. The left atrium is markedly enlarged as a result of chronic mitral valve insuf-
ficiency. (b) Two-dimensional short-axis view at the level of the papillary muscles from a right parasternal window. The enlarged left 
auricle extends along the posterolateral side of the left ventricle (arrow). This can be mistakenly interpreted as pericardial effusion. LA, 
left atrium; LV, left ventricle; RV, right ventricle.

(a) (b)

Figure 13.6 Cardiac tamponade in a dog. Two-dimensional long-axis four-chamber view from a right parasternal window. (a) Peri-
cardial effusion is visualized as an echo-free space between the epicardium and the bright line that corresponds to the parietal peri-
cardium. Pericardial effusion does not extend around the base of the heart. (b) Note the diastolic collapse of the right atrium (arrow) 
and the right ventricle. They are two sensitive findings for tamponade. LA, left atrium; LV, left ventricle; PE, pericardial effusion.

(a) (b)

echocardiogram, chemodectomas are usually located at 
the base of the aorta, on top of the left atrium.13

Echocardiographic evaluation of the dog 
with chronic mitral valve disease
Chronic mitral valve disease, also known as mitral valve 
endocardiosis or myxomatous degenerative valve disease, 

is the most common acquired cardiovascular disease  
in small dogs.14 Moreover, this is the most common 
cause of left-sided congestive heart failure in dogs. 
Usually, management of dogs with pulmonary edema 
secondary to mitral valve disease does not require an 
echocardiographic examination. History, physical exam-
ination, and chest radiographs are sufficient to reach a 
diagnosis.
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Flail leaflet from chordae tendineae rupture

Echocardiographic examination is indicated in dogs that 
do not rapidly respond to aggressive intravenous diuretic 
therapy and oxygen supplementation, or present with an 
acute worsening of a previously stable disease. Echocar-
diography may reveal chordae tendineae rupture as the 
cause for the severity of the clinical signs. Chordae ten-
dineae rupture has been reported in up to 16% of a 
population of dogs with mitral valve disease.15 Rupture 
of small, second-order chordae tendineae, which are 
attached to the midventricular surface of the leaflets, is 
usually of no clinical significance. However, the tips of 
the mitral valve cusps are anchored to papillary muscles 
by large, first-order chordae tendineae. Their disruption 
may lead to acute heart failure. Chordal rupture can be 
seen on echocardiography from the right parasternal 
long-axis view. A flail leaflet is identified by its chaotic 
motion with the tip of the valve extending beyond the 
mitral annular plane and pointing toward the left atrium 
in systole. The leaflet is then thrust into the left ventricle 
and toward the left ventricular outflow tract in dias-
tole.16 Moreover, thickened chordae tendineae that 
are ruptured from their attachment to the papillary 
muscles can be seen as bright hyperechoic filaments 
moving freely between the left ventricle and the left 
atrium. Rupture of chordae anchored to the anterior 
(septal) leaflet of the mitral valve is more common. 
Color Doppler reveals a large jet of mitral valve 
insufficiency.15

Left atrial rupture

Left atrial rupture is an uncommon complication of 
severe chronic mitral valve disease. It results from  
the chronic trauma to the endocardial surface of the  
left atrium by a high-velocity jet of mitral regurgitation. 
Left atrial rupture causes cardiac tamponade. Dogs  
are presented with signs of low cardiac output, extreme 
weakness, and collapse.14 On echocardiogram, an 
atrial tear is not directly visible. Echocardiographic  
diagnosis is based on identification of signs of severe 
mitral valve disease: thickened mitral valve leaflets, 
severely dilated left atrium, color-flow Doppler indica-
tion of a large regurgitant jet. Pericardial effusion  
is present. Typically, a clot is seen in the pericardial 
space.17

Echocardiographic evaluation of the patient 
with dilated cardiomyopathy
Dilated cardiomyopathy may be the cause for congestive 
heart failure in dogs. It is rare in cats. Bedside echocar-
diography may help identify poor systolic function, 

which is an indication to use positive inotropic agents.18 
Echocardiography from the right parasternal acoustic 
window demonstrates both left ventricular dilation and 
systolic dysfunction. The degree of systolic dysfunction 
can be quantified by the calculation of fractional short-
ening. However, because of the variability of echocar-
diographic parameters, it is difficult to use fractional 
shortening to monitor response to inotropic agents.19 
Echocardiography can be used to decide if inotropes 
should be started, but clinical response determines if 
they should be continued. Color Doppler evaluation of 
the mitral valve frequently reveals mild to moderate 
regurgitation, which results from mitral valve annulus 
dilation. Pulmonary hypertension is a common compli-
cation of left heart disease, resulting from passive pul-
monary venous congestion, active pulmonary arterial 
vasoconstriction, and vascular remodeling. Echocardio-
graphic features of pulmonary hypertension include 
right ventricular dilation, right ventricular free wall 
thickening, and tricuspid valve insufficiency.

Echocardiographic evaluation of the patient 
with arrhythmogenic right ventricular 
cardiomyopathy
Arrhythmogenic right ventricular cardiomyopathy 
(ARVC) is most commonly identified in Boxer dogs. It 
is characterized by fibrofatty replacement of the right 
ventricular myocardium and severe ventricular arrhyth-
mias. Dogs may be presented on emergency after an 
episode of collapse or with signs of cardiogenic shock 
due to rapid sustained ventricular tachycardia. Echocar-
diogram is frequently unremarkable in these dogs. Some 
will show signs of myocardial failure secondary to the 
expansion of the disease to the left side of the heart. It 
is important to know about cardiac function before 
using antiarrhythmics, as some of them have negative 
inotropic effects. Bedside echocardiography allows rapid 
assessment of ventricular function. Echocardiographic 
features of myocardial failure include left ventricular 
dilation in diastole and systole, and decrease in frac-
tional shortening.20 Isolated right ventricular enlarge-
ment, localized aneurysms, identified as an outpouching 
of the free wall of the right ventricle, and increased 
echogenicity of the myocardium reflecting adipose infil-
tration are reported echocardiographic findings in 
humans, but are usually not seen in dogs.21 Arrhythmo-
genic right ventricular cardiomyopathy is also reported 
in cats. It is associated with ventricular arrhythmias, and 
most cats will have signs of congestive heart failure. 
Marked right ventricular and right atrial dilation, and 
tricuspid regurgitation are the main echocardiographic 
findings; these abnormalities are best seen from the right 
parasternal acoustic window.22
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Echocardiographic evaluation of the cat  
with cardiomyopathy
Echocardiographic evaluation  
of the dyspneic cat

Decompensated myocardial disease is a common dif-
ferential diagnosis in cats presented for respiratory dis-
tress. Dyspnea may result from pulmonary edema or 
pleural effusion. Cats with congestive heart failure 
should be treated with diuretics, thoracocentesis if indi-
cated, and supplemental oxygen. Fluid therapy is con-
traindicated in these cats, even when presented with 
signs of shock.23 Bedside echocardiography can be used 
to rapidly detect the presence of pleural effusion. The 
depth of the echocardiographic image should initially be 
increased to look for the accumulation of fluid around 
the heart and lung lobes. The depth is then decreased to 
focus on the heart itself. Cardiac disease should be sus-
pected as the cause for the respiratory signs if marked 
atrial enlargement is present. Pleural effusion may occur 
in cats with isolated left atrial enlargement. Additionally, 
signs of myocardial disease, most commonly hypertro-
phic cardiomyopathy, may be present. Hypertrophic 
cardiomyopathy is diagnosed if the cat has an interven-
tricular septum or left ventricular free wall thickness 
over 6 mm in diastole. Rapid diagnosis of advanced 
cardiac disease by bedside echocardiography may be 
critical to guide initial therapy.

Echocardiographic evaluation of the cat  
with pelvic limb paralysis

Acute pelvic limb paralysis in cats commonly results 
from arterial thromboembolism secondary to severe 
myocardial disease with left atrial dilation.24 Physical 
examination findings including heart murmur or gallop, 
cold, painful pelvic limbs, and absent femoral pulses 
usually provide strong evidence of the disease. However, 
echocardiography may help confirm the diagnosis in 
some cases, and it provides additional information to 
adequately advise the owner and manage the patient. A 
right parasternal long-axis view will give information on 
the size of the left atrium, which is usually markedly 
dilated. A right parasternal short-axis at the level of the 
left atrium allows good visualization of the left auricle, 
where atrial thrombi are usually identified.25

Echocardiographic evaluation of the patient 
with infective endocarditis
Endocarditis is suspected in medium- to large-breed 
dogs with signs of acute ongoing infection and a new 
murmur or a change in intensity of a previously diag-
nosed murmur. Frequently endocarditis does not cause 
a cardiac murmur, and it is only diagnosed after an 

extensive workup that includes a full cardiology 
workup.26 Bedside echocardiography can be used to 
identify large vegetative lesions. However, a veterinary 
cardiologist should always confirm such findings because 
it can be difficult to differentiate them from chronic 
degenerative valve changes. Vegetative lesions are most 
likely to be seen on the mitral valve. They less commonly 
develop on the aortic valve. A vegetation is typically an 
irregularly shaped, highly mobile mass attached to the 
free edge of a leaflet. The absence of mobility argues 
against the diagnosis of endocarditis. The lesion usually 
develops on the atrial side of the mitral valve and on  
the ventricular side of the aortic valve. The mass is 
usually homogeneous with echogenicity similar to  
that of the myocardium. Mitral valve endocarditis is 
commonly associated with mild to severe mitral regur-
gitation; aortic valve endocarditis, with aortic insuffi-
ciency. All echocardiographic windows should be used 
to increase the probability of detecting vegetations. 
Myxomatous mitral valve disease may mimic lesions of 
endocarditis.3

Echocardiographic evaluation of the patient 
with heartworm “caval syndrome”
The so-called heartworm caval syndrome is a complica-
tion of heartworm disease resulting from embolization 
of heartworms within the right cardiac chambers. Clini-
cally, this is associated with shock, dyspnea, right-sided 
heart failure, and hemoglobinuria.
Echocardiographically, worms are easily seen trapped 
across the tricuspid valve, causing severe tricuspid regur-
gitation. Left ventricular chambers may appear smaller 
in size as a result of decreased forward blood flow 
through the pulmonary vessels. Signs of pulmonary 
hypertension, including concentric hypertrophy of the 
right ventricular free wall, enlargement of the right  
ventricle, and a flattened septum, may be present27 (see 
Fig. 13.7).

Echocardiographic evaluation of volume status
Congestive heart failure may result from aggressive fluid 
therapy in dogs and cats with underlying cardiac disease. 
Bedside echocardiography may help estimate the risk for 
this complication. The operator should assess the size of 
the left atrium from the right parasternal long- and short-
axis views. In dogs, it is unlikely that fluid therapy will lead 
to pulmonary edema if the left atrium is normal or mildly 
enlarged. At times, congestive heart failure arises in cats 
secondary to fluid therapy in the presence of a normal 
atrial size. The reason is that feline cardiomyopathy leads 
to poorly compliant ventricles and rapid elevation of 
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filling pressures with fluid overload. Thus, it may be dif-
ficult to identify cats at risk. With restrictive cardiomyopa-
thy the heart may appear normal on echocardiogram. In 
the case of hypertrophic cardiomyopathy, interventricu-
lar septum and left ventricular thickening are sometimes 
the sole indicators of the disease. There is no simple  
way to rapidly assess diastolic dysfunction, which requires 
the use of advanced Doppler techniques.

Echocardiographic evaluation  
of the hypotensive patient
Regarding the management of a patient with hypoten-
sion, it is important to determine if hypotension results 
from decreased cardiac output, systemic vasodilation, or 
hypovolemia. On echocardiogram, a small left ventricu-
lar cavity with normal to increased systolic function 
indicates hypovolemia. In normovolemic patients, 
hypotension may result from low cardiac output. Bedside 
echocardiography can provide valuable information 
about cardiac contractility by measuring the fractional 
shortening, and help determine if inotropic drugs are 
indicated.3

Echocardiographic evaluation of the patient  
in cardiac arrest
Bedside echocardiography may be indicated during car-
diopulmonary cerebral resuscitation (CPCR) to deter-

mine if mechanical cardiac activity is present. However, 
it should not interfere with CPCR. Pulseless electrical 
activity is characterized by cardiac electrical activity 
without a palpable pulse. However, weak cardiac con-
tractions may not generate peripheral pulses. Echocar-
diography may help differentiate pseudopulseless 
electrical activity (cardiac contractions that do not gen-
erate a pulse) from pulseless electrical activity.28

Echocardiographic evaluation of the patient 
with pulmonary hypertension
Elevated pulmonary artery pressures characterize pul-
monary hypertension. Echocardiographically, right ven-
tricular changes in response to increased pressure 
include dilation of the right ventricle, flattening of the 
interventricular septum and paradoxical septal motion, 
and hypertrophy of right ventricular trabeculations and 
free wall. Acute pulmonary hypertension may result 
from pulmonary thromboembolism. However, the diag-
nosis is rarely confirmed by the detection of a thrombus 
in the main pulmonary artery or the origin of the left 
and right pulmonary arteries from a right parasternal 
short-axis view.3

Conclusion

In conclusion, bedside echocardiography can be used as 
a screening tool with minimal training. It can provide 

Figure 13.7 Caval syndrome in a dog. (a) Two-dimensional long-axis four-chamber view from a right parasternal window. Severely 
enlarged right atrium filled with heartworms that appear as two short parallel hyperechoic lines. Cross-section of a dilated right pul-
monary artery is seen at the base of the heart, above the left atrium. (b) Two-dimensional short-axis view at the level of the left 
ventricular papillary muscles from a right parasternal window. Heartworms are visualized in the chamber of the right ventricle (arrow). 
Note the signs of severe pulmonary hypertension: concentric hypertrophy of the right ventricular free wall, dilated right ventricle, and 
flattened interventricular septum. Underfilling of the left ventricle is obvious as a result of decreased pulmonary venous flow caused 
by right ventricular failure. RV, right ventricle; rPA, right pulmonary artery; LV, left ventricle.

(a) (b)
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useful information when used in combination with 
physical examination in the emergency and critical care 
environment.
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14
Pericardiocentesis

Meredith L. Daly

In health, the fibrous pericardium has many important 
functions. It prevents excessive movement of the heart 
within the thoracic cavity, helps to minimize friction 
between the moving heart and the surrounding organs, 
protects the heart from extension of malignancy and 
infection from surrounding tissues, prevents excessive 
dilation of the heart, and aids in the regulation of ven-
tricular coupling.1 A small volume of fluid is normally 
present in the pericardial sac. The term pericardial effu-
sion refers to an abnormal or excessive accumulation of 
fluid in the pericardial space. Pericardial effusion is the 
most common pericardial disease in dogs and cats.

Pathophysiology of cardiac tamponade

A small volume of fluid (0.25 ± 0.15 mL/kg) normally 
exists in the pericardial space.1 Cardiac tamponade 
results from impaired ventricular filling secondary to 
increased intrapericardial pressure from excess fluid 
accumulation. Increased intrapericardial pressure sec-
ondary to fluid accumulation depends on several factors, 
the most important of which include the volume of 
fluid, the rate of fluid accumulation, and the distensibil-
ity of the fibrous pericardium. For example, in patients 
suffering acute pericardial fluid accumulation, a very 
small volume of fluid (50–100 mL in the dog) in the 
pericardial space may lead to a critical increase in intra-
pericardial pressure and resultant cardiac tamponade. 
However, if this fluid accumulates at a slower rate, pari-
etal pericardial compliance will increase over time. This 
allows the pericardial sac to accommodate a significantly 

larger volume of fluid before intrapericardial pressure 
increases enough to result in cardiac tamponade. There-
fore it stands to reason that a large volume of pericardial 
effusion is most commonly the result of a more chronic 
underlying disease process.

When intrapericardial pressure equilibrates with right 
atrial (typically 4–8 mm Hg) and right ventricular dia-
stolic pressures, right-sided cardiac filling is impaired 
leading to cardiac tamponade. Further increases in peri-
cardial fluid accumulation lead to concomitant increases 
in intrapericardial, right atrial, and right ventricular dia-
stolic pressures. With excessive fluid accumulation, the 
intrapericardial pressure may rise to a level that exceeds 
the filling pressures of the left atrium and ventricle, 
leading to severe reductions in diastolic filling. Conse-
quently, these patients suffer a marked reduction in 
stroke volume, and a resultant decrease in cardiac 
output. Neurohormonal compensatory mechanisms are 
activated, leading to an increase in heart rate, cardiac 
contractility, and systemic vascular resistance in an 
effort to improve effective circulating volume. However, 
as intrapericardial pressure continues to increase, these 
mechanisms are no longer able to compensate, and the 
result is a severe reduction in cardiac output and sys-
temic arterial blood pressure. In patients with acute 
cardiac tamponade, signs consistent with low-output 
cardiac failure such as tachycardia, hypotension, and 
collapse dominate their clinical picture. However, in 
patients with more chronic elevations in intracardiac 
pressures, signs of right heart failure such as ascites and 
jugular venous distension are more common.1
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formed after pericardiocentesis and is occasionally 
helpful in determining etiology. Other less commonly 
utilized diagnostics include nonselective venous angiog-
raphy, pneumopericardiography, transesophageal echo-
cardiography, computed tomography, and magnetic 
resonance imaging.

Radiography
Thoracic radiography will reveal cardiac enlargement in 
up to 87% of dogs and 95% of cats that can range from 
mild to severe depending on the volume of fluid accu-
mulation, with larger volumes typically indicating chro-
nicity.2,3 The cardiac silhouette is often globoid in 
appearance with loss of the normal cardiac contours. 
Pulmonary vascular markings may be diminished as a 
result of decreased cardiac output. Metastatic pulmo-
nary disease may be present in patients with pericardial 
effusion secondary to neoplasia. Abnormal lung patterns 
have been seen in up to 60% of feline patients, likely due 
to the high frequency of congestive heart failure as an 
underlying cause for feline pericardial effusion.3 In 
patients with cardiac tamponade, radiographs may 
reveal caudal vena caval distension, hepatomegaly, or 
pleural effusion. There may be evidence of tracheal devi-
ation dorsally with tumors located at the heart base. 
Thoracic radiographs can also be normal in patients 
with acute cardiac tamponade; therefore radiography 
should be used in conjunction with additional diagnos-
tic testing and thorough physical examination for the 
diagnosis of pericardial effusion.

Electrocardiography
Sinus tachycardia is the most common electrocardio-
graphic rhythm in canine patients with pericardial effu-
sion. Atrial or ventricular tachyarrhythmias have also 
been documented in both dogs and cats; however, in 
many patients the electrocardiogram is normal. Low-
amplitude QRS complexes and ST segment elevation are 
seen quite commonly.2,4 From 6% to 64% of canine 
patients exhibit evidence of electrical alternans on 
routine electrocardiography (see Fig. 14.1).4,5 This is 
typically seen in patients with large-volume effusions 
and is thus rare in the feline patient. Electrical alternans 
results from shifting of the heart’s electrical axis in rela-
tion to the electrocardiograph leads as the heart oscil-
lates within the fluid-filled pericardial space. The shifting 
relationship between the heart’s electrical axis and the 
electrocardiograph leads results in phasic variations in 
QRS or T-wave amplitude on the electrocardiogram 
(ECG). Because the ECG is often normal in patients 
with pericardial effusion, it is not considered a sensitive 
diagnostic test.

Clinical signs associated with  
pericardial effusion

The clinical presentation of patients suffering from 
acute and chronic pericardial effusion differs substan-
tially.1 Syncope or collapse is fairly common in patients 
presenting with acute cardiac tamponade, and is reported 
in up to 50% of canine patients with echocardiographic 
evidence of effusion.2 Physical examination findings in 
patients suffering from acute disease are consistent with 
cardiogenic shock. Therefore, patients frequently exhibit 
most or all of the following in addition to the dull heart 
sounds classic for pericardial effusion: tachycardia, 
tachypnea, decreased arterial pulse pressure, jugular 
venous distension, and pulsus paradoxus. In health, sys-
temic arterial blood pressure varies with the respiratory 
cycle, decreasing slightly during inspiration, and increas-
ing with expiration. In patients with pericardial effusion, 
this variation may be more marked as a result of altera-
tions in ventricular filling pressures secondary to peri-
cardial fluid accumulation. This phenomenon is termed 
pulsus paradoxus and is characterized by an inspiratory 
decrease in systolic arterial blood pressure greater than 
10 mm Hg.

In patients with more chronic fluid accumulation, the 
client complaint is often vague and nonspecific. Com-
monly reported findings include weight loss, inap-
petance, weakness, exercise intolerance, tachypnea, 
cough, and abdominal distension. Patients display signs 
of right-sided congestive heart failure such as dull lung 
sounds, hepatomegaly, ascites, and jugular venous dis-
tension. In addition, these patients may also exhibit 
physical examination findings consistent with acute 
decompensation, including decreased pulse quality, 
tachypnea, tachycardia, and pulsus paradoxus.

Pericardial effusion is usually secondary to congestive 
heart failure in feline patients. Therefore, cats with peri-
cardial effusion often have abnormal cardiothoracic aus-
cultatory findings including heart murmurs, gallop 
rhythms, and abnormal lung sounds.3

Diagnosis of pericardial effusion

There is no anamnestic detail or physical examination 
finding that is pathognomonic for pericardial effusion. 
The presence of multiple historical and physical exami-
nation abnormalities suggestive of pericardial fluid 
accumulation should prompt the clinician to perform 
additional testing to confirm a diagnosis of pericardial 
effusion. When the clinician suspects pericardial effu-
sion, he or she may order thoracic radiography, electro-
cardiography, and/or echocardiography to aid in 
confirmation. Pericardial fluid analysis is often per-
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Echocardiography

Echocardiography is the noninvasive reference standard 
for the diagnosis of pericardial effusion in humans and 
animals; it has eclipsed thoracic radiography and electro-
cardiography as the most sensitive and specific diagnos-
tic test available in routine clinical practice. Effusion is 
identified as an echo-free or hypoechoic space between 
the epicardium and the pericardium (see Fig. 14.2). 
Echocardiography can identify even very small volumes 
of fluid accumulation and can also be used to identify 
cardiac tamponade, cardiac mass lesions, severe valvular 
endocardiosis leading to left atrial rupture, diminished 
left or right ventricular internal diameter, ventricular 
wall thickening, paradoxical interventricular septal 
motion, or pleural effusion that may accompany pericar-
dial effusion. Because it can identify the underlying  

Figure 14.1 Electrical alternans in a dog with pericardial effusion. Note the change in R-wave amplitude from one complex to the 
next such that every other complex is similar. Also note that electrical alternans may be visualized quite easily in one lead and more 
difficult to see in another.

II

V4

Figure 14.2 Pericardial effusion in a dog identified as an echo-
free space (see arrow) between the epicardium and the pericar-
dium. (Courtesy Boileau JS.)
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tage of pericardiocentesis performed from the right side 
of the thorax is aspiration of deoxygenated blood directly 
from the right ventricle, which appears grossly similar 
to the classic “port-wine”-colored hemorrhagic effusion 
seen most commonly in dogs. Some clinicians may 
prefer pericardiocentesis be performed from the left side 
for this reason, as blood obtained by inadvertent left 
ventricular puncture is oxygenated, and thus grossly dis-
tinguishable from hemorrhagic pericardial effusion. 
Comparing the packed cell volume of the sample with 
that obtained from peripheral blood can readily make 
the distinction between blood and effusion. These values 
will differ significantly in most patients, with the excep-
tion of those suffering from acute hemorrhage in the 
absence of preexisting fluid accumulation. Additionally, 
pericardial effusion will not clot, so depositing some 
fluid into an empty red-top tube at the beginning of 
pericardiocentesis and observing for clot formation can 
help distinguish effusion from fresh ventricular blood. 

etiology for the effusion in some patients, echocardiog-
raphy can also be useful in determining long-term prog-
nosis. See Chapter 13, Bedside Echocardiography, for 
more information about obtaining adequate echocardio-
graphic images.

Pericardial fluid analysis
The diagnostic yield of pericardial fluid analysis in 
canine patients is generally low; nevertheless it can be 
useful for the diagnosis of suppurative, mycotic, transu-
dative, and modified transudative effusions. Depending 
on gross characteristics or cytological findings, fluid 
samples may be submitted for bacterial or fungal culture 
and sensitivity to determine appropriate antimicrobial 
therapy. However, most pericardial effusions in the dog 
are bloody or blood-tinged. The overlap of cell counts 
between serosanguinous and hemorrhagic effusions 
makes the differentiation between these fluid types 
problematic. In addition, cells from cardiac neoplasias 
in the dog do not reliably exfoliate into the pericardial 
space, limiting the clinician’s ability to accurately diag-
nose neoplasia via fluid cytology. The discrimination 
between neoplastic and reactive mesothelial cells is also 
challenging, making a diagnosis of mesothelioma diffi-
cult. Despite these limitations, pericardial fluid analysis 
should be performed routinely, as it provides crucial 
information in some cases. In feline patients cytological 
analysis tends to be more rewarding, as the underlying 
etiologies of pericardial effusion in this species are quite 
different from those in the dog (see Table 14.1).

Pericardiocentesis

Diagnostic pericardiocentesis is indicated in any patient 
with pericardial effusion. Therapeutic pericardiocente-
sis is essential for the stabilization of patients suffering 
from cardiac tamponade and for definitive therapy in 
patients with infectious pericarditis. If a patient is hemo-
dynamically unstable, fluid therapy prior to or during 
the pericardiocentesis procedure is indicated. Baseline 
blood work including a packed cell volume, serum total 
protein concentration, and coagulation profile (pro-
thrombin time, activated partial thromboplastin time) 
is recommended prior to performing the procedure, if 
the patient’s clinical condition persists.

Pericardiocentesis can be performed with the patient 
in sternal, left lateral, or right lateral recumbency. The 
author prefers left lateral recumbency, as the cardiac 
notch is larger on the right side, which minimizes the 
risk of lung injury. In addition, placing patients in left 
lateral recumbency decreases the chance of inadvertent 
laceration of the coronary vessels. A potential disadvan-

Table 14.1 Pericardial diseases in the dog (D) and cat (C)

Congenital pericardial disease
Peritoneal pericardial diaphragmatic herniaa

Partial or complete pericardial agenesis
Pericardial cysts (D)

Acquired pericardial disease and pericardial effusion
Idiopathic pericardial effusion (D)a

Neoplasiaa

Congestive heart failure (C more than D)a

Feline infectious peritonitis (C)a

Septic effusion
Bacterial
Fungal
Viral
Protozoal

Exudative effusion
Transudative or modified transudative effusion
Chylous effusion (D)
Coagulopathy
Left atrial rupture (D)
Systemic disease

Uremia
Hypoalbuminemia
Sepsis

Trauma
Pneumopericardium (D)
Iatrogenic hemorrhage
Hyperthyroidism (C)

Note: diseases occur in both dog and cat unless otherwise 
noted.
aCommon.



194  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

be slowly advanced in 1-cm increments until fluid is 
seen in the catheter hub. As the needle is advanced, pale 
yellow or serosanguinous pleural effusion may be 
obtained, particularly in patients with chronic pericar-
dial effusion; however, this should not be confused with 
pericardial effusion, which is typically deep red and 
hemorrhagic in character in dogs. Upon entering the 
pericardial space, the catheter should be advanced an 
additional 1–1.5 cm and then fed off the tip of the stylet. 
The stylet should subsequently be removed and the 
catheter attached to extension tubing, a three-way stop-
cock, and a 12- to 60-cc syringe (depending on patient 
size). Subtle scratching of the tip may be noted as the 
catheter enters the pericardial space; however, once 
within the pericardial space, scratching felt at the tip of 
the catheter is likely due to the catheter contacting the 
epicardial surface. As this has the potential to induce 
ventricular arrhythmias, the catheter should be slightly 
retracted, and the ECG should be carefully monitored.

After a small amount of fluid is retrieved, steps should 
be taken to differentiate between intracardiac and intra-
pericardial fluid (see Box 14.1). Pericardial effusion does 
not clot unless the hemorrhage is very recent, and the 
packed cell volume of pericardial effusion will often 
differ significantly from that of peripheral blood. Lastly, 
the supernatant in a spun sample of pericardial effusion 
is often xanthochromic, or yellow in color, due to the 
presence of by-products of hemoglobin breakdown 
resulting from previous hemorrhage. Once it has been 
determined that the retrieved fluid is from the pericar-
dial space, as much fluid as possible should be retrieved 
from the patient’s pericardium (in the absence of active 
hemorrhage) and quantified. Reduction of the effusion 

Figure 14.3 Correct method for cutting additional side holes in 
pericardial catheter to facilitate drainage.

Lastly, pericardiocentesis may also be performed from 
the right side with the patient in sternal recumbency, as 
this position may be more favorable in the hemody-
namically unstable patient.

The optimum site for catheter insertion must be 
determined. Ideally, echocardiography is used to identify 
the site with the largest volume fluid accumulation 
between the thoracic wall and the heart. However, if this 
imaging modality is not available, blind pericardiocen-
tesis can be performed at the right fourth or fifth inter-
costal space just below the costochondral junction where 
the precordial pulse is most readily palpable.

The area between the right third and eighth intercos-
tal spaces from the costochondral junction to the 
sternum should be clipped and cleaned with aseptic sur-
gical scrub technique. Hand hygiene should be per-
formed and sterile gloves should be donned for the 
duration of the procedure. An electrocardiogram should 
be attached to the patient and monitored continuously 
throughout the procedure to facilitate detection of dys-
rhythmias generated by inadvertent contact with or 
puncture of the myocardium. Arterial blood pressure 
should be monitored at regular intervals throughout the 
procedure using either invasive or noninvasive monitor-
ing tools.

A local anesthetic block of 2% lidocaine should be 
administered at the intended site of catheter insertion 
and associated underlying intercostal musculature and 
pleura to minimize patient discomfort. Pericardiocente-
sis can be performed in many canine patients simply 
with the aid of local anesthesia; however, the addition of 
chemical restraint will be needed in almost all feline 
patients. The combination of an opioid and a benzodi-
azepine provides excellent sedation while minimizing 
cardiovascular instability seen with many other sedative 
combinations. Alternatively, etomidate administered in 
combination with other sedatives may also be 
considered.

Several different catheter types can be used. The 
author prefers a 14- to 16-gauge 5.5-inch over-the-nee-
dle catheter for canine patients. Additional side-holes 
may be cut near the tip of the catheter with a scalpel to 
facilitate drainage, with care taken to smooth sharp 
edges at the periphery of these holes (see Fig. 14.3). 
Smaller catheter sizes will be needed for small-breed 
dogs and cats. The author prefers a 22-gauge 1- to 1.5-
inch needle or butterfly catheter attached to a 12- to 
20-mL syringe for these smaller patients.

A stab incision should be made with a number-11 
scalpel blade through the skin at the site of catheter 
insertion. The catheter should be inserted perpendicular 
to the skin on the cranial aspect of the rib with care 
taken to avoid the intercostal vessels. The catheter should 
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Box 14.1 Methods to differentiate pericardial effusion from 
blood retrieved by inadvertent cardiac aspiration

Evaluate sample for clotting
Place sample in red-top tube and observe for 3 minutes:

• Pericardial effusion will rarely clot.
• Blood aspirated from heart will clot readily.

Evaluate packed cell volume (PCV) of sample
Place sample in microhematocrit tube and compare with 
sample of peripheral blood placed in microhematocrit tube:

• PCV of pericardial effusion will differ from that of 
peripheral blood.

• PCV of blood aspirated from heart will match that of 
peripheral blood.

Evaluate sample supernatant
Place red-top tube containing sample in centrifuge for 5 
minutes at 3400 rpm and evaluate supernatant:

• Supernatant of pericardial effusion may be yellowish due 
to breakdown products of previous hemorrhage.

• Supernatant of blood aspirated from heart will be clear to 
slightly cloudy (serum).

and resolution of tamponade should be confirmed by 
echocardiography. See Protocol 14.1 for step-by-step 
instructions.

Postpericardiocentesis monitoring

Patients should be closely monitored for evidence of 
hemodynamic instability resulting from reaccumulation 
of pericardial fluid, ongoing hemorrhage, or ventricular 
arrhythmias. In patients with active hemorrhage, fluid 
can leak from the pericardial space into the pleural 
cavity, resulting in life-threatening hemorrhage. Ven-
tricular arrhythmias following pericardiocentesis can 
range from mild to severe, the latter of which may neces-
sitate treatment with antiarrhythmic medications. The 
author recommends inpatient monitoring for at least 24 
hours following pericardiocentesis with serial evaluation 
of heart rate, respiratory rate, and blood pressure, fre-
quent thoracic auscultation for dull heart or lung sounds 
consistent with fluid accumulation, and serial evalua-
tion of urine output and mentation, both of which may 
change as a result of altered perfusion. Intensive moni-
toring of these physical examination findings coupled 

with continuous electrocardiography and intermittent 
echocardiography will facilitate prompt recognition of 
complications such as hemorrhage or dysrhythmias.

Complications of pericardiocentesis

Pericardiocentesis is a relatively safe procedure if it is 
performed as recommended and appropriate precau-
tions are taken to minimize the risk of complications. 
Relative contraindications to pericardiocentesis include 
coagulopathy, active hemorrhage due to atrial rupture 
or actively bleeding neoplasia, and small-volume effu-
sions in the absence of tamponade. Commonly recog-
nized complications of pericardiocentesis include 
inadvertent ventricular puncture, ventricular or supra-
ventricular arrhythmias, cardiac or coronary artery  
laceration, exsanguination, tumor rupture, or dissemi-
nation of neoplasia or infectious agents into the thoracic 
cavity (see Table 14.2).6 Ventricular puncture occurs 
when the catheter is advanced too far into the pericardial 
space. Once in the wall of the ventricle, the catheter  
will move with each ventricular systole, and ventricular 
arrhythmias may be evident on the surface ECG. If 
cardiac puncture occurs, the catheter should be incre-
mentally withdrawn from the ventricular wall. This  
is often not a serious complication if recognized and  
corrected promptly. However, failure to recognize  
ventricular puncture may result in removal of large 
amounts of blood from the ventricle and possible exsan-
guination. In addition, manipulation of the catheter 
while it is within the ventricular wall may result in 
cardiac laceration and rupture with catastrophic hemor-
rhage. Monitoring the patient as recommended with 
electrocardiography will facilitate early detection of dys-
rhythmias generated by cardiac puncture. Utilization of 
echocardiography and blood pressure monitoring, as 
well as monitoring retrieved fluid for clotting and 
packed cell volume as directed previously, will facilitate 
the prompt recognition of hemorrhage. Early interven-
tion is critical in these patients; however, most patients 

Table 14.2 Complications of pericardiocentesis

Ventricular puncture
Dysrhythmias
Coronary artery laceration
Cardiac laceration
Exsanguination
Tumor rupture
Dissemination of neoplasia
Dissemination of infection
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Protocol 14.1 Pericardiocentesis

Items Required
• Clippers with clean blade
• Surgical antiseptics for preparation
• 14- to 22-gauge over-the-needle catheter
• Scalpel blade #11
• Three-way stopcock
• Fluid extension tubing
• 12- to 60-cc syringe
• Bowl for collecting expelled effusion
• Sterile tubes

 Red-top to monitor for clotting, for culture as needed
 Lavender-top for cytology

• Sterile gloves
• 2% lidocaine for local anesthetic block (not to exceed safe dosage)
• Lidocaine 2 mg/kg intravenously, for possible ventricular arrhythmias
• Electrocardiograph
• Noninvasive blood pressure monitor
• Portable ultrasound if available
• Chemical restraint as needed
• Oxygen supplementation as needed
• Two or more assistants

Procedure
1. Collect necessary supplies.
2. Obtain baseline peripheral blood samples.
3. Aseptically attach syringe and extension tubing to three-way stopcock such that catheter will attach to extension tubing, 

leaving one stopcock port open for fluid expulsion into collection bowl.
4. Place patient in preferred recumbency.
5. Determine optimum site for pericardiocentesis with ultrasound or by palpation.
6. Clip and aseptically prepare pericardiocentesis site.
7. Connect patient to electrocardiograph and blood pressure monitor.
8. Administer local block of 2% lidocaine through the subcutaneous tissues and intercostal musculature.
9. Administer chemical restraint if needed.

10. Perform hand hygiene and don sterile gloves.
11. Make a stab incision through the skin with scalpel blade.
12. Incrementally advance catheter–stylet pair through the skin, subcutaneous tissues, and intercostal musculature until 

pericardial fluid is seen in the hub of the catheter.
13. Advance catheter and stylet additional 1 cm, then feed catheter off stylet.
14. Remove stylet and attach catheter hub to available three-way stopcock port. Aspirate fluid.
15. Aseptically place fluid samples in red- and lavender-top tubes. Examine aspirated fluid for evidence of clotting; determine 

packed cell volume and serum total protein concentration (PCV/TP) of fluid and compare with peripheral blood to confirm 
appropriate catheter placement in pericardial space.

16. Deposit remaining fluid into collection bowl. Quantitate volume of retrieved fluid and store samples in refrigerator prior to 
submission for cytologic analysis.

17. Once all fluid is removed, withdraw catheter from pericardial space.
18. Verify reduction of the effusion via echocardiography if possible.

with active hemorrhage due to coronary artery lacera-
tion or cardiac rupture will not survive.

Summary

Pericardiocentesis is a relatively safe procedure that can 
be life-saving for patients with cardiac tamponade. Peri-

cardial effusion is most readily diagnosed with thoracic 
ultrasound, which can also be helpful to guide pericar-
diocentesis. Fluid samples should be used to ensure peri-
cardial effusion is being collected rather than ventricular 
blood, and for additional diagnostic testing. Monitoring 
perfusion parameters and the patient’s ECG is crucial 
during and following the procedure.
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15
Monitoring tissue perfusion: clinicopathologic 
aids and advanced techniques

Brian C. Young

Optimal tissue perfusion with complete restoration of 
cumulative oxygen debt, resolution of acidosis, and  
resumption of aerobic metabolism in all tissues, are ulti
mate goals of shock resuscitation and lead to improved 
outcomes and decreased morbidity in critically ill pa
tients.1 Underresuscitation causes prolonged oxygen 
deprivation and may lead to cellular and organ dysfunc
tion, and ultimately patient demise. Overresuscitation 
can lead to abdominal compartment syndrome (ACS), 
dilutional coagulopathy, volumeoverload pulmonary 
edema, exacerbation of cerebral edema, and acute re
spiratory distress syndrome (ARDS). Methods to assess 
global and regional tissue perfusion and microcircula
tory function are therefore being investigated as guides 
for precise, successful hemodynamic resuscitation and 
cardiovascular optimization without iatrogenic compli
cation.

Monitoring perfusion always begins with an initial 
physical examination of the patient at presentation 
(primary survey) and continues with serial examina
tions thereafter. Triage and the primary patient survey 
are discussed elsewhere (see Chapter 1, Triage, and 
Chapter 2, The Small Animal Emergency Room) but 
several important details regarding evaluation of perfu
sion deserve repeat mention. Several physical examina
tion parameters give information about global and 
regional perfusion. Vitally important parts of the assess
ment include mentation, mucous membrane color and 
quality, capillary refill time (CRT), heart rate (HR), 
distal pulse quality, and subjective distal extremity  
temperature. If not contraindicated (i.e., suspected car
diogenic shock), fluid resuscitation is immediately initi
ated in the poorly perfused patient while the physical 

examination is completed. Further diagnostics, such as 
arterial blood pressure measurement, pulse oximetry 
(SpO2), venous and arterial blood gases (VBG/ABG), 
electrolytes, blood glucose, packed cell volume, total 
protein, and lactate, are then pursued. A hemodynami
cally unstable patient is typically resuscitated to normal
ization of physical examination parameters, mean 
arterial pressure (MAP), and potentially, urine output 
(UOP).2

Pathophysiology of microcirculatory 
dysfunction

Several research groups have demonstrated microcircu
latory hypoperfusion despite successful resuscitation to 
traditional perfusion parameters (HR, MAP, and UOP) 
in animal models and up to 85% of severely injured 
human patients.3–8 Untreated compensatory shock and 
occult shock (ongoing tissue hypoperfusion despite 
normal vital signs) are associated with increased mor
bidity, increased mortality, and multiple organ dysfunc
tion syndrome (MODS) in critically ill humans.9–11 
Theoretical pathogeneses for occult hypoperfusion
related MODS include direct damage from ischemia, 
subsequent reperfusion injury, instigation of over
whelming systemic inflammatory response syndrome 
(SIRS) and/or compensatory antiinflammatory re
sponse syndrome (CARS), and development of irrevers
ible cellular dysfunction. Global ischemia activates 
endothelial adhesion molecules, platelet activating factor 
(PAF), and the coagulation system in addition to break
ing down endothelial glycocalyx12 and increasing vascu
lar permeability.13

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.



Monitoring Tissue Perfusion: Clinicopathologic Aids and Advanced Techniques  199

Additionally, prolonged hypoxia can interrupt ATP
dependent processes such as active electrolyte pumping, 
with subsequent cessation of cellular metabolism. This 
may lead to cell swelling, apoptosis, or necrosis. Research 
laboratories, emergency departments, operating suites, 
and intensive care units have begun to develop and 
utilize tools to elucidate the condition of the microcir
culation in an attempt to identify occult shock and 
restore or maintain optimal tissue perfusion. This 
chapter introduces these techniques and discusses their 
clinical applications.

The literature consists of numerous experimental 
studies and an increasing number of human clinical 
trials that have significantly broadened our understand
ing of the pathophysiologies of several common disease 
states. These include septic shock, hemorrhagic shock, 
polytrauma, injury related to return of spontaneous cir
culation (ROSC) after cardiopulmonary cerebral resus
citation (CPCR), and anesthesiainduced hypotension. 
The microcirculation is a dynamic regulator of nutri
tional delivery to and waste removal from organs 
through cellular membranes, interstitial fluid, and blood 
constituents. The microcirculation is adversely affected 
in many disease states (see Table 15.1 for relevant veteri
nary diseases). Several factors lead to alterations in tissue 
oxygen supply and utilization at the cellular level. A 
typical response to overwhelming inflammation involves 
increased leukocyte adhesion to the endothelium and 
release of cytokines and reactive oxygen species (ROS). 
This increases chemotaxis, endothelial damage, and vas
cular permeability. Vascular tone is adversely affected by 
SIRS and severe sepsis. Abnormalities of vasomotor 
function affect both arteries and veins. During SIRS, 
venous capacitance vessels, which normally contain 75% 
of the total circulating volume (the unstressed portion), 
may fail to constrict in response to sympathetic signal
ing. This venous vasodilation and the resultant pooling 
of blood in the venous circulation may lead to decreases 
in preload and cardiac output (CO). Proteinrich fluid 
exudation from the vascular space simultaneously 
decreases effective circulating volume and increases 
interstitial edema, creating additional barriers to nutri
ent diffusion.

An appropriate physiologic response to shock har
nesses the sympathetic nervous system, causing adrenal 
release of catecholamines. Initially, βadrenergic stimu
lation enhances chronotropy, inotropy, CO, and oxygen 
delivery (DO2). Alphaadrenergic receptors facilitate 
vasoconstriction and centralization of blood flow to  
the brain, heart, and lungs at the expense of other capil
lary beds (hepatosplanchnic and musculocutaneous). 
This potent insult to regional perfusion may persist 
despite normalization of systemic hemodynamics.14,15 

Table 15.1 Diseases affecting the microcirculation

Systemic inflammatory response syndrome (SIRS)46,182–184

Acute necrotizing pancreatitis
Polytrauma185

Hemorrhagic shock
Hypovolemic shock
Heat-induced illness
Immune-mediated diseases: hemolytic anemia, 

thrombocytopenia, polyarthropathy
Steroid-responsive meningitis
Hemorrhagic gastroenteritis (HGE)
Uroperitoneum
Disseminated neoplasia
Envenomation
Gastric ulceration
Acute respiratory distress syndrome
Feline hepatic lipidosis
Abdominal compartment syndrome

Severe sepsis182,183,186–189

Bacterial peritonitis
Pyothorax
Pneumonia
Pyometra
Bacterial prostatitis
Urosepsis
Gastrointestinal translocation
Soft-tissue infection
Parvovirus
Endocarditis
Bloodstream infection
Bacterial meningoencephalitis
Hepatic abscessation

Ischemia-reperfusion injury190

Gastric dilatation–volvulus
Aortic thromboembolism
Pulmonary thromboembolism
Pulmonary reexpansion injury
Post–cardiopulmonary cerebral resuscitation
Any state of hypoperfusion

Anaphylaxis191–193

Vaccine reaction
Insect sting
Envenomation
Antivenin
Drug reaction
Transfusion reaction (acute hemolytic, transfusion-related lung 

injury)

In addition to heterogeneous diversion of blood via 
shunted venules (distributive hypoxia), the microcir
culation suffers several other insults, which affects its 
environment.10,16–18 These include tumor necrosis factor 
(TNFα), endothelial swelling, alterations in nitric oxide 
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duction from ATP hydrolysis and reduction of NAD+ to 
NADH, causing metabolic acidosis after buffer reserves 
are utilized. The conversion of pyruvate to lactate is a 
normal occurrence in erythrocytes, which do not contain 
mitochondria for oxidative phosphorylation. Under 
physiologic conditions, lactate is transported to the liver, 
kidneys, and heart via intracellular and extracellular 
lactate shuttles.20 Lactate is then either oxidized, trans
aminated, or converted back to pyruvate to be used for 
aerobic mitochondrial ATP production or converted to 
glucose via gluconeogenesis (Cori cycle).

When an imbalance occurs between lactate produc
tion and clearance, hyperlactatemia and lactic acidosis 
(arterial pH < 7.35) ensue. Hyperlactatemia can result 
from a number of causes, which are generally divided 
into Type A (tissue hypoxia–hypoperfusion), and Type 
B (underlying disease; drugs and toxins; or mitochon
drial dysfunction). Documented and proposed mecha
nisms of hyperlactatemia have been well described in  
the literature.21–25 See Table 15.2 for a list of potential 
causes for hyperlactatemia. Initial research suggests  
evaluation of the lactatetopyruvate ratio may be  
useful to differentiate between Type A and Type B 
hyperlactatemia.26,27

Since glycolysis occurs at a faster rate than subsequent 
pyruvate oxidation, causes of increased glycolysis may 
lead to excessive pyruvate and hyperlactatemia. Glycoly
sis is stimulated by dextrose infusion (including that 
associated with parenteral nutrition), alkalosis, sepsis, 
and endogenous or exogenous catecholamines. Other 
possible pathophysiologies of hyperlactatemia in sepsis 
include decreased DO2, regional microcirculatory shunt
ing, exotoxinmediated impairment of pyruvate dehy
drogenase, mitochondrial dysfunction, hypermetabolism 
secondary to inflammation, and hepatic dysfunction 
causing decreased lactate clearance and increased lactate 
production.28–32 Other sites of increased lactate produc
tion in severe illness include the lungs in acute lung 
injury,33 and leukocyte phagocytosis or activation in 
sepsis.34 It has been theorized that hyperlactatemia in 
critical illness may be an adaptive response with a pro
tective mechanism.31 The oxidation of lactate in oxygen
ated tissue beds (especially the brain35 and heart36) may 
preserve glucose for energy production in oxygenpoor 
tissues.

Blood lactate concentration has been used as a marker 
of perfusion foretelling disease severity, MODS develop
ment, and mortality in critically ill human patients.37–39 
A recent study of 830 humans40 with severe sepsis evalu
ated mortality statistics based on initial blood lactate 
levels. Patients were stratified based on lactate into low 
(<2.5 mmol/L), intermediate (2.5–4 mmol/L), and high 
(>4 mmol/L) groups. Regardless of presence of shock, 

(NO), interstitial edema, decreased pliability of leuko
cytes and erythrocytes, increased erythrocyte aggre
gation and adhesiveness, increased blood viscosity,  
and capillary obstruction with activated platelets,  
leukocytes, and microthrombi. In addition, myocardial 
dysfunction, critical illnessrelated corticosteroid insuf
ficiency (CIRCI), depletion of endogenous vasopressin, 
and mitochondrial dysfunction can negatively impact 
microcirculatory perfusion. Some microcirculatory beds 
remain nonfunctional despite resuscitation efforts, the 
“noreflow” phenomenon.19

Traditional resuscitation endpoints include “upstream” 
hemodynamic parameters used to optimize preload and 
DO2 such as central venous pressure (CVP), pulmonary 
artery occlusion pressure (PAOP), right ventricular end
diastolic volume index (RVEDVI), MAP, CO, HR, and 
the partial pressure of oxygen in arterial blood (PaO2). 
“Downstream” markers of perfusion represent indica
tors of organ function, global perfusion, or regional per
fusion. They include UOP, blood lactate concentration, 
lactate clearance, base deficit (BD), oxygen consumption 
(VO2), venous oximetry, oxygen extraction ratio (O2ER), 
nicotinamide adenine dinucleotide ratio (NADH :  
NAD), gastric mucosal pH (pHi), sublingual tonometry 
(PslCO2), orthogonal polarization spectral (OPS) 
imaging, nearinfrared spectroscopy (NIRS), and tissue 
O2/CO2 monitoring. In light of research demonstrating 
the insensitivity of upstream parameters in identifying 
underlying physiologic disturbances, recent research 
efforts have refocused on downstream parameters. 
Downstream markers can provide early recognition of 
occult shock, and be a source of feedback for resuscitation 
efforts, thus providing a guide for continued therapy.

The optimal monitoring technology will be inexpen
sive, consistent, reliable, and easy to measure and inter
pret. Also, it will be a relatively sensitive and specific 
indicator of microcirculatory perfusion. Ideally, a clini
cally useful monitoring parameter will change in parallel 
with resuscitation success, will have insignificant lag 
time, and will successfully predict outcome.

Global perfusion monitoring tools

Blood lactate concentration
Blood lactate concentration is a wellknown biomarker 
of tissue perfusion in human and veterinary medicine. 
Lactate is produced during anaerobic conditions when 
pyruvate, the end product of glycolysis, is not used for 
oxidative phosphorylation via the electron transport 
chain. Excess pyruvate is converted to lactate by the 
enzyme lactate dehydrogenase, present in all tissues. 
This conversion results in concurrent hydrogen ion pro
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canine and feline patients is <2.5 mmol/L;41–43 for dogs 
up to 10 weeks of age, <4 mmol/L.44 Correlations have 
been documented between increased blood lactate and 
decreased survival in critically ill canine patients,45 dogs 
with immunemediated hemolytic anemia (IMHA),46 
and between hyperlactatemia and decreased CO in dogs 
with SIRS.47 Newly presenting canine gastric dilatation 
and volvulus (GDV) patients with pretreatment blood 
lactate concentration >6 mmol/L were statistically more 
likely to have gastric necrosis and decreased survival  
in a retrospective clinical observational study.48 In 
an experimental canine hemorrhagic shock model, 
Dunham et al.49 concluded that blood lactate was more 
predictive of mortality than either MAP or CO. However, 
blood lactate must be interpreted in the context of the 
entire patient. It is not appropriate to prognosticate for 
the individual patient based on a single statistical 
populationbased parameter.

It has been suggested that the rate of lactate clearance 
is both a better predictor of patient outcome and a sensi
tive indicator of shock reversal.50,51 Abramson et al.50 
evaluated mortality in human trauma patients resusci
tated to supranormal DO2 and revealed <10% mortality 
for patients with normalized blood lactate at 24 hours 
postpresentation. Mortality increased to 25% and 86% 
for those patients whose blood lactate concentrations 
did not normalize until 24–48 hours, and 48 hours 
postresuscitation, respectively. A 10% decrease in blood 
lactate over a 6hour resuscitation period was associated 
with improved survival in critically ill human patients.52 
Additionally, in a recent, prospective, randomized 
human trial evaluating goaldirected resuscitation in 
severe sepsis,53 targeting a lactate clearance of >10% in 
6 hours was equally as effective as targeting a central 
venous oxygen saturation (ScvO2) of >70%. All patients 
were resuscitated to the same CVP and MAP goals with 
volume loading and vasopressors.

Although lactic acidosis in severe illness is a sensitive 
indicator of tissue hypoperfusion, the time delay for 
lactate clearance in critical illness substantially detracts 
from its usefulness in guiding realtime resuscitation. A 
recent canine study championed the utility of serial 
lactate measurements in patients with babesiosis.54 Spe
cifically, an increase in blood lactate or <50% lactate 
clearance at 8 and 16hour postpresentation time 
points correlated with decreased survival. A retrospec
tive study of canine IMHA patients documented 100% 
survival in patients with initial hyperlactatemia that 
resolved within 6 hours of presentation, whereas dogs 
with persistent hyperlactatemia had only a 71% sur
vival.46 Lactate clearance at 6 hours was employed 
to evaluate survival statistics in critically ill dogs.55 A 
lactate clearance of less than 50% or a blood lactate 

Table 15.2 Causes of hyperlactatemia

Type A21,194 Hyperlactatemia Type B23,55,59 Hyperlactatemia

Decreased O2 availability 
or utilization

Decreased lactate 
metabolism195

 Global hypoperfusion  Hepatic dysfunction
 Regional hypoperfusion  Renal dysfunction
 Hypoxemia Increased glycolysis
 Severe sepsis/SIRS  Diabetes mellitus
 Hemorrhage  Dextrose infusion
 Anemia  Alkalosis
 Methemoglobinemia  Hyperthyroidism43

 Thromboembolic disease  Pheochromocytoma
 GDV/torsion  Catecholamine release

 Severe sepsis/SIRS24

Paraneoplastic
 Lymphoma196

Increased O2 demand Adverse drug effect or 
toxicity24

 Exercise  Activated charcoal197

 Muscle fasciculation  Sorbitol
 Seizure disorders45  Propylene glycol

 Ethylene glycol
 Glucocorticoids198

 Salicylates45

 Epinephphrine
 Terbutaline
 Acetaminophen
 Nitroprusside
 Strychnine
 Bicarbonate
 Propofol infusion
 Epinephrine
 Morphine
 Lactulose
Thiamine deficiency
Mitochondrial problem
 Severe sepsis/SIRS
 Carbon monoxide toxicity
 Cyanide
Hypoglycemia
d-Lactic acidosis
 Short bowel syndrome

initial blood lactate concentrations were predictive of 
mortality. Increased mortality in patients with moderate 
hyperlactatemia (2.5–4 mmol/L), has led to an argument 
to target these patients with early goaldirected therapy,24 
which is currently recommended for severe sepsis 
patients with SIRS criteria and hypotension or blood 
lactate >4 mmol/L by the Surviving Sepsis Campaign.2 
Normal arterial or venous blood lactate in healthy adult 
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patients. Ideally, blood samples for benchtop analyzers 
should be acquired using blood gas syringes prefilled 
with lyophilized heparin to avoid dilutional effects of 
liquid heparin.60 Cats can have marked, transient spikes 
in blood lactate in stressful situations,61 such as restraint 
for venipuncture. Also, blood lactate concentration is 
expected to increase any time the anaerobic threshold 
has been breached, which will occur with excessive 
struggling, seizuring, and physical exertion. Serial blood 
lactate measurements taken from indwelling sampling 
catheters may avoid stressing the patient and adversely 
affecting interpretation of results. Prolonged venous 
stasis may increase regional blood lactate concentrations 
and should be avoided when acquiring a peripheral 
venous sample. Although blood lactate from peripheral 
samples in dogs were statistically higher than concurrent 
jugular venous and femoral arterial samples, all values 
were reasonably close to one another and the differences 
were not clinically significant.41 The study concluded 
<2.5 mmol/L is the normal blood lactate concentration 
in dogs.

There is no documented benefit to monitoring arte
rial as opposed to venous blood lactate levels.24

It has been recommended that heparinized, whole 
blood samples be run as soon as possible and within 30 
minutes, as lactate increases over time even if the sample 
is stored on ice.43 Separation of plasma or serum from 
erythrocytes is recommended when samples cannot be 
immediately analyzed.43 To arrest glycolytic enzymes, 
plasma and serum samples can be stored in sodium 
fluoride, on ice, for later colorimetric analysis. With 
adequate cardiovascular function, blood lactate has a 
halflife of 60 minutes in humans.62 See Box 15.1 for 
detailed procedures for blood lactate concentration 
measurement.

Acid–base monitoring
Tissue hypoperfusion and ensuing metabolic acidosis 
can be assessed using pH, bicarbonate (HCO3), base 
deficit (BD), and lactate. Hydrogen ions are produced 
both from lactate formation and the rapid breakdown 
of high and intermediateenergy phosphates. It has 
recently (2007) been shown in a canine hemorrhagic 
shock model that, in addition to lactate, several unmea
sured anions (citrate, fumarate, and αketoglutarate) 
contribute to metabolic acidosis during tissue oxygen 
debt.63 These unmeasured ions are intermediates of the 
Krebs cycle and may be evidence of mitochondrial dys
function. Other potential causes of metabolic acidosis 
include an increased strong ion gap (SIG), which has 
been independently shown to predict mortality in 
people when it is the major cause of metabolic acidosis.39 

concentration >2 mmol/L at 6 hours into treatment was 
associated with significantly increased mortality.

Technology available to measure blood 
lactate concentration

Blood lactate measurements are readily accessible in vet
erinary medicine using blood gas machines (NOVA, Stat 
Profile Critical Care Xpress, NOVA Biomedical Corpo
ration, Waltham, MA; Rapidlab, Bayer Diagnostics, East 
Walpole, MA), handheld monitors (istat, istat Corpora
tion, East Windsor, NJ), and several recently introduced 
pointofcare instruments.42,56,57

Blood lactate concentration can be measured via 
enzymatic colorimetry or enzymatic amperometry. 
Enzymatic colorimetry utilizes spectrophotometry to 
measure NADH produced from lactate dehydrogenase
catalyzed oxidation of llactate by NAD+. The NADH 
levels indicate the amount of lactate present in the 
sample. This technology is most often found in blood 
chemistry analyzers. In contrast to the relatively slow 
process of spectrophotometry, enzymatic amperometry 
reads results from small amounts of whole blood samples 
within 2 minutes. Enzymatic amperometry detects 
hydrogen peroxide produced by the lactate oxidase
catalyzed conversion of lactate to pyruvate, proportional 
to the lactate level of the sample.58 Hydrogen peroxide 
is detected as an anodic current by a sensor, which trans
lates the measurement into a lactate value. Benchtop 
blood gas analyzers often include lactate monitoring 
capabilities and require only a small amount of heparin
ized whole blood.

Recently, several handheld lactate monitors have been 
evaluated for use in dogs and cats. Pointofcare lactate 
monitors have greatly improved the accessibility and 
affordability of measuring blood lactate in clinical vet
erinary patients. Compared with serum chemistry ana
lyzers, benchtop blood gas machines (NOVA and 
Rapidlab, above) and pointofcare monitors (such as 
istat, above; Accusport, Sports Resource Group, Inc. 
London, UK; Lactate Pro, Arkray Inc, Kyoto, Japan; 
Lactate Scout, Sens Lab GmbH, Leipzig, Germany;  
and Accutrend, Roche Diagnostics, Basel, Switzerland) 
require a very small amount of blood and provide results 
within seconds to minutes. Careful review of recent lit
erature provides important information regarding the 
accuracies of newer pointofcare monitor use in canine 
and feline clinical patients.42,56–59

Performing blood lactate concentration 
measurement

Sample acquisition should be taken into consideration 
when evaluating lactate concentration in veterinary 
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transfusion requirements, MODS, and mortality in 
human patients.64–67 Initial BD, in combination with 
lactate, is a sensitive screening tool for illness severity 
and outcome prediction.49,51 A preliminary retrospective 
study of canine trauma patients reported admission BD 
to be a predictor of mortality and requirement for red 
blood cell transfusion.68

Although significant time and effort have been dedi
cated to evaluating BD,51,67,69 it is considered by many to 
be a poor indicator of shock reversal and is not currently 
recommended as a definitive resuscitation endpoint.70,71 
However, the availability of BD on any blood gas analysis 
makes it an inexpensive and readily available marker of 
perfusion, useful for initial evaluation of shock.64,69 As 
with other dynamic patient variables, noting trends in 
serial BD measurements may reveal occult hypoperfu
sion in hospitalized patients with normal vital parame
ters. Two separate research groups have demonstrated 
profound differences in MODS and mortality (50%–
68% versus 4.5%–9%) in critically ill humans who did 
not correct BD or lactate after 24 hours of treatment.51,67 
Kincaid67 also correlated persistently increased BD with 
decreased VO2 in human trauma patients, suggesting an 
uncoupling of oxygen delivery and consumption. Similar 
to lactate, pH, HCO3, and BD are only indirect measures 
of global tissue perfusion and may engender a false  
sense of security in patients with ongoing regional 
hypoperfusion.

Oxygen-derived variables
Oxygen extraction ratio

Oxygen delivery (DO2), consumption (VO2), and extrac
tion ratio (O2ER) have been investigated using the 
pulmonary artery catheter (PAC) to elucidate patient 
response to shock in animal models and clinical human 
patients.72–75 In normal physiologic equilibrium, tissues 
are provided with far more oxygen than necessary for 
normal metabolic activity (supply independence), but at 
some point (“critical DO2”; usually at O2ER of 70%), 
decreased DO2 leads to anaerobic metabolism, lactate 
production, and decreased VO2 (supply dependence). 
Shoemaker et al.76,77 observed supranormal cardiac 
index (CI), DO2, and VO2 in human polytrauma survi
vors requiring general anesthesia and surgical interven
tion. Initial prospective, randomized clinical data 
suggested a decrease in mortality when patients were 
resuscitated to a goaldirected, supranormal CI and DO2 
with fluid therapy and pharmacologic intervention 
using inotropes and vasopressors.78,79 However, these 
promising results have not been duplicated despite 
extensive efforts80,81 and the interventions may be 
harmful.82–84 One major line of criticism of this line of 

Shedding of heparan sulfate from damaged endothelial 
cells may also cause metabolic acidosis in a canine hem
orrhagic shock model.63 Normalization of lactate does 
not necessarily equate to adequate resuscitation, espe
cially when the patient displays a persistent metabolic 
acidosis. Therefore, metabolic acidosis of unknown 
origin in critically ill patients, with or without hyperlac
tatemia, is a significant finding that warrants further 
monitoring and potentially additional resuscitative 
efforts. Blood collection for interpretation of acid–base 
status is discussed in Chapter 47, Blood Sample Collec
tion and Handling (see also Chapter 50, Acid–Base 
Evaluation).

Monitoring the arterial or venous BD has long been 
recognized as a marker of cellular function. The BD  
is the amount of base in millimoles needed to  
titrate 1 L of arterial whole blood to a pH of 7.4,  
with fully saturated hemoglobin, at 37°C, and a PaCO2 
of 40 mm Hg. A high BD correlates with type A hyper
lactatemia, and suggests continued O2 debt and cellular 
dysfunction. It is well accepted as a predictor of hemo
dynamic changes, increased length of hospital stay, 

Box 15.1 Guidelines for blood lactate concentration 
measurement

Guidelines are appropriate for bench-top blood gas analyzers 
and for point-of-care lactate monitors:
1. Minimize stress and begin with a relatively calm patient, 

if possible.
2. Use a blood gas syringe with lyophilized heparin to 

decrease dilutional errors. (Some point-of-care monitors 
may require unheparinized blood.)

3. The sample may be acquired from direct arterial or 
venous puncture or from an indwelling catheter (free-
flowing, stress-free samples are ideal).

4. Run the sample measurement as soon as possible. If the 
sample cannot be run within several minutes, it should 
be put on ice. There is a significant, artifactual increase 
in lactate within 30–60 minutes of time delay.

5. It is reasonable to monitor trends in abnormal  
blood lactate levels in critically ill clinical patients over 
the course of several hours (serial samples every 4–6 
hours).

Collecting a sample for later testing:
1. Collect blood in a syringe and centrifuge the sample 

(after clot formation if no anticoagulant is used).
2. Separate the plasma or serum from the erythrocytes.
3. Refrigerate the serum or plasma in sodium fluoride (if 

available) to prevent further lactate production.
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research is that the patients may not have received resus
citation efforts early enough in their disease processes to 
confer significant outcome benefits. Also, it is important 
to recognize DO2 and O2ER, as indicators of global 
oxygen transport, may not detect ongoing deficits in 
individual organs. Kincaid et al.67 showed a lack of 
outcome prediction and great interpatient variability in 
serial VO2 measurements in human trauma patients, 
questioning the validity of VO2 as a resuscitation 
endpoint.

Other clinical investigators have focused their efforts 
on the O2ER, which additionally requires arterial and 
pulmonary artery catheters. Increasing oxygen extrac
tion is an important compensatory physiologic mecha
nism to maintain VO2 in states of suboptimal DO2. The 
O2ER is representative of the cumulative oxygen debt to 
be corrected with reperfusion and metabolism of toxic 
metabolites, both requiring the adequate function of 
many organ systems. The O2ER (VO2/DO2) is calculated 
as

VO /DO CaO CmvO /CaO2 2 2 2 2= −( )  (15.1)

using samples taken simultaneously from both a periph
eral artery and the pulmonary artery to determine arte
rial (CaO2) and mixed venous (CmvO2) oxygen content. 
See Box 15.2 for VO2 and DO2 calculation formulae, 
which require pulmonary arterial catheterization (PAC) 
and cardiac output monitoring. Protocol 15.1 describes 
the steps taken to calculate the O2ER.

The need for a PAC and lack of clear consensus 
regarding interpretation of results limit the use of DO2, 

Box 15.2 Useful formulae to calculate oxygen extraction 
ratio

DO blood flow CO CaO2 2= ×[ ( )]

VO blood flow CO CaO CmvO2 2 2= × −[ ( )] ( )

O ER
CaO CmvO

CaO
VO
DO

SaO SmvO
SmvO

2
2 2

2

2

2

2 2

2

= − = = −( ) ( )

CaO Hb SaO PaO2 2 21 34 0 003= × × + ×( . ) ( . )

CaO2, arterial oxygen content; CmvO2, mixed venous oxygen 
content; CO, cardiac output; DO2, oxygen delivery; Hb, 
hemoglobin concentration; O2ER, oxygen extraction ratio; 
SaO2, saturation of Hb with O2 in arterial blood; SmvO2, 
saturation of Hb with O2 in mixed venous blood; VO2, oxygen 
consumption. All values must be checked for unit agreement 
before computation.

VO2, and O2ER in veterinary patients. Recent studies and 
reviews have challenged the cost versus benefit of PAC 
use in critically ill humans.85–88 However, the concept of 
oxygenderived variables can be applied to interrogation 
of patient status using venous oximetry.

Venous oximetry

Values that have gained renewed research interest are 
mixed (SmvO2) and central venous (ScvO2) oxygen sat
urations, which can be measured continuously via  
specialized fiberoptic catheters attached to reflectance 
oximetry, or serially with a cooximeter (NOVA, Rapid
lab as above). After fully oxygensaturated hemoglobin 
(bound within erythrocytes) leaves the left ventricle, it 
travels to tissue capillaries, where oxygen diffuses from 
the hemoglobin to the surrounding interstitium, with 
25%–30% of the oxygen leaving the hemoglobin mol
ecule under homeostatic conditions. The normal resul
tant ScvO2 and SmvO2 are >70% and >65%, respectively. 
Increasing oxygen extraction from the hemoglobin is a 
compensatory mechanism to maintain tissue oxygen
ation during states of decreased DO2. An increased O2ER 
has been shown to significantly correlate with increased 
morbidity and mortality among the human intensive 
care patient population.89–91 Other possible causes of low 
ScvO2 include hyperthyroidism, seizure disorders, and 
pyrexia.

Rivers et al.1 revolutionized clinical shock resuscita
tion practice by introducing a resuscitation protocol 
associated with an absolute risk reduction in mortality 
of 16% for humans with severe sepsis or septic shock. 
Strict, protocoldriven shock resuscitation [see Fig. 15.1, 
which outlines early goaldirected therapy (EGDT)] to 
specific CVP, MAP, UOP, and ScvO2 endpoints, improved 
survival at all time points, improved illness severity 
scores, decreased the incidence of MODS, and improved 
coagulation parameters (prothrombin time, fibrinsplit 
products, and ddimer concentration). The control 
group was resuscitated to standard CVP, MAP, and UOP 
endpoints, without a specific protocol and without 
taking ScvO2 into consideration. In the treatment group, 
a specific protocol was used, in which a ScvO2 >70% was 
attained via MAP and CVP optimization, red blood cell 
transfusion and/or dobutamine infusion, as indicated by 
patient hematocrit (HCT) and CI. Early goaldirected 
therapy emphasizes the benefits of aggressively interven
ing as early as possible (within 6 hours of presentation) 
to prevent development of MODS and death. The 
standardtherapy patient group received larger volumes 
of fluids, blood products, and vasopressors throughout 
hospitalization, which have all been individually corre
lated with worsened outcomes.92,93
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Protocol 15.1 How to calculate an oxygen extraction ratio (O2ER)199

Items Required
• Patient with indwelling pulmonary arterial catheter (PAC) and peripheral arterial access (catheter or direct puncture)
• Examination gloves
• Supplies to aseptically prepare catheter port(s)
• Blood gas syringes—2
• Aseptically prepared 6-mL blood scavenging syringe filled with 1 mL heparinized 0.9% NaCl (two of these syringes if peripheral 

arterial sample will be from a catheter)
• Pressure bandage if performing direct arteriopuncture

Procedure
1. Obtain arterial and mixed venous blood samples, both using the following technique:

a. Prepare supplies to collect an arterial blood gas sample (arteriopuncture or via arterial catheter) and mixed venous blood 
gas sample (via PAC).

b. Perform hand hygiene and don clean examination gloves.
c. Open a blood gas syringe filled with lyophilized heparin and expel air.
d. Suspend pressure monitoring in preparation for sample collection from a three-way stopcock.
e. The stopcock is turned off to the pressure transducer.
f. Collect all samples anaerobically using aseptic technique.
g. Slowly and gently remove (scavenge) a 3- to 6-mL presample of blood into heparinized saline solution that can be 

returned to the patient through a venous catheter.
h. The stopcock is turned off to the patient to change syringes.
i. Once the sample is slowly and gently obtained, excess air must be removed from the collection syringe immediately and 

the sample taken to the laboratory for blood gas measurement.
j. Return scavenged blood via a venous catheter port.
k. The catheter is then flushed and pressure monitoring can continue.
l. Measure blood gases on both peripheral and pulmonary arterial samples as soon as possible.

2. Calculate O2ER = (CaO2 − CmvO2)/CaO2:
a. CaO2 = (1.34 × Hb × SaO2) + (0.003 × PaO2) (see Note)
b. CmvO2 = (1.34 × Hb × SmvO2) + (0.003 × PmvO2) (see Note)
Note: Some suggest disregarding dissolved oxygen as it only slightly increases oxygen content

CaO2, arterial oxygen content; CmvO2, mixed venous oxygen content; Hb, hemoglobin concentration; O2ER, oxygen extraction 
ratio; PAC, pulmonary arterial catheter; SaO2, saturation of Hb with O2 in arterial blood; SmvO2, saturation of Hb with O2 in 
mixed venous blood. All values must be checked for unit agreement before computation.

In addition to being a sensitive and specific indicator 
of global tissue perfusion, ScvO2 is easy to measure clini
cally, requiring only a central venous catheter, a co
oximeter or a specialized blood gas machine with a 
cooximetry function, proper sampling technique, and 
education. The measured saturation (not calculated 
from the PvO2) is the proven strategy shown to effec
tively guide resuscitation in critically ill patients.94 Partial 
pressure of oxygen may not accurately reflect ScvO2, 
since the oxyhemoglobin dissociation curve can be 
altered in critical illness due to changes in pH, tempera
ture, CO2, and 2,3DPG. There is debate as to the accu
racy of ScvO2 as an estimate of SmvO2 and contradictory 
conclusions exist.95–98 In critically ill patients, ScvO2 is 
greater than SmvO2, likely due to preferential mainte
nance of cerebral perfusion, compared with splanchnic 

circulation, and ScvO2 may lag behind changes in 
SmvO2.

99 An experimental canine study showed a differ
ence between the two variables, but changes paralleled 
each other.100 Although ScvO2 may vary in its correlation 
with SmvO2, it has been independently validated as a 
resuscitation endpoint.

Furthermore, both veterinary and human patients 
with normal traditional perfusion parameters can 
remain in shock at a cellular level, as evidenced by 
ScvO2,

101,102 which correlates with morbidity and mor
tality in humans.11 Indeed, changes in SmvO2 and ScvO2 
often precede abnormalities in HR and MAP, and thus 
represent a harbinger of patient deterioration. The 
Rivers group99 concluded that ScvO2 is an effective 
and practical resuscitation endpoint that should be  
targeted by optimizing MAP, CVP, HCT, and CI. In fact, 
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Limitation to ScvO2—cytopathic hypoxia

A controversy surrounding the use of ScvO2 as a resus
citation endpoint for septic shock is that it may not be 
an accurate assessment of perfusion in patients with 
cytopathic hypoxia. In septic conditions, a normal or 
increased ScvO2 or SmvO2 may reflect a decrease in VO2 
secondary to microcirculatory and mitochondrial dis
tress syndrome (MMDS), despite adequate or increased 
DO2. MMDS is characterized by increased circulating 
inflammatory mediators, ROS, lipid peroxidation, DNA 
damage, loss of blood flow autoregulation, unresponsive 
hypotension, decreased systemic vascular resistance 
(SVR), normal to increased CO, increased gastric CO2, 
increased blood lactate, acid–base abnormalities, and O2 

Figure 15.1 Study algorithm for early goal-directed therapy. CVP denotes central venous pressure; MAP, mean arterial pressure; and 
ScvO2, central venous oxygen saturation. (Used with permission from Rivers et al. Early goal-directed therapy in the treatment of severe 
sepsis and septic shock. New Eng J Med 2001;345:1368–1377 © 2001 Massachusetts Medical Society. All rights reserved.)
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Hematocrit ≥30%
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the Surviving Sepsis Campaign (SSC) has recently 
endorsed ScvO2 as an endpoint in its resuscitation 
bundle.2 This specific intervention bundle has not been 
formally investigated in veterinary medicine but remains 
an excellent subject for future research. There are several 
recent trials confirming EGDT as an effective resuscita
tion bundle in human patient populations.91,103–108

Several other clinical uses have been suggested for 
ScvO2. Changes in ScvO2 may be more useful than MAP 
in determining the effectiveness of a fluid challenge.109 
Central venous oxygen saturation can also signal clini
cally silent blood loss and guide transfusion therapy in 
trauma patients,110 as well as indicate the relative success 
of CPCR.111 A ScvO2 >72% was seen with return of 
spontaneous circulation.
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supply to the tissues (hemoglobin dynamics). Some 
multiparametric monitoring systems (MMS) can simul
taneously measure microcirculatory tissue blood flow 
using a laser Doppler flowmetry approach (LDF), in 
addition to NADH fluorescence, tissue oxyhemoglobin
todeoxyhemoglobin ratio, and tissue reflectance.119,122

Regional perfusion monitoring

Peripheral tissue gases
Notably, evaluation of tissue oxygenation has been 
introduced using subcutaneous or skeletal muscle mon
itoring. Monitoring transcutaneous oxygenation pro
vides a noninvasive to minimally invasive measurement 
of regional tissue perfusion with a timescale for micro
circulatory changes in shock and resuscitation closer to 
that of the gastrointestinal tract.123 Transcutanous oxy
genation suffers during shock, with both tissue O2 and 
tissue CO2 correlating less with well with PaO2 and 
PaCO2 during shock and initial resuscitation. Subcuta
neous and skeletal tissues remain acidotic relative to the 
arterial pH during early resuscitation.

Transcutaneous partial pressure O2 (PtcO2) and 
partial pressure CO2 (PtcCO2) can be monitored with 
minimally invasive microprobes or noninvasive gel elec
trode pads, which are easily applied to clean skin and 
provide continuous data.124,125 As the sensors warm with 
skin contact, the monitored segment of stratum corneum 
changes from a gel to a sol state, allowing transcutaneous 
gas diffusion. There is an initial 20minute calibration 
period after probe placement, and probes are moved 
every 4 hours to prevent burns.124 A different sensor has 
been described that noninvasively measures continuous 
PtcCO2 and SpO2 on the earlobe.126

Transcutaneous monitoring has been common prac
tice in lieu of ABG monitoring in human neonatal criti
cal care for decades. Data from human clinical studies 
shows a correlation between PtcO2 and neurologic 
outcome.127 Low PtcO2 and high PtcCO2 were signifi
cantly correlated with organ failure and death in human 
emergency department patients. All patients with a 
PtcCO2 >60 mm Hg for >30 minutes died.124 In the same 
study, PtcO2 and PtcCO2 were shown to be more sensi
tive indicators of occult hypoperfusion compared with 
changes in MAP or SpO2 during the initial 3 hours of 
resuscitation.

Logistical dilemmas with this technology that impede 
the accuracy of monitoring include tissue edema, tissue 
trauma, and regional changes in thermoregulation that 
are commonly present in critically ill patients. Also, the 
measured PtcO2 is representative of only a very limited 
area of cells, capillaries, and larger blood vessels. It will 

debt. MMDS is likely a combination of microcirculatory 
dysfunction–flow heterogeneity, and mitochondrial dys
function regardless of oxygen availability.

As a result, humans in septic shock can have a normal 
ScvO2, despite severe regional tissue dysoxia, due to 
microcirculatory shunting and/or a decreased O2ER.90,112 
Yet a swine septic shock model showed an increased 
O2ER throughout the hyperdynamic and hypodynamic 
phases of sepsis.113

Nicotinamide adenine dinucleotide
Nicotinamide adenine dinucleotide (NADH is the 
reduced form) is a major reducing agent, along with 
flavin adenine dinucleotide (FADH), needed to accept 
electrons from the oxidizing oxygen molecules along  
the assembly line of aerobic metabolism. Oxidation  
of NADH to NAD+ represents the first step in the 
electron transport chain that drives oxidative phosphor
ylation (ATP production) in the inner mitochondrial 
compartment.

Defects in cellular oxygen utilization have been dem
onstrated to occur late in septic shock, after the resusci
tation period,114 which may explain the utility of ScvO2 
in EGDT. The poly(ADPribose) polymerase (PARP1) 
enzyme, when activated by free radical peroxynitrite 
(ONOO−), catalyzes the cleavage of NAD+ into ADP
ribose and nicotinamide, leading to NADH depletion, 
thus halting aerobic respiration.115,116 PARP1 has also 
been implicated in the pathogenesis of LPSinduced vas
cular contractile dysfunction in rodents117 and apopto
sis.118 This enzyme has therefore been identified as a 
possible target for pharmacologic intervention in septic 
shock.

As oxygen availability becomes decreased, more 
NADH remains in the reduced form. NADH has been 
shown to decrease in states of hyperoxia or increased 
tissue activation and is increased respectively with anes
thesia, hypoxia, ischemia, and death.119 Organ levels of 
NADH fluorescence (450 nm) can be measured via spec
troscopic fluorometry to document regional oxygen 
availability in laboratory animals.120 However, recent 
experimental work shows normal NADH levels through
out the hyperdynamic phase of sepsis, with subsequent 
decreased levels observed during septic shock.113 The 
research concludes that decreased NADH appears to be 
a major factor in ATP depletion in advanced severe 
sepsis. It is unclear whether this is due to decreased 
NADH production, NOrelated enzyme dysfunction,121 
or accelerated consumption through pyruvate metabo
lism to lactate.113

More useful clinical information can be obtained by 
simultaneously measuring NADH fluorescence and O2 
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solid evidence of sepsisrelated splanchnic dysfunction, 
including intestinal epithelial breakdown, gastric muco
sal erosion and hemorrhage, ileus, local immunodys
function, disruptions of enteric microflora populations, 
and bacterial translocation. Occult splanchnic hypoper
fusion may insidiously cause patient deterioration and 
MODS. Low intramucosal pH (pHi) in a canine model 
correlated with increased mortality.137 It is therefore 
logical to develop techniques to quantify gastrointestinal 
mucosal perfusion as a specific marker of continued 
shock. Sublingual capnometry (PslCO2) and pHi are two 
monitoring techniques that have been well described in 
human medicine but have failed to enter standard clini
cal practice.138,139

Gastric tonometry

Tissue CO2 reflects accumulation of waste products 
from metabolism of highenergy phosphate species 
during hypoxia, as well as intracellular buffering of 
hydrogen ions from anaerobic glycolysis. Tissue beds 
may experience changes in both metabolism and blood 
flow. Gastric intramucosal acidosis is attractive clinically 
as a functional monitoring parameter. In contrast to 
blood lactate, tissue CO2 accumulation is rapidly cleared 
upon shock reversal. Gastric tonometry measures the 
gastric mucosal interstitial fluid via a specialized naso
gastric (NG) tube. A thin bubble at the end of the NG 
tube is filled with saline and allowed to equilibrate with 
the gastric mucosa for 1 hour. The subsequent saline 
pCO2 is measured and translated to the approximate 
pHi via a modified Henderson–Hasselbalch equation 
utilizing a simultaneous arterial HCO3.

The pHi correlates with local tissue perfusion137 and 
may predict subsequent deterioration of global hemo
dynamic status.140–144 Friedman et al.145 found improved 
mortality prediction in humans with severe sepsis by 
evaluating pHi and lactate together, at presentation and 
24 hours later. Unfortunately, prospective, randomized, 
controlled goaldirected trials in critically ill humans 
using pHi as a resuscitation endpoint have been unable 
to show any morbidity or mortality benefit.146,147

Some potential drawbacks of pHi that contribute to 
inconsistent measurements in clinical practice include 
the need for concurrent arterial sampling, debate regard
ing concurrent acid blocking pharmacologic agents, and 
interference with implementation of enteral nutrition. 
In addition, the pHi calculation is dependent on arterial 
HCO3, which may be vastly different from gastric tissue 
HCO3. Further criticisms of pHi as an ideal resuscitation 
endpoint include the added expense of specialized NG 
tubes and the significant lag time from test initiation to 
results. However, pHi is argued to be more sensitive than 

not accurately detect hidden hypoxic regions because of 
the heterogeneity of regional perfusion.

An experimental canine study group demonstrated 
good correlations with DO2 and ScvO2 measuring 
muscle PO2 (PmO2) via invasive microprobe fluoros
copy.128 The same probe measured PmO2, muscle PCO2 
(PmCO2), and muscle pH (pHm). The group was able 
to show a decrease in PmO2 before development of sys
temic hypotension, thus providing a sensitive method of 
detecting compensated shock. The return to baseline 
PmO2 after resuscitation was comparable with oxygen 
delivery variables. However, the PmCO2 and pHm lag 
behind resuscitation efforts by up to 4 hours. This 
research provides additional clear evidence of occult 
regional hypoperfusion despite resuscitation to tradi
tional endpoints.

Near-infrared spectroscopy
Nearinfrared spectroscopy (NIRS)129 uses principles of 
light transmission and absorption to determine tissue 
oxygen saturation (StO2); mitochondrial oxygen con
sumption via cytochrome a,a3; PO2; PCO2; and pH. 
NIRS has been used to examine cerebral and muscle 
oxygenation after hypoxic injury130 and was found to 
decrease in proportion to blood loss in human volun
teers.131 McKinley et al.132 found correlations in human 
trauma patients between StO2 and DO2, BD, and lactate. 
Hall et al.133 published a canine reference range for mon
itoring StO2 using a portable NIRS device in healthy 
dogs. The most reliable measurements were obtained 
with a probe placed on the skin over the sartorius 
muscle.

Since skin and skeletal muscle tissues are relatively 
resistant to hypoxiarelated damage, they may not be the 
ideal regional circulatory beds to monitor in critically ill 
patients. Furthermore, the subcutaneous tissue and skel
etal muscle PtcO2 and PtcCO2 return to baseline levels 
before intestinal tissue, which is a potential drawback of 
this method since splanchnic hypoperfusion correlates 
with increased MODS and mortality. Skeletal muscle 
pH, which lags behind changes in O2 and CO2, has been 
suggested to correlate best with blood loss and incom
plete resuscitation.134 An ideal resuscitation endpoint 
would represent return of normal homeostasis to all 
regional capillary networks.

Monitoring gastrointestinal tract perfusion
The gastrointestinal tract suffers disproportionately 
early in shock states and is one of the last organ systems 
to be reperfused during resuscitation.135,136 The counter
current vascular flow of intestinal villi makes the mu
cosa exquisitely susceptible to hypoxia. There is also 
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endotoxemia and peritonitis animal models (including 
a canine study158) using intravital microscopy to show 
heterogeneous regional perfusion, low capillary density, 
and impaired flow velocity.4,159,160 Two newer examples 
of this microcirculatory imaging technology include 
OPS imaging161 and its further development, sidestream 
dark field (SDF).162 Sidestream dark field employs the 
addition of stroboscopic lightemitting diodes on a vid
eomicroscope.163 The lightemitting diodes help prevent 
surface reflections to improve image quality.

Microcirculatory imaging utilizes handheld video 
microscopy to directly visualize sublingual capillary 
density and microcirculatory blood flow (velocity and 
heterogeneity). This technology is based on the principle 
that green polarized light illuminates tissue to a depth 
of 3 mm. The scattered light is then absorbed by hemo
globin in the superficial vasculature. Optical filtration 
eliminates reflected superficial light and produces a 
highcontrast image of the microcirculation. Although 
the vessels are not visible, red blood cells appear dark 
and their movement through the microcirculation can 
be observed. The image can then be quantitatively ana
lyzed, yielding objective data regarding microvascular 
perfusion and flow. Reports from the human clinical 
literature typically describe evaluating the sublingual 
tissue with OPS imaging.7 Specific parameters reported 
have included total vessel density (TVD), perfused vessel 
density (PVD), proportion of perfused vessels (PPV), 
functional capillary density (FCD), microvascular flow 
index (MFI), flow velocity score, and flow heterogeneity 
index.164,165

Sakr et al.8 and Trzeciak et al.165 used OPS imaging to 
demonstrate significant microcirculatory impairment in 
human sepsis nonsurvivors. Sakr et al.8 showed an asso
ciation between circulatory impairment and subsequent 
development of MODS and death. Additionally, Trzeciak 
et al.165 demonstrated markedly impaired early (within 
6 hours) microcirculatory parameters using OPS 
imaging in human septic shock EGDT patients who pro
gressed to develop hypotension, increased vasopressor 
requirements, lower SvO2, and death. Lack of microcir
culatory blood flow over time was consistent with 
decreased survival in critically ill human patients.7

As a functional monitoring parameter, OPS imaging 
has been used to assess the microcirculatory response to 
dobutamine in human septic shock patients.166 Con
tinuous infusions of dobutamine led to increased sub
lingual capillary perfusion and decreased regional blood 
lactate levels. GenzelBoroviczeny et al.167 showed an 
increased FCD of the skin of anemic preterm human 
infants receiving blood transfusions.

An important challenge of monitoring buccal sublin
gual tissue in veterinary medicine is the logistics of safely 

ScvO2 since it can detect tissue perfusion deficits inde
pendent of a concurrent change in ScvO2.

148,149 Puyana 
et al.150 have shown pHi to lag behind shockrelated 
changes in smallintestinal tissue in an experimental 
porcine hemorrhagic shock model.

Sublingual microcirculation

More recently, sublingual tissue has become a target for 
local tissue monitoring. Sublingual tissue is develop
mentally derived from splanchnic tissue, is exquisitely 
sensitive to changes in DO2, and provides information 
similar to gastric mucosal tonometry. Techniques 
described for use in this anatomic area include tonom
etry151,152 and orthogonal polarization spectral (OPS) 
imaging.

Sublingual tonometry provides a less invasive, more 
practical way to access microcirculatory status than 
gastric techniques. It is also faster and less cumbersome 
to perform than pHi and can be used without a concur
rent ABG. A sublingual tonometer is a handheld instru
ment that can be used cageside. Sublingual tonometry 
has been found to correlate significantly with gastric 
PCO2, CI, and blood lactate in all types of shock,111,142 
and to accurately represent microcirculatory changes in 
septic humans.153 Porcine hemorrhagic shock research 
models show excellent correlation between buccal/
PslCO2 and MAP, CO, tissue perfusion, and mortal
ity.154,155 Marik et al.139 have focused research on serial 
differences between PslCO2 and PaCO2 (CO2 gap) during 
the first 8 hours of shock resuscitation in critically ill 
humans. Baseline CO2 gap was a better predictor of 
survival than the change in lactate or SvO2. This group 
and Weil et al.142 did find PslCO2 to be a significant 
indirect outcome predictor, by multivariate analysis. In 
critically ill patients, PslCO2 has been shown to normal
ize before lactate, which has a significant lag time to 
normalization after resuscitation.139,142

The sublingual microcirculation can also be mea
sured via laser Doppler flow (LDF) technology.156 Mono
chromatic laser light (820 nm) penetrates the skin and 
is reflected by moving cells. The scattered light is trans
mitted to the laser Doppler photodiode, where it is 
amplified, analyzed, and transformed to an analog 
signal. Using changes in reflected wavelength, LDF can 
yield information regarding the relative velocity and 
number of erythrocytes in a region of superficial 
microcirculation.

Direct visualization of superficial cutaneous and 
organ capillary beds is an area of investigation that has 
relatively recently been reviewed and a clinical consen
sus of useful quantitative variables reported.157 Experi
mental studies have evaluated the microcirculation in 
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distal extremity temperature in human surgical ICU 
patients is documented to predict CI, SmvO2, and lactate 
concentration.172

Critical care medicine will continue to incorporate 
functional hemodynamic monitoring to assess resusci
tation efforts and therapeutic trials.173 Functional 
hemodynamic monitoring principles apply to fluid 
resuscitation in shock (monitoring changes in lactate 
and SmvO2); predicting fluid challenges in hemodynam
ically unstable patients (arterial pulse pressure variation 
and CVP trends); and assessing the effects of inotropic–
vasopressor therapy. It has also been suggested that 
functional hemodynamic monitoring may be used to 
guide pharmacologic vasodilation aimed at recruiting 
weak microcirculatory units and increasing blood 
flow.7,174,175 For example, prostacyclin can improve pHi 
and DO2 in critically ill humans.176,177 In a canine model 
of endotoxemia, Zhang et al.178 were able to show 
improvements in CI and cranial mesenteric blood flow 
after administering SIN1, a NO donor. Accordingly, 
complete inhibition of NOS resulted in increased mor
tality in a randomized, controlled, multicenter, clinical 
human trial, suggesting a protective role of NO, likely 
related to maintenance of microcirculatory flow via 
vasodilation.179

In human critical care medicine, the concept of the 
treatment bundle180 is becoming a standard of care 
for complex disease states such as severe sepsis, septic 
shock, ventilatorassociated pneumonia, and acute  
respiratory distress syndrome (ARDS). A treatment 
bundle consists of several evidencebased treatment  
recommendations combined into a protocol to im
prove patient outcome. Perfusion markers are be
coming incorporated into sepsis resuscitation and 
management bundles2 as a logical way to ensure micro
circulatory and organ function and to improve patient 
survival.181

Summary

Tissue hypoperfusion can persist undetected by tradi
tional perfusion parameters (heart rate, blood pressure, 
urine output), and occult hypoperfusion increases mor
bidity and mortality. Several markers of global and 
regional perfusion exist in current research, including 
blood lactate concentration, gastric tonometry, sublin
gual capnometry, the NADH : NAD ratio, orthogonal 
polarization spectral (OPS) imaging, oxygenderived 
variables, and nearinfrared spectroscopy (NIRS). Eval
uation of multiple parameters can aid in optimizing 
hemodynamic resuscitation, tissue perfusion, and 
patient outcome.

and reliably measuring this anatomic location in the 
conscious patient. This technology could prove useful in 
veterinary patients with decreased levels of conscious
ness, anesthetized patients, and those requiring mechan
ical ventilation. Investigation has begun in clinical 
canine patients. A veterinary study concluded that the 
canine microcirculation could be evaluated objectively 
in healthy dogs under general anesthesia.168 The study 
reported the need for patient immobility and nonpig
mented mucous membranes in order to obtain optimal 
images. Specifically, the imaging was performed at the 
mucogingival junction, above the maxillary canine 
tooth.

Clinical application of advanced perfusion 
monitoring techniques in veterinary medicine

Noninvasive hemodynamic monitoring will continue to 
improve and change the practice of critical care medi
cine. Downstream parameters more accurately reflect 
cellular well being. However, there is unlikely to be a 
single parameter that will be able to solely guide resus
citation and maintain optimal microcirculatory perfu
sion. In fact, experts recommend interpreting any 
monitoring variable, such as ScvO2, in the context of 
HR, MAP, CVP, lactate concentration, and UOP.169,170 As 
with routine serial complete blood counts and biochem
ical screens in critically ill patients, routine evaluation of 
all available perfusion monitoring parameters (global 
and regional) provides the most information to evaluate 
overall patient status and detect changes in condition. 
Moreover, downward trends in regional or global perfu
sion parameters serve as early markers of patient 
deterioration.

It has been recommended to aggressively treat shock 
as soon as possible to attain the best patient morbidity 
and mortality outcomes.94 For example, human septic 
shock patients whose EGDT endpoints could not be 
stabilized were sedated and intubated for mechani
cal ventilation to decrease VO2.

1 Mounting evidence 
supports expedient resuscitation as the only way to 
effectively treat microcirculatory failure and prevent 
irreversible cellular damage or organ failure.

Taking scientific evidence into consideration,171 shock 
resuscitation recommendations can be suggested for 
veterinary patients. Generally accepted upstream resus
citation endpoints include achieving normal HR, MAP 
>70 mm Hg, and PaO2 >80 mm Hg. The value of CVP 
in resuscitation of dogs and cats in shock has not been 
determined. Resuscitation efforts should also be guided 
by serial physical examination findings such as menta
tion, mucous membrane color, CRT, distal pulse quality, 
and subjective extremity temperature. Evaluation of 
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16
Cardiopulmonary cerebral resuscitation

Sean D. Smarick

Cardiopulmonary arrest (CPA) is the sudden cessation 
of spontaneous and effective circulation and ventilation. 
It is the common pathway to death from any disease 
process. Cardiopulmonary cerebral resuscitation 
(CPCR) is the treatment to establish effective perfusion 
to the heart and brain with the ultimate goal of return-
ing the patient to a normal life.1,2 The entire veterinary 
healthcare team is crucial in the preparation for and 
execution of CPCR in veterinary medicine.

Preparing for a cardiopulmonary arrest

Every veterinary practice from a vaccination clinic to a 
multispecialty referral hospital should have systems in 
place to address a CPA. Appropriate equipment and 
drugs must be available, and staff members at all levels 
must be adequately trained to fulfill their roles during 
an arrest event.2,3

Equipment and drugs required
Equipment and drugs used in CPCR should be readily 
available. A tackle box with CPCR supplies kept in a 
consistent place, usually near the surgery suites or treat-
ment area, is the minimum recommended for nonemer-
gency practices. Emergency practices usually designate a 
central area for all CPCR supplies, often with a multi-
drawer resuscitation (or “crash”) cart, oxygen, and 
suction readily available.2,3

Resuscitation boxes and carts are available from 
medical suppliers; however, tackle boxes and tool carts 
can provide alternatives (see Fig. 16.1). Some practices 
maintain mechanical means to seal the crash box or cart 
to ensure its integrity, whereas others incorporate CPCR 

supplies with those used in intravenous (IV) access, 
treatments, or anesthetic inductions to maintain famil-
iarity and maximize efficiency of space and resources.

A checklist is necessary to ensure the crash cart or box 
and other related equipment are adequately stocked and 
in working order. The checklist and any necessary 
restocking should be performed as personnel begin and 
end shifts, and after each resuscitation. Using an A–I 
mnemonic (A, airway; B, breathing; C, circulation; D, 
drugs; E, electrocardiograph [ECG]; F, fibrillation; G, 
gauge; H, hypothermia; I, intensive care) first proposed 
by Peter Safar in 1961,4 the organization of the resuscita-
tion area and equipment can be accomplished. A basic 
checklist can be found in Table 16.1. Stocking consider-
ations for individual practices are addressed next.

Airway—items required to secure the airway

Once a CPA has been recognized, securing an airway is 
the first priority. Laryngoscopes, cuffed endotracheal 
tubes (and a syringe for inflating the cuff), and a suction 
system are minimally needed. Lidocaine in an atomizer 
or syringe is often needed for cats with laryngospasm, 
even in CPA situations. The suction system may range 
from a bulb syringe to a central suction outlet with a 
collection bottle, tubing, and Yankauer tip. A tracheos-
tomy pack (see Chapter 24, Temporary Tracheostomy) 
may also be a consideration.2,3,5

Breathing—items needed to provide positive-
pressure ventilation

Positive-pressure ventilation is generally performed 
during in-hospital CPCR; it can be provided by an adult 
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inal or rib spreaders), and a Rommel tourniquet. See 
Chapter 17, Open-Chest Cardiopulmonary Cerebral 
Resuscitation, for more information.

Inspiratory impedance threshold valves are experi-
mental in veterinary patients but have shown significant 
promise in the human literature and are recommended 
in people.5 These devices enhance circulation by helping 
ensure adequate venous return to the heart during 
CPCR.

Intravenous fluids are warranted when hypovolemia 
may be a contributing cause to CPA. At minimum, vas-
cular access supplies (see below) and isotonic crystal-
loids must be stocked; consideration should be given to 
synthetic colloids.1,2,6,7

or pediatric bag–valve–mask (without the mask), a 
Bain’s nonrebreathing circuit, or an anesthetic machine 
connected to an oxygen source. The source of oxygen 
can be centralized, with outlets and flow meters in stra-
tegic areas, or it can be portable or fixed compressed-
oxygen cylinders such as E, M, or H tanks connected 
directly to the anesthetic machine or via a regulator and 
flow meter to the Bain’s circuit or bag–valve setup.

Circulation—items used during cardiac 
compressions to enhance blood circulation

No specialized equipment is needed to provide closed-
chest (CC) compressions; however, there are devices 
available such as pneumatic pistons or banded back-
boards that can perform compressions.5 Open-chest 
(OC) compressions require an emergent thoracotomy, 
so the minimal requirements are sterile gloves, a scalpel, 
a pair of mayo scissors, self-retaining retractors (abdom-

Figure 16.1 “Crash” or resuscitation cart. Equipment and drugs 
used in CPCR should be kept together in a readily available, 
standard place. They can be easily stored in a tool chest or a 
purpose-specific box.

Table 16.1 Basic CPCR supplies

Airway
 Endotracheal tubes
 Laryngoscope(s) with blades
 Muzzle gauze or tubing to secure ET tubes
 Cuff inflation syringe(s)
 Suction device
 Lidocaine 2% solution in an atomizer or syringe

Breathing
 Bag–valve (adult, pediatric, neonatal) and/or Bain’s 

nonrebreathing circuit
 Oxygen source

Circulation
 IV and IO access supplies
 IV fluids and administration sets

Drugs
 Emergency drugs
  Atropine
  Epinephrine +/− vasopressin
  Sodium bicarbonate
 +/−Anesthetic reversals
  Naloxone
  Yohimbine/atipamezole
  Flumazenil
 Syringes and needles
 Red-rubber or polypropylene catheter
 Sterile water for injection

ECG
 ECG with leads attached
 Electrode gel

Fibrillation treatment
 Defibrillator
 Electrode gel

CPCR, cardiopulmonary cerebral resuscitation; ECG, 
electrocardiograph; ET, endotracheal; IO, intraosseous; IV, 
intravenous.
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Drugs used during cardiopulmonary cerebral 
resuscitation

Injectable atropine, epinephrine, and sodium bicarbon-
ate are the basic drugs every crash box or cart should 
have. Anesthetic reversals such as naloxone, yohimbine/
atipamezole, and flumazenil are recommended if nar-
cotics, alpha-2 agonists, and valium, respectively, are 
used in the practice. Injectable vasopressin and calcium 
along with amiodarone, lidocaine, magnesium, and 
other antiarrhythmics are drugs used in people and may 
play a role in veterinary CPAs. A drug chart based on 
patient weight or a dosing sheet generated for each indi-
vidual patient (see example in Fig. 16.2) should be 
available.1,2,6,7

To administer drugs (including IV fluids) beyond 
oxygen, vascular access is ideally obtained through 
cephalic intravenous catheter placement, via jugular 
venous cut-down and catheterization (scalpel, hemo-
stats, suture, and scissors), or by intraosseous (commer-
cial, spinal, or hypodermic) needle placement into the 
proximal humerus or trochanteric fossa of the femur. 
Alternatively, percutaneous, facilitated, or cut-down 
peripheral intravenous catheterization can be attempted. 
Until vascular access is obtained, naloxone, atropine, 
vasopressin, epinephrine, and lidocaine (referred to by 
the acronym NAVEL) can be administered by a red-
rubber or polypropylene catheter placed through the 
endotracheal tube into the bronchi with appropriate-
sized syringes and sterile water for injection.2,5–7

Electrocardiograph—required during 
cardiopulmonary cerebral resuscitation

An electrocardiograph (ECG) is recommended for all 
but the most basic of practices, as a significant propor-
tion of electrical cardiac rhythms in a CPA warrant spe-
cialized treatment, namely, ventricular fibrillation. An 
ECG is stored in the resuscitation area or on the crash 
cart. Electrode gel is needed to obtain a diagnostic ECG, 
while isopropyl alcohol is strictly avoided due to the 
explosion hazard in the presence of an electric 
defibrillator.2,5,6

Fibrillation treatment—often required  
during cardiopulmonary cerebral 
resuscitation

The only consistently effective treatment for ventricular 
fibrillation is electrical defibrillation; therefore, having  
a defibrillator on the crash cart or in the treatment  
or anesthetic area is recommended. The unit should 
remain connected to an electrical outlet to keep the 
internal battery charged. With newer biphasic defibril-
lators gaining popularity, there are numerous refur-

bished monophasic units available that also include an 
ECG. Electrode gel is required as a coupling substance 
between the paddles and the patient; as mentioned pre-
viously, isopropyl alcohol and other chemicals are strictly 
avoided because they can create an explosion hazard. 
(See Chapter 18, Defibrillation, for more information.)

Gauge the efficacy—equipment used to 
gauge the efficacy of cardiopulmonary 
cerebral resuscitation

Short of the return of spontaneous circulation (ROSC), 
it is difficult to gauge the effectiveness of resuscitation 
efforts without equipment. Equipment to help assess the 
effectiveness of CPCR includes an end-tidal carbon 
dioxide monitor (capnometer) or a direct blood pres-
sure monitor connected to an arterial catheter.1,5 These 
items therefore warrant consideration when creating a 
practice’s resuscitation area.

Hypothermia

As hypothermia postresuscitation is thought to result in 
better neurological outcomes and, conversely, hyper-
thermia is thought to result in worse outcomes, a tym-
panic membrane, esophageal, or rectal thermometer is 
recommended to ensure the patient does not become 
hyperthermic and to monitor passive or active cooling 
efforts.5

Intensive care

Immediate and prolonged critical care of the reanimated 
patient is crucial to avoid rearrest and to maximize the 
potential for a good (neurological) outcome.

Maintaining adequate blood pressure, oxygenation, 
and ventilation is paramount. Monitoring blood pres-
sure directly with a transducer system or indirectly with 
a Doppler or oscillometric monitor allows titration of 
pressors such as norepinephrine, dopamine, or vaso-
pressin. Dysrhythmias, which are often encountered 
after ROSC, can compromise perfusion and further tax 
the myocardium, so continuous ECG monitoring is war-
ranted along with the appropriate antiarrhythmic use. 
Oxygen supplementation may be needed to maintain 
normoxia, monitored by arterial blood gas analysis or 
pulse oximetry. Normocapnea, assessed by arterial or 
central venous blood gas analysis or capnometry (mea-
suring end-tidal PCO2 [PetCO2]), is maintained as 
needed with positive-pressure ventilation. A critical care 
ventilator is ideal in this situation; however, anesthetic 
ventilators and “hand bagging” (manual inflation using 
a bag–valve, Bain’s circuit, or anesthetic machine and 
circle system) may be adequate.



Figure 16.2 Example of a form used to guide and record treatments performed during CPCR. A drug chart based on patient weight 
or a dosing sheet generated for each individual patient should be available.
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technician caring for a pet in the intensive care unit 
(ICU), in the surgical suite area, or during triage. 
Depending on the individual state board rules, standing 
orders should be developed by the veterinarians in the 
practice so veterinary technicians can initiate CPCR and 
lead the effort until a veterinarian is available to direct 
the resuscitation.

The veterinary technician should be vigilant in moni-
toring anesthetized patients and those that are critically 
ill for signs of impending arrest, and should be profi-
cient in triage to recognize patients presenting to the 
practice with immediately life-threatening signs. The 
best treatment for CPA is not CPCR but rather preven-
tion of the CPA in the first place.1,2,5–7

Once a CPA is suspected, the resuscitation team is 
assembled and CPCR is instituted unless a do not 
attempt resuscitation (DNAR) order is in place. The care 
givers should be aware of the desires of the pet owner 
regarding advance resuscitative directives (i.e., “code 
status”) of hospitalized pets. Code status should be com-
municated in patient rounds and should appear in a 
predetermined, consistent, and standardized fashion in 
the patient’s record, treatment orders, cage card, or ID 
collar.2,5

Recognizing cardiopulmonary arrest
Patients that collapse, lose consciousness, or have absent 
spontaneous respirations (i.e., no chest movement) have 
signs that suggest CPA. All patients undergoing CPA 
experience these signs, but not all patients with these 
signs are necessarily dying. No auscultable apex heart-
beat and absence of femoral pulses confirm a CPA.2,3 
Less obvious signs that distinguish the patient at high 
risk of CPA include significant changes or obvious 
abnormalities in the following: mentation; respiratory 
rate and effort; heart rate and pulse quality; mucous 
membrane color; or capillary refill time.

In the anesthetized or critically ill patient, monitoring 
equipment provides useful information in a nonrespon-
sive, perhaps not spontaneously breathing patient. 
Esophageal stethoscopes, Doppler blood pressure flow 
detectors, and multiparameter monitors that measure 
and report direct vascular pressures, pulse oximetry, 
PetCO2, and ECG are invaluable in the recognition of an 
impending arrest.

The esophageal stethoscope is a cost-effective tool 
that can alert the anesthetist to real-time changes in the 
apex beat’s rate, rhythm, or intensity; a Doppler blood 
pressure flow detector does the same for peripheral 
pulses and allows for the determination of systolic blood 
pressure. Precipitously decreasing heart rates, pulse 
intensity, severe tachyarrhythmias or bradyarrhythmias, 

Lastly, as every organ system will have suffered some 
degree of ischemia and secondary reperfusion injury, 
multiple organ dysfunction syndrome should be antici-
pated and addressed as needed with appropriate moni-
toring and treatment beyond the scope of this 
chapter.1,2,5–7

By running through the A–I mnemonic, the veteri-
nary team member can establish drug and equipment 
checklists appropriate for each clinic or hospital. Having 
the right drugs and equipment in stock and in working 
order is crucial to being prepared to perform CPCR; 
however, the skills to work as a team and to use the drugs 
and equipment properly are equally important.

Staff training in preparation for 
cardiopulmonary arrest
Staff members should understand their roles on the 
team during CPCR and should be trained appropriately. 
From initial hire orientation, the individual team 
member can become familiar with the CPCR systems in 
place. Having a new technician participate in complet-
ing the checklist and subsequent stocking may help 
develop familiarity with the location of the practice’s 
drugs and equipment. A CPCR training program 
includes both didactic instruction and hands-on skill 
development. Participating in human basic cardiac life 
support courses provides applicable overlap and the 
added benefit of being prepared (and legally protected) 
to address a client’s, coworker’s, or loved one’s CPA. 
Without regular training, skills diminish.5 Thus, drills 
using commercial pet resuscitation mannequins or even 
simply a toy stuffed animal give the team the opportu-
nity to maintain its resuscitation skills.

Notifying the staff of cardiopulmonary arrest
The veterinary care team must be alerted when a CPA 
occurs. Therefore, each practice should have in place a 
system that notifies the team that a CPA has occurred. 
Notification can be in the form of an overhead page or 
an internal audible alarm. Either or both should be pre-
determined and universally recognized by the hospital 
team. Once a CPA is suspected, the system is activated 
and the resuscitation team reports immediately to the 
predetermined resuscitation area or the location where 
the CPA has taken place.

Initiating cardiopulmonary cerebral 
resuscitation

Early recognition of a CPA and institution of resuscita-
tive efforts are paramount to a successful outcome. The 
decision to initiate CPCR will often fall on the veterinary 
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veterinary medicine. The majority of veterinary arrests 
are not due to primary cardiac disease amenable to defi-
brillation as is the case in humans, in whom a “C(D)AB” 
approach has been generally adopted. Veterinary patients 
with a compromised airway or hypoxemia as inciting 
cause would suffer in the human paradigm, and there-
fore, intubation and oxygen supplementation are rec-
ommended in dogs and cats.2,3,5

Securing the airway
The airway should be established with a cuffed endotra-
cheal tube (see Chapter 23, Tracheal Intubation); extend-
ing the neck (in the absence of suspected cervical 
injuries) and pulling the tongue forward may open a 
closed airway and allow for spontaneous breathing. 
Suction any material from the caudal pharyngeal or 
laryngeal area. The endotracheal tube must be secured 
to ensure the airway remains patent and to minimize 
tracheal trauma.2,3

A Heimlich maneuver can be used in an attempt to 
dislodge an upper airway foreign body, performed by a 
quick inward and cranial force between the umbilicus 
and xyphoid generated by the fingers in small patients 
or palm of the hand or fist in larger ones. Alternatively, 
an external chest compression may have the same effect 
in generating enough intrathoracic pressure to force the 
object free. See Chapters 23, Tracheal Intubation, and 24, 
Temporary Tracheostomy, for information regarding 
rapid airway access and tracheostomy.

While the endotracheal tube is in place, any time the 
patient is moved, and intermittently during the resusci-
tation, tube placement should be confirmed. This is 
accomplished by (bilateral) thoracic and stomach aus-
cultation to ensure breath sounds and not bubbling are 
heard; by visualization of the tube traveling through the 
arytenoids; by direct palpation of tissue (larynx) around 
the tube 360°; or by capnometry with measurement of 
some carbon dioxide.2,3

Breathing—providing positive-pressure 
ventilation during cardiopulmonary cerebral 
resuscitation
Positive-pressure ventilation (PPV) should be per-
formed at a rate of approximately 8 breaths per minute. 
The chest should visibly rise, and peak inspiratory pres-
sures should not exceed 15–20 cm H2O. Increased rates 
are acceptable in hypoxemic or hypoventilated patients; 
however, as PPV has negative effects on coronary perfu-
sion pressure, cardiac output, and survival, a conserva-
tive approach should be taken to maintain adequate 
oxygenation.2,3,5

or hypotension can all lead to a CPA. An ECG provides 
more detailed information regarding the heart’s rate and 
rhythm and is a valuable tool for rhythm evaluation. 
Pulse oximetry has technical challenges but any changes 
in the waveform or oxygen saturation should be inves-
tigated rather than assumed to be a false alarm. Precipi-
tously decreasing PetCO2 values or a decreasing, 
stair-stepping capnogram can signal an impending CPA 
(see Chapter 26, Capnography). While not every alarm 
or abnormality signals an impending arrest, the integra-
tion of available information into an accurate clinical 
picture can help prevent CPA or give the care-giving 
team some warning that CPCR will be required soon.

Assembling the team to perform 
cardiopulmonary cerebral resuscitation
With an impending or confirmed CPA, the team in the 
hospital responsible for performing CPCR is notified 
with the predetermined and universally understood 
page or signal. The team may include nontraditional 
caregivers such as receptionists and kennel or mainte-
nance personnel, who can be invaluable by assisting in 
the resuscitation or record keeping. As stated previously, 
these individuals should not only be acquainted with 
their roles prior to being called upon, but also have 
ample practice and be proficient in the tasks they are 
being asked to carry out.

Depending on the degree of training and effective 
teamwork, the ideal number on a resuscitation team 
varies. Ideally the veterinarian would have no other task 
than directing the CPCR; however, staffing numbers in 
veterinary hospitals may make this unrealistic. On the 
team there could be a person for each position: ventila-
tor, chest compressor, abdominal compressor, vascular 
access, drug administrator, and recorder. The author 
would recommend three people as the minimum 
number of team members; however, there is no evidence 
to suggest an ideal number.

Performing cardiopulmonary cerebral 
resuscitation

Each member of the resuscitation team plays a key role 
in executing CPCR. The role each member plays can 
span the entire A–I paradigm. Many of the skills and 
much of the knowledge are general nursing skills and 
not specific to CPCR, such as endotracheal intubation; 
however, there are caveats to those basic skills and spe-
cific ones to resuscitation that cumulate into effective 
CPCR.

Pursuing an “ABC” (airway–breathing–circulation) 
approach is still considered to be the first priority in 
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release of compression leads to venous refilling. Both 
theories are probably at work but the cardiac pump has 
been reported to predominate in animals <15 kg. In 
small animals, hand placement is over the heart (5–6th 
intercostal space) in lateral recumbency or circumferen-
tially around the thorax. In larger animals, the hands are 
best placed over the widest portion of the thorax in 
lateral recumbency or over the caudal sternum in dorsal 
recumbency (be careful to avoid the xyphoid).2,3

Compressions are performed at a rate of at least 100 
compressions per minute, decreasing the thoracic diam-
eter by approximately one third, and maintaining a ratio 
(“duty ratio”) of 1:1 for compression and relaxation. 
During the noncompression phase, all pressure should 
be released from the thorax to allow for venous return 
to the right heart. Ideally chest compressions are not 
interrupted for interventions such as IV access and intu-
bation, as interruption significantly affects coronary 
perfusion pressure and chances of ROSC.2

If CC-CPCR is not effective, a number of alternatives 
can be employed. Changing compressors, placement of 
hands, varying the rate, and varying compression depth 
may offer some benefit. Due to studies showing no 
benefit over standard CPCR, simultaneous ventilation–
compression CPCR and the application of MAST trou-
sers is not recommended. In people, interposed 
abdominal compressions, which are performed midway 
between the umbilicus and xyphoid to generate a pres-
sure of 100 mm Hg, are recommended if the personnel 
are available.2,3,5,7 If the patient’s size and conformation 
are amenable, a person can place one hand on the chest 
and one hand on the belly; interposed abdominal com-
pressions are then accomplished by alternating com-
pressions between the left and right arm.

In veterinary and human medicine, debate continues 
regarding the use and timing of open chest (OC) com-
pressions. If there is a chest wall defect or loss of compli-
ance, penetrating thoracic trauma, cardiac tamponade, 
or pleural space disease, an emergency thoracotomy is 
recommended. If CC compressions have not resulted in 
ROSC within 5 minutes, OC compressions can be con-
sidered. It is not recommend to wait >5 minutes into the 
resuscitative efforts to start OC-CPCR, as beyond that 
time, any benefit may be lost. See Chapter 17, Open-
Chest Cardiopulmonary Cerebral Resuscitation, for a 
discussion of OC-CPCR.

Drugs—for cardiopulmonary cerebral 
resuscitation
The administration of some drugs may warrant ECG 
evaluation (see below); however, others are immediately 
or empirically indicated.

Once the endotracheal tube is in place, it is connected 
to a bag–valve or an anesthetic circuit with bag reservoir. 
The bag is squeezed to provide a breath and is then 
allowed to recoil completely to avoid positive end-
expiratory pressure (PEEP); expiration occurs passively 
and should occur without resistance.5 When using an 
anesthetic machine, before attaching the system to the 
patient’s endotracheal tube, the circuit must be flushed 
of any anesthetic gas by depressing the oxygen flush 
valve and squeezing the reservoir bag into an open pop-
off valve. The expiratory pop-off valve is then closed to 
generate a good breath using the reservoir bag, then 
opened again to avoid excessive gas accumulation in the 
bag and high pressure in the airways. The opening and 
closing of the pop-off valve must be repeated to generate 
breaths. When using a Bain’s nonrebreathing circuit, the 
tip of the reservoir bag must be occluded as with the 
pop-off valve.

Oxygen flow is required to provide a volume of gas in 
the reservoir bag. Even the standard “semiclosed” anes-
thetic circuit, when used as described above, requires 
relatively high fresh gas flow rates to fill the reservoir bag 
such that fresh gas is available for each breath. Bain’s and 
other nonrebreathing circuits generally require fresh gas 
flows twice the minute volume (200–250 mL/kg/min) to 
avoid rebreathing. Bag–valves can be used with just 
room air but connecting them to oxygen at high flows 
provides near 100% oxygen (the specific flow rate is 
dependent on the manufacturer and model).

The acupuncture GV 26 site has been reported to 
increase respiratory rates in CPAs and is stimulated by 
placing a ∼25-gauge needle into the nasal philtrum.8

Circulation—circulating blood during 
cardiopulmonary cerebral resuscitation
Once the diagnosis of pulselessness is established, circu-
lation must be maintained until the underlying cause of 
the CPA is addressed. The primary goal of this assisted 
circulation is to support the heart and brain. To this end, 
external chest compressions are initiated immediately. 
Circulatory (IV or IO) access is also attempted at this 
time.2,3,5,6

Closed chest (CC) CPCR is theorized to propel blood 
forward by the cardiac pump and the thoracic pump 
models. The cardiac pump theory states that blood cir-
culates during chest compressions due to direct com-
pression of the ventricles with intact atrioventricular 
valves preventing retrograde flow. The thoracic pump 
theory states that blood circulates during external chest 
compressions because compression increases intratho-
racic pressure, which results in a pressure gradient from 
the thin-walled, valved veins to the thick-walled arteries; 
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5–10 mL of sterile water for injection (preferable) or 
0.9% NaCl; injected via long red-rubber or polypropyl-
ene catheter to the level of the carina; and followed with 
two breaths. Peripherally injected drugs should be fol-
lowed by a 5- to 20-mL bolus of IV fluids with elevation 
of the extremity.2,5,6

Intravenous fluid administration is warranted in cases 
of hypovolemia but has been associated with worse out-
comes in euvolemic arrests.2,5,6

In cases of pre-existing severe metabolic acidosis, 
hyperkalemia, after prolonged (>10 minutes) CPA, and 
in some intoxications, buffer therapy is suggested. Cur-
rently sodium bicarbonate is the only recommended 
buffer; it is administered empirically at 1 mEq/kg slow 
IV, repeated every 5 minutes.2,5,6

Electrocardiography in cardiopulmonary 
cerebral resuscitation
The significant ECG rhythms of CPA in veterinary 
patients as described by Rush and Wingfield in 1992 
were pulseless electrical activity (PEA; also formerly 
known as EMD—electromechanical dissociation; 
23.3%), asystole (22.8%), ventricular fibrillation (VF; 
19.8%), and sinus bradycardia (19%).11

The protocols for treating the bradyarrhythmias 
(PEA, asytole, sinus bradycardia) are similar. However, 
because the treatment for bradyarrhythmia and the 
treatment for VF are different, the ECG becomes invalu-
able in distinguishing these two arrest-rhythm patient 
populations. It is important to remember that the CPA 
patient’s ECG rhythm can change many times through 
the CPCR effort. As an example, patients may initially 
have VF, or may start out in asystole and go on to develop 
VF after a period of CPCR.2,5,6

Fibrillation treatment
The definitive treatment for ventricular fibrillation is 
electrical defibrillation. Antiarrhythmics have a very 
limited role during VF. Due to recent studies in people, 
amiodarone has replaced lidocaine (now Class Indeter-
minate) as the drug for shock-resistant VF. The sug-
gested veterinary dose is 5 mg/kg IV. Bretylium is no 
longer recommended as it is no longer available. In 
known hypomagnesemic states or torsades de pointes, 
magnesium sulfate (30 mg/kg diluted in D5W and given 
IV push) is a recommendation in people.2,5,6

Caregiver safety is paramount during defibrillation 
and is ensured by not using isopropyl alcohol for elec-
trode conductivity (either for defibrillator or ECG elec-
trode contact), observing for caregiver contact, and 
announcing the impending delivery of the shock (“I’m 

Preoperative or sedative drugs or ones used as part of 
a balanced or total intravenous anesthetic must be 
immediately reversed during an anesthetic arrest. For 
example, naloxone should be administered when a nar-
cotic has been used and a CPA has occurred. If there is 
a known underlying or contributing cause to an arrest, 
then drugs to address that cause should be immediately 
given. For example, when a hyperkalemic patient arrests, 
sodium bicarbonate should be administered.2,5,6

Compressions alone are unlikely to provide enough 
circulation to the heart to enable its return to function. 
A vasopressor is warranted in CPA to help increase coro-
nary perfusion pressures to a level associated with ROSC, 
no matter the initial ECG rhythm. Currently, epineph-
rine is still considered the first-line vasopressor and is 
administered at a dose of 0.01–0.02 mg/kg, repeated 
every 3–5 minutes. “High-dose” (0.1–0.2 mg/kg) epi-
nephrine has not been shown to be superior (except in 
intratracheal administration) over “low-dose” (0.01–
0.02 mg/kg) epinephrine. For endotracheal administra-
tion, a higher dose is used to ensure high enough blood 
concentrations that α effects predominate.2,5,6

Vasopressin is an alternative to epinephrine in CPCR, 
and it may be used in dogs once at 0.2–0.8 U/kg as an 
alternative to epinephrine, either initially or in place of 
the second dose; no feline studies have been performed.9 
A successful clinical resuscitation with vasopressin in the 
dog has been reported.10

In people, the change in the ABC paradigm to a C(D)
AB is generally driven by the majority of patients having 
ventricular fibrillation. About the same percentage of 
dogs and cats have a rhythm in which the anticholiner-
gic is warranted as have ventricular fibrillation. Using 
this rationale, atropine can justifiably be given empiri-
cally at a dose of 0.02–0.04 mg/kg IV/IO every 3–5 
minutes (maximum, three times); dose should be 
doubled if given intratracheally.2,5,6

The administration of drugs is ideally given by the 
central intravenous route followed by the intraosseous, 
(cranial) peripheral intravenous, and lastly the intratra-
cheal route. In dogs receiving CC-CPCR, the time to 
reach half the peak drug concentration from the cephalic 
vein averaged over a minute longer than when given 
centrally.2,5,6 This timing must be weighed against the 
ease of gaining access. Proficiency in jugular venous cut-
downs and the placement of intraosseous needles is 
valuable for cardiopulmonary cerebral resuscitation sce-
narios and for shock resuscitation.

Intratracheal (IT) administration can be used for nal-
oxone, atropine, vasopressin, epinephrine, and lidocaine 
(NAVEL, as mentioned earlier). For IT administration, 
drug doses should be at least doubled (and in the case 
of epinephrine, the “high dose” used); suspended in 
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Hypothermia following return of 
spontaneous circulation
Upon ROSC, hypothermia should be considered because 
improved clinical outcomes have been demonstrated 
experimentally in dogs and clinically in people. Induc-
tion of mild hypothermia at 32–34°C for 12–24 hours 
after ROSC has improved neurological outcome in both 
experimental dogs and clinically treated humans. 
Cooling can be accomplished by surface ice packs or 
cooling blankets, sedation and neuromuscular blockade, 
and 30 mL/kg IV fluids at 4°C.5

Intensive care following return of 
spontaneous circulation
Intensive care is needed to address the complex pathol-
ogy in the postresuscitation phase following ROSC. Each 
organ system should be aggressively monitored and sup-
ported. Factors known to be important in the recovery 
of postarrest patients include maintenance of normo-
capnea, normoxia, and adequate systemic blood 
pressure.

Maintenance of normocapnea monitored with cap-
nometry and blood gases is important because hyper-
capnea causes cerebral vasodilation and can increase 
intracranial pressure, something that is already a concern 
in the postarrest state. Hypocapnea can conversely lead 
to damaging cerebral vasoconstriction and hypoxia. 
Oxygen supplementation should be titrated with pulse 
oximetry and arterial blood gases to avoid hypoxemia 
and excessive hyperoxia, as high PaO2 is thought to 
increase reactive oxygen species and result in worse neu-
rologic outcomes.

Maintaining MAP>100 mm Hg is recommended to 
maintain blood flow to the brain. Arrhythmia control is 
warranted if a dysrhythmia is affecting perfusion. 
Constant-rate infusions (CRIs) of inotropes, pressors, 
and antiarrhythmics are usually required to maintain 
adequate blood pressure post-ROSC. The veterinary 
technician should anticipate close blood pressure and 
ECG monitoring, and the administration of multiple 
CRIs with syringe or infusion pumps.

As for any patient with global ischemia and reperfu-
sion, SIRS, MODS, or DIC, the care giver is faced with 
vigilant monitoring of and comprehensive care for every 
organ system to effect a successful outcome in providing 
CPCR.2,5,12
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clear, you’re clear, we’re all clear!”).7 If the initial shock 
is unsuccessful, pharmacologic interventions are insti-
tuted and CPCR is resumed for 2 minutes to reoxygenate 
the myocardium. Research continues to investigate the 
ideal timing of shocks and compressions.2,5 Continued, 
minimally interrupted CC or OC compressions before 
and after defibrillation shocks are important in the 
success of ROSC. For a more detailed discussion of defi-
brillation see Chapter 18, Defibrillation.

Gauging the effectiveness of 
cardiopulmonary cerebral resuscitation
Evaluation of how each step of the resuscitation and  
the effort as a whole are being executed is crucial for  
a successful resuscitation.2,3,5–7 Additionally, the attend-
ing veterinarian must consider what (potentially revers-
ible) conditions contributed to the CPA, and treat 
accordingly.

The resuscitation team leader along with the members 
should revisit “A” through “E”: Assess the airway is still 
intact, the ventilation (breathing) rate is appropriate, the 
circulation is maximized (e.g., the compressor is not 
fatiguing), if another round or different drugs are to be 
administered, and what the ECG is now reading.

The ultimate reinforcement of a job well done is 
ROSC; this may not come despite ideal execution. Pulse 
checks and pupil size do not offer any gauge to the 
effectiveness of CPCR. If the patient has an indwelling 
arterial line, obtaining diastolic pressures >30 mm Hg 
are associated with ROSC.5,11 End-tidal expired carbon 
dioxide can be used as a marker of CPCR effectiveness. 
Carbon dioxide in the breath requires the delivery of 
oxygen from the lungs to tissues and the return of 
carbon dioxide to the lungs that is subsequently venti-
lated to the detector. End-tidal expired carbon dioxide 
tensions exceeding 15–20 mm Hg have been correlated 
to ROSC and survival in veterinary and human studies.1 
When using PetCO2 to monitor the efficacy of CPCR, 
one must remember that alterations in breathing rate 
will affect PetCO2, that the administration of bicarbon-
ate will increase PetCO2, and that pressor administra-
tion will cause the PetCO2 to drop. A dramatic rise is 
associated with ROSC as the increased concentrations 
of carbon dioxide are washed out from the venous 
system.2,5

If the search for reversible causes has been unreward-
ing, CPCR is being provided according to plan, diastolic 
pressures are >30 mm Hg, and PetCO2>1–20 mm Hg, 
then there is little more to do than continue on until the 
veterinarian believes the efforts are futile (usually not 
greater than 20 minutes).2,5,12 However, if ROSC is 
achieved, CPCR continues into prolonged life support.
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Additional resources
Complete 2010 American Heart Association Guidelines for  

cardiopulmonary resuscitation and emergency cardiovascular  
care science. Circulation 2010 Nov 2;122(18_suppl_3): S640–
S946. Available at: http://circ.ahajournals.org/content/122/18_
suppl_3.toc.
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17
Open-chest cardiopulmonary cerebral 
resuscitation

Janelle R. Wierenga

Cardiopulmonary arrest (CPA) is the single pathway to 
death from any underlying disease and is common in 
small animal emergency and critical care medicine. 
Some underlying disease conditions are treatable in  
the acute CPA setting if they can be identified. Other 
disease conditions are not treatable or not identifiable 
in the acute setting, making resuscitation efforts from 
CPA difficult. Immediate cardiopulmonary cerebral 
resuscitation (CPCR) is indicated in sudden cardiac 
arrest. Delay in initiation of cardiac compressions  
in CPCR has been shown to result in decreased return 
of spontaneous circulation (ROSC). In human studies 
evaluating delay of CPCR in CPA due to ventricular 
fibrillation (VF), every minute of untreated VF decreases 
survival by 7%–10%.1 Even with immediate CPCR the 
success of resuscitation to ROSC and survival to dis-
charge is low in veterinary medicine at only 5%–10%.2–4 
Survival rates depend on the underlying disease condi-
tion, the inciting cause of the arrest, and the resuscita-
tion efforts and timing.

Indications for open-chest cardiopulmonary 
cerebral resuscitation

“Open-chest” or “internal” CPCR through an emer-
gency thoracotomy was the standard of care for CPA in 
the early 20th century.5 Now, closed-chest CPCR is gen-
erally instituted first unless specific situations or disease 
conditions exist that may be indications for immediate 
open-chest CPCR.5,6 A full discussion of closed-chest 
CPCR can be found in Chapter 16, Cardiopulmonary 
Cerebral Resuscitation.

Any condition that prevents healthcare workers from 
achieving adequate perfusion to the lungs, heart, and 
brain through closed-chest CPCR is a potential indication 
for internal CPCR with direct cardiac massage. The 2010 
American Heart Association Guidelines for Cardiopul-
monary Resuscitation and Emergency Cardiovascular 
Care state that open-chest CPCR is recommended or may 
be considered for specific indications. The Guidelines rec-
ommend open-chest CPCR in the case of intraoperative 
arrest during a laparotomy or thoracotomy procedure, or 
in the case of CPA shortly following a cardiothoracic 
surgery (Class IIa, Level of Evidence C), and state that it 
may be useful in some cases of CPA secondary to pene-
trating trauma (Class IIb, Level of Evidence C).7

After closed-chest CPCR has been chosen as the first 
method of CPCR, there is controversy regarding whether 
and when one should abandon closed-chest efforts and 
proceed to open-chest CPCR. Some literature recom-
mends initiating open-chest CPCR if there is no response 
to external chest compressions within 2–5 minutes,6,8–11 
while others allow 5–10 minutes of closed-chest 
CPCR.5,12–15 There is a consensus, however, that if the 
healthcare team is going to perform open-chest CPCR, 
it should be initiated relatively early in the resuscitation 
effort. When instituted after 20 minutes of closed-chest 
compressions, internal cardiac massage is ineffective in 
achieving ROSC.5,16,17 It has been suggested that inade-
quate forward blood flow during closed-chest efforts is 
more likely to occur in animals over 20 kg, in which the 
thoracic pump method probably predominates (see 
Chapter 16, Cardiopulmonary Cerebral Resuscita-
tion).5,16 Situations in which open-chest CPCR may be 
indicated are listed in Box 17.1.
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directly evaluate for ventricular fibrillation, asystole, or 
an atonic heart muscle during internal cardiac massage, 
which can help direct therapy when appropriate treat-
ment is unclear during closed-chest efforts. Open-chest 
CPCR also allows for the occlusion of the descending 
aorta, which maximizes cardiac output to the most 
crucial organs—the heart, brain, and lungs. Descending 
aortic compression is also useful in critical hemorrhage 
into the abdomen by decreasing further blood loss.

Performing open-chest cardiopulmonary 
cerebral resuscitation

Equipment and preparedness
The equipment for open-chest CPCR should be ready 
and immediately available in a crash cart (see Fig. 16.1). 
Emergency thoracotomy equipment should be readily 
accessible in the crash cart, preferably contained within 
a single sterilized surgery pack to improve the ease and 
speed of obtaining all necessary equipment. The sterile 
surgical pack equipment is listed in Box 17.2 and shown 
in Figure 17.1. A sterile #10 scalpel blade should be easy 
to obtain along with sterile gloves, clippers, aseptic 
scrub, and isopropyl alcohol. Devices for clamping the 
descending aorta should also be aseptically prepared, 
such as Rumel tourniquet, Penrose drain, umbilical tape, 
or vascular clamps (see Fig. 17.2). A device with similar 
function to a Rumel tourniquet can be created using a 
red-rubber catheter, umbilical tape, and hemostats. A 
12- to 18-Fr red-rubber catheter is cut to 3–4 cm in 
length at the tapered end of the catheter. The umbilical 
tape is passed around the descending aorta with both 
ends of the tape facing outward (Fig. 17.3a). A mosquito 
hemostat is fed through the red-rubber catheter and 
used to grasp and thread the umbilical tape through the 
red-rubber catheter (Fig. 17.3b). The red-rubber tube is 
then moved toward the vessel and the vessel is com-
pressed (Fig. 17.3c). The umbilical tape is held in place 

Rationale

Coronary blood flows from the proximal aorta into the 
myocardium via the coronary arteries during diastole; 
blood returning from the myocardium drains into the 
right atrium. Thus, coronary perfusion pressure (CoPP) 
is equal to the difference between diastolic aortic pres-
sure (DAoP) and right atrial pressure (RAP):

CoPP DAoP RAP= −  (17.1)

Research in animal models and in humans with CPA has 
shown that adequate CoPP is associated with successful 
resuscitation and ROSC. A CoPP greater than or equal 
to 15 mm Hg during CPCR has been associated with 
increased ROSC and survival to discharge.1 Clinical 
studies in humans demonstrate an increase in CoPP and 
increased ROSC with internal cardiac massage com-
pared with external chest compressions.18,19 Internal 
cardiac massage has been shown to produce coronary 
perfusion pressures 3 times greater than external chest 
compressions.20 Studies have shown significant increase 
in cardiac output, arterial blood pressure, forward blood 
flow, CoPP, and cerebral perfusion pressure with inter-
nal cardiac massage, and an increase in ROSC and 
improvement in neurological outcome in canine models 
of cardiopulmonary arrest.21–25 Nevertheless, the 2010 
American Heart Association Guidelines for Cardiopul-
monary Resuscitation and Emergency Cardiovascular 
Care state that there is insufficient evidence of benefit 
or harm to recommend the routine use of open-chest 
CPCR in people, except in the specific situations men-
tioned above.7

There are additional potential benefits of open-chest 
CPCR. Unlike external chest compressions, open-chest 
CPCR allows direct visualization of the heart and assess-
ment of ventricular filling. The healthcare worker can 

Box 17.1  Possible indications for open-chest CPCR

•  Failure of closed-chest CPCR efforts
•  Pericardial effusion
•  Pleural space disease

• Pneumothorax
• Moderate or marked pleural effusion
• Diaphragmatic hernia

•  Thoracic-wall trauma
• Rib fractures
• Flail chest
• Penetrating injuries through thoracic wall and into 

thoracic cavity

Box 17.2  Equipment in surgical pack for open-chest CPCR

•  Scalpel handle
•  Mayo and Metzenbaum scissors
•  Hemostats
•  Needle holder
•  Sharp and blunt suture scissors
•  Tissue forceps
•  Sterile gauze
•  Sterile drape
•  Finochietto rib retractors
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around the compressed vessel by placing the hemostats 
perpendicularly on the umbilical tape next to the red 
rubber on the side further from the vessel, as shown in 
Figure 17.3d.

Performing an emergency thoracotomy
The patient should be placed in right lateral recumbency 
to prepare for a left lateral thoracotomy at the left sixth 
intercostal space as shown in Figure 17.4. Throughout, 

Figure 17.1 Surgical pack for emergency thoracotomy for open-
chest CPCR.

Figure 17.2 Penrose drain, umbilical tape, and vascular clamps 
for clamping the descending aorta.

Figure 17.3 Red-rubber catheter, umbilical tape, and hemostats that can be made (a–c) into a tourniquet for compression or clamping 
(d) of the descending aorta.

(a) (b)

(c) (d)

external chest compressions should continue as is  
possible. The region is prepared quickly with minimal 
fur clipping at the fourth through sixth intercostal  
spaces and minimal cleaning with a surgical scrub. 
Sterile gloves are worn and the skin is incised along the 
cranial aspect of the left sixth rib extending from the 
dorsal aspect of the scapula to 3–5 cm dorsal to the 
sternum. Rapid transection of the latissimus dorsi, ser-
ratus ventralis, scalenous, and pectoral muscles will be 
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necessary to reach the external and internal intercostal 
muscles. The external and internal intercostal muscles 
are incised along the cranial aspect of the rib with either 
a scalpel blade or Metzenbaum scissors to the level of 
the pleura. Care should be taken to avoid lacerating the 
lateral thoracic vessels that run alongside the sternum or 
the intercostal vessels that run along the caudal aspect 
of each rib. It is also recommended not to penetrate the 
pleural space with the scalpel blade or scissors due to the 
potential for trauma to the lung parenchyma, heart 
muscle, or coronary vessels; this can be very difficult in 
the emergent setting. Manual ventilation of the patient 
should cease briefly while the pleura is bluntly pene-
trated with hemostats and the pleural entry extended 
dorsally and ventrally. Finochietto rib retractors are 
placed between the ribs to provide intrathoracic expo-
sure with enough space to insert the hand for internal 
cardiac massage. A pericardiectomy should be per-
formed if there is pericardial disease such as effusion or 
restrictive pericarditis. The pericardium is grasped with 
tissue forceps and an incision is made with Metzenbaum 
scissors ventral to the phrenic nerve through the peri-
cardium and extended ventrally. Pericardotomy or 
partial pericardectomy should be adequate in the case 
of effusion. Direct manual cardiac massage is then initi-
ated. When CPA occurs in intraoperative situations, 
cardiac massage can be performed directly via a thora-
cotomy or by incising through the diaphragm in a lapa-
rotomy procedure.

Complications associated with emergency thoracot-
omy include laceration of vessels such as the lateral tho-
racic vessels along the sternum, intercostal vessels, or 

Figure 17.4 Placement of patient and location of incision for emer-
gency thoracotomy in order to perform internal cardiac massage. 
Patient is placed in right lateral recumbency for a left lateral thora-
cotomy at the left sixth intercostal space. The skin is incised along 
the  cranial  aspect of  the  left  sixth  rib  extending  from  the dorsal 
aspect of the scapula to 3–5 cm dorsal to the sternum. Reprinted 
from Arlene Coulson and Noreen Lewis, An Atlas of Interpretative 
Radiographic Anatomy of the Dog and Cat, 2nd edition, Blackwell 
Publishing, 2008 (figure 407, page 282).

coronary vessels; laceration of the lung parenchyma, 
leading to leakage of air from the lungs and the potential 
need for suture closure or a partial or complete lung 
lobectomy; laceration of the heart muscle, leading to 
profound hemorrhage; penetration into a cardiac 
chamber, leading to exsanguination; or rib fractures sec-
ondary to overzealous retraction with the rib retrac-
tor.5,16 The complication rate associated with the 
procedure has been documented to be low in humans 
even with the invasive nature of open-chest CPCR and 
the need to enter the thoracic cavity rapidly. In humans 
less than 2% of the open-chest CPCR patients have iat-
rogenic cardiac trauma or injury associated with the 
thoracotomy.26,27

Performing internal cardiac massage
Direct compression of the heart has been shown to triple 
the coronary perfusion pressure compared with external 
chest compressions.20 The heart can be massaged in a 
single hand, between two hands, or between a hand and 
the internal body wall. Studies have shown that two-
handed cardiac massage can be more beneficial than 
providing cardiac massage with one hand, though this 
will be limited by patient size, heart size, patient confor-
mation, the entry site into the thoracic cavity, and the 
availability of appropriate instruments such as rib 
retractors.6,28 The heart can be palmed if it is small 
enough, squeezed between two hands, or pressed up 
against the inside of the thoracic cavity to compress the 
chambers (see Fig. 17.5). Cardiac compression rates 
should be greater than 100 beats per minute according 
to the 2010 American Heart Association Guidelines for 
Cardiopulmonary Resuscitation and Emergency Car-
diovascular Care.29 Compression rates of greater than or 
equal to 120 beats per minute have been associated with 
increased coronary perfusion pressures and up to 150 
beats per minute with increased pressures and perfusion 
to vital organs in dogs.30 To allow for adequate refilling 
of the heart, realistic compression rates for internal 
cardiac massage of 120–140 compressions per minute 
are recommended.5,16

As stated previously, sterile gloves should be used to 
decrease contamination of the thoracic cavity during the 
emergency thoracotomy and internal cardiac massage. 
The compressor should be changed at least every 2–5 
minutes (with minimal interruption to compression) to 
avoid decreased coronary perfusion that could occur 
with hand fatigue. Each compressor should wear sterile 
gloves for internal cardiac massage.1,17 Hand placement 
is important, as inadvertent penetration of the heart 
muscle with fingers can occur, leading to catastrophic 
hemorrhage (see Fig. 17.5d). It is recommended to cup 
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tion.1 It is recommended to use the least amount of 
energy needed to defibrillate the critical mass of the 
heart.20 Ventricular fibrillation is more difficult to 
convert if the patient has been in ventricular fibrillation 
for longer than 5 minutes or is refractory to increasing 
doses of energy in defibrillation.5,16,20 See Chapter 18, 
Defibrillation, for more information.

Augmentation techniques
Emergency thoracotomy for internal cardiac massage 
increases the possibility of the return of spontaneous 
circulation by improving CoPP. Augmentation tech-
niques that can be used during open-chest CPCR help 
increase CoPP and therefore may improve the chances 
of ROSC and survival. Compression of the descending 
aorta can increase CoPP and cerebral perfusion pressure 
by directing the cardiac output to the cranial half of the 
body. Descending aortic compression can also help 

the hand around the heart using either the one-handed 
or two-handed technique for internal cardiac massage.

The heart should be evaluated visually and by gentle 
palpation for adequate filling, atonic musculature, and 
ventricular fibrillation during open-chest CPCR. The 
heart is directly accessible for defibrillation if indicated. 
In small animals, asystole or pulseless electrical activity 
(PEA) was the most common arrest rhythm identified, 
though in one study ventricular fibrillation was almost 
as common as PEA and asystole.31–35 Defibrillation in 
open-chest CPCR can be performed with internal defi-
brillator paddles wrapped in sterile saline-soaked gauze 
sponges and placed on either side of the heart. The 
energy recommended for defibrillation in open-chest 
CPCR is approximately 1/10th of the energy used with 
external defibrillation, using 0.5–1 Joules per kilogram 
of body weight.5,16,36 It is recommended to perform 
internal cardiac massage immediately after defibrillation 
for 1–3 minutes before performing further defibrilla-

Figure 17.5 Hand placement techniques for internal cardiac massage: (a) a one-handed technique performed by palming the heart; 
(b) a one-handed technique performed by compressing the heart against the rib cage; (c) a two-handed technique for internal cardiac 
compression; (d) shows how inadvertent penetration of the heart muscle can occur if the fingers point inward toward the heart during 
internal cardiac massage.

(a) (b)

(c) (d)
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to remember that the patient successfully resuscitated 
after an open-chest CPCR effort has not usually received 
anesthesia or analgesia, unless the arrest occurred intra-
operatively. Therefore, it is important to administer 
analgesics to these patients at safe doses once spontane-
ous circulation has been established. Analgesics should 
be administered at doses that do not cause cardiovascu-
lar or respiratory depression but control pain associated 
with the procedure.

Postresuscitation monitoring and care are similar to 
those patients resuscitated with external CPCR. The car-
diovascular system should be evaluated frequently to 
continuously by monitoring blood pressure and an elec-
trocardiogram, and by serially evaluating the patient’s 
perfusion parameters such as mucous membrane color, 
heart or pulse rate, pulse quality, and capillary refill time. 
The respiratory system should be monitored with pulse 
oximetry or arterial blood gases for hypoxemia, end-
tidal capnography for hypercapnia secondary to 
hypoventilation, respiratory rate and effort evaluation, 
and frequent auscultation of the thorax for decreased 
lung sounds associated with a persistent or worsening 
pneumothorax or pleural effusion. Monitoring of the 
neurologic system is recommended with serial neuro-
logical examinations, pupil size and symmetry, pupillary 
light reflex, palpebral response, and changes in menta-
tion to evaluate for injury to the brain secondary to 
compromised perfusion.

The blood glucose, electrolytes, and acid–base status 
should be monitored for alterations in metabolic status. 
The patient should also be monitored for organ dys-
function or injury such as insult to the kidneys resulting 
in renal failure; insult to the gastrointestinal tract result-
ing in hematemesis, hematochezia, or melena; or injury 
to the liver leading to liver enzyme elevation.

Summary

In summary, open-chest CPCR may be indicated in spe-
cific disease conditions such as those associated with 
pericardial diseases, pleural space diseases, and thoracic 
wall injury. Open-chest CPCR may be indicated when 
external chest compressions do not result in adequate 
forward flow of blood. Open-chest CPCR has been 
shown to result in increased coronary and cerebral per-
fusion pressures, and consequently increased ROSC and 
survival in patients. The procedure to enter the thoracic 
cavity is performed quickly in order to minimize the 
time that forward blood flow is compromised. Emer-
gency thoracotomy can lead to traumatic complications 
such as vessel and intrathoracic organ laceration along 
with infection, though reported complication rates are 
low. Specific care is taken to decrease the incidence of 

prevent hemorrhage occurring distal to the site of aortic 
occlusion. The aorta can be compressed using a Rumel 
tourniquet, red-rubber tube, Penrose drain, or umbilical 
tape that is passed around the major vessel (see Figs. 17.2 
and 17.3). Digital compression of the descending aorta 
can be performed, as an alternative to a tourniquet,  
by compressing the vessel dorsally against the ventral 
aspect of the vertebral bodies.6 Aortic compression 
should be gradually removed over 10–15 minutes to 
help minimize ischemia-reperfusion injury and cardio-
vascular collapse.10

Postresuscitation care

Emergency thoracotomy for open-chest CPCR is inva-
sive, traumatic to the tissues, and is a clean to clean-
contaminated procedure that involves specific 
postresuscitation care. The pleural space should be 
flushed with sterile saline to dilute possible contami-
nants that may have entered the thoracic cavity during 
the procedure. Intrathoracic samples should be taken for 
anaerobic and aerobic cultures after lavage, prior to 
closing the thoracotomy.5,16 Closure of the thoracotomy 
should be performed aseptically, usually involving con-
sultation with or closure by an experienced surgeon.36 
Nonabsorbable monofilament suture or wire is passed 
around the adjacent ribs with care to avoid the intercos-
tal vessels on the caudal aspect of the ribs. This can be 
done by passing the needle backward or using hemostats 
to bluntly pass the sutures around the ribs. The sutures 
are tightened with a square knot closure with a minimum 
of four throws. After the closure around the ribs, the 
tissue is sealed and there is no longer communication 
with the pleural space. Sometimes no fur clipping or 
surgical scrub is possible prior to thoracotomy; in such 
cases, fur probably should not be clipped even once the 
thorax is closed, to prevent excessive intrathoracic fur 
contamination. A thoracostomy tube can be placed 
prior to closure or thoracocentesis can be performed 
after closure to evacuate the air from the pleural space 
from the thoracotomy. Information on thoracostomy 
tube placement and thoracocentesis is available in 
Chapter 30, Pleural Space Drainage.

Due to the need to enter the thoracic cavity quickly, 
minimal preparation is done prior to emergency thora-
cotomy. Despite this, infection rates postresuscitation 
for open-chest CPCR patients are low, reportedly less 
than 10% in humans.6,26,27 Appropriate-spectrum intra-
venous antibiotics should be instituted after ROSC and 
should be continued during hospitalization. The antibi-
otics may need to be administered after discharge as 
indicated by length of hospitalization and actual con-
tamination during the thoracotomy. It is also important 
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Emerg Med 1986;15(4):408–411.
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Guidelines for cardiopulmonary resuscitation and emergency 
cardiovascular care. Circulation 2010;122(Suppl 3):S729–S767.
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infection. Postresuscitative care and monitoring is 
similar to any patient that has a sudden cardiac arrest, 
with monitoring of all organ systems and intensive 
monitoring of the cardiovascular, respiratory, and neu-
rologic systems.
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18
Defibrillation

Matthew S. Mellema, Craig Cornell, and Casey J. Kohen

Fibrillation may be defined as a form of cardiac arrhyth
mia marked by fine irregular contractions of the cardiac 
muscle due to rapid repetitive excitation of myocardial 
fibers without coordinated contraction of the affected 
chambers. Fibrillation reflects unsynchronized, random, 
and continuously changing electrical activity in the 
myocardium. Fibrillation is typically further categorized 
by defining the chambers of the heart affected by this 
arrhythmia (e.g., atrial fibrillation or ventricular fibril
lation). This additional level of categorization is essen
tial as fibrillation of the atria and the ventricle have very 
different effects on cardiac output and often have vastly 
different underlying causes.

Atrial fibrillation results in the loss of coordinated 
atrial contraction (the “atrial kick”), which reduces  
ventricular filling during diastole. This reduction can  
be as significant as 25% of diastolic filling in some  
settings. Reductions in diastolic filling (all else being 
equal) will result in a decrease in cardiac preload and 
subsequently smaller stroke volumes (Starling’s law of 
the heart). Patients often tolerate reductions in preload 
of this magnitude as long as there is adequate time  
for passive filling of the ventricles. However, in some 
instances of atrial fibrillation the ventricular rate may 
also be quite rapid (e.g., greater than 160 beats per 
minute[bpm] in a dog) if the atrioventricular (AV) node 
conduction is such that a large number of the atrial 
depolarizations are conducted to the ventricles. Atrial 
fibrillation in which the ventricular rate is also rapid  
can lead to more marked reductions in cardiac out
put due to inadequate time for passive diastolic filling 
of the ventricles. Atrial fibrillation also results in more 
stagnant flow of blood in the atria, which promotes 
intravascular coagulation and thromboembolic sequelae. 

The prothrombotic consequences of atrial fibrillation 
are generally considered more crucial to address early  
in human patients than in small animal patients.  
At present, there is a notable lack of evidence in vete
rinary medicine regarding the risktobenefit ratio of  
prophylactic anticoagulation in patients with atrial 
fibrillation.

Atrial fibrillation is often the result of atrial disten
sion secondary to structural cardiac disease (e.g., AV 
valve insufficiencies, primary myocardial dysfunction); 
however, atrial fibrillation can also occur in the absence 
of structural heart disease (lone atrial fibrillation),  
particularly in large and giant breed dogs. Dogs in  
atrial fibrillation may present in congestive heart failure 
or due to signs of decreased forward flow such as weak
ness, lethargy, or exercise intolerance. Atrial fibrillation 
in cats is most often associated with myocardial disease 
such as hypertrophic cardiomyopathy. Atrial fibrillation 
may be managed medically or through cardioversion 
(see the next section, Defibrillation and Cardioversion, 
and the later section, Cardioversion) depending on 
whether structural heart disease is present or absent. An 
additional consideration is whether the patient has 
acutely developed atrial fibrillation or whether the 
arrhythmia is longstanding. Management of chronic 
atrial fibrillation is more often approached via rate 
control rather than rhythm control due to the less
favorable outcomes achieved with cardioversion in these 
cases.1,2

Ventricular fibrillation is far more acutely life
threatening than atrial fibrillation. While atrial fibrilla
tion leads to a loss of atrial contraction, animals can 
survive without effective atrial contraction if ventri
cular rates are not excessively high as well. However, 
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chapter the term defibrillation will refer only to the 
application of electric current to the myocardium and 
not to chemical defibrillation.

Defibrillation is achieved via the delivery of electric 
current to the myocardium and, as such, success is par
tially dependent on how much of the current applied to 
the patient reaches the myocardium. The current is 
delivered via the paddles of a defibrillator. Paddles may 
be applied either externally, to the thorax, or internally, 
to the pericardium or epicardium. Impedance to current 
flow is dependent on some factors that the clinician 
controls and some that he or she does not control. Those 
factors that the caregiver can influence include paddle 
size, quality of the contact between tissue and paddle, 
and how much air is in the chest (e.g., choosing to 
deliver the energy at endexhalation rather than end
inhalation is recommended). Factors outside of the 
caregiver’s control include the absolute amount of air 
and tissue in the chest as well as the chest width. At 
present, defibrillation is achieved via the delivery of 
direct current rather than alternating current (although 
the application may be bidirectional—see below). 
Although direct current (DC) may be utilized in por
tions of an energy grid for energy transmission, it is 
converted to alternating current (AC) before reaching 
the end user in most parts of the world. AC defibrillators 
have been developed and were once thought to be supe
rior to DC models, but the superiority of DC defibrilla
tion has since been established.10 However, despite the 
former usage of AC defibrillators (and what television 
programs might lead one to believe), shocking a patient 
with a spliced electrical cord plugged into a wall socket is 
unlikely to accomplish anything other than harming the 
patient.10

Cardioversion involves the use of defibrillator equip
ment to convert rhythms other than ventricular fibrilla
tion. Generally this is done in an attempt to convert  
an arrhythmia to a sinus rhythm. Although in the  
vast majority of patients arrhythmias are addressed  
via the administration of antiarrhythmic drugs, elec
trical cardioversion may be attempted in refractory 
cases. The mechanism is the same as was described  
previously for defibrillation: the disruption of conduc
tion via aberrant reentry pathways. Cardioversion is 
typically reserved for supraventricular or ventricular 
tachyarrhythmias that are severe enough that pulses are 
not palpable, the patient is symptomatic, and pharma
cologic approaches have failed. Historically, cardiover
sion has been viewed as an intervention of last resort, 
but is increasingly being viewed as a viable early alterna
tive to antiarrhythmic drug therapy for acute rhythm 
control.

ventricular fibrillation results in ineffective ventricular 
contraction, which is incompatible with life for all but 
the shortest periods of time. Ventricular fibrillation 
results in cardiac arrest and is a lifeending event unless 
immediately addressed. While atrial fibrillation is often 
the result of structural heart disease in dogs and cats, 
ventricular fibrillation has been associated with a wide 
range of extracardiac causes, including shock, hypox
emia, electrolyte and acid–base disorders, electrical 
shock, excessive sympathetic tone (or sympathomimetic 
agents), hypothermia, and drug reactions. Structural 
heart disease or damage can also lead to ventricular 
fibrillation; examples include aortic stenosis, primary 
myocardial disease, and secondary myocardial disease 
(e.g., contusion, myocarditis, myocardial infarction).3–7 
Heritable causes of ventricular fibrillation must also be 
considered. A congenital disease in a group of German 
Shepherds has been described in which related dogs are 
predisposed to sudden death due to ventricular arrhyth
mias including fibrillation.7

Ventricular fibrillation results in cardiac output drop
ping to zero or nearzero values. Patients will rapidly 
lose consciousness and pulses will be absent. This is 
important to keep in mind when simultaneously evalu
ating the patient and the electrocardiogram (ECG).  
If the ECG appears to indicate ventricular fibrillation  
yet the patient is conscious and has pulses, then ECG 
artifacts due to such processes as muscle tremors or 
shivering should be investigated. Conversely, the identi
fication of ventricular fibrillation in an unconscious 
patient with no palpable pulses should prompt the 
immediate initiation of CPCR unless such resuscitation 
has been previously identified as inappropriate for this 
specific patient (see Chapter 16, Cardiopulmonary 
Cerebral Resuscitation). Cardiac compressions should 
be started while the equipment for defibrillation is 
prepared.

Defibrillation and cardioversion

Defibrillation is a process by which the entire myocar
dium is depolarized simultaneously. Fibrillation rhythms 
are dependent on reentry pathways being sustained, 
and the goal of defibrillation is to disrupt the aberrant 
conduction occurring via these pathways and thus ter
minate the fibrillatory rhythm. In theory, defibrillation 
may be achieved via electrical, mechanical (e.g., precor
dial thump), or chemical means. However, the success 
of chemical and mechanical defibrillation is generally 
regarded as so unlikely that they are very rarely recom
mended (and recommended only when electrical defi
brillation is unavailable).8,9 For the remainder of this 
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the biphasic waveform’s shape changes, its efficacy 
varies.12 In contrast, the ZOLL rectilinear waveform 
remains stable in shape, and current delivery dynamics 
are similar for patients over a wide range of impedances. 
This reduces the potentially adverse effect of patient 
impedance on successful defibrillation.11

Another recent development in defibrillators is the 
degree to which the device can make decisions regarding 
the diagnosis and treatment of the arrhythmia. Auto
mated external defibrillators (AEDs), are designed to 
assist individuals with minimal training perform CPR, 
defibrillation, and cardioversion in people. Currently 
there is no evidence regarding the effectiveness of AEDs 
in veterinary medicine. Failure of the diagnostic algo
rithm used in an implantable defibrillator used to treat 
ventricular tachycardia in a Boxer dog should raise 
concern about the risk of using AEDs designed for 
human patients in veterinary medicine.13 Recommended 
dosage ranges are listed in Table 18.1.

Safety issues

The application of electrical current to a patient can be 
done safely even in the hectic environment of CPCR if 
specific procedural steps are taken. Attempting defibril
lation without having taken such steps runs the risk of 
significant adverse events occurring such as the follow
ing: accidental delivery of current to clinic personnel; 
burning the patient; or igniting the patient’s hair coat. 
These hazards may be particularly relevant to the veteri
nary clinical setting wherein the patients often have 
thick, matted hair coats and may be receiving oxygen via 
unsealed facemasks. These factors may increase the risk 
of ignition compared with human patients receiving 
similar care. The accidental delivery of current to clinic 
personnel can result in painful shocks, burns, and 
arrhythmias in the person accidentally dosed. To avoid 
such a scenario, safety measures such as ensuring that 
the patient is on a nonconducting surface, that no one 
is touching the patient, that contact gel does not extend 
beyond the surface of the pads, and that a warning shout 
such as “Clear!” is given (and given with sufficient time 
for personnel to actually get clear if they are not), and 
that the operator visually verifies that personnel, includ
ing himself or herself, are clear. The accidental burning 
of the patient is most likely to occur when contact is 
poor and arcing of electrical current occurs, or when 
isopropyl alcohol is used for contact rather than gel. 
Contact gel intended for defibrillation pads is preferred 
over other types of gels and pastes. These gels not only 
enhance contact between the pads and patient skin, they 
can prevent arcing and reduce impedance. Gel should 

Equipment

It is strongly recommended by the authors that defibril
lators be kept in the same area as a “crash cart” (see Fig. 
16.1) or other area where CPCR supplies are stored. 
Defibrillator equipment should be routinely tested and 
maintained as per the manufacturer’s instructions. All 
personnel who might be called upon to assist in cardio
pulmonary cerebral resuscitation (CPCR) or cardi
oversion should be instructed in the operation of the 
equipment and where supplies and accessories for the 
equipment are stored. Accessories and supplies may 
include coupling gel, adhesive patches, pediatric external 
paddles, and a variety of sizes of internal paddles. A 
minor surgical pack and rib retractors should also be 
stored in the same area for times when internal defibril
lation is to be attempted.

Until the late 1980s all defibrillators used monophasic 
waveforms in the delivery of defibrillatory energy. 
Monophasic defibrillators deliver a single pulse of po
sitive current. The current is unidirectional, traveling 
from one paddle to the other (hopefully across the myo
cardium on its way). Biphasic defibrillators initially de
liver a similar (but not identical) positive current that is 
then followed by a negative current in the opposite di
rection. The application of biphasic current, when suc
cessful, allows for depolarization of the myocardium 
with the application of lower total energy and thus less 
risk of myocardial damage. Defibrillators manufactured 
after 1990 began using biphasic waveforms and cur
rently all major manufacturers use this waveform. The 
actual waveform and the way energy is delivered vary 
among manufacturers. ZOLL (Chelmsford, MA) uses a 
proprietary rectilinear biphasic waveform, while other 
manufacturers (e.g., PhysioControl, Inc.) use truncated 
exponential biphasic waveforms.

The ZOLL rectilinear biphasic waveform was devel
oped specifically for external defibrillation. It takes into 
account high and/or varied thoracic impedance levels 
due to patient or technique factors (e.g., reduced current 
flow caused by large lung volume, large chest size, and/
or poor electrodetochest contact). The rectilinear 
waveform maintains a stable shape in response to 
impedance, and the constant current in the first phase 
reduces potentially harmful peak currents.11

The truncated exponential biphasic (TEB) waveform 
was developed for internal use in implantable 
cardioverterdefibrillators (ICDs), where impedance is 
generally low relative to external methods. If a TEB 
waveform is utilized in an external defibrillation–
cardioversion attempt, then thoracic impedance may 
alter the waveform’s shape. Research has shown that, as 
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Figure 18.1 Adhesive ECG/external-pacing/defibrillator pads in 
place on the thorax of an adult dog. Shaving the area prior to 
placement will reduce thoracic impedance and decrease energy 
requirements relative to placement on an unshaved site.

Table 18.1 Recommended energy doses for defibrillation or synchronized cardioversion using monophasic or biphasic equipment

External—Defibrillation External—Refractory VF External—Synchronized 
Cardioversion

Internal—
Defibrillation

Monophasic Biphasic Monophasic Biphasic Monophasic Biphasic Monophasic or 
Biphasic

Body 
Wt (kg)

Lower 
Dose

Higher 
Dose

Lower 
Dose

Higher 
Dose

Maximum 
Dose

Maximum 
Dose

Lower 
Dose

Higher 
Dose

Lower 
Dose

Higher 
Dose

Lower 
Dose

Higher 
Dose

2.5 5 12.5 5 12.5 25 25 1.25 10 1.25 10 0.5 1.25

5 10 25 10 25 50 50 2.5 20 2.5 20 1 2.5

10 20 50 20 50 100 100 5 40 5 40 2 5

15 30 75 30 75 150 150 7.5 60 7.5 60 3 7.5

20 40 100 40 100 200 200 10 80 10 80 4 10

30 60 150 60 150 300 200 15 120 15 120 6 15

40 80 200 80 200 300 200 20 160 20 160 8 20

50 100 250 100 200 300 200 25 200 25 200 10 25

60 120 300 120 200 300 200 30 240 30 200 12 30

VF, ventricular fibrillation.

be applied to the pad surface liberally while ensuring 
that an excessive amount has not been applied such that 
it extends beyond the pad itself. The application of 
excessive coupling gel can lead to tracts of gel extending 
toward (or reaching) the hands of the person holding 
the paddles. Coupling gel is not applied to the pads of 
internal defibrillator paddles. Instead, they are wrapped 
in one or two layers of salinesoaked gauze sponges 
(4 × 4inch) prior to application to the pericardium or 
epicardium (depending on whether the pericardium has 
been opened).

While small to mediumsized dogs may be placed in 
dorsal recumbency for defibrillation, this position may 
prove unsafe in some larger patients. Stabilizing a large 
dog in dorsal recumbency using only the defibrillator 
pads may place the person holding the pads in such a 
position that they are at risk of touching the patient or 
the table during the delivery of current. Further, other 
personnel may reflexively reach out to try to stabilize a 
patient that is tipping over while the energy is being 
applied. For such large patients it is advised that a pos
terior plate or adhesive pads (see Fig. 18.1) be used to 
enhance patient and personnel safety. Lastly, patients 
should always be placed on a nonconducting surface 
rather than directly on a metal examination table prior 
to defibrillation.

Indications for use

The predominant indication for defibrillation is for the 
treatment of ventricular fibrillation or ventricular flutter. 
In one retrospective study of inhospital cardiac arrest 
in dogs and cats, defibrillation was indicated in 28% of 
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small, generally. An experimental study using a dog 
model of ventricular fibrillation has demonstrated that 
defibrillation is somewhat more effective when larger 
paddles (12.8cm diameter) are used rather than smaller 
paddles (8cm diameter) in dogs ranging from ∼30 to 
70 pounds body weight (BW).26 After gel has been 
applied to the pad surface of the paddles they should be 
held as firmly as possible against each side of the chest 
wall directly over the area of the heart. If possible, com
pressing the thorax between the paddles and discharging 
the energy while the lungs are deflated is advised. The 
optimal force for the application of the paddles to  
the thorax has been shown to range from 8 to 12 kg 
force; however, it has been shown that as few as 14% of 
humans performing defibrillation are able to generate 
this much force, nor is force application readily measur
able in the clinical setting.27 As so few human operators 
are able to generate the optimal force required, the 
authors advise applying the paddles with as much force 
as can be sustained for the duration of the defibrilla
tion attempt. Modern defibrillators are often designed  
to use multipurpose adhesive electrodes. These elec
trodes can be used for diagnosis, defibrillation, and 
pacing. It is unlikely that these electrodes will function 
properly unless the patient’s skin is clean, dry, and free 
from hair.

Defibrillating the patient with a permanent pace
maker in place bears special mention. If the patient has 
a pacemaker, the electrodes for the defibrillator should 
not be placed over or close to the pacing generator to 
minimize the risk of damage during defibrillation.28

dogs and 16% of cats.14 Ventricular flutter is an unstable 
rapid ventricular tachyarrhythmia that often converts to 
ventricular fibrillation in a short time. It should be 
noted that many patients may develop ventricular fibril
lation during a resuscitation attempt even when it is not 
initially present. Induced ventricular fibrillation may 
spontaneously resolve in young, healthy animals in a 
research laboratory setting, but in clinical patients, time 
should never be wasted waiting to see if ventricular 
fibrillation is going to resolve on its own.15 Immediate 
action is indicated and required. Survival rates decrease 
by 7%–10% for each minute the ventricles fibrillate and 
thus survival approaches zero percent after 10–12 
minutes of ventricular fibrillation.16–20

The indication for defibrillation is less clear for the 
other predominant arrest rhythms seen in small animal 
practice: asystole and pulseless electrical activity. 
Although there is no indication to apply defibrillatory 
currents to an asystolic myocardium, it likely does little 
harm in this setting and occasionally it may turn out 
that what appeared to be asystole was, in fact, fine ven-
tricular fibrillation. Fine ventricular fibrillation is a form 
wherein the undulations of the baseline are minimal and 
thus it may appear similar to asystole at times.21

Procedure and technique

Defibrillation is nearly always done concurrently with 
CPCR and needs to be properly integrated into the 
overall resuscitation attempt. If closedchest CPCR is 
being performed, then typically external defibrillation 
will be the means initially employed. If ventricular fibril
lation cannot be converted with external defibrillation, 
then internal defibrillation may be more successful and 
could be attempted. If internal cardiac massage is being 
attempted, then internal defibrillation is likely to be the 
first mode attempted although external defibrillation 
can still be performed even if the chest is open.22–24

Defibrillation should be performed as soon as possi
ble once ventricular fibrillation is identified. Chest com
pressions and the “ABCs” (i.e., airway, breathing, 
circulation) of CPCR should be performed while the 
machine is being readied and charged. Defibrillation can 
be achieved in most patients without shaving; however, 
in the authors’ experience, dogs with thick matted hair 
coats often cannot be defibrillated without prior shaving. 
There is evidence from human patients that even the 
chest hair of male humans is sufficient to significantly 
increase thoracic impedance and impair current delivery 
during defibrillation attempts.25 Standard adult paddles 
are used for medium and largesized dogs (>13.5 kg); 
pediatric paddles (see Fig. 18.2) can be used for cats and 
small dogs. It is better to have paddles too large than too 

Figure 18.2 Adult and pediatric paddles from a biphasic defi-
brillator. Some models may have separate pediatric paddles that 
must be plugged into the base. In the model shown, the pediatric 
paddles are located beneath the larger paddles (which have been 
partially removed on the paddle shown to the left).
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The recommended sequence of events in external and 
internal defibrillation is described in Protocols 18.1 and 
18.2, respectively. For internal defibrillation, the proto
col is similar in most regards to that for external defibril
lation. However, as noted previously, salinesoaked 
gauze is substituted for gel or paste. Also, the internal 
paddles (see Fig 18.3) are concave and intended to cradle 
the heart between them. Firm but not excessive contact 
should be maintained between the internal paddles and 
the cardiac structures.

As described previously and in Table 18.1, energy 
dosage is based on body weight in kilograms and differs 
for monophasic versus biphasic as well as for internal 
versus external (see Energy Dose Selection below, for a 
more detailed discussion of dose determination). It is 

Protocol 18.1 External defibrillation

Items Required
• Defibrillator
• Coupling gel
• Clippers, as needed for excessive fur

Procedure
1. Analyze the electrocardiogram (ECG) and confirm 

ventricular fibrillation is present.
2. Collect necessary supplies.
3. Ensure that rubbing alcohol or other flammable 

solvents are not present on the thorax (dilute with 
water and dry rapidly if needed).

4. Calculate energy dosage and set defibrillator to this 
dosage.

5. Apply coupling gel to the pad surface of the paddles.
6. Charge paddles.
7. Interrupt chest compressions and apply paddles to 

each side of the chest with as much pressure as can be 
sustained.

8. Temporarily suspend positive-pressure ventilation if it is 
being provided.

9. Announce to those present that energy is about to 
be delivered (“Clear!”) and visually verify that all 
personnel (including oneself) are clear.

10. Deliver the energy by discharging the paddles.
11. Evaluate ECG rapidly (<1 sec) while compressor is 

getting ready to begin again.
12. Restart CPCR, including compressions and positive-

pressure ventilation.
13. In approximately 2 minutes, re-evaluate ECG again and 

restart at step 1 if ventricular fibrillation is still present.

Note: In patients with thick, matted hair coats it may be 
necessary to rapidly clip the coat over the thorax in order to 
successfully and safely deliver the energy dose.

Protocol 18.2 Internal defibrillation

Items Required
• Defibrillator with internal paddles
• Saline-soaked sterile gauze
• Patient undergoing open-chest CPCR

Procedure
1. Analyze the ECG and confirm ventricular fibrillation is 

present.
2. Direct access to the thoracic cavity may be achieved by 

one of several means, depending on the setting:
a. Lateral thoracotomy: If emergency access to the 

thoracic cavity is needed solely for the purpose of 
open chest cardiopulmonary cerebral resuscitation 
(CPCR), then a lateral thoracotomy is the preferred 
approach.

b. Median sternotomy: This approach is generally 
reserved for intraoperative CPCR when a median 
sternotomy has already been performed prior to the 
arrest.

c. Transdiaphragmatic approach: If open-chest CPCR 
is to be attempted when the abdomen is already 
open (e.g., an arrest during a laparotomy), then 
the thorax may be entered via an incision in the 
diaphragm.

3. Collect necessary supplies.
4. Calculate energy dosage and set defibrillator to this 

dosage (see Table 18.1).
5. Plug internal paddles into defibrillator base per 

manufacturer’s instructions.
6. Cover each paddle with one to two layers of 4 × 4-inch 

gauze.
7. Moisten each gauze wrapping with sterile 0.9% saline.
8. Charge paddles.
9. Interrupt cardiac massage and apply paddles to the 

heart with one paddle over the region of the right 
atrium and one over the area of the left ventricle. Apply 
gentle, but firm, pressure.

10. Positive pressure ventilation may be briefly suspended 
if necessary to properly place paddles.

11. Announce to those present that energy is about to 
be delivered (“Clear!”) and visually verify that all 
personnel (including oneself) are clear.

12. Deliver the energy by discharging the paddles.
13. Evaluate ECG rapidly (<1 sec) while the person 

performing cardiac massage is getting ready to begin 
again.

14. Restart CPCR, including cardiac massage and positive-
pressure ventilation.

15. In approximately 2 minutes, re-evaluate ECG again and 
restart at step 1 if ventricular fibrillation is still present. 
Steps 2 and 4–6 are generally only applicable to the 
first attempt.
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Figure 18.3 Internal paddles are concave with elongated 
handles to remove the operator’s hands from where the current 
will be discharged. One paddle should be placed over the right 
atrium and one over the left ventricle.

essential to recall that dosages for internal defibrillation 
are approximately onetenth those needed for external 
defibrillation. Regardless of the initial energy dosage 
used, it is generally advised that on subsequent attempts 
the energy delivered be increased by 50%–100% after an 
unsuccessful defibrillation attempt. It should also be 
noted that the practice of delivering multiple shocks in 
rapid succession is no longer recommended by the 
American Heart Association.28

Cardioversion

Cardioversion involves the use of defibrillator equip
ment to convert rhythms other than ventricular fibrilla
tion. The major differences between cardioversion and 
defibrillation involve the setting (e.g., performed outside 
of the emergency room or intensive care unit), circum
stances (e.g., nonventricular fibrillatory rhythm), and 
the timing (e.g., scheduled procedure) of the process. 
Cardioversion for lone atrial fibrillation is generally a 
scheduled procedure done under general anesthesia or 
at least with significant preemptive analgesic admi
nistration. This type of cardioversion is not typically 
regarded as an emergency procedure and will not be 
covered further herein.

However, cardioversion may be performed in the 
acute setting to address supraventricular (SVT) or ven
tricular (VT) tachyarrhythmias that are life threatening, 
severe, and/or refractory to pharmacological treatment. 
As these patients may not necessarily be unconscious, it 
is advised that they receive analgesics or be anesthetized 

prior to attempting cardioversion (which is painful). A 
major difference between cardioversion in these circum
stances as compared to defibrillation as discussed above 
is the timing of the energy delivery. Ventricular fibrilla
tion is a chaotic rhythm and timing the delivery to a 
specific phase of the cardiac cycle is not applicable or 
possible. However, in the treatment of rapid VT or SVT, 
the issue of timing becomes relevant. The application of 
electrical current to the myocardium during the repo
larization process (during the T wave on an ECG) can 
lead to ventricular fibrillation. The period around the 
peak of the Twave on an ECG is a time at which the 
myocardium is particularly prone to fibrillating. As such 
many modern defibrillators come with a synchroniza
tion option that can be turned on to help avoid deliver
ing the energy during this most vulnerable period. The 
synchronization setting will prompt the equipment to 
deliver the energy during the R or S wave of the QRS 
complex and avoid the more vulnerable period associ
ated with the T wave. If cardioversion of a refractory VT 
or SVT is to be attempted using a defibrillator, then it is 
strongly advised that one use equipment in which the 
synchronization feature is available and switched on (see 
Fig 18.4). As a rule, defibrillators should always be used 
in synchronized mode unless ventricular fibrillation is 
the arrhythmia being treated. However, it must be noted 
that achieving synchronization is not always possible 
even with the best equipment. In this case, the American 
Heart Association guidelines recommend the adminis
tration of a highenergy unsynchronized shock.28 When 
electrical cardioversion is being attempted, the initial 
energy setting may be selected at approximately half of 

Figure 18.4 A close-up view of a monophasic defibrillator. In 
this view the synchronization button is shown lit. This synchro-
nized mode is employed when cardioversion is attempted.
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be defibrillated using fewer joules per kilogram than 
larger animals. The amplitude, duration, and polarity of 
electrical current delivered to the heart also affect the 
dose required. Defibrillators using biphasic waveforms 
require less energy to defibrillate than monophasic 
waveforms. Lee found that dogs required 30% less 
energy for defibrillation using a biphasic waveform than 
a monophasic waveform.31 The probability of successful 
defibrillation increases as the energy dose increases, but 
the risk of injury also increases. Babbs found that the 
median effective dose for monophasic defibrillation in 
dogs weighing an average of 14 kg was 1.5 J/kg. The 
median dose required to cause injury was 30 J/kg and 
the median lethal dose was 470 J/kg.32 Although the dif
ference between the median effective dose and the 
median dose causing injury seems very large there is an 
overlap between the dose some patients may require for 
defibrillation and a dose that will injure some patients. 
Examination of the dose–response curves published by 
Babbs shows that the overlap occurs at about 10 J/kg in 
dogs.32 Although patients can be defibrillated at a lower 
energy using biphasic waveforms, using a biphasic defi
brillator at energy levels recommended for monophasic 
defibrillators does not appear to increase the risk of 
injury to the patient.33

The evidence from animal studies showing that 
smaller patients require less energy per kilogram than 
larger patients and that doses greater than 10 J/kg are 
likely to cause injury seem to be reflected in the 2010 
American Heart Association (AHA) guidelines.33 For 
monophasic defibrillation the recommended dose for 
adults is about 5 J/kg (360 J for a 70kg adult) while the 
dose for smaller children was 2–4 J/kg. For biphasic defi
brillation in adults the AHA recommends using the 
manufacturer’s dose. If the manufacturer’s dose is 
unknown, 200 J is recommended. The 2010 AHA guide
lines for pediatric defibrillation state that the optimal 
firstattempt energy dose for biphasic defibrillation is 
unknown. The current recommendation is to use a dose 
of 2–4 J/kg for monophasic or biphasic pediatric defi
brillation. For refractory ventricular fibrillation subse
quent doses should be at least 4 J/kg. Higher doses for 
refractory ventricular fibrillation may be considered but 
the maximum dose should not exceed 10 J/kg or the 
adult maximum dose.

Cardioversion of supraventricular tachycardia is often 
successful at low doses of 0.5–1 J/kg, although higher 
doses may be required. Cardioversion of atrial fibrilla
tion and ventricular tachycardia generally requires 
higher energy levels, starting at about 50% of the 
maximum defibrillation dose and sometimes increasing 
in a stepwise manner up to the maximum defibrilla
tion dose.

the calculated dosage for defibrillation in the same sized 
patient. The protocol for delivering the energy is similar 
to the protocol described above for defibrillation except 
that time should be taken to ensure that the synchroni
zation mode is working properly. Many modern defi
brillators will give a visual indication of what complexes 
are being recognized as QRS complexes. Additionally, as 
cardioversion is often attempted in a less acute setting 
than defibrillation it may be possible to take measures 
such as clipping the hair coat off of the thoracic cage 
and applying adhesive pads rather than using handheld 
paddles (as an additional safety measure to reduce risk 
of shocking personnel). These adhesive pads (see Figure 
18.5) can also be left on during the initial monitoring 
period in case fibrillation occurs or cardioversion is 
again required.

Energy dose selection

Selecting the proper energy dose (see also Table 18.1) is 
important to successfully terminate the arrhythmia 
while avoiding injury to the patient. One of the most 
important determinants of the proper dose is body size. 
Smaller animals can be defibrillated with smaller 
amounts of energy than larger animals. There is a strong 
correlation between body size and the energy required 
for defibrillation, but the relationship appears to be non
linear. Geddes found that external defibrillation using a 
monophasic damped sine wave required 0.73 × BW1.52 
joules.29,30 The nonlinear relationship between size and 
dose means that smaller animals would be expected to 

Figure 18.5 Adhesive ECG/external-pacing/defibrillator pads 
can be placed in advance if a patient is at increased risk of devel-
oping ventricular fibrillation or requires external cardiac pacing. 
These same pad types are shown in place on a patient in Figure 
18.1.
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decrease the defibrillation threshold include sotalol and 
betablockers. In studies that investigated the effects of 
medications on defibrillation threshold, the effects were 
more pronounced with monophasic waveform defibril
lators than the more modern biphasic defibrillators. 
This suggests that the contributions of concurrent medi
cations on successful defibrillation may be less clinically 
important if using a biphasic defibrillator.

Patient care in the postcardioversion or 
postdefibrillation period

The care for postcardioversion patients will be depen
dent on the severity of illness present prior to cardiover
sion. If the patient was in congestive heart failure prior 
to cardioversion, then continued care for this syndrome 
will likely be required. If the patient was predominantly 
exhibiting signs of forward failure, these may abate post
cardioversion; however, significant morbidity secondary 
to reperfusion injury may necessitate ongoing care for 
some time. Continued monitoring of perfusion param
eters and cardiac rhythm are indicated until the patient 
is deemed stable. Many patients undergoing emergency 
defibrillation will require extensive monitoring and care 
following a return to spontaneous circulation. Standard 
postresuscitation protocols should be followed and are 
covered elsewhere in this text. In addition, care may be 
required for surface wounds as a result of the defibrilla
tor use.
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19
Temporary cardiac pacing

Craig Cornell

Cardiac pacemakers maintain cardiac function in 
patients whose hearts have slowed or stopped beating. 
Artificial pacemakers were developed by people who 
observed the tragic and premature deaths of patients 
whose hearts were capable of contraction, but lacked the 
stimulus to initiate a heartbeat. Techniques for artifi-
cially stimulating a heartbeat have been known for hun-
dreds of years. Luigi Galvani used electricity to stimulate 
muscular contraction in the eighteenth century1 and 
William Harvey used his finger to pace the heart of a 
dove in the seventeenth century.2 It was not until the 
twentieth century that devices were developed that 
could stimulate or “pace” the heart in a reliable manner, 
and it is only in the last 40 or 50 years that artificial 
pacemakers have been practical. Transcutaneous cardiac 
pacing was one of the first types of temporary pacing to 
be used clinically. Although it was first used in the 
1950s,3 it only became truly practical in the early 1980s 
after the design was improved to reduce the associated 
discomfort associated with its use to a more tolerable 
level.4 Transvenous, epicardial, percutaneous transmyo-
cardial, and transesophageal pacing techniques were 
subsequently developed. Because dogs were used as 
research subjects, development of techniques for pacing 
the canine heart usually preceded the techniques’ intro-
duction in people. The first clinical use of an implant-
able pacemaker in a dog occured relatively early in the 
history of artificial pacing, in 1967. With the aid of the 
pacemaker that dog lived to the age of 16.5

Permanent and temporary pacing techniques are used 
in different ways. Permanent implantable pacemakers 
are used for long-term therapy of bradyarrhythmias. 
Temporary pacemakers are used for emergency treat-
ment of bradyarrhythmias and as a prophylactic measure 

in patients that are at risk of developing a serious brady-
arrhythmia. Temporary pacing can also maintain a 
normal heart rhythm until the patient recovers from a 
reversable cause of a bradyarrhythmia or until a perma-
nent pacemaker is implanted. In general, temporary 
pacing techniques are used only for a few hours to a  
few days.

An artificial electrical pacing system consists of two 
major components: a generator and an electrode. The 
generator controls the frequency and strength of the 
electrical stimulus, and in some cases senses the intrinsic 
electrical activity of the patient’s heart. In dual-chamber 
pacing, in which separate electrical signals are sent to  
the atria and the ventricles, the generator also controls 
the delay between the atrial and ventricular stimuli. The 
electrode delivers the electrical stimulus to the heart.

Indications for temporary pacing

Temporary pacing is the therapy of choice for emer-
gency treatment of hemodynamically unstable patients 
with any of the dysrhythmias listed in Table 19.1. Tem-
porary pacing is useful as a prophylactic measure for 
support of asymptomatic bradyarrhythmic patients that 
require anesthesia. Anesthesia has been observed, in 
both human and veterinary medicine, to exacerbate pro-
foundly the severity of bradyarrythmias in some indi-
viduals, and patients are sometimes referred for specialist 
care after an anesthesia-exacerbated bradyarrhythmia 
prevented completion of a surgical procedure. Since 
implantation of a permanent pacemaker usually requires 
general anesthesia, temporary pacing is useful during 
implantation to maintain a normal heart rate until the 
permanent pacemaker is functional.
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thoracic pacing. Thump pacing, percussion pacing, fist 
pacing, and manual external pacing have all been used 
by different authors to describe pacing accomplished by 
striking the chest wall or heart. Transesophageal pacing 
is often called transesophageal atrial pacing (TAP). The 
technique of using a needle to insert a pacing lead into 
the ventricular chamber has been called transthoracic 
pacing, transmyocardial pacing, and percutaneous trans-
thoracic pacing.

In this review, temporary pacing techniques are 
defined as follows: Placing a pacing electrode into  
the right ventricle by way of a vein is temporary trans-
venous pacing (see Fig. 19.1a). Pacing using adhesive 

Table 19.1 Dysrhythmias for which temporary pacing is the 
therapy of choice for emergency treatment of hemodynamically 
unstable patients

Third-degree AV block
Second-degree AV block
Persistent atrial standstill
Sick sinus syndrome
Sinus arrest
Sinus bradycardia that does not respond to drug therapy
Asystole

Figure 19.1 Schematics depicting different methods of tempo-
rary cardiac pacing: (a) temporary transvenous pacing; (b) trans-
cutaneous pacing; (c) temporary epicardial pacing.

Jugular Vein

Temporary Transvenous Pacing

(a)

(c)

Transcutaneous Pacing

(b)

Temporary Epicardial Pacing 

Some patients with bradyarrhythmias also have con-
comitant tachyarrhythmias. In this situation the clini-
cian is faced with a dilemma, as many antiarrhythmic 
drugs used to treat tachyarrhythmias can increase the 
severity of the bradyarrhythmia. Prophylactic tempo-
rary pacing can prevent life-threatening bradycardia 
during antiarrhythmic therapy on a short-term basis or 
during implantation of a permanent pacemaker when 
long-term antiarrhythmic therapy will be required to 
control a tachyarrhythmia.

Patients with right or left bundle branch block can 
develop complete bundle branch block (and subsequent 
life-threatening bradyarrhythmia) during a procedure 
that has the potential to damage the functional bundle 
branch. A good example of this would be a patient with 
left bundle branch block who also requires catheteriza-
tion of the right ventricle or pulmonary artery for 
balloon valvuloplasty to treat pulmonic stenosis. The 
right bundle branch is smaller and more prone to injury 
than the left, and patients requiring right heart catheter-
ization frequently develop right bundle branch block. 
Temporary pacing may also be indicated in patients 
about to undergo a procedure that risks damage to  
the sinus node, atrioventricular (AV) node, or bundle  
of His.

A note on terminology

Anyone reviewing the literature on temporary pacing 
will discover that the terms used to describe different 
types of pacing are varied and often confusing. Trans-
thoracic pacing, for example, has been used to describe 
three different techniques: electrodes placed on the skin 
of the chest, electrodes passed through the chest wall 
and sutured to the epicardium, and electrodes inserted 
through the chest wall and ventricular wall and contact-
ing the endocardium. Temporary transvenous pacing is 
sometimes referred to as temporary endocardial pacing. 
Transcutaneous pacing is sometimes known as external 
pacing, noninvasive pacing, or transthoracic pacing. 
Temporary epicardial pacing has also been called trans-
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electrodes placed on the skin on the chest is transcuta-
neous pacing (see Fig. 19.1b). Transesophageal pacing 
uses an electrode inserted in the esophagus. Striking the 
precordium with the fist is thump pacing. A pacing 
electrode inserted percutaneously into the right or left 
ventricle is transthoracic pacing. Temporary epicardial 
pacing uses detachable electrodes attached to the epicar-
dium and passed through the chest wall during a thora-
cotomy (see Fig. 19.1c).

Types of temporary pacing

The ideal temporary pacing system would possess the 
following characteristics: it would be able to be applied 
quickly, it would be minimally invasive, it would have a 
low risk of causing serious injury to the patient, and it 
would not cause discomfort while it is being used. While 
several different types of temporary pacing are available 
to the clinician, no single technique meets all of these 
requirements (see Table 19.2). Transvenous and trans-
cutaneous pacing are the most commonly used tech-
niques. Other pacing techniques are used much less 
frequently, often in specific situations such as after tho-
racotomy has been performed for cardiac surgery.

Temporary transvenous pacing

Temporary transvenous pacing is one of the most reli-
able and frequently used types of temporary pacing. The 
technique is relatively safe and reliable and it is practi-

cally the only technique that allows both electrode inser-
tion and pacing in a conscious patient. It is also one of 
a few techniques that can be used to pace patients for a 
day or more. With appropriate catheters and pacing gen-
erators, transvenous AV sequential pacing or ventricular 
(such as VDD) pacing can be accomplished.

Insertion of a transvenous temporary pacing lead can 
be performed without general anesthesia. The patient 
should be prepared for the procedure by administering 
appropriate sedative drugs if indicated. Continuous 
monitoring of ECG, pulse, and blood pressure is useful 
to detect hypotension or severe bradycardia.

Several factors should be considered when selecting 
the site for inserting the pacing lead. Although vascular 
anomalies are uncommon (in the author’s experience 
about 1% or 2% of patients), they can complicate inser-
tion of the pacing lead.6 One of the most frequently 
encountered anomalies is a persistent left cranial vena 
cava. This anomaly makes it very difficult to insert the 
pacing lead into the ventricle via the left jugular vein. If 
the temporary pacemaker is to be used to support the 
patient during permanent pacemaker implantation, it 
may be useful to save the right jugular vein for the per-
manent pacing lead. The right jugular vein is usually 
easier to use if the person inserting the permanent lead 
is right handed, and the right jugular vein is less likely 
to be associated with a vascular anomaly such as persis-
tent left cranial vena cava. The right or left lateral saphe-
nous veins often can be used for insertion of a temporary 
pacing lead. The saphenous vein may be too small to 

Table 19.2 Characteristics of different modes of temporary cardiac pacing

Transvenous Transcutaneous Transesophageal Thump Transthoracic Epicardial

Anesthesia 
required for lead 
placement

Usually only local 
anesthesia 
needed

No Yes No leads 
needed

Technique should 
not be used if 
conscious

Yes

Anesthesia 
required when 
pacing

No Yes Yes Usually 
yes

No No

Atrial pacing Yes No Yes No No Yes

Ventricular pacing Yes Yes Usually no Yes Yes Yes

Dual chamber 
pacing

Yes, with multiple 
or special 
electrodes

No No No No Yes, with 
multiple 
electrodes

Easy to start in 
an emergency

No Yes, although the 
need to clip hair 
delays pacing

Yes Yes Yes No
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Figure 19.2 Some transvenous pacing catheters have a balloon 
at the tip. When inflated, blood flow helps direct the catheter 
appropriately by pulling the balloon across the tricuspid valve 
into the right ventricular apex.

Figure 19.3 An ECG can be used to determine the location of 
the pacing lead by observing the polarity and amplitude of the 
P waves and QRS complexes. Note that as the pacing lead reaches 
the right ventricular apex the P wave appears large and positive, 
and ventricular depolarization appears as a large negative 
complex.
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accommodate an introducer for a 4-Fr temporary pacing 
lead in dogs weighing less than 10 or 15 kg. In some very 
large dogs a 110-cm pacing lead may be unable to reach 
the right ventricle from a saphenous vein. Bulmer7 
described a technique for inserting an introducer in the 
femoral vein. Once the insertion site has been selected 
the fur should be clipped and the skin aseptically pre-
pared. The patient should be protected from electrical 
hazards to avoid microshock.

A percutaneous introducer sheath with a hemostasis 
valve or a special over-the-needle catheter with or with-
out a hemostatsis valve is used for venous access. Obvi-
ously, it is important to be sure that the catheter or 
introducer can accommodate the pacing lead. The intro-
ducer sheath is inserted using the Seldinger technique 
and secured. The pacing lead is then inserted through 
the introducer.

Prior to inserting the pacing lead, one should inspect 
and test the equipment. For instance, some transvenous 
pacing catheters have a balloon at the tip (see Fig. 19.2). 
When inflated, blood flow helps direct the catheter 
appropriately by pulling the balloon across the tricuspid 
valve into the right ventricular apex. Balloon integrity 
should be tested prior to catheter insertion. The easiest, 
most reliable way to insert a transvenous pacing lead is 
by using fluoroscopy to direct the lead. It is possible to 
use other methods to determine the location of the 
pacing lead. An ECG recorded from the catheter tip can 
be used to determine the loction of the pacing lead by 
observing the polarity and amplitude of the P waves and 
QRS complexes (see Fig. 19.3). Bing8 described the tech-
nique in man, and Moïse described the technique in 

dogs.9 Baird10 described a technique in which the pacing 
generator is turned on while the lead is inserted. The 
stimulus from the pacing lead causes muscular contrac-
tions to show the location of the electrode. Observation 
of the ECG, using standard limb leads, will show when 
the atrium or ventricle is being paced. Echocardio-
graphy has also been used to assist in determining the 
location of the pacing lead.11–13 See Protocol 19.1 for 
detailed instructions on temporary transvenous pace-
maker placement.

Transcutaneous pacing

Transcutaneous pacing is particularly well suited for 
emergency use and for prophylactic use in situations 
where there is a risk of developing bradyarrhythmias. 
Transcutaneous pacing was one of the first pacing  
techniques developed, having first been used in 1952.3 
It was not until improvements in electrode design  
and pulse duration were introduced in the 1980s  
that the use of transcutaneous pacing became wide-
spread. Many modern defibrillators designed for emer-
gency use now also include a transcutaneous pacing 
function.

The procedure for pacing is relatively simple. Once 
adhesive electrodes are applied to the appropriate  
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Protocol 19.1 Placement of a temporary transvenous pacemaker

Items Required
• Fluoroscope or electrocardiogram [ECG] to determine location of the electrode
• 2% lidocaine solution in syringe with needle
• Percutaneous introducer kit, or a suitable intravenous (IV) catheter and an access port
• Temporary pacing lead
• Pacing generator with fresh batteries
• Sterile scalpel, scissors, needle driver, thumb forceps
• Suture
• Sterile surgical drapes
• Sterile sponges
• Sterile gloves
• Bandage material
• Assistants
• Patient monitoring equipment (ECG, blood pressure monitor)

Procedure: Introducer placement
1. Collect necessary supplies.
2. Select insertion site, position patient appropriately, and place monitoring equipment.
3. Clip fur at least 5 cm (2 inches) in all directions from planned insertion site and aseptically prepare the skin. Inject local 

anesthetic agent (<0.5 mL 2% lidocaine) subcutaneously around the point of insertion.
4. Perform hand hygiene, don sterile gloves, and drape the sterile insertion field.
5. Use a scalpel blade to cut a small hole completely through the skin.
6. Insert an intravenous catheter into the vein. This catheter must be large enough to allow a guide wire to pass through it.
7. Pass the guide wire through the intravenous catheter and into the vein. Remove the intravenous catheter while keeping the 

guide wire in the vein.
8. Insert the tapered dilator into the sheath and pass the dilator and sheath over the guide wire.
9. Dilate the vein and insert the introducer: Push the dilator and sheath over the guide wire through the hole in the skin, 

through the wall of the vein, and into the lumen of the vein. Remove the dilator and guide wire from the introducer sheath, 
leaving the introducer in the vein.

10. Suture the introducer to the skin. Check to see that there is no leakage from the port of the hemostasis valve on the 
introducer.

11. Cover the opening on the hemostasis valve to maintain sterility.

Procedure: Pacing lead placement through introducer
1. If the electrode catheter does not have a bend in the tip, form one to facilitate passage into the right atrium.  Most catheters 

are packaged to produce this bend, but the bend may be lost if the catheter has been resterilized.
2. Lead introduction:

a. If the introducer is in the jugular vein, insert the lead through the access port, jugular vein, cranial vena cava, right atrium, 
tricuspid valve, and right ventricle until it contacts the right ventricular endocardium.

b. If the introducer is in the lateral saphenous vein, insert the lead through the access port, saphenous vein, femoral vein, 
caudal vena cava, right atrium, tricuspid valve, and right ventricle until it contacts the right ventricular wall. Sometimes 
resistance is encountered as the lead reaches the inguinal region. Abduction of the leg usually allows the lead to pass.

3. For bipolar leads, connect the negative terminal of the generator to the distal electrode on the lead and the positive terminal 
of the generator to the proximal electrode of the lead.

4. Set the rate on the generator and increase the strength of the stimulus until it captures the ventricle (produces a ventricular 
complex on the ECG and a palpable pulse).

5. Adjust the sensitivity to recognize intrinsic beats. Avoid setting the pacemaker so that it senses T waves, P waves, shivering, or 
other artifacts that may inhibit pacing.

6. Secure the lead to the access port.
7. Protect the access port with a bandage.

ECG, electrocardiogram; IV, intravenous.
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trode on the right side of the chest was not critical but 
a distinct window for optimal pacing corresponded with 
placement of the negative electrode over the apex beat 
on the left side of the chest (see Fig. 19.5). It should be 
noted that this window coincides with the optimum 
window for defibrillation,18 so pacing electrodes may 
prevent optimal placement of defibrillation electrodes. 
DeFrancesco et al.16 found that the optimal location for 
electrode placement was directly over the precordial 
impulses on the left and right hemithoraces. The nega-
tive electrode was placed on the left side near the sternum 
and the positive electrode was placed on the right side 
more dorsally. Lee et al.15 tested several different elec-
trode configurations and found that the most effective 
position was with the electrode centered on the costo-
chondral junction of the sixth rib on the right and left 
hemithoraces. Unfortunately the authors did not indi-
cate the polarity of the electrodes. The studies performed 
by Geddes, DeFrancesco, and Lee all seem to be describ-
ing the same location for the optimal placement of  
the electrode on the left side of the thorax. Perhaps 
because placement of the right electrode is less critical, 
the three studies found similar but slightly different 
optimal locations for the electrode on the right side. 
DeFrancesco used the right precordial impulse, Lee used 
the costochondral junction on the sixth rib, and Geddes 
found that for most but not all dogs the right electrode 
should be more cranial than the left. Falk et al.19 tested 
the pacing threshold in humans for three electrode  
configurations: (1) the negative electrode placed in the 

location on the shaved skin of the thorax, pacing can 
begin. Proper application of the electrodes is important 
for successful pacing. The size of the electrode, how well 
it is in contact with the patient’s skin, its location on the 
patient, and the electrode’s polarity are important factors 
that influence the ability to capture the heart. Figure 
19.4 shows an example of electrode patches used for 
transcutaneous pacing.

Transcutaneous pacing electrode location
Several studies regarding electrode size and placement 
have been published.14–17 Geddes et al.14 mapped the tho-
races of 18 dogs and determined that the positive elec-

Figure 19.4 Transcutaneous pacing electrode patches.

Figure 19.5 Map of the canine chest showing optimal transcutaneous pacing window.
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comfort associated with transcutaneous pacing. People 
report that minor skin nicks or cuts greatly increase 
discomfort.

Electrocardiographic electrodes must be attached to 
the pacing electrodes so that the patient’s intrinsic QRS 
complexes can be sensed by the pacemaker. It may be 
necessary to try different leads in order to sense the QRS 
complexes properly. Asynchronous pacing, in which the 
pacemaker does not stop in response to the patient’s 
own heartbeats, may be used with little risk to the 
patient20,21 if the pacemaker is being inhibited by arti-
facts or does not sense the QRS complexes.

Pacing is initiated by selecting the desired heart rate 
and increasing the strength of the stimulus until the 
ventricle is captured. The pacemaker will also cause con-
traction of the muscles in the chest, which will cause the 
patient to move. The stimulus can also lighten the plane 
of anesthesia. See Protocol 19.2 for detailed instructions 
on transcutaneous cardiac pacing.

left parasternal location and the positive electrode placed 
in the lower right scapular border; (2) the negative elec-
trode placed in the left parasternal location and the posi-
tive electrode placed in the lower left scapular border; 
and (3) the negative electrode placed at the apex and the 
positive electrode placed in the right parasternal region. 
Falk found little difference in the pacing threshold using 
either of these electrode configurations, but he found 
that electrode polarity is critical and that reversing the 
polarity can result in extremely high capture thresholds 
or result in failure to capture. Most manufacturers seem 
to use electrode configurations similar to those used by 
Falk. Manufacturers use diagrams to indicate how the 
electrodes should be placed on a human patient. In 
many cases they do not indicate the polarity of the elec-
trode. Normally, the electrode that would be placed in 
the left parasternal or left anteriolateral (apex) position 
on a human should be placed on the dog’s left side over 
the apex. The electrode placed in the right parasternal 
or the posterior position in a human should be placed 
on the dog’s right side.

Transcutaneous pacing electrode size
Optimal electrode size appears to be weakly correlated 
to body size.14 DeFrancesco et al.16 used adult pacing 
electrodes. Lee15 found that for beagles the optimal elec-
trode size was 4 × 5 cm (20 cm2). Geddes14 found that 
there was little advantage in using electrodes greater 
than 5 cm in diameter in dogs. Both ZOLL Medical and 
Physio Control recommend using pediatric electrodes 
for patients less than 15 kg.

Other transcutaneous electrode 
considerations
To function properly the electrodes must make good 
contact with the skin. The skin should be clean and free 
from hair so that the adhesive on the electrode patches 
adhere well. DeFrancesco et al. recommended using 
ECG paste and an elastic bandage to hold the electrode 
in place. Multifunction electrode patches may be advan-
tageous in dogs if there is a significant likelihood that 
defibrillation will be required, because the optimal 
pacing and defibrillation windows on the dog are nearly 
identical.18

Performing transcutaneous cardiac pacing
All of the steps required to prepare for pacing can be 
performed with the patient awake, but before any elec-
trical stimulus can be applied the patient must be anes-
thetized. Conscious animal patients will not tolerate 
transcutaneous pacing because of pain. The need to 
shave the thorax in animals probably increases the dis-

Protocol 19.2 Transcutaneous cardiac pacing

Items Required
• Transcutaneous pacing generator
• Pacing electrode patches
• Clippers
• ECG electrodes

Procedure
1. Prepare to monitor the ECG, pulse, and blood pressure.
2. Collect necessary supplies.
3. Select adult or pediatric electrode patches based 

on body size, remembering that if the patch is not 
designed for defibrillation, it may interfere with 
defibrillation.

4. Clip fur from planned electrode site. Avoid abrading or 
cutting skin.

5. Place the electrode on the right hemithorax directly 
over the precordial impulse. Place the electrode on the 
left hemithorax directly over the precordial impulse.

6. Inspect the electrode to be sure there is complete 
contact with the skin.

7. Turn on the machine.
8. Connect the ECG electrodes. A good ECG tracing is 

required for demand pacing. The QRS complex should 
stand out in relation to the T and P waves.

9. Anesthetize the patient if not already unconscious.
10. Determine if the pacemaker is sensing intrinsic beats 

for demand pacing. Set the desired pacing rate.
11. Adjust the output of pacing generator until the ventricle 

is captured (ventricular complexes appear on the ECG 
and pulses are produced).
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It is important to recognize that the use of precordial 
thumps for the treatment of bradyarrythmias is much 
safer and more effective than the use of a thump for 
treating tachyarrhythmias. The American Heart Associa-
tion’s 2005 cardiopulmonary resuscitation (CPR) guide-
lines only mention the use of a single precordial thump 
as a technique for termination of ventricular tachycardia 
or ventricular fibrillation, not for bradyarrhythmias. The 
American Heart Association found only limited evidence 
regarding the effectiveness of a precordial thump in treat-
ing tachyarrhythmias and made no recommendation for 
or against its use.28 Since the 2005 guidelines were pub-
lished other studies have been published that suggest that 
a single precordial thump is ineffective in converting 
ventricular tachyarrhythmias.29,30 Reexamination of evi-
dence that supports thump pacing has led to the inclu-
sion into newer resuscitation guidelines of thump or fist 
pacing for emergency treatment of bradycardia caused 
by complete AV block when electrical pacing is not avail-
able.26,31 Based on the Consensus on Science and Treat-
ment Recommendations of the International Liaison 
Committee on Resuscitation, the European Resuscita-
tion Council (in 2005) incorporated percussion pacing 
into its advanced life support guidelines.31

Fist pacing requires less effort than chest compres-
sion, and hemodynamically fist pacing is just as effective 
as transcutaneous or transvenous pacing.32 The force 
required to stimulate a heartbeat with fist pacing is 
much less than that required to produce an adequate 
pulse using chest compression. This makes thump 
pacing easier, less tiring to perform, and less likely to 
cause injury than chest compression. The 2005 Ameri-
can Heart Association CPR guidelines recommend a 
1.5- to 2-inch depression of the sternum for effective 
chest compression, which requires a force of 100–125 
pounds. This amount of force frequently causes rib frac-
tures in human patients and is extremely tiring for the 
individuals performing CPR.33–35 Zeh36 found that the 
required mechanical energy for fist pacing in people is 
approximated by allowing the ulnar side of the fist to fall 
from a height of 20–30 cm above the chest. Zoll25 exam-
ined the technique in dogs and humans and found that 

Temporary epicardial pacing

Temporary epicardial pacing is a specialized technique 
that is generally used in patients recovering from cardiac 
surgery. Temporary epicardial pacing allows more flex-
ibility in where the electrode(s) can be located and the 
mode of pacing than any other temporary pacing tech-
nique. The electrodes used for temporary epicardial 
pacing are thin and resemble wire suture. They have 
needles on both ends; one end of each electrode is 
attached to the heart, while the other end passes through 
the chest wall and skin and is connected to a pacing 
generator. The surgeon usually decides where the elec-
trodes will be placed. Since several electrodes (etc.) may 
be used, it is important to identify the function of each 
lead. The pacemaker is operated by inserting the elec-
trode into the appropriate connector on the generator. 
The pacing leads should be secured to the patient’s body 
so that the leads will not be pulled out if the patient 
moves or the generator is dropped. When pacing is no 
longer needed the electrode is designed to be removed 
by gently pulling on it. A 2007 review22,23 provides a 
more detailed description of the technique.

Thump pacing

Mechanical force applied to the heart or precordium has 
a long history of being used to treat bradyarrhythmias. 
Anyone working in the operating room during thoracic 
or cardiac surgery has probably had an experience 
similar to that of Paul M. Zoll, a major figure in the 
history of pacing and defibrillation. During heart surgery 
on wounded soldiers during World War II, Zoll observed 
that the heart was sensitive to manipulation and that 
even a light touch could stimulate a heartbeat.24 This 
observation inspired Zoll to develop artificial pacemak-
ers, including a mechanical pacemaker25 that was used 
in dogs and over 100 people.4 Nevertheless, the tech-
nique of “thump” or “fist” pacing, which use a series of 
thumps to the precordium to maintain a physiological 
heart rate, is still not well known. Several authors have 
described it as an almost forgotten technique.26,27

Figure 19.6 Every QRS complex on this ECG tracing was initiated by a thump delivered to the chest. Each QRS produced a pulse 
wave that could be seen on a direct arterial pressure monitor.
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Transesophageal pacing is indicated when drug therapy 
is not effective in treating sinus bradycadia, sinus block, 
or sinus arrest, particularly during anesthesia. These 
bradyarrhythmias are often caused by sick sinus syn-
drome, or by the use of cholinergic or beta-blocking 
drugs. Generators used for transesophageal pacing typi-
cally do not have a sensing function and only operate in 
asynchronous mode (they provide electrical stimulation 
regardless of the patient’s intrinsic cardiac electrical activ-
ity). Transesophageal pacing can cause movement by 
stimulating muscular contraction. See Protocol 19.3 for 
instructions on transesophageal cardiac pacing.

Transthoracic pacing

Until the 1980s it was difficult and time consuming to 
begin and maintain pacing in an emergency. Transve-
nous pacing was theoretically posible but it is difficult 
to establish venous access and to guide a pacing lead into 
the ventricle during CPR. Fluoroscopy is unlikely to be 
available and flow-directed catheters or ECG guidance 
is useless if the patient is in asystole. It probably occured 
to someone that if intracardiac injection of drugs was 
possible, it might also be possible to insert a pacing 
electrode into the ventricle through the needle. The use 
of percutaneously inserted pacing electrodes dates back 
to at least 1958. Although the risk of injury associated 
with transthoracic pacing is significant, it could be 
started much more quickly in an emergency than trans-
venous pacing, and if the alternative is death, great risks 
may be justified.

Gessman39 demonstrated the use of the technique 
experimentally in 24 dogs using a subxiphoid and para-
sternal approach. Although no acute deaths occured, 
examination after euthanasia showed significant com-
plications, including hemothorax, hemopericardium 
without tamponade, and laceration of a coronary vein. 
By 1981 the Electro-Catheter Corporation reported that 
40,000 transmyocardial pacing kits were in use in more 
than 1000 hospitals40; 1981 was also the year that Zoll 
introduced an improved transcutaneous pacemaker. The 
reliability and comfort of noninvasive transcutaneous 
pacing techniques began to improve in the 1980s and 
quickly supplanted transthoracic pacing. Today trans-
thoracic pacing is largely obsolete, and the equipment 
needed to perform the technique is difficult to obtain. 
However, it is possible to improvise an introducer and 
electrode. Roberts40 described a method to make a pacing 
electrode using a 20-gauge spinal needle and 4-0 stainless 
steel suture wire. The electrode kit manufactured by 
Electro-Catheter Corp contained a blunt-tipped, 18-
gauge, 6-inch cannula with a trocar-tipped obturator, a 
34-cm × 0.97-mm “J” tipped bipolar pacing electrode, 

the force required to stimulate a heartbeat was 0.04–0.7 
joules in dogs and 0.04–1.5 joules in people. The human 
subjects were able to tolerate the stimuli at this level and 
complained of severe discomfort only when the stimuli 
was increased to 2–3 joules. If the thorax is open and the 
heart has been exposed, a light flick of the finger is 
usually all that is needed to stimulate a beat.

The author was able to use thump pacing to maintain 
normal heart rate and blood pressure in a large dog for 
10 minutes while a temporary transvenous pacing lead 
was inserted. In the ECG shown in Figure 19.6, every QRS 
complex was initiated by a thump delivered to the chest. 
Each QRS produced a pulse wave that could be seen on a 
direct arterial pressure monitor. The heart rate dropped 
precipitously whenever thump pacing was stopped.

Transesophageal pacing

Transesophageal pacing has not been widely used or 
extensively studied in clinical veterinary medicine, but the 
technique has been used successfully in dogs in research, 
and a device, promoted for use in veterinary medicine, 
was on the market in the 1980s (Stat-Pace II Model V, 
Seecor Inc. Fort Worth, TX). Transesophageal pacing is 
minimally invasive and can be initiated quickly in an 
emergency. The transesophageal method paces the atria, 
but unfortunately, it does not reliably pace the ventricles. 
Therefore, if the bradyarrhythmia is due to AV block or 
complete bundle branch block another type of pacing 
should be used. Two recent reports37,38 on the use of trans-
esophageal pacing in dogs found that it was impossible to 
capture the ventricle with any electrode position or stim-
ulus strength, but it was possible to capture the atrium. 

Protocol 19.3 Transesophageal cardiac pacing

Items Required
• Transesophageal pacing generator
• Transesophageal pacing lead
• Electrocardiograph

Procedure
1. Collect necessary supplies.
2. Anesthetize the patient.
3. Attach the ECG to the pacing electrode catheter.
4. Insert the pacing electrode catheter into the esophagus 

until it reaches a point close to the atrium. It is assumed 
that the electrodes are closest to the atrium when the 
ECG shows maximum amplitude of the P wave.

5. Set the desired pacing rate.
6. Adjust the output of the pacing generator until the 

atrium is captured (complexes appear on the ECG and 
pulses are produced).
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pacing when they occur. Some pacemakers are able to 
pace both the atrium and the ventricle, while some  
pace only one or the other. Dual chamber pacing may 
improve hemodynamic function compared with ventric-
ular pacing. Temporary pacing generators that are 
designed for electrodes that directly contact the endocar-
dium or epicardium can be used for transvenous, epicar-
dial, or transmyocardial pacing. Transesophageal and 
transcutaneous pacing require much stronger stimuli to 
capture the heart; both the amplitude and the duration 
of the output pulse are much larger than that required for 
electrodes that directly contact the heart (see Fig. 19.7). 
Generators designed for transesophageal or transcutane-
ous pacing should not be used for any other type of 
pacing. Some pacemakers allow more sophisticated func-
tions than the basic ones described below.

Output pulse
Output is the strength of the stimulus (output pulse) 
delivered to the heart. Output is usually measured in 
milliamperes (mA) but some manufacturers measure 
output in volts. The amplitude of the stimulus required 
varies with the type of pacing (see Fig. 19.7). Transcu-
taneous pacing requires the strongest stimulus and 
transvenous or epicardial pacing requires the lowest 
amplitude. The ability to capture the ventricle is a func-
tion of duration of the stimulus as well as its amplitude. 
Longer duration stimuli can achieve capture at a lower 
output than shorter stimuli. Similar to their pulse ampli-
tude requirements, transcutaneous pacing uses the 
longest duration pulse and transvenous pacing uses the 
shortest duration pulse. The output required for capture 
is also affected by the area of the pacing electrode, its 
location in relation to the heart, drug therapy, and serum 
electrolyte concentrations.

Protocol 19.4 Transthoracic (transmyocardial) 
cardiac pacing

Items Required
• Transmyocardial pacing kit or equivalent improvised 

equipment
• Pacing generator
• Electrocardiograph
• Sterile gloves

Procedure
1. Transmyocardial pacing is generally only performed in 

extreme life-threatening situations, when the patient is 
unconscious.

2. Collect necessary supplies.
3. Ideally the area where the needle will be inserted 

should be clipped and aseptically scrubbed.
4. Perform hand hygiene and don sterile gloves.
5. Insert the needle percutaneously into either the left or 

right ventricular chamber. Use ultrasound guidance, or 
insert blindly in the fifth intercostal space.

6. Remove the obturator from the needle and insert the 
curved end of the pacing lead.

7. Once the curved portion of the pacing lead is inside the 
ventricle the needle is withdrawn, leaving the pacing 
lead in place.

8. Use the adapter to connect the lead to the generator. 
The distal portion of the lead should be connected to 
the negative pole of the pacing generator.

9. Set the desired pacing rate on the generator.
10. Adjust the output of the pacing generator until the 

ventricle is captured (ventricular complexes appear on 
the ECG and pulses are produced).

11. Determine if the pacemaker is sensing intrinsic beats 
for demand pacing.

Figure 19.7 Graphic representation of strength and duration of 
pacing impulses provided by different types of pacemakers.
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and an adapter that is used to connect the electrode to 
a pacing generator. With the obturator in place, the 
cannula is inserted into the right ventricle. The obturator 
is removed and the pacing electrode is inserted. A plastic 
sleeve that can be used to straighten the “J” tip of the 
electrode to facilitate insertion is included in the kit. The 
“J” tip is designed to help keep the electrode in the ven-
tricle. Once the electrode tip is inside the ventricle the 
cannula is removed and the electrode can be connected 
to the pacing generator. Transthoracic pacing should 
only be considered in extreme life-threatening situations, 
when safer options have failed or are unavailable. See 
Protocol 19.4 for instructions on transthoracic pacing.

Pacing generators and their operation

Pacing generators provide the electrical stimulus that ini-
tiates a heartbeat. The generator may also have the ability 
to sense the patient’s own intrinsic heartbeats and pause 
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motors in surgery tables are examples of equipment 
found in hospitals that can produce signals that may be 
detected by the pacemaker. Since the pacemaker senses 
only these signals’ amplitudes and is blind to their origins, 
if these signals exceed the pacemaker’s sensitivity setting 
they will prevent pacing. This is known as oversensing, 
which could result in periods of ventricular asystole. The 
objective in adjusting the sensitivity setting is to exceed 
the amplitude of P waves, T waves, or noise in the envi-
ronment but not exceed the amplitude of the intrinsic 
QRS. This may not be possible in every case and if the 
source of the interference cannot be eliminated, the only 
other option would be to switch the pacemaker to asyn-
chronous mode where the pacemaker will not pause 
regardless of the amplitude of the detected signal.

A–V delay
Transvenous and temporary epicardial pacing tech-
niques can be used to pace the atrium as well as the 
ventricle. During dual chamber pacing there must be a 
delay after the atrial stimulus to allow the atrial contrac-
tion to be completed before delivering the ventricular 
stimulus—this pause is called the A–V delay. This dupli-
cates the delay that normally occurs between atrial and 
ventricular contraction in the animal, and that is nor-
mally represented on the ECG as the P-R interval. In 
some patients A–V synchrony can augment stroke 
volume 25%. Ideally, the A–V delay should be adjusted 
to optimize hemodynamic function by monitoring 
changes in stroke volume or cardiac output in near-real 
time with the velocity–time integral (VTI), contour 
analysis of the pressure waveform, change in pulse pres-
sure, or continuous mixed venous oxygen saturation. If 
this is not possible, a delay of 120 ms may be used.7

Rate
The rate setting determines the interval between output 
stimuli; therefore, it determines the heart rate. Typically 
a heart rate between 60 and 100 beats per minute is used 
in dogs (with smaller dogs receiving the higher rate) and 
100 beats per minute in cats. Rapid pacing should be 
avoided because it can lead to heart failure over time.

Nursing care of the patient undergoing 
temporary pacing

The nursing care required for patients with temporary 
pacemakers depends on the type of pacing being  
performed. Patients being paced by invasive pacing  
techniques such as transvenous, temporary epicardial, 
or transthoracic pacing will need to have a dressing 
applied where the pacing catheter or wires enter the 
body. Whenever the wires or catheters are covered with 

In some cases the stimulus can be detected if it pro-
duces a pacing “spike” on the ECG. Pacing spikes vary 
in amplitude depending on the lead selected on the ECG 
and the amplitude of the stimulus. The pacemaker will 
indicate (usually by illuminating a light on the display) 
when a stimulus is being delivered. Capture means that 
the stimulus provided by the pacemaker has resulted in 
depolarization of the heart. Electrical capture is evi-
denced by a wide QRS complex if the pacing lead is in 
or on a ventricle. Mechanical capture occurs when the 
stimulus produces a pulse as well as myocardial depo-
larization. Evidence of a pacing spike that does not result 
in myocardial depolarization is known as failure to 
capture. Output settings are determined by increasing 
the amplitude until capture is just achieved and then 
increasing the strength 1.5–3 times the threshold. Exces-
sive output settings increase the discomfort associated 
with transcutaneous or transesophageal pacing and can 
also result in increased risk of movement caused by skel-
etal muscle contraction, pacing the diaphragm, and 
causing burns of the skin or esophagus.

Sensitivity
The pacing generators currently available for transvenous 
or transcutaneous pacing have the ability to detect electri-
cal activity that originates in the the heart (intrinsic beats) 
and pause artificial pacing when intrinsic depolarizations 
occur. The transesophageal pacing generators currently 
available only operate in asynchronous mode (they do not 
sense intrinsic electrical activity). The sensitivity function 
is important because a stimulus delivered during certain 
phases of the heartbeat can cause ventricular fibrillation, 
although the risk of this occurring due to pacing appears 
to be extremely low. The pacemaker detects intrinsic beats 
by using the pacing lead, or standard limb leads in the 
case of transcutaneous pacemakers, to measure the ampli-
tude of the QRS complex. The sensitivity control sets the 
minimum amplitude that is assumed to identify an 
intrinsic QRS complex. If, for example, the sensitivity 
control is set for 4 mV, signals that are detected with an 
amplitude of more than 4 mV are assumed to be intrinsic 
beats and will cause the pacemaker to pause. When the 
pacemaker senses an intrinsic beat it is displayed to the 
operator. The indicator is usually a light on generators 
used for transvenous pacing, or an indicator mark inserted 
over the QRS complex on the ECG display on transcuta-
neous pacing generators. The failure to detect intrinsic 
beats is called undersensing. There are other sources of 
electrical signals in the body and the environment that 
can be detected by the pacemaker. P and T waves are the 
most common. Muscular contractions produced by shiv-
ering or trembling are common sources of myopotentials 
in the body. Electrocautery units, clippers, and the electric 
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Class B equipment is designed to prevent injury if the 
equipment is attached to the patient’s skin. Class C 
equipment is designed to be safe when equipment 
breaches the skin, such as pacing leads, and CVP and PA 
catheters.42 See Box 19.1 for procedures used to prevent 
microshock in patients with pacemakers.

Monitoring the patient with a temporary 
pacemaker

One of the most important parameters to monitor is the 
patient’s pulse. Every impulse produced by the generator 
should produce a pulse, and every intrinsic beat should 
produce a pulse and be sensed by the pacing generator. 
Palpation of the apical impulse is ideal because there is 
minimal delay between mechanical capture and a pal-
pable impulse. Auscultation of heart sounds, Doppler 
pulse detection, pulse oximetry, or direct arterial pres-
sure waveform monitoring are also useful monitoring 
techniques. Although the pacing generator will indicate 
when an impulse has been delivered and when an intrin-
sic beat appears to have occurred, an ECG is required to 
determine if the generator is sensing correctly and that 
the output impulse is capturing the ventricle (or atrium). 
It is important to realize that pacing spikes can look 
similar to QRS complexes and may be interpreted as 
such by an ECG monitor, and that electrical capture 

bandages it is possible to damage or sever them when 
the bandage is being removed. It is easy to dislodge the 
electrodes used for invasive pacing, so the cables and 
generator must be secured to the patient in a way that 
avoids tension if the patient moves or the generator is 
dropped. The use of a vest with pockets for the generator 
helps secure the generator to the patient. Patients with 
invasive temporary pacemakers have a direct, low-
resistance electrical pathway to the heart, which theo-
retically puts them at increased risk of ventricular 
fibrillation or other dysrhythmia with only very small 
electrical shock impulses. In this situation, the small 
electrical impulse is called a microshock; special care is 
required to prevent it. Death due to electrical shock is 
uncommon and almost completely preventable. Staff 
who care for patients with invasive pacemakers should 
be aware of sources of microshock and how to avoid 
microshock in patients. Faulty electrical equipment, 
current leakage, and static electricity are all potential 
sources of electrical current that could cause micro-
shock.41 Many modern medical devices use symbols to 
indicate when they may be safely used (see Fig. 19.8). 

Figure 19.8 Symbols related to electrical safety. Some pieces of 
medical equipment bear symbols to indicate their safety for use 
around patients with pacemakers.

Electrocution hazard

Class B Designed to prevent macroshock

Floating circuit Defib safe

Class C Designed to prevent microshock

Floating circuit Defib safe

Box 19.1 Procedures used to prevent microshock41–44

• Identify electrically sensitive patients. Some institutions 
post a warning sign on the patient’s cage.

• Never use damaged or poorly maintained electrical 
equipment. Avoid using extention cords.

• Wear rubber gloves whenever the leads or terminals of 
the pacemaker must be touched.

• Pacing leads should always be insulated whenever they 
are not connected to a pacing generator. They should 
never be allowed to touch electrically conductive or wet 
surfaces.

• Water, urine, and other fluids can conduct electricity. Keep 
the patient and pacing equipment as dry as possible.

• Electrically powered devices that come into contact with 
patients, such as clippers, fans, and warming devices, can 
be dangerous.

• Touching a grounded metal object before touching a 
patient, and touching the patient away from the leads or 
pacemaker first, reduces the risk of microshock from static 
electricity.

• Certain modern electrical devices designed to be in 
contact with a patient will be labeled to show whether 
they are safe to use in electrically sensitive patients and 
patients who may require defibrillation. See Figure 19.8.
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a pacing spike in the QRS or T wave. See Table 19.4 for 
troubleshooting tips for undersensing.

Oversensing
Oversensing is used to describe the situation in which 
the pacemaker interprets other (nonventricular) sources 
of electrical signal as a ventricular depolarization and 
therefore fails to deliver an output impulse. During 
oversensing, the pacing generator indicates that the 
patient has produced a heartbeat. If the pacemaker is in 
demand mode, pacing will pause. The ECG will not 
show a QRS complex at the time the generator sensed a 
beat. Instead a P wave, T wave, muscle tremor, panting, 
electrocautery, or some other form of electrical interfer-
ence may be visible on the ECG. See Table 19.5 for 
methods of troubleshooting oversensing.

Table 19.3 Troubleshooting failure to capture

Transvenous electrode 
is not in contact with 
the heart.

Reposition the electrode.

Transcutaneous 
electrode is not in 
contact with the skin.

Use a bandage to hold electrode 
against the skin. Be sure skin has 
been properly prepared and use a 
new electrode.

Polarity of the 
electrode is reversed.

Check to see if polarity is correct. If 
the polarity was reversed, change 
the electrodes or connections to the 
correct configuration. It may be 
possible to capture the heart by 
increasing the output of the 
generator.

Connections are loose. Inspect and tighten connections.

Battery has failed. Replace the battery.

Output is inadequate. Increase the stimulus.

The heart cannot 
respond to stimulus.

Patient is not viable, electrolyte 
abnormality, drug overdose.

The ECG shows a QRS 
is produced by 
pacemaker but this 
does not produce a 
pulse.

Increase the output of the 
pacemaker and if this does not 
produce a pulse, treat as if the 
patient has pulseless electrical 
activity (PEA).

(electrical activity) does not always mean that mechani-
cal capture (cardiac contraction) has occurred.

The objective of pacing is to maintain adequate blood 
pressure and cardiac output, so it is important to monitor 
these functions. Cardiac output is rarely measured, but 
level of consciousness, body temperature, the tempera-
ture of the extremities, urine production, and blood 
lactate concentration can be used to monitor perfusion.

Troubleshooting

Failure to capture
The pacing indicator shows that the pacemaker has pro-
duced a stimulus. The ECG may show a pacing spike, 
but the stimulus does not produce a ventricular complex 
or a contraction (no palpable pulse). See Table 19.3 for 
recommendations on troubleshooting capture failure.

Undersensing
Undersensing is the pacemaker’s failure to detect intrin-
sic beats. The pacemaker does not recognize and is not 
pausing when intrinsic beats occur. The ECG may show 

Table 19.4 Troubleshooting undersensing

Sensitivity control is set 
too high.

Lower sensitivity setting.

Transvenous electrode is 
not in contact with the 
heart.

Reposition the electrode.

Poor-quality ECG or 
improper lead selection 
for transcutaneous 
pacing.

Remove sources of interference, be 
sure ECG electrodes are making 
good contact with the patient, and 
select a lead that produces large 
QRS complexes.

Pacemaker is set for 
asynchronous pacing.

Check setting.

Table 19.5 Troubleshooting oversensing

Electrical interference is 
present.

Identify and eliminate the 
source of the interference.

Sensitivity setting is too low. Raise the sensitivity setting.

Low-amplitude QRS complex is 
lost in noise in the lead 
selected for transcutaneous 
pacing.

Select a better lead for 
sensing.

P waves or T waves are larger 
than QRS in lead selected for 
transcutaneous pacing.

Select a better lead for 
sensing.

Generator appears to be 
sensing P waves in transvenous 
pacing.

The pacing lead may not be 
in the apex of the right 
ventricle. Reposition the 
electrode.
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Summary and manufacturer information

Temporary cardiac pacing can be a life-saving measure 
for patients with or at risk of severe bradyarrhythmia 
from multiple causes. There are many different methods 
by which temporary pacing can be applied, some of 
which are simple and relatively noninvasive considering 
the benefit. Temporary pacing has relatively few compli-
cations, most of which can be remedied with basic care 
and troubleshooting procedures.

Manufacturer information
Manufacturers of temporary pacing 
generators that can be used for transvenous, 
epicardial, or transthoracic pacing

• Galix Biomedical Instrumentation, Miami Beach, FL; 
www.galix-gbi.com

• Medtronic, Minneapolis, MN; www.medtronic.com

• Oscor, Palm Harbor, FL; www.oscor.com

• Osypka Medical, Inc., La Jolla, CA; 
www.osypkamed.com/en/

• Pace Medical, Waltham, MA; 
www.pacemedicalinc.com

• St Jude Medical, St. Paul, MN; www.sjm.com

Manufacturers of temporary pacing 
generators that can be used for 
transcutaneous pacing

• Phillips Healthcare, www.healthcare.philips.com
• Physio Control, Redmond, WA; www.physio-

control.com

• Zoll Medical, Chelmsford, MA; www.zoll.com

Manufacturers of temporary pacing 
generators that can be used for 
transesophageal pacing

• Cardiocommand, Tampa, FK; 
www.cardiocommand.com

• FIAB Medical Devices, Florence, Italy; www.fiab.it
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Oxygen therapy

Jennifer Boyle

Respiratory distress is one of the more frequently seen 
emergency presentations in veterinary medicine. Signs 
of respiratory distress include tachypnea (increased 
respiratory rate), increased respiratory effort, open-
mouth breathing, nostril flaring, lip movement with 
respiration, and cyanosis (blue color to the mucous 
membranes). Oxygen therapy is warranted initially in all 
patients with signs of respiratory distress.

Indications for oxygen supplementation

Oxygen makes up 20.9% of the earth’s atmosphere. 
Animals’ cells require oxygen for basic metabolism and 
the creation of energy. Without oxygen, the cells and 
thus the body will die.

Oxygen enters the body through the pulmonary 
alveoli, becomes dissolved in plasma, binds to hemoglo-
bin, and is carried to tissues by the cardiovascular system. 
When the airway becomes compromised or the lungs are 
not functioning properly, this process may be inter-
rupted, leading to hypoxemia (deficient oxygenation of 
the blood, defined here as a partial pressure of oxygen in 
the arterial blood [PaO2] <80 mm Hg). Most patients 
with hypoxemia have evidence of respiratory distress on 
physical examination. General causes of hypoxemia 
include hypoventilation, low inspired oxygen, ventilation/
perfusion (V/Q) mismatch, diffusion barrier impair-
ment, and right-to-left extrapulmonary blood shunting.1 
All of these conditions are likely to respond at least some-
what to oxygen therapy, except for right-to-left shunting. 
Additional conditions in which oxygen therapy may be 
beneficial include sepsis, hyperthermia, anemia, shock, 
pulmonary hypertension, seizures, and head trauma.2

For any patient in distress (respiratory or otherwise), 
oxygen supplementation should be provided immedi-
ately while assessing for a patent airway. If an upper 
airway obstruction is suspected, immediate invasive 
action such as endotracheal intubation or tracheostomy 
may be indicated to secure an airway and prevent respi-
ratory arrest (see Chapters 23 and 24 for more detailed 
information). Regardless of the underlying cause of dis-
tress, oxygen should be supplemented while the patient 
is fully examined and appropriate definitive or support-
ive therapy is performed.

Oxygen sources

Oxygen can be supplied in many different ways. For 
instance, a clinic may have centralized in-house oxygen 
or rely solely on portable oxygen tanks; a central source 
may have wall- or ceiling-mounted outlets (see Fig. 
20.1); or tanks may supply oxygen cages (see Fig. 20.2) 
or be attached to an anesthetic machine. Please see Box 
20.1 for details.

Methods of oxygen administration

It is important to provide the optimal oxygen support 
while minimizing stress. There are multiple methods of 
oxygen supplementation, including noninvasive, mod-
erately invasive, and invasive techniques.

Noninvasive techniques
Flow-by oxygen supplementation

Flow-by oxygen supplementation is the easiest method 
of oxygen administration, but it most often results in 
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depends not only on the flow rate but also on the 
patient’s resistance to having the oxygen held up to its 
face and the distance of the oxygen source from the 
airway opening. Equipment required for flow-by oxygen 
administration is listed in Box 20.2.

There are three main advantages of the flow-by 
method: it is easy and immediate, it requires minimal 
equipment, and it is generally well tolerated. The  
disadvantages are the relatively low achievable FiO2 
and that it requires constant manual application (per-
sonnel required to hold the apparatus) in the mobile 
patient.

Figure 20.1 Ceiling-mounted central oxygen supply with 
flowmeter.

Figure 20.2 Commercial oxygen cage.

Box 20.1 Oxygen sources

• Individual oxygen tanks with regulator (flowmeter)
• Anesthetic machine: The anesthetic circuit can be bypassed 

by attaching a “Y” connector to the oxygen supply before 
it enters the circle.

• Wall- or ceiling-mounted central source
• Oxygen cage

Figure 20.3 Administration of oxygen using the flow-by 
technique.

Box 20.2 Equipment required for flow-by oxygen administration

• Oxygen source with regulator (flowmeter)
 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Oxygen tubing or hose

relatively modest oxygen supplementation compared 
with other methods. The technique involves placing a 
flowing oxygen source very close (2–4 cm)1 to the 
patient’s nose or to the patient’s mouth if the animal is 
open-mouth breathing (see Fig. 20.3). Although flow-by 
oxygen supplementation is generally less stressful to the 
patient than the placement of a face mask, even at a very 
high oxygen flow rate (3–15 L/min),3 flow-by typically 
does not provide the concentration of oxygen required 
to improve oxygenation. Inspired oxygen (FiO2) of 
between 29.5% and 48% has been measured at an 
oxygen flow rate of 2 L/min,1 but true FiO2 ultimately 
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should be carefully monitored to ensure that airflow is 
not restricted and that the patient appears comfortable. 
Box 20.3 includes a list of equipment required for face 
mask oxygen administration.

There are three main advantages of the face mask 
oxygen delivery system: it is easy and effective, requires 
minimal equipment, and can achieve high FiO2. The 
disadvantages are that it may not be well tolerated and 
it requires manual application.

Oxygen bag (oxygen hood)

This technique combines the flow-by and face mask 
methods. It works well for obtunded patients because 
high concentrations of oxygen can be provided (75%–
95%)5 while all parts of the animal caudal to the 
head are exposed, allowing procedures to be performed. 
A very high oxygen flow rate must be used to avoid  

Face mask

Face masks are easy to use and effective at quickly deliv-
ering oxygen; however, face masks are typically only 
used short term because they require constant manual 
application (see Fig. 20.4). The mask can be connected 
via tubing to the oxygen source, and if used for long 
periods of time (postanesthesia recovery or in immobile 
patients), the oxygen should be humidified. Masks can 
deliver high inspired oxygen concentrations; for instance, 
50%–60% oxygen can be achieved with an oxygen flow 
rate of 8–12 L/min.4 The patient’s face and nose should 
fill the mask as much as possible to reduce the amount 
of dead space in the mask. However, care should be 
taken to avoid pressing the nose and mouth against the 
wall of the mask, which could occlude gas flow and 
patient ventilation.

Some animals do not tolerate face mask application 
well due to the degree of respiratory distress, hyperther-
mia, or demeanor. Forced application of a tight-fitting 
face mask often defeats the purpose of oxygen therapy 
because patient struggling increases both stress and 
oxygen consumption. To reduce patient struggling and 
increase patient compliance, the mask’s diaphragm 
(rubber portion of the face mask) can be removed. This 
may decrease the efficiency of oxygen delivery, but as 
previously stated, the patient’s comfort is a major factor 
in oxygen therapy efficacy. Another option is to place an 
oversized nylon muzzle over the face mask and secure 
the whole apparatus to the patient (see Fig. 20.4). This 
allows the patient to move its head freely while still 
receiving oxygen supplementation. Again, patients 

Figure 20.4 (a) Administration of oxygen using a loose-fitting facemask. (b) Use of a loose nylon muzzle to secure an oxygen mask 
to a dog’s face.

(a) (b)

Box 20.3 Equipment required for face mask oxygen 
administration

Equipment/supplies required for mask:
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Oxygen tubing or hose
• Appropriate size mask
• Nylon muzzle, oversized (optional)
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can become rapidly overheated and overhumidified. See 
Protocol 20.2 for details.

The advantages to the oxygen collar technique are that 
it’s generally well tolerated, effective, minimally invasive, 
requires minimal equipment, can achieve high FiO2, 
and does not require constant manual application.  

collapse of the bag (5–8 L/min).6 This technique tends 
to be better tolerated than the oxygen mask. Care must 
be taken with this method because condensation can 
develop inside the plastic cover, the animal can overheat, 
and carbon dioxide can build up. The plastic should 
cover only about two-thirds of the hood, leaving an 
opening for heat, carbon dioxide, and condensation to 
vent. See Protocol 20.1 for oxygen bag setup and 
application.

There are several advantages to the oxygen hood 
delivery method: it’s easy and effective, noninvasive, 
requires minimal equipment, can achieve high FiO2, and 
is useful for obtunded patients. Disadvantages are that 
it may not be well tolerated, requires manual application 
in alert patients, a very high flow rate is needed, and 
there is risk of overheating and carbon dioxide accumu-
lation in the bag if it is inadequately ventilated.

Oxygen collar (oxygen tent)

An alternative to the face mask or oxygen hood is the 
oxygen tent. An oversized Elizabethan collar (E-collar) 
is placed on the patient. An oxygen hose is run alongside 
the neck, into the caudal aspect of the E-collar, and 
secured to the E-collar with tape or staples ventral to the 
patient’s mandible (see Fig. 20.5). Clear plastic wrap is 
then placed over the forward edge of the E-collar, leaving 
an opening to allow for carbon dioxide to escape. Oxygen 
concentrations of up to 80% generally can be achieved.4 
Flow rates of approximately 1 L/10 kg body weight 
usually provide an adequate inspired oxygen concentra-
tion. Patients generally tolerate the oxygen collar tech-
nique quite well, and they do not often require close 
attendance for its application. Oxygen tents should be 
used cautiously with large panting dogs because the tent 

Protocol 20.1 Oxygen bag (hood) setup and application

Items Required
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Oxygen tubing or hose
• Clear plastic bag large enough not to collapse during 

inhalation

Procedure
1. Collect necessary supplies.
2. Place clear plastic bag over the patient’s head.
3. Place the oxygen tubing inside the bag, 2–4 cm from the 

patient’s nose. The bag should remain open along the 
animal’s neck to allow gas to escape. Figure 20.5 Oxygen collar (oxygen tent) method using E-collar. 

Note the oxygen supply tubing secured to the dependent aspect 
of the collar. Note also the opening in the plastic wrap in the 
upper right-hand portion of the image, to allow ventilation.

Protocol 20.2 Oxygen collar (oxygen tent) setup and 
application

Items Required
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Oxygen tubing or hose
• E-collar oversized for the patient and equipment to secure 

the collar on the animal
• Clear plastic wrap
• Adhesive tape

Procedure
1. Collect necessary supplies.
2. Place the E-collar on the patient and secure routinely.
3. Run the oxygen tubing alongside the neck, into the 

caudal aspect of the E-collar, and secure to the E-collar 
with tape or staples ventral to the patient’s mandible.

4. Place clear plastic wrap over the forward edge of the 
E-collar, leaving a dorsal opening adequate for gas, 
moisture, and carbon dioxide escape. Tape the plastic 
wrap in place.

5. Set oxygen flow rate at approximately 1 L/10 kg body 
weight.
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The disadvantages are that it is expensive, allows limited 
access to patient, has a risk of overheating, and that 
hands-on manipulations of the animal interfere with 
oxygen supplementation.

Moderatively invasive techniques
Nasal oxygen insufflation catheters

Nasal insufflation is an effective method for oxygen 
administration. Nasal oxygen insufflation uses supplies 
readily available in most clinics, is inexpensive, and is 
relatively well tolerated. It allows for excellent access to 
the patient without compromising oxygen provision. In 
this technique, a red rubber catheter or infant feeding 
tube is placed into the nasal cavity and secured exter-
nally to the patient (see Fig. 20.7). The red rubber cath-
eter or feeding tube is then attached to an oxygen source. 

Disadvantages are that it requires high oxygen flow rates, 
there is risk of overheating, and carbon dioxide and 
condensation can accumulate.

Oxygen cage

An oxygen cage is a good option for patients that are in 
severe respiratory distress or likely to decompensate 
rapidly if manually restrained. There is minimal stress 
involved and the patient can receive the benefit of oxygen 
supplementation while being visually evaluated. A com-
mercial oxygen cage environment’s oxygen concentra-
tion, temperature, and humidity can be adjusted and 
monitored. The oxygen cage is a good option for longer 
term use because it does not require manual application 
of the oxygen but allows complete patient observation. 
Commercially available oxygen cages have integrated 
venting systems that prevent carbon dioxide accumula-
tion. Oxygen therapy in a cage allows the patient to 
position itself comfortably (see Fig. 20.2).

Unfortunately, oxygen cages are relatively expensive 
to operate, and by their nature they limit technician and 
clinician access to the patient. It takes time for the cage 
to fill with oxygen, and each time the cage door is 
opened, the oxygen concentration in the cage drops 
toward or to room air concentration. When performing 
time-consuming patient treatments, a facemask may be 
required to supplement oxygen while the door is open. 
Most oxygen cages are too small to adequately accom-
modate large dogs without significant overheating, but 
they work well for small dogs and cats. Even with tem-
perature control, large or panting dogs can quickly over-
heat. Portable fans and cooling packs can be used to 
lower the temperature in the cage without opening  
the door.

If a commercially made oxygen cage is not available, 
a neonatal or veterinary incubator can be used for small 
patients (see Fig. 20.6). Even pet carriers can be modi-
fied by covering some of the holes and providing an 
oxygen source. Elevated temperatures and increased 
carbon dioxide levels may be a problem with this tech-
nique. Oxygen cages and incubators usually have a 
venting system that allows for the evacuation of carbon 
dioxide and may have a filter that scavenges excess gas 
from the environment, whereas pet carriers and other 
forms of containers rely on fresh oxygen flow to flush 
out the carbon dioxide in the box. The atmosphere is 
about 0.038% or 380 ppm carbon dioxide. Exhaled gas 
contains as much as 4% carbon dioxide, or about 100 
times the amount normally inhaled.7

There are several advantages to the oxygen cage: it is 
well tolerated, creates minimal stress, is noninvasive, can 
achieve high FiO2, and it is a controlled environment. 

Figure 20.6 A veterinary incubator that can be used as an 
oxygen supplementation cage for very small patients.

Figure 20.7 Red rubber catheter being used for nasal insuffla-
tion in a dog.
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Nasal oxygen insufflation is a great option for dogs that 
are too large for or may become overheated in an oxygen 
cage. Although the nasal catheter is generally well toler-
ated once in place, it is advisable to fit the patient with 
an E-collar to avoid patient removal. An FiO2 between 
40% and 65% can be achieved with flow rates of 50–
100 mL/kg/min.3,8,9 In panting or open-mouth breathing 
patients, the FiO2 is decreased.

Placement of bilateral nasal catheters allows for higher 
oxygen flow, although some patients do not tolerate 
having both nares blocked. Use of smaller catheters may 
help when bilateral insufflation is performed. FiO2 with 

Figure 20.8 Administering proparacaine drops intranasally prior 
to nasal catheter placement aids in placement.

Figure 20.9 Applying lubricant gel to catheter helps ease cath-
eter passage and enhance patient comfort.

Figure 20.10 Insertion of a nasal catheter.

Figure 20.11 Suturing nasal catheter in place using nylon suture 
and adhesive tape “butterflies” on the red rubber catheter.

bilateral catheters can be 60% with a flow rate of 100 mL/
kg and up to 80% at 200 mL/kg. Therefore, use of bilat-
eral nasal oxygen catheters can produce a adequate FiO2 
to cause oxygen toxicity (cell damage from high concen-
trations of oxygen) if administered long term (>24 
hours).5,10

High oxygen flow rates can cause trauma to the naso-
pharyngeal mucosa. To help prevent mucosal drying,  
the oxygen should be humidified, although for short- 
term oxygen supplementation <24 hours, nonhumidi-
fied oxygen may not cause problems (see later section 
for information about humidification). Other complica-
tions of nasal catheters include gastric distension, nasal 
discharge, and epistaxis. Nasal insufflation is contrain-
dicated in patients with nasal masses, rhinitis, nasal frac-
tures, or epistaxis. See Protocol 20.3 and Figures 20.8 
through 20.11 for detailed instructions on placement of 
nasal oxygen insufflation catheters.1,4,5,6
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Nasal catheters have several advantages. They are 
inexpensive, minimal equipment is required, they allow 
excellent patient accessibility, and the technique can 
achieve moderate to high FiO2 with low oxygen flow 
rates. Some disadvantages are that they are not always 
well tolerated, are moderately invasive, and placement 
can be stressful.

Nasal prongs

Nasal prongs are intended for human use but can be 
used for larger dogs as well (EMT Medical Company, 
Direct Home Medical Supply; multiple other suppliers 

Protocol 20.3 Nasal oxygen insufflation catheter: placement and use

Items Required
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Red rubber urinary catheter or infant feeding tube:
 For small patients: 3.5–5F tubes
 For medium-size dogs: 5–8F tubes
 For larger dogs: 8–10F tubes

• Lubricating jelly
• Proparacaine ophthalmic drops or 2% lidocaine
• ½–1-inch adhesive medical tape
• Nonabsorbable suture material and suturing instruments, or skin staple gun
• Bubble humidifier
• Intravenous extension set (if needed)
• Christmas tree adapter (if needed)
• E-collar
• Assistant

Procedure
1. Collect necessary supplies, selecting appropriate size tube. Although no precise guidelines exist, the nares diameter should be 

estimated and a smaller catheter placed. See previous recommendations.
2. Premeasure the tube to the medial or lateral canthus of the eye and mark the tube. Measuring to the medial canthus will place 

the tube tip in the nasal passage; measuring to the lateral canthus will place its tip in the nasopharynx. Patients may more 
readily tolerate insufflation into the nasopharynx.

3. The assistant should restrain the patient from behind and point the patient’s nose toward the ceiling.
4. Apply a few drops of topical 2% lidocaine or proparacaine ophthalmic drops in the nose to desensitize the nasal mucosa. 

Do not exceed 1 mg/kg lidocaine in cats or 2 mg/kg lidocaine in dogs. Allow the topical anesthetic time to take effect prior to 
inserting the catheter.

5. Apply a small amount of lubricating jelly or lidocaine gel on the outside of the tube to ease passage of the tube.
6. In the cat, insert the catheter in a ventral-medial direction. In the dog, initially insert the catheter in a dorsal-medial direction, 

then ventromedially. Insert the catheter a little at a time, releasing the catheter between each advancement to avoid accidental 
displacement if the patient moves. Advance only to the premarked level (see step 2).

7. Once in place, the tube can be sutured to the side of the patient’s muzzle (or as close to the nasal planum as possible) and 
then either sutured or stapled on the side of the face, up the bridge of the nose, or to the forehead. Adhesive tape “butterflies” 
can be made around the catheter to serve as anchoring points for the suture or staples.

8. An adapter may be required to secure the catheter to the oxygen tubing.
9. Place E-collar.

online). The prongs are placed in the patient’s nostrils 
and secured behind the dog’s ears. The prongs’ tubing 
can be taped or sutured in place, and it may be helpful 
to build a tape “bridge” between the right and left por-
tions of the tubing across the top of the dog’s muzzle. 
Nasal prongs are easier to place than a nasal catheter; 
however, they generally require higher flow rates than 
nasal catheters and their tips are always situated in  
the nasal passages, so they may be less comfortable. As 
with nasal catheters, oxygen should be humidified if it 
is going to be administered long term. See Protocol 20.4 
for detailed instructions on nasal prong placement.
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Protocol 20.4 Nasal prongs: application

Items Required
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Nasal prongs set
• ½–1-inch medical adhesive tape
• Nonabsorbable suture material and suturing instruments, 

or skin staple gun
• Bubble humidifier
• Christmas tree adapter (if needed)
• E-collar

Procedure
1. Collect necessary supplies.
2. Place nasal prongs in each nostril. Run the length of 

the tubing behind the patient’s ears and secure with 
integrated tab, as applicable.

3. Create an adhesive tape “butterfly” tab on the side of 
each nasal prong and secure the nasal prongs near the 
skin beside the patient’s nose using suture or staples.

4. A “tape bridge” can also be used to help keep the 
prongs in place. (Run the tape over the bridge of the 
nose, either adhesive side toward fur or with two 
adhesive sides stuck together.)

5. Attach tubing to oxygen source (use Christmas tree 
adapter if needed).

6. Place E-collar.

Some advantages to nasal prongs are that they are 
relatively noninvasive, require minimal specialized 
equipment, and provide excellent patient accessibility. 
Some disadvantages are they may not be well tolerated. 
Higher flow rates are required for prongs but they 
provide lower FiO2 than nasal catheter.

Nasotracheal catheter

Nasotracheal oxygen administration is a very useful in 
the patient with upper airway disease such as laryngeal 
dysfunction or collapsing trachea. A catheter is placed 
into the trachea via the nares. The FiO2 achieved is 
generally as high as with nasal insufflation; however,  
the flow rate should be 50% of the nasal rates and  
oxygen should always be humidified.5 See Protocol 
20.5 for detailed instructions on nasotracheal catheter 
placement.1,5

The advantages to nasotracheal catheters are they are 
inexpensive, require minimal equipment, provide excel-
lent patient accessibility, and can achieve high FiO2 with 
a very low flow rate. The disadvantages are that they may 

not be well tolerated, it is moderately invasive, and 
placement can be stressful.

Transtracheal catheters

Transtracheal catheters are useful for administering 
oxygen to patients with upper airway obstructions or 
when passage of a tube through the nasal cavity is  
contraindicated. This technique involves the percutane-
ous placement of a sterile catheter into the tracheal 
lumen using aseptic technique. Transtracheal oxygen 
supplementation is typically performed short term. In 
an emergency situation, a hypodermic needle attached 
to a fluid extension set can be used to administer intra-
tracheal oxygen. This technique allows for the use of 
lower flow rates and less patient discomfort than with 
nasal catheters. Transtracheal oxygen administration has 
also been shown to increase PaO2 more than nasal in-
sufflation.4 An FiO2 of 60% to 80% can be achieved 
with an oxygen flow rate of 1–2 L/min.4 Oxygen used 
with this technique should be humidified. See Protocol 
20.6 for detailed instructions on transtracheal catheter 
placement.5,6

The advantages of transtracheal catheters are they 
provide excellent patient accessibility, can achieve high 
FiO2 with very low flow rate, and are generally well toler-
ated. Some disadvantages are they are moderately inva-
sive to invasive, the placement is stressful, and they 
require constant monitoring.

Invasive techniques
Endotracheal intubation

In patients with severe respiratory distress or marked 
upper airway obstruction, it may be necessary to secure 
an airway by intubating with an endotracheal tube. The 
cuff should be inflated after intubation to provide pro-
tection to the airway. Unless the patient is severely 
obtunded or unconscious, anesthesia will be required 
because alert patients do not tolerate endotracheal intu-
bation. Detailed instructions for endotracheal intuba-
tion can be found in Chapter 23, Tracheal Intubation, 
Protocol 23.1 (canine), and Protocol 23.2 (feline).

The major advantages of endotracheal intubation in 
the respiratory distress patient are the abilities to deliver 
100% oxygen, to control the airway, and to provide 
manual or mechanical ventilation if needed. Intubated 
patients must be closely monitored at all times to prevent 
accidental or patient removal of the tube. This method 
requires the use of an oxygen source with a breathing 
circuit attached. Whenever the patient is repositioned, 
the endotracheal tube should be disconnected from 
breathing circuit and reconnected once the patient is in 
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Protocol 20.5 Nasotracheal catheter placement

Items Required
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Red rubber urinary catheter or infant feeding tube
 For small patients: 3.5–5F tubes
 For medium-size dogs: 5–8F tubes
 For larger dogs: 8–10F tubes

• Lubricating jelly
• Proparacaine ophthalmic drops or 2% lidocaine
• ½–1-inch medical adhesive tape
• Suture material and suturing instruments, or skin staple gun
• Bubble humidifier
• Intravenous extension set (if needed)
• Christmas tree adapter (if needed)
• E-collar
• Assistant

Procedure
1. Collect necessary supplies, selecting appropriate-size tube. Although no precise guidelines exist, the nares diameter should 

be estimated and a smaller catheter placed. See preceding recommendations.
2. Premeasure the tube to the fifth intercostal space and mark with indelible marker. This length should place the tube’s tip just 

cranial to the tracheal bifurcation.
3. With the patient in sternal recumbency, point the patient’s nose toward the ceiling.
4. Apply a few drops of topical 2% lidocaine or proparacaine ophthalmic drops in the nose to desensitize the nasal mucosa. Do 

not exceed a total dose of 1 mg/kg lidocaine in cats or 2 mg/kg lidocaine in dogs. Allow the topical anesthetic time to take 
effect prior to inserting the catheter.

5. Apply a small amount of lubricating jelly or lidocaine gel on the outside of the tube to facilitate passage of the tube.
6. In the cat, insert the catheter in a ventral-medial direction. In the dog, initially insert the catheter in a dorsal-medial direction, 

then ventromedially. Insert the catheter a little at a time, releasing the catheter between each advancement to avoid 
accidental displacement if the patient moves.

7. Once the catheter is in the mid-nasopharynx, the patient’s head should be held in an extended position (rostral and dorsal) to 
ease tube passage into the trachea.

8. The patient may cough during the insertion, in which case lidocaine can be infused via the tube to desensitize the larynx, 
minding the total dosing maximum from step 4.

9. Advance the tube to the level premarked in step 2.
10. Once in place, the tube can be sutured to the side of the patient’s muzzle (or as close to the nasal planum as possible) 

and then either sutured or stapled on the side of the face, up the bridge of the nose, or to the forehead. Adhesive tape 
“butterflies” can be made around the catheter to serve as anchoring points for the suture or staples.

11. An adapter may be needed to attach the catheter to the oxygen tubing.
12. Place E-collar.

its new position to prevent the tube twisting in and thus 
traumatizing the trachea.

Administering oxygen by way of endotracheal intuba-
tion allows maximum control of oxygen supplementa-
tion, allows for positive pressure ventilation, requires 
low oxygen flow rates, minimizes patient emotional 
stress due to anesthesia, and is inexpensive. The major 
disadvantages to endotracheal intubation are the 
requirement for general anesthesia in conscious patients 

and the need for intensive monitoring while the tube is 
in place.

Tracheostomy tube placement

A tracheostomy may be required to bypass an upper 
airway obstruction. This technique requires general 
anesthesia unless the patient is already unconscious. 
Commercial tracheostomy tubes are commonly used, 
but regular oral endotracheal tubes can be used if  
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E-collars should not be placed because they can lie 
across the insertion site and potentially obstruct  
the tube. Details about temporary tracheostomies are 
found in Chapter 24, Temporary Tracheostomy, and 
Protocol 24.1.

The advantages of the tracheostomy tube are the same 
as those for the endotracheal tube; additionally, trache-
ostomy tubes are tolerated in awake patients. The disad-
vantages are that placement usually requires general 
anesthesia, and frequent care is necessary to prevent 
obstruction of tube with respiratory secretions. Chapter 
25 contains details on management of artificial airways 
such as temporary tracheostomy tubes.

General care of patients receiving  
oxygen therapy

Patients requiring oxygen therapy should be monitored 
closely. It is important to monitor temperature, pulse 
rate and quality, respiratory rate and effort, mucous 
membrane color, and capillary refill time. Blood gas 
analysis or pulse oximetry are important to track prog-
ress and response to therapy in patients that require 
respiratory support.2 See Chapters 21 and 22 for more 
information on oximetry and blood gas analysis, 
respectively.

Because pure oxygen gas contains no moisture, sup-
plemental oxygen therapy can dry the airways. During 
longer term oxygen therapy, this airway drying can lead 
to increased viscosity of mucosal secretions and damage 
to respiratory epithelium, both of which increase the 
risk of infection. Although there are no specific guide-
lines as to what constitutes long term, patients that 
require oxygen therapy for more than a few hours prob-
ably benefit from humidification. See Chapter 25, Arti-
ficial Airway Management, for details regarding airway 
humidification recommendations during longer term 
oxygen administration.

When weaning patients from supplemental oxygen, it 
is advisable to taper over a 24- to 48-hour period, so that 
the patient’s response can be observed and monitored.2

Complications of oxygen therapy

Oxygen toxicity
Patients exposed to high levels of FiO2 (>50%) can expe-
rience oxygen toxicity in <24 hours. Although 40%–50% 
oxygen can be administered long term without risk,1,11 
administration of 100% oxygen for >12 hours or 80%–
90% for >18 hours can lead to signs of oxygen toxicity.2 
Most of the described methods of oxygen supplementa-
tion, with the exception of the oxygen cage, do not allow 
for precise control of FiO2 below 100%. Oxygen toxicity 

tracheostomy tubes are not available. The cuff should 
not be inflated unless the patient is receiving positive 
pressure ventilation. Additionally, the tube should not 
be sutured in place. Ideally, aseptic technique is used, but 
in an emergency, the site can be clipped and swabbed 
with 70% alcohol. This method requires use of an 
oxygen source with a breathing circuit. As with endotra-
cheal intubation, this technique requires close monitor-
ing to prevent the patient from dislodging the tube. 

Protocol 20.6 Transtracheal catheter placement for oxygen 
supplementation

Items Required
• Oxygen source with regulator (flowmeter)

 Individual oxygen tank
 Wall- or ceiling-mounted central source
 Anesthetic machine

• Bubble humidifier
• Clippers with clean blade
• Surgical aseptic preparation supplies
• Sterile gloves
• 2% lidocaine in a syringe fitted with a 22-gauge or smaller 

needle
• A large bore over-the-needle or through-the-needle central 

venous catheter or commercial tracheal catheter
• Adapter from 3.5 mm or smaller endotracheal tube or 

Christmas tree adapter
• ½–1-inch medical adhesive tape
• Suture material and suturing instruments, or skin staple 

gun

Procedure
1. Collect necessary supplies.
2. Clip fur from and aseptically prepare an area with a 

radius at least 5 cm from the proposed insertion point. 
The catheter should be inserted on the ventral midline of 
the trachea, two to three tracheal rings below the cricoid 
cartilage.

3. Administer 2% lidocaine subcutaneously to the area to 
allow for catheter insertion. Do not exceed a total dose 
of 1 mg/kg lidocaine in cats or 2 mg/kg lidocaine in dogs. 
Allow the topical anesthetic time to take effect prior to 
inserting the catheter.

4. Perform hand hygiene and don sterile gloves.
5. Using aseptic technique, insert the catheter on the 

trachea’s ventral midline, two to three tracheal rings 
below the cricoid cartilage, and direct caudally such that 
the tip of the catheter lies at the carina.

6. Secure the catheter hub to the neck. Adhesive tape 
“butterflies” can be made around the catheter hub to 
serve as anchoring points for the suture or staples.

7. Place a light dressing around the patient’s neck.
8. Connect to a humidified oxygen source with appropriate 

adapter from preceding equipment list.
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Summary

Both invasive and noninvasive techniques for providing 
oxygen therapy were discussed. The technique chosen 
depends on the patient’s degree of respiratory distress. 
The goal is to increase FiO2 using the lowest effective 
flow rates and the least amount of stress to the patient. 
Ideally, one should start with the least invasive technique 
appropriate for the patient’s condition. If no improve-
ment is seen or the patient’s condition worsens, more 
invasive techniques may be required. The patient’s con-
dition should be monitored and reevaluated at frequent 
intervals so that adjustments can be made to maximize 
the effect of oxygen therapy.
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is sometimes difficult to recognize because the clinical 
signs can look like those seen with other causes of lung 
disease. Fortunately, it is reversible if caught early enough 
and oxygen supplementation is discontinued. If oxygen 
therapy cannot realistically be discontinued or signifi-
cantly reduced due to persistent hypoxemia, mechanical 
ventilation will be required, which may allow the FiO2 
to be reduced. See Chapter 27, Mechanical Ventilation, 
for more information about indications for and perfor-
mance of mechanical ventilation.

Absorption atelectasis
When airway obstruction is present, alveolar gases even-
tually diffuse completely into the blood, causing alveolar 
collapse. Normally the gas in the alveolus contains a 
significant amount of nitrogen from atmospheric air. 
Nitrogen does not diffuse well into the blood from the 
alveolus, so absorption atelectasis is usually a very slow 
process. However, when high concentrations of oxygen 
are introduced, oxygen gas replaces some or most of the 
nitrogen, and absorption atelectasis is hastened.1

Hypoventilation
Carbon dioxide in the blood is the stimulus for ventila-
tion in the normal animal. However, for patients with 
chronic pulmonary disease, hypoxemia can become the 
stimulus for respiratory drive. In such cases, oxygen 
supplementation can lead to severe hypoventilation by 
inhibiting the respiratory drive.1 Therefore, monitoring 
of PCO2 or end-tidal carbon dioxide (ETCO2) should be 
considered.

Catheter “whip”
High oxygen flow rates can cause an oxygen insufflation 
catheter to “whip” within the nasal or tracheal cavity, 
causing trauma.6

Other complications
Prolonged oxygen therapy has also been associated with 
suppression of erythropoiesis, pulmonary vasodilata-
tion, and systemic arteriolar vasoconstriction.1

http://www.uigi.com/carbondioxide.html
http://www.uigi.com/carbondioxide.html
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21
Pulse oximetry and CO-oximetry

Devon A. Ayres

The vast majority of oxygen in the bloodstream is carried 
on hemoglobin. Hemoglobin molecules of different 
morphology (i.e., deoxyhemoglobin, oxyhemoglobin) 
have different light absorption characteristics. Oximetry 
is the use of light to quantify the percentage of blood 
hemoglobin that is present as oxyhemoglobin (is bound 
to oxygen), and its laboratory use dates back to the 
1930s. Oximetry can be used to measure the adequacy 
of hemoglobin oxygenation in a patient’s blood. The 
earliest patient bedside oximeters were developed in the 
1960s but did not receive common use because they 
often overheated skin and were uncomfortable. The 
pulse oximetric method used today was invented by 
Takuo Aoyagi in 1972 and was integrated into commer-
cial monitors for use in humans in the early 1980s.1

Until pulse oximeters were introduced in the 1980s, 
there was no way to continuously monitor a patient’s 
arterial hemoglobin oxygen saturation. The pulse oxim-
eter uses a ratio of near-infrared and red wavelengths  
of light to determine the percentage of hemoglobin 
present as oxyhemoglobin, and it allows for continuous 
evaluation of a patient’s blood oxygenation. Because  
of its continuous nature and the ease of use, pulse oxim-
etry greatly reduced the incidence of lethal hypoxemia 
during anesthetic events and became a standard piece  
of monitoring equipment in human medicine during 
the 1980s. Until pulse oximetry was available, the only 
way to measure a patient’s arterial oxygenation was to 
analyze blood ex vivo, which required time, expertise, 
expensive equipment, and did not allow for continuous 
monitoring.

A CO-oximeter is a benchtop analyzer that uses mul-
tiple wavelengths of light to recognize and quantify mul-

tiple hemoglobin species, including oxyhemoglobin, 
deoxyhemoglobin, carboxyhemoglobin (bound to carbon 
monoxide), and methemoglobin (denatured). CO-
oximeter manufacturers use a number of proprie-
tary algorithms to correct and calculate hemoglobin  
values.

Pulse oximetry and to some extent CO-oximetry have 
become firmly entrenched in the monitoring of anesthe-
tized, acutely ill, and critically ill patients. This chapter 
focuses on the principles of oximetry and how to best 
use the technology to improve patient care.

Hemoglobin forms

Erythrocytes (red blood cells) are the primary oxygen 
transport system in the mammalian body. They contain 
hemoglobin, a protein (globin) with rings of ferrous 
iron (heme) that can bind, or become “saturated” with, 
oxygen. When oxygen is bound to the heme group, the 
hemoglobin is called oxyhemoglobin and transports 
oxygen through the arterial bloodstream to tissues. Oxy-
hemoglobin is bright red, which gives arterial blood its 
distinctive color. Deoxyhemoglobin (also known as 
reduced hemoglobin) is hemoglobin without oxygen 
bound to it, with intact heme groups available for oxygen 
binding. Deoxyhemoglobin is darker in color than oxy-
hemoglobin, which imparts venous blood with its darker 
color. Oxyhemoglobin and deoxyhemoglobin constitute 
97%–98% of a normal mammal’s total hemoglobin 
content, and they are together known as functional 
hemoglobin (see later).2

Hemoglobins that are incapable of binding oxygen, 
known as dyshemoglobins, include methemoglobin, 
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Modern CO-oximeters and pulse CO-oximeters can 
measure the presence of all these hemoglobin species, so 
they can report fractional SO2, although many can also be 
programmed to report functional SO2 if the operator 
prefers. When a CO-oximeter is also capable of measuring 
sulfhemoglobin, that species is also included in the cal-
culation used by that machine to report fractional SO2.

Both functional and fractional SO2 can provide valu-
able information about a patient’s status. One must con-
sider the information provided by both methods prior 
to selecting whether either or both values will be 
obtained. Functional hemoglobin saturation gives a 
good idea of lung function as reflected by the partial 
pressure of oxygen in arterial blood (PaO2; see Fig. 21.1) 
in patients breathing room air. The relationship between 
functional SO2 and PO2 is relatively reliable, such that if 
one knows the SO2, the PO2 can be back-calculated. 
PaO2 as estimated by pulse oximetry is one of the most 
common methods for quickly assessing lung function in 
patients with respiratory signs.

However, if abnormal amounts of dyshemoglobin are 
present, only fractional hemoglobin saturation accu-
rately reflects the blood oxygen content and thus the 
dyshemoglobinemia’s impact on the patient. Because 

carboxyhemoglobin, and sulfhemoglobin. Methemo-
globin occurs naturally and develops when the iron of 
the heme group is oxidized from the ferrous form to the 
ferric form. There are multiple enzymes that can convert 
methemoglobin back to deoxyhemoglobin, but when 
these pathways are no longer functional, the hemoglobin 
remains in the methemoglobin state. Carboxyhemoglo-
bin is created when hemoglobin binds to carbon mon-
oxide rather than to oxygen. Unfortunately, hemoglobin’s 
affinity for carbon monoxide is >200 times its affinity for 
oxygen, which means that hemoglobin binding to carbon 
monoxide is very difficult to reverse. Carbon monoxide 
binding to hemoglobin prevents oxygen binding and 
carriage, which is why carbon monoxide toxicity can be 
fatal. Sulfhemoglobin is a very rare form of dyshemo-
globin that is formed when hemoglobin reacts with 
sulfide in the presence of oxygen. This process occurs 
during the degeneration pathway of hemoglobin and in 
the formation of Heinz bodies.3 A method of hemoglo-
bin saturation measurement that takes into account the 
abnormal hemoglobin fractions such as carboxyhemo-
globin and methemoglobin is said to report fractional 
hemoglobin saturation, discussed in more detail later.

Functional and fractional hemoglobin 
saturations

Hemoglobin is considered functional if it can bind, 
carry, and unbind oxygen. Oxyhemoglobin and deoxy-
hemoglobin are therefore together known as the func-
tional hemoglobin species. The percentage of total 
functional hemoglobin that is oxygenated is called func-
tional hemoglobin saturation (functional SO2) and is 
calculated using this equation:

Functional SO HbO / HbO HHb2 2 2 100= + ×[( ) ( )]  
(21.1)

where HbO2 is oxyhemoglobin and HHb is deoxyhemo-
globin. Standard pulse oximeters measure and report 
functional hemoglobin saturation; they do not take into 
account the abnormal hemoglobin species.4

Fractional hemoglobin saturation (fractional SO2) 
refers to the ratio of oxyhemoglobin to all hemoglobin 
species present, including methemoglobin and carboxy-
hemoglobin. Fractional SO2 is calculated as a percentage 
using this equation:

Fractional SO HbO / HbO HHb COHb

MetHb

2 2 2

100

= + +
+ ×
[( ) (

)]  
(21.2)

where COHb is carboxyhemoglobin and MetHb is 
methemoglobin.

Figure 21.1 Oxyhemoglobin equilibrium curve. Note the sig-
moidal relationship between partial pressure of oxygen and 
hemoglobin saturation with oxygen. Within the normal range of 
PaO2 (on room air at sea level), hemoglobin saturation remains 
above 90% but drops precipitously below a PO2 of 60 mm Hg. If 
the PO2 were taken to infinity, the curve would be completely flat 
at a hemoglobin saturation (SO2) of 100%. PCO2, partial pressure 
of carbon dioxide in the blood; PO2, partial pressure of oxygen in 
the blood.
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hemoglobin saturation (see previous example using met-
hemoglobinemia). Pulse CO-oximeters, which combine 
the technology of a CO-oximeter and the bedside con-
tinuous nature of the pulse oximeter, are being used in 
humans as a noninvasive test for carbon monoxide toxic-
ity and methemoglobin-inducing drug overdoses. Pulse 
CO-oximeters are not yet in routine use in veterinary 
medicine.

Pulse oximetry

The science behind a pulse oximeter
Understanding how a pulse oximeter functions can be 
of great value to the operator. Comprehending how the 
monitor works will allow the operator to recognize the 
limitations of the device and troubleshoot problems 
with readings.

A pulse oximeter estimates oxyhemoglobin percent-
age by using two wavelengths of light: red at 660 nm and 
infrared at 940 nm.5 The machine emits these wave-
lengths of light from its probe’s light-emitting diode 
(LED) into the patient’s tissue bed. This emitted light 
reaches a receiver in the probe either by reflecting off the 
tissue or by through transmission to the receiving end 
of a probe, depending on the probe’s style. A photo 
detector measures the received signal and sends the 
information to a signal-processing unit.

As this light is introduced into the tissue, each type  
of hemoglobin absorbs a different wavelength of light. 
The oximeter uses the differential light absorption char-
acteristics of deoxyhemoglobin and oxyhemoglobin to 
calculate the arterial blood’s functional hemoglobin 
saturation. The correlation of light absorption patterns 
and SpO2 are based on human studies and experimenta-
tion, but it has been demonstrated that these calcula-
tions are accurate in veterinary patients.6

Surrounding tissues such as bone, fat, and venous 
blood also absorb light, so to target arterial hemoglobin 
in its measurements, the pulse oximeter considers only 
pulsatile (arterial) wavelength absorption in the calcula-
tions. Thus pulse oximeters function best when placed 
over tissue with good arterial (pulsatile) blood flow. 
Pulse oximetry measurements should only be trusted if 
the monitor displays the patient’s correct pulse rate 
because light from other sources can reach and affect the 
probe’s receiver.

Dysfunctional hemoglobin species also absorb some 
light at these wavelengths, and thus they can falsely 
elevate or depress readings if they are present in large 
amounts. For example, methemoglobin absorbs light at 
660 nm and 940 nm, which shifts the reported “oxyhe-
moglobin” value toward 80%–85%, whereas carboxyhe-
moglobin can falsely elevate the SpO2 because it absorbs 

functional hemoglobin saturation considers only the 
percentage of normal hemoglobin species that is oxygen 
bound, it ignores conditions such as methemoglobin-
emia or carboxyhemoglobinemia but would still be 
superior at reflecting the patient’s lung function. Take 
the following example:

A canine patient breathing room air at sea level has 
increased respiratory rate and effort, and has a total of 
16 g of hemoglobin per deciliter of arterial blood. Of 
that hemoglobin, 13 g are oxyhemoglobin, 0.5 g are 
deoxyhemoglobin, 2.4 g are methemoglobin, and 0.1 g is 
carboxyhemoglobin.

Functional SaO g/dL / g/dL  g/dL2 13 13 0 5 100

96

= + ×
=

[( ) ( . )]

%

Fractional SaO g/dL / g/dL g/dL

g/dL g/dL

2 13 13 0 5

2 4 0 1

= +
+ +
[( ) ( .

. . )]] %× =100 81

The functional arterial blood hemoglobin saturation of 
96% indicates that the patient has a PaO2 within the 
expected range and therefore makes lung dysfunction 
unlikely as the source of the dog’s respiratory distress. 
The fractional SaO2 reveals that only 81% of the dog’s 
total arterial hemoglobin is saturated with oxygen, 
which suggests that the 2.4 g/dL of methemoglobin may 
be the source of its distress. Although the lungs are able 
to oxygenate the blood, the dysfunctional methemoglo-
bin molecules make fewer of the dog’s total hemoglobin 
molecules available for oxygen carriage to tissues; this 
can result in tissue hypoxia and respiratory signs.

Types of oximeters: What they measure  
and report

Oximetry is the use of light to quantify the percentage 
of blood hemoglobin that is present as oxyhemoglobin. 
Pulse oximetry, which yields an “SpO2” measurement, 
specifically refers to the noninvasive measurement of 
functional hemoglobin in arterial blood using a bedside 
monitoring device that can detect an arterial pulse. Thus 
standard pulse oximeters report functional hemoglobin 
saturation. CO-oximetry, which (when performed on 
arterial blood) yields an “SaO2” measurement, generally 
measures the presence of functional hemoglobins (oxy- 
and deoxy-) in addition to the presence of dyshemoglo-
bins (usually carboxy- and met-). Therefore, CO-oximetry 
can report the fractional hemoglobin saturation, or the 
percentage of all hemoglobin in the body (not just  
the functional molecules) that is present as oxyhe-
moglobin. In an animal with a dyshemoglobinemia  
such as carbon monoxide toxicity, the fractional hemo-
globin saturation will be lower than the functional 
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Other equipment options

Other parameters to consider are whether or not  
alarms are preset for maximum and minimum accept-
able values, cost of replacement probes and batteries, 
cost of replacement chargers, service contracts, and 
warranties.

Care and storage of pulse oximeters
When not in use, pulse oximeters should be stored on 
their chargers. The probe wire should be carefully looped 
either next to or around the monitor but not wound so 
tightly as to cause damage to the internal wires. As with 
any electronic device, care should be taken to avoid 
exposing the monitor to water, chemicals, and direct 
sunlight.

Probes should be cleaned in between each use follow-
ing manufacturer’s instructions. Most probes can be 
cleaned with mild soap and water; others tolerate clean-
ing with isopropyl alcohol or chlorhexidine. However, 
some diodes will be damaged by the use of chemicals.

Indications for pulse oximetry
Due to the relative ease of performing pulse oximetry, it 
is used often as a first test to assess a patient’s oxygen-
ation status. Compared with arterial blood gas measure-
ments, pulse oximetry is noninvasive because it does not 
require vascular puncture or the removal of blood. It can 
be performed cage side, during anesthetic procedures, 
and when obtaining an arterial blood sample may be 
difficult. Pulse oximetry also allows for continuous 
monitoring, which is invaluable under potentially 
changeable conditions like general anesthesia and criti-
cal illness.

Although continuous pulse oximetry is vital to the 
safety of anesthetized patients, one must understand the 
relationship between PO2 and SO2 (see Fig. 21.1) to 
properly interpret an SpO2 value in a patient receiving 
supplemental oxygen. FiO2 is the fraction of oxygen in 
inspired gas. When a patient is breathing 100% oxygen 
(FiO2 1.0), the patient’s PaO2 should be >500 mm Hg. 
Considering the relationship between PO2 and SO2 
described in Fig. 21.1, note that the PaO2 must drop well 
below 500 mm Hg (in fact, below 100 mm Hg) to change 
the SpO2. Therefore, a patient can have a severe lung 
problem with inadequate oxygenating ability and still 
have an unchanged SpO2 when receiving oxygen supple-
mentation (as in general anesthetic procedures).

Patients who have changes in their respiratory pattern 
(increase in rate or effort) should have their SpO2 
checked. The acquisition of an accurate normal SpO2 
value is an easy way to rule out hypoxemia as the cause 
of a patient’s respiratory distress.

940 nm light like oxyhemoglobin.5 Put simply, the pres-
ence of methemoglobin usually causes falsely depressed 
SpO2 values, and carboxyhemoglobin usually causes 
falsely elevated SpO2 values.

Equipment available
Many pulse oximeters are commercially available, both 
from human and veterinary medical supply companies. 
Models are available from Nellcor, Masimo, Cardell, 
Apexx, Respironics, and numerous other companies. 
Reviewing different brands and models is beyond the 
scope of this chapter; however, certain general guidelines 
should be followed. When selecting a pulse oximeter, 
many factors must be taken into account. Ease of use, 
probes available, battery life, and cost are just a few of 
the factors that must be considered before purchase. The 
newest models may or may not provide more accurate 
information. A study done at the University of Pennsyl-
vania demonstrated that one older instrument provided 
more accurate SpO2 values.7 Therefore, it is recom-
mended that any model of pulse oximeter be used within 
a facility prior to its purchase (most manufacturers and 
distributors allow for trial periods). Pulse oximeters that 
are independent units, as opposed to those that are part 
of multiparameter monitors, may be of greater use. 
These monitors are typically smaller with a longer 
battery life, allowing for more convenient cage-side 
monitoring.

Waveform display option

Many pulse oximeters are available with a waveform 
screen display option that reports the quality of the 
pulse being measured by the oximeter. The waveform 
screen displays a graphic interpretation of the peripheral 
pulse wave, which is called a photoplethysmograph 
(PPG). The PPG is generated using the pulse oximeter’s 
660 nm light wave to create an “image” of the pulse,8 and 
the PPG’s amplitude directly corresponds to pulse 
quality at the site. The PPG should have sinusoidal form 
with a small second shoulder on the wave.9

Sensor options

Many pulse oximeters have more than one sensor avail-
able. Although the lingual clip is the most common, 
some models include a reflectance/rectal sensor or an 
esophageal sensor. In the author’s experience, a clip-style 
sensor is the most versatile and easiest to place. However, 
the models with rectal sensors can be of great use. 
Although these sensors may be difficult to use when 
inserted per rectum (feces often obscure the LED), they 
may be used to acquire readings from the tail.
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large artery can be accessed for monitoring. Placing the 
probe against the skin and securing it in place with tape 
or flexible bandaging material can provide accurate 
readings. If this method is used, the patient should have 
the site monitored hourly for cleanliness and tissue 
damage that can occur from overly tight or wet ban-
dages, or probe burns.

Obtaining a measurement

Once the probe has been attached to the site it may  
take several seconds for a pulse reading to be obtained. 
It is imperative that the pulse rate acquired by the pulse 
oximeter match the patient’s actual pulse rate. If the 
pulse oximeter reads an incorrect number, the reading 
should not be trusted and another reading must be 
taken. Increased respiratory rate or effort and panting 
can register as a pulse rate and give incorrect values.  
See Protocol 21.1 for specific steps to acquire an SpO2 
reading.

Once it has been determined that the pulse rate dis-
played is accurate and the PPG shows a strong wave-
form, the SpO2 can be determined. It should be noted 
that individual readings are of less value than multiple 
readings over a period of time. Patient trends should be 
closely monitored. Figure 21.2 shows different sites and 
PPG waveforms that may be seen during pulse oximetry 
measurements.

Factors interfering with pulse oximetry 
measurement
Some patients may present a challenge when attempting 
to obtain a SpO2 reading due to physical problems. 
Jaundice can cause interference with red and infrared 
light. It also may be more difficult to obtain a pulse wave 
on obese animals or animals with significant edema. 
Patients suffering from peripheral vasoconstriction, vas-
cular disease, or low cardiac output may not have enough 
blood flow to arteriolar beds to obtain an accurate SpO2 
value.10,11 Patients with SpO2 readings below 94% ideally 
should have arterial blood gas values obtained because 
pulse oximetry becomes less reliable at values below the 
normal range; many studies have demonstrated that 
pulse oximetry is inaccurate at saturation values below 
80%.11,12 Methylene blue has also been reported to inter-
fere with pulse oximeter readings.13 See Table 21.214,15 for 
a list of factors affecting the ability to obtain an accurate 
pulse oximeter reading.

It can be a significant challenge to obtain an  
SpO2 reading from a cat. Not only are cats often more 
resistant to handling than dogs, they are more easily 
stressed and have fewer accessible sites for monitoring. 
Unfortunately, feline patients also present a challenge 

It must be stressed that pulse oximetry does not assess 
ventilation. Ventilation determines and is indirectly 
determined by the partial pressure of carbon dioxide in 
the blood (PCO2). Blood or end-tidal PCO2 should be 
monitored in critically ill and anesthetized patients (see 
Chapters 22, Blood Gas Analysis, and 26, Capnography, 
for more information).

Performing pulse oximetry
Obtaining an accurate reading depends on many factors. 
Readings that are questionable cause delays in appropri-
ate treatment. Before attempting to obtain a reading, 
make sure that the probe is clean and undamaged. If the 
model being used has different settings, use the setting 
that corresponds most accurately to the patient’s heart 
rate. For example, pulse oximeters designed for human 
patients often have neonatal, pediatric, and adult set-
tings. Use the neonatal setting for patients with higher 
heart rates and the adult setting for patients with lower 
heart rates; the setting used should reflect the pulse rate, 
not the size or weight of the patient.

Site selection

The next step is to select an appropriate site for a reading. 
Mucous membranes typically provide the most accurate 
readings (see Fig. 21.2a). Potential sites for use are listed 
in Table 21.1. The most common site used in anesthe-
tized animals is the tongue, although this is not often 
well tolerated by conscious patients. The pinna may be 
the most accessible site but often gives erroneous 
results.10 Occasionally inguinal skin folds can be used. 
The site selected should be warm, well perfused, and 
clean. If the patient is markedly hypovolemic or hypo-
thermic, the site chosen should be as close to a central 
vessel as possible (tongue, lips) to provide the most 
accurate results.10

Artifactually low readings may be obtained from areas 
with poor arterial perfusion. Clipping fur from the site 
and cleaning it may help reduce interference. Pigmented 
tissue may give falsely low readings or no reading at all. 
The probe site should be moistened frequently with 
water or lubricant to help improve accuracy and to 
protect the underlying tissue because the clip can restrict 
local blood flow and the continuous light emission can 
burn if left in one place too long. If a continuous reading 
is necessary, the site should be checked often for damage 
and the probe rotated to a new spot at least every few 
hours. If the clip compresses the tissue to such an extent 
that blood is driven from the capillary space, falsely low 
readings may occur.

Reflectance probes may also be used on the tail base. 
By clipping the ventral aspect of the base of the tail, a 
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formed to clarify the findings. When pulse oximetry is 
used as a guide to tailor or wean respiratory support, as 
is common in ventilator patients or those being weaned 
from supplemental oxygen, the patient’s clinical signs 
must be considered in addition to the SpO2 reading 
because the SpO2 reading can be incorrect.

for obtaining samples for arterial blood gas analysis. 
Feline patients generally tolerate pulse oximeter clip 
placement on their digits more readily than on their 
lips.10

Patients with abnormal or unrepeatable SpO2 values 
should have CO-oximetry or blood gas analysis per-

Figure 21.2 Obtaining a pulse oximetry reading. (a) The prepuce and other mucous membranes are generally good sites from which 
to measure SpO2. (b) Obtaining a pulse oximetry reading on a dog’s lip. (c) A pulse oximetry reading with a poor PPG waveform. This 
pulse oximetry reading should not be used; another site should be selected or blood gas analysis performed if necessary. (d) A high-
quality pulse oximetry reading in a dog. Note the strong waveform and the small second shoulder (dicrotic notch) on the PPG, both 
marks of a high-quality graph. (e) Obtaining a reading on a cat’s digits.

(a) (b)

(c)

(e)

(d)
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Table 21.2 Factors that can affect the ability to obtain an accurate pulse oximetry reading14,15

Patient-Associated Problems Monitor-Associated Problems Environmental Problems

Pigmentation
Hair
Site dry
Panting or increased respiratory rate 
(movement artifact)
Shivering (movement artifact)
Aggression
Jaundice (+/−)
Poor perfusion
Increased carboxyhemoglobin
Increased methemoglobin

Probe damaged (spring on clip broken, 
wires damaged)

Fluorescent light
Fiberoptic light

Monitor not charged
Monitor on wrong setting
Probe not placed correctly
Dirty probe

Protocol 21.1 Performing pulse oximetry measurement

Items Required
• Pulse oximeter with clean probe
• Moistened gauze squares, if desired
• Clippers with clean blade, if fur removal is required

Procedure
1. Collect necessary supplies.
2. Select a site.
3. Prepare site as needed.
4. Turn monitor on and confirm it has powered on 

properly.
5. Place sensor on selected site.
6. Wait for monitor to obtain pulse rate.
7. Confirm that pulse rate obtained by monitor matches 

patient’s pulse rate.
8. Check for a strong signal by observing the oximeter’s 

waveform, if applicable for your machine.
9. If strong waveform is present and the reported pulse 

rate matches the patient’s pulse rate, record value on 
patient’s treatment sheet.

10. If waveform or pulse signal is poor, try another site.
11. If SpO2 is unexpected or is dangerously low (<90%), 

notify doctor immediately and attempt confirmation at 
another site.

12. Consider the patient. Does the reading match the 
patient’s clinical signs? If not, obtain another reading 
to confirm or consider additional measures (i.e., arterial 
blood gas).

Table 21.1 Common sites for pulse oximetry probe placement

Canine Feline

Tongue Tongue
Pinna Pinna
Lips Digits
Vulva/prepuce Lips
Digits (small dogs)
Gastrocnemius tendon
Ventral base of tail

When an unexpected SpO2 reading is obtained, 
patient evaluation is the first priority. Once patient sta-
bility is confirmed, external interference that may affect 
pulse oximetry readings should be investigated. Fiber-
optic and fluorescent lights interfere with pulse oximeter 
readings.16 Care should be taken in surgical settings 
when fiberoptics are present to avoid incorrect readings 
by covering the probe with a towel to prevent outside 
light from reaching the probe.

Problems can originate from the pulse oximeter  
itself. Some pulse oximeters have a PPG that expands  
to fill the screen, giving a false impression that the PPG 
is adequate. All models use human-based algorithms, 
and some of these algorithms have a difficult time  
differentiating between background patient movement 
and arterial pulses in veterinary patients. Damaged 
probes can give inaccurate values or no value at all. To 
quickly test a pulse oximeter’s function, the operator can 
place the clip on a fingertip to confirm accuracy of the 
pulse rate and adequate SpO2 reading. Table 21.3 pro-
vides guidelines for troubleshooting pulse oximetry 
problems.

Interpreting pulse oximeter readings
A pulse oximetry reading of 96%–98% is considered 
normal for a dog or cat breathing room air (20.9% 
oxygen) at sea level. Values less than 96% should be 
investigated. An SpO2 or SaO2 less than 92% indicates 
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Table 21.3 Troubleshooting pulse oximeter problems

Problem 1: Monitor does not give a reading
• Is the monitor on and fully charged?
• Is the probe attached to the patient?
• Is the site clean? If it is a mucous membrane, is it moist?

 Clean and moisten site; move probe to different site
• Is the patient warm?

 Patient is cold: warm patient to ≥98°F if physiologically stable
• Is the patient hypovolemic or peripherally vasoconstricted?

 Underlying problem should be corrected per doctor’s orders
• Does the patient have heart disease?

 If patient has very poor cardiac output, pulse oximeter may not work; consider arterial blood gas

Problem 2: Monitor gives a reading, but the pulse rate is inaccurate
• Does the monitor’s reported rate match the patient’s respiratory rate?

 If pulse rate on monitor matches respiration rate, move probe so that respirations do not interfere
• Does the patient have a varying pulse rate?

 In the case of dysrhythmia, pulse oximeter may not work; consider arterial blood gas
• Move the probe to a different site

Problem 3: Reading given is below that expected
• Does the patient appear to be in distress?

 Patient distressed: provide oxygen support and notify clinician
 Patient not distressed: attempt another reading at a different location; consider interventions as for problem 1

• Does the given value match the clinical signs?
 Matches clinical picture: provide oxygen and intervention as necessary
 Does not match clinical signs: investigate further and attempt to obtain another reading; consider interventions as 

for problem 1

Problem 4: Reading given varies
• Does the patient have a varying pulse rate?

 Patient pulse rate varies: pulse oximeter reading may be inaccurate; consider arterial blood gas
 Patient pulse rate is consistent: may be related to mechanical problems (consider interventions for problem 1) or patient 

disease; notify clinician
• Does the patient have a varying pulse pressure?

 Patient pulse pressure varies: pulse oximeter may not provide accurate values; consider arterial blood gas
 Patient pulse pressure is consistent: may be related to mechanical problems (consider interventions for problem 1 or patient 

disease; notify clinician.

Problem 5: Reading given is higher than expected
• Does the patient appear to be in distress?

 Patient in distress: provide oxygen support and notify clinician. Try to obtain another reading at a different site because falsely 
elevated values can occur

 Patient not in distress : attempt to obtain another reading
• Does the given value match the clinical signs?

 Investigate reasons for a greater than expected reading. Patient condition may be improving

severe hypoxemia. Lack of cyanosis should not be used 
as an indicator of proper oxygenation because cyanosis 
does not generally develop until arterial oxyhemoglobin 
is ≤85%.

It is important that the operator understands the rela-
tionship and the differences between SO2 and PO2. The 
partial pressure of oxygen in arterial blood or PaO2 

describes the oxygen dissolved in arterial plasma, 
whereas the SpO2 describes the percentage of functional 
hemoglobin that is oxygenated in the arterial blood-
stream. Hemoglobin can only become oxygenated when 
oxygen from the lung becomes dissolved in plasma and 
is thus available in the blood for binding to hemoglobin. 
Conversely, in the capillary where tissue oxygen levels 
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ratio of nonconductive cells to conductive plasma (a 
higher HCT). Leukocytes and platelets do not have 
enough mass to affect conductimetry significantly,18 so 
the CO-oximeter estimates the HCT based on the elec-
tricity transmitted through the sample. The CO-
oximeter then uses a standard calculation to determine 
the tHb from the HCT.

Once the CO-oximeter has determined tHb, the per-
centages of tHb that are oxy-, de-, carboxy-, and met- 
hemoglobins can be calculated. The CO-oximeter 
directly measures each of the species’ concentrations via 
spectrometric means as just described and then reports 
them in percentages of tHb. For example, carboxyhemo-
globin percentage would be calculated as:

COHb COHb/tHb, % ( )= ×100

Many CO-oximeters are combined with basic analyz-
ers that also provide blood gas values, metabolites, and 
electrolytes. Some also report calculated values such as 
the alveolar-arterial oxygen gradient (A-a; see Chapter 
22), bicarbonate concentration, and base deficit, which 
makes these machines good all-purpose analyzers for  
an intensive care setting or emergency department (see 
Fig. 21.3).

Equipment available
Many CO-oximeters are available from human biome-
chanical companies, although no company currently 
advertises a veterinary model. Human CO-oximeters 
may or may not yield accurate results in dogs and cats 
because species-specific algorithms are needed. Some 
models allow the operator to manually enter which 
species’ blood is being introduced. The CO-oximeter 

are low due to local oxygen consumption, the low local 
PO2 leads to oxygen disassociating from the hemoglobin 
and moving down its concentration gradient into the 
cell for metabolism.

The PaO2 is 80–110 mm Hg in a normal animal 
breathing room air at sea level. The relationship between 
PO2 and SO2 (as depicted in Fig. 21.1) is not linear. 
Above a PO2 of ∼100 mm Hg, huge changes in PO2 (to 
550 mm Hg, for instance, as is expected at an FiO2 of 1.0) 
make almost no change in the SO2 because hemoglobin 
is nearly 100% saturated already. Conversely, below a 
PO2 of approximately 60 mm Hg, small decreases in PO2 
lead to enormous drops in SO2 and therefore in the 
amount of oxygen that can be carried on hemoglobin to 
the tissues. Thus although 90% is considered a good 
“grade,” it is absolutely not a good SpO2: it signifies clini-
cally relevant hypoxemia because the patient’s PaO2 is 
likely ≤70 mm Hg at an SpO2 of 90%. Another thing to 
consider is that when a patient is receiving supplemental 
oxygen, any SpO2 below 98%–100% may indicate a 
problem. For instance, a patient on 100% oxygen with 
an SpO2 of 90% is physiologically safe but has compro-
mised lung function that may become immediately and 
life-threateningly apparent once oxygen support has 
been removed.

CO-oximetry

The science behind a CO-oximeter
CO-oximeters are benchtop analyzers that measure 
hemoglobin oxygen saturation in a blood sample rather 
than through tissue. A CO-oximeter uses between  
four and eight different wavelengths of light, most 
between 475 nm and 600 nm, to measure the fractions 
of all relevant species of hemoglobin; values typically 
reported include total hemoglobin (tHb), oxyhemoglo-
bin (O2Hb), deoxyhemoglobin (HHb), methemoglobin 
(MetHb), and carboxyhemoglobin (COHb). Most CO-
oximeters do not recognize sulfhemoglobin. If sulfhe-
moglobinemia is suspected due to applicable toxin 
ingestion, care should be taken when interpreting values 
provided by CO-oximetry. Sulfhemoglobinemia can 
cause a falsely elevated result for methemoglobin and a 
falsely decreased result for carboxyhemoglobin.17

To determine the total hemoglobin concentration 
(tHb) in a blood sample, CO-oximeters use conductim-
etry to estimate the sample’s hematocrit (HCT). Whole 
blood conducts an electrical current due to the electro-
lytes in plasma,4 but erythrocytes, leukocytes, and plate-
lets do not. Alterations in conductivity of the blood then 
correlate to approximate cell counts, such that dimin-
ished electrical conductivity indicates an increase in the 

Figure 21.3 Output from a multiparameter benchtop analyzer 
including a CO-oximeter.
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Dyshemoglobinemias

Methemoglobinemia

Normal methemoglobin values in the canine and feline 
are less than 1%.23 Values between 10% and 20% cause 
skin discoloration, usually most noticeable in the 
mucous membranes. Values above 20% yield clinical 
signs such as anxiety and dyspnea with exertion, and 
values between 30% and 50% cause fatigue, confusion, 
dizziness, and tachypnea. Values between 50% and 70% 
can lead to coma, seizures, and arrhythmias. Values 
above 70% are generally lethal.24

Carboxyhemoglobinemia (carbon monoxide toxicity)

Normal carboxyhemoglobin values in canine and feline 
patients are less than 1%. Although increases in methe-
moglobin percentages lead to consistent clinical signs, 
increases in carboxyhemoglobin values can cause a 
variety of signs at different degrees of elevation in indi-
vidual animals. Most commonly, carboxyhemoglobin at 
10%–20% causes nausea.2 Values between 20% and 30% 
often cause dizziness and generalized weakness. If greater 
than 30% of hemoglobin is converted to carboxyhemo-
globin, dyspnea during exercise and confusion occur. 
Once carboxyhemoglobin comprises 40% to 50% of an 
animal’s total hemoglobin, the patient is likely to present 
with significant neurologic signs such as syncope, sei-
zures, and severe obtundation.2 Percentages of carboxy-
hemoglobin greater than 60% can cause hypotension, 
coma, respiratory failure, and death. Although house-
hold carbon monoxide poisoning is now rare due to 
improved home heating systems, CO-oximetry should 
be used to rule out carboxyhemoglobinemia in cases in 
which it is a differential.

Performing CO-oximetry
CO-oximetry is minimally invasive because it requires a 
small blood sample; arterial blood is required if arterial 
oxygen content information is desired, but venous blood 
is adequate to diagnose dyshemoglobinemia. Samples 
should be drawn from an artery or central vein when-
ever possible, and patient size and disposition should be 
considered when choosing a sampling site. Potential 
sampling sites include the dorsal pedal artery, the 
femoral artery, the jugular vein, and sublingual veins. 
More peripheral veins such as the cephalic and saphe-
nous veins can be used but may not render accurate 
values in hypoperfused patients. Samples obtained from 
the tongue, usually from patients under anesthesia,  
are considered venous samples, but some studies have 
shown that these values are very close to arterial values 
in the normal patient.25 If the sample is being taken from 

generally aspirates blood through a small probe and 
gives results rapidly on small sample sizes.

Maintenance of a CO-oximeter
Maintenance for most multivalue large CO-oximeters 
includes replacing a number of consumables at 
manufacturer-designated times in addition to replacing 
consumables when an error in calibration or quality 
control is detected. One highlight of the unit is the 
ability to preset the machine for automatic quality con-
trols and calibrations. Some models automatically lock 
out any functions that do not pass quality control. 
Although this may lead to frustration among staff, it is 
essential to prevent errors in clinical judgment based on 
inaccurate readings.

Indications for CO-oximetry
Patients that will benefit from CO-oximetry include 
those that have known or suspected exposure to drugs 
that cause hemoglobin conversion to methemoglobin 
(see Box 21.1)19–21 or those that have been exposed to 
carbon monoxide (as in smoke inhalation). Patients 
with high levels of carboxyhemoglobin can have normal 
SpO2 values because pulse oximeters cannot differenti-
ate carboxyhemoglobin from oxyhemoglobin. Patients 
in which carbon monoxide exposure is suspected should 
have CO-oximetry performed because “classic” bright 
red mucous membranes are not always seen.22 Patients 
with brown or muddy mucous membranes, and those 
with unexplained respiratory distress, warrant CO-
oximetry evaluation for methemoglobinemia.

Box 21.1 Substances known to cause 
methemoglobinemia19–21

Medications
• Azo dye (urinary antiseptic)
• Hydroxycarbamide (hydroxyurea)
• Local anesthetics

 Benzocaine
 Lidocaine

• Methimazole and propylthiouracil
• Methylene blue
• Metoclopramide
• Nitroglycerin, nitroprusside
• Sulfa antibiotics

Environmental toxins and human medications
• Acetaminophen
• Antimalarials
• Burning wood and plastic
• Naphthalene (mothballs)
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oximetry.30 There are mixed opinions on whether fetal 
hemoglobin can interfere with carboxyhemoglobin read-
ings,31,32 but dogs, cats, and horses are born with 100% 
adult hemoglobin, which eliminates this concern in the 
species of interest.

The future of oximetry

Recently the Masimo Corporation (Irvine, CA) 
announced the world’s first bedside pulse CO-oximeter 
using wavelengths of light absorbed by carboxyhemo-
globin and methemoglobin. Pulse CO-oximetry was 
marketed to human emergency departments for use as 
a point-of-care monitor for carbon monoxide toxicities. 
Multiple studies have been performed to evaluate the 
accuracy of the pulse CO-oximeter in humans and have 
yielded mixed results.33,34 These contradictory data 
suggest that more information needs to be gathered 
prior to relying solely on pulse CO-oximetry for diag-
noses and assessments of hemoglobin function. Until 
pulse CO-oximetry becomes more reliable and veteri-
nary studies are performed, obtaining intermittent CO-
oximetry values obtained from a laboratory analyzer 
will have to suffice.

Summary

Both pulse oximetry and CO-oximetry have their places 
in veterinary medicine. It is essential to understand the 
limitations of both and when one modality would be 
preferred over the other. Appreciating the strengths and 
weaknesses of these monitors as diagnostic tools will 
lead to improved patient care and expedite diagnosis 
and treatment.
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Blood gas analysis

Sarah Gray and Lisa L. Powell

Abnormalities in oxygenation and ventilation

Hypoxemia is defined as a partial pressure of oxygen in 
the artery (PaO2) of less than 80 mm Hg. In general, 
there are five causes of hypoxemia: hypoventilation, 
decreased inspired oxygen content, ventilation/perfusion 
(V/Q) mismatch, intrapulmonary shunt, and diffusion 
impairment. Hypoventilation (increased partial pres-
sure of carbon dioxide [PaCO2] in the blood) can be 
caused by primary central nervous system (CNS) sup-
pression of ventilation, the administration of medica-
tions that suppress ventilation (opioids, anesthetic 
agents), neuromuscular disease affecting ventilation 
(tick paralysis, botulism), upper airway obstruction, 
pleural space disease, chest wall injury (flail chest, pain), 
and respiratory muscle fatigue. Decreased inspired 
oxygen content is associated with higher altitudes or 
from anesthetic machine errors. General etiologies are 
listed in Box 22.1.

V/Q mismatch and intrapulmonary shunting (V/Q 
mismatch taken to an extreme) are the most common 
causes of hypoxemia. V/Q mismatch occurs due to 
decreased ventilation to normally perfused lungs and 
results in a low V/Q ratio. This type of hypoxemia can 
be caused by narrowed airways as with asthma or chronic 
bronchial disease. The narrowing is either secondary to 
bronchospasm or increased mucus secretions, limiting 
oxygen entry into the alveolus. Intrapulmonary shunt-
ing is an extreme “low V/Q” state—a “zero V/Q state”—
that occurs when collapsed alveoli or alveoli filled with 
nongas substance are perfused but (due to the collapse 
or nongas substance) are not ventilated at all (zero ven-

tilation). Diseases like aspiration pneumonia and pul-
monary edema commonly cause intrapulmonary 
shunting. Shunts can also occur due to abnormal blood 
flow, as with right-to-left shunting of blood due to 
cardiac abnormalities (extrapulmonary shunts: patent 
ductus arteriosus and septal defects), although these are 
less common than lung disease. Diffusion impairment 
results in incomplete arterialization of the pulmonary 
capillary blood due to thickening of the gas exchange 
layer in the alveoli. Under normal conditions the equili-
bration of oxygen occurs rapidly, but with a thickened 
gas exchange layer more time is needed, resulting in 

Box 22.1  Causes of hypoxemia and causes of 
hypoventilation

Causes of hypoxemia
•  Hypoventilation
•  Decreased inspired oxygen content
•  Ventilation/ perfusion (V/Q) mismatch
•  Intrapulmonary shunt
•  Diffusion impairment

Causes of hypoventilation
•  Central nervous system disease
•  Medications (opioids, anesthetic agents)
•  Neuromuscular disease
•  Upper airway obstruction
•  Pleural space disease (severe)
•  Chest wall injury
•  Respiratory muscle fatigue

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.
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The blood gas analyzer measures the pH, the PO2, 
and the PCO2 of the sample, and the bicarbonate con-
centration and base deficit are calculated. The pH is 
measured using a pH-sensitive membrane. The pH is 
determined by measuring the voltage difference across 
this membrane.

The PCO2 measurement is made by measuring the 
hydrogen ion difference between two solutions after 
allowing a chemical reaction that results in hydrogen ion 
production:

CO H O H CO HCO2 2 2 3 3+ → → ++ −H .  (22.1)

Resultant hydrogen ion production is determined using 
a pH-sensitive membrane similar to that used for the pH 
measurement. The hydrogen ion production is directly 
proportional to the PCO2 of the blood sample.

The PO2 is measured using a Clark electrode, which 
uses oxidation and reduction reactions involving the 
oxygen in the sample to quantify the partial pressure of 
oxygen present. The change in current as a result of the 
oxidation-reduction reactions is proportional to the PO2 
of the blood gas sample. Once pH, PCO2, and PO2 are 
measured, a microprocessor then calculates the bicar-
bonate, base deficit, and temperature-corrected gas 
values (see later).2

Temperature correction
Blood gas analysis is performed at 37°C, which may or 
may not reflect patient body temperature and thus in 
vivo blood gas values. When the patient’s temperature is 
entered into the blood gas analyzer, the machine can 
calculate the blood gas results accurate for the individual 
patient. However, changes in temperature alter gas solu-
bility (Charles law) and alter hemoglobin’s affinity for 
oxygen. Taken together with the fact that the metabolic, 
vascular, and respiratory effects of hyper- and hypother-
mia are not fully understood, temperature correction of 
blood gases remains controversial.3

Blood gas sampling

The most commonly sampled arterial sites are the dorsal 
pedal (dorsal metatarsal) and femoral arteries. Less 
commonly sampled sites are the brachial, radial, auricu-
lar, and lingual arteries. Sampling is generally done using 
palpation and knowledge of anatomy. The dorsal pedal 
artery can be palpated over the dorsomedial aspect of 
the metatarsal; the femoral can be palpated on the 
medial aspect of the thigh. A single sample can be drawn 
using a needle and heparinized syringe, or a catheter can 
be placed for blood gas sampling and for direct blood 
pressure monitoring. The type of material used in  

hypoxemia. Diffusion impairment is believed to be an 
uncommon cause of hypoxemia in small animals.

When evaluating a patient’s oxygenation and ven-
tilation status, the gold standard is to obtain an  
arterial blood sample for direct analysis of the partial 
pressures of these gases in the blood: a blood gas analy-
sis. Blood gases—the analyzers available, results, and 
interpretation—are the topics of this chapter.

Blood gas analyzers

The types of analyzers available for use include benchtop 
and portable models. Dedicated blood gas benchtop 
analyzers are generally only used in academic facilities 
and large institutions due to their maintenance require-
ments and expense. Benchtop analyzers use a polaro-
graphic oxygen electrode and the Severinghaus carbon 
dioxide (CO2) electrode to analyze the level of gas in the 
blood sample. The amount of CO2 in the sample is eval-
uated based on comparison to a known amount of CO2, 
which is supplied by conventional gas tanks. This severely 
limits the portability of the benchtop analyzers.

Portable (or “bedside”) blood gas analyzers accurately 
measure oxygen and CO2 using a small foil-wrapped 
cartridge containing a pH electrode, a polarographic 
oxygen (O2) electrode, and a CO2 electrode. When the 
cartridge is sealed, the CO2 equilibrates with bicarbonate 
within the cartridge. Upon removal of the foil package, 
the gas surrounding the CO2 is the known partial pres-
sure of CO2 in the ambient air, and the electrode cali-
brates to this pressure upon insertion into the machine.

There are many advantages to the use of portable 
blood gas analyzers. These machines are usually less 
expensive than the benchtop devices, can analyze full 
blood gases on a very small blood sample, and are por-
table. The availability of bedside analyzers has enhanced 
the care of critically ill veterinary patients, allowing for 
more frequent monitoring, diagnosis of ventilation and 
oxygenation problems, and the ability to guide therapy 
and prognosis of patients with significant respiratory 
disease.1

Sample analysis
To be clinically useful, the arterial blood sample has to 
provide an accurate reflection of the patient’s status. 
This requires appropriate blood sampling and handling. 
Please see Chapter 5, Arterial Puncture and Catheter 
Placement, and Chapter 47, Blood Sample Collection 
and Handling, for more information.

The basic method of determining the gas content in 
the blood involves obtaining an arterial blood sample 
and inserting it into the blood gas analyzer within a 
short period of time.
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Assessment of the partial pressure of carbon 
dioxide
The partial pressure of carbon dioxide (PCO2) is the 
amount of CO2 dissolved in the blood and is determined 
by the balance between production in the tissues and 
elimination from the body.

PCO2 is primarily a measure of ventilation because 
when CO2 production increases, increases in respiratory 
rate and/or tidal volume (ie, minute ventilation) will 
normalize the PCO2 in a healthy animal. Alterations in 
PaCO2 are usually associated with neurologic or neuro-
muscular disease, medications, or pathology of the 
airway, pleural space, or chest wall.

Control of ventilation is primarily driven by the 
medulla. Increased PCO2 diffuses into the cerebrospinal 
fluid and lowers the pH, which stimulates chemorecep-
tors and leads to increased ventilation. Hypoxemia can 
also trigger central chemoreceptors to increase ventila-
tion when the PaO2 is less than 60 mm Hg. The carotid 
bodies and aortic bodies are peripheral chemoreceptors 
that can stimulate ventilation secondary to decreased 
PaO2, increased PaCO2, or a drop in pH.9

Although this chapter focuses on arterial blood gas 
analysis, note that PCO2 (unlike PO2) is quite similar in 
the venous blood as in the arterial blood. Therefore 
venous blood can and is used to evaluate PCO2, with 
normal values expected to be only a few millimeters of 
mercury higher than in arterial samples. The same is not 
true for evaluation of PO2, which must be performed on 
arterial blood to provide information about the lung’s 
ability to oxygenate the blood; venous PO2 cannot 
provide such information.

Elevated PCO2 (hypercapnia)

By definition respiratory acidosis or hypercapnia is an 
increase in the partial pressure of carbon dioxide (PaCO2 
>43mm Hg in the dog, >36 mm Hg in the cat). This most 
commonly occurs due to decreased alveolar ventilation, 

catheters can affect handling of the catheter with place-
ment but also the likelihood of causing thrombophlebi-
tis.4 Monitoring for evidence of thrombosis is important, 
especially in the peripherally placed anatomic sites 
because this my compromise blood flow to distal tissues. 
Refer to Chapter 5, Arterial Puncture and Catheter 
Placement, for more information.

Sample handling

To ensure accuracy of blood gas results, knowledge of 
appropriate sample handling is important. Exposure of 
the sample to room air and delayed analysis will alter the 
measurements. Air bubbles in the sample syringe should 
be expelled immediately. Due to gas diffusion, exposure 
to room air will cause a drop in the sample PaCO2 (PCO2 
of room air is approximately zero) and change in the 
sample PaO2 (PO2 of room air is approximately 
150 mm Hg at sea level). Analysis delay will also alter the 
accuracy of the blood gas results. Blood cells remain 
metabolically active for some time ex vivo, and cellular 
effects can alter the accuracy of the blood gas results 
when delayed samples are not chilled. If sample analysis 
must be delayed, the sample should be stored anaerobi-
cally in an ice water bath at 4°C; this allows up to a 
6-hour delay in analysis without significantly affecting 
results.5,6

Blood gas analysis requires whole blood samples, and 
as such anticoagulants must be used to allow testing. 
Dilutional errors can affect sample results. Heparin is 
commonly used as an anticoagulant during blood sam-
pling. Studies have shown that dilution of the sample 
with liquid heparin lowers the PaCO2, affects the measure 
of oxygen, and also can affect electrolytes, lactate, and 
bicarbonate results. A <10% dilution with heparin mini-
mizes effects on the analytes; this dilution can be 
achieved with the evacuated syringe method using a 
3-cc syringe and 22-gauge needle. Liquid sodium 
heparin (1000 U/mL) 0.5 mL is drawn into the syringe, 
and then the plunger is drawn to the 3-cc mark to allow 
the heparin to coat the entire syringe. Then the contents 
of the syringe are removed by drawing back to the 3-cc 
mark and expelling all the air and any heparin forcibly. 
This air/heparin expel procedure is repeated three times, 
and the syringe is filled with at least 1 cc of blood, which 
represents a 3.9% dilution.7 See Chapter 5, Arterial 
Puncture and Catheter Placement, for further details 
about this technique.

Evaluating arterial blood gas results

Normal arterial blood gas values for dogs and cats are 
listed in Box 22.2.8

Box 22.2  Normal arterial blood gas values for dogs and cats

Dog8 (at sea level)
•  PaO2: 92 mm Hg (80–105)
•  PaCO2: 37 mm Hg (32–43)
•  SaO2: more than 95%

Cat8 (at sea level)
•  PaO2: 105 mm Hg (95–115)
•  PaCO2: 31 mm Hg (26–36)
•  SaO2: more than 95%
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which can occur for several reasons. CNS dysfunction, 
as with anesthetics, traumatic brain injury, neoplasia, 
infections, or cerebral edema, can affect CNS control of 
ventilation. Cervical diseases affecting the spinal cord, 
such as intervertebral disk disease, neoplasia, infection, 
or inflammation, can also lead to hypoventilation due 
to effects on the upper and lower (phrenic nerve) motor 
neurons responsible for diaphragmatic innervation. 
Peripherally mediated neuromuscular disease such as 
tetanus, botulism, and tick paralysis can also lead to a 
respiratory acidosis due to hypoventilation. Diseases of 
the pleural space, such as severe pleural effusion or 
pneumothorax, or diaphragmatic hernia can also result 
in hypoventilation. Obstructive diseases of the upper 
and lower airway alter airway resistance and lead to 
hypercapnia. Tracheal collapse, an upper airway mass, or 
a foreign body can lead to upper airway obstruction and 
hypercapnia. Lower airway diseases such as asthma or 
bronchitis can also cause hypercapnia. Respiratory aci-
dosis will result when there is increased CO2 production 
in the tissues without the appropriate compensation in 
ventilation, as in heat stroke and malignant hyperther-
mia; however, such situations are much less common 
than inadequate CO2 elimination as the cause for 
hypercapnia.

Depending on the cause, interventions may vary sig-
nificantly, so the primary goal is to determine the under-
lying cause and attempt to fix it (i.e., reverse respiratory 
depressant medications, decrease anesthetic depth, 
relieve pleural space disorders). A PaCO2 greater than 
60 mm Hg is a significant problem and warrants imme-
diate correction of the underlying problem.

Decreased PCO2 (hypocapnia)

Respiratory alkalosis, or hypocapnia, is a decrease in the 
partial pressure of carbon dioxide (PaCO2 <32 mm Hg 
in the dog, <26 mm Hg in the cat). This commonly 
occurs secondary to lung disease, which stimulates  
pulmonary afferents to drive ventilation, or poor oxy-
genation, which triggers both central and peripheral 
chemoreceptors and increases ventilation. Poor oxygen-
ation can be caused by primary lung disease (leading  
to low PaO2 or hypoxemia) or from disease states 
that affect the ability to transport or use oxygen. Exam-
ples of disease processes that lead to poor tissue oxygen-
ation not associated with pulmonary disease include 
anemia, decreased cardiac output (shock, poor cardiac 
contractility), and mitochondrial dysfunction (as with 
sepsis or cyanide toxicity). Also animals with metabolic 
acidosis have a compensatory respiratory alkalosis (from 
hyperventilation → low PaCO2) in an attempt to nor-
malize the pH. See Chapter 50, Acid-Base Evaluation,  

for more information about acid-base status. A drop  
in the PaCO2 below 25 mm Hg can result in compro-
mised cerebral blood flow and should be addressed 
immediately.10

Assessment of the partial pressure of oxygen 
in arterial blood (PaO2)
Oxygen is carried in the blood in only two forms. One 
form is the portion of gas dissolved in the blood and 
measured as a partial pressure (PO2). This represents 
only 2%–3% of the total arterial blood oxygen content.11 
The other form is the oxygen bound to hemoglobin in 
the red blood cells. In arterial blood gas analysis, the 
PaO2 is measured to evaluate the lung’s ability to oxy-
genate blood, often called simply “lung function.” The 
diffusion of oxygen into the pulmonary capillaries 
occurs via diffusion down a concentration gradient. 
Alveolar partial pressure of oxygen (PAO2) is higher than 
the partial pressure of oxygen in the pulmonary capil-
lary as it leaves the pulmonary arteriole and approaches 
the alveolus. At the alveolar-pulmonary capillary junc-
tion, oxygen passively diffuses across the alveolar mem-
brane into the pulmonary capillaries. The rate of 
diffusion is driven by Fick’s law, which states that the 
diffusion of a gas across a membrane is directly propor-
tional to the area of the tissue membrane and the pres-
sure gradient, and inversely proportional to the thickness 
of the membrane.12 Clinically, this means that diffusion 
will be altered if the surface area for gas exchange is 
decreased or if the respiratory membrane is thickened 
(which is uncommon in small animals). Decreased 
surface area for gas exchange occurs secondary to airway 
constriction (low V/Q) or lung unit collapse or consoli-
dation (no V/Q: intrapulmonary shunting). PaO2 is 
essentially a measure of how many perfused lung units 
are ventilated adequately to allow oxygen to diffuse into 
the pulmonary capillary as it heads to the left heart for 
systemic circulation. Hence PaO2 is used as a primary 
measure of pulmonary function.

A PaO2 less than 80 mm Hg is considered hypoxemia, 
and oxygen supplementation should be considered. A 
PaO2 less than 60 mm Hg is considered severe hypox-
emia, and immediate intervention is necessary.

Pulmonary function assessment using arterial 
blood gas data

Once arterial blood gas values are attained, further anal-
ysis may be helpful to determine the severity of the 
pulmonary dysfunction and to rule out hypoventilation 
as the cause of hypoxemia. A summary of these analyses 
is available in Box 22.3.
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which drops the PaO2 below the PAO2. The normal dif-
ference between PAO2 and PaO2 (the “A-a gradient” or 
“A-a difference”) should be less than 15 mm Hg and is 
generally considered “physiologic shunting.” However, 
when an increased amount of blood enters the left 
atrium without being oxygenated (for instance, because 
it perfused lung units that were not well ventilated due 
to a low V/Q or no V/Q scenario), the excessive deoxy-
genated blood further dilutes the properly arterialized 
blood coming from functional lung units. This situation 
is commonly referred to as venous admixture or intra-
pulmonary shunting. To determine whether there is 
increased pulmonary shunting, the A-a gradient can be 
calculated; increased gradients are associated with 
underlying pathology and help direct diagnostics and 
intervention.

A-a gradient PAO PaO

FiO P P PaCO /RQ PaOb H 0

= −
= − − −

2 2

2 2 2 2[ ( ) ]
 

(22.2)

Where the FiO2 is the fraction of inspired oxygen (0.21 
or 21% on room air), Pb is the barometric pressure 
(∼760 mm Hg at sea level), and PH20 is the vapor pressure 
of water. PH2O does vary with temperature, but generally 
47 mm Hg is used because this is the vapor pressure of 
water at 37°C (human body temperature). The PaCO2 
is measured from the arterial blood gas sample, and  
RQ is the respiratory quotient, which is approximately  
0.8. This assessment also works when the patient is 
receiving 100% oxygen, in which case the expected gra-
dient is less than 150 mm Hg. For fractional inspired 
oxygen levels between room air and pure oxygen, the 
expected gradient has not been established and must be 
extrapolated.5

The “120” rule
Because the PCO2 affects PAO2 (see expanded Equation 
22.2), when an animal is at sea level breathing room air, 
one can estimate what PaO2 to expect when one knows 
the PaCO2 by using the “120” rule. When an animal is 
breathing room air at sea level, the sum of PaCO2 and 
PaO2 is generally 120 to 160 mm Hg. When the sum of 
PaCO2 and PaO2 is less than 120, pulmonary dysfunc-
tion is present.5 The major inherent limitation to this 
method is the requirement for room air, sea level condi-
tions. The major advantage is its ease of use.

PaCO PaO adequate lung function

PaCO PaO abnorm

2 2

2 2

120

120

+ ≥
+ <

:

: aal lung function
 (22.3)

Box 22.3  Pulmonary function assessment using arterial 
blood gas data

Alveolar-arterial oxygen gradient

• 
A-a gradient PAO PaO

FiO P P  PaCO /RQ PaOb H 0

= −
= − − −

2 2

2 2 2 2[ ( ) ]

  Normal ≤15 mm Hg at FiO2 0.21 (room air), normal 
≤150 mm Hg at FiO2 1.0 (100% oxygen); values in 
excess of 15 mm Hg on room air indicate pulmonary 
dysfunction

  Use: At any Pb, at any PaCO2
  Reliable only at room air or 100% oxygen

The “120” rule
•  PaCO2 + PaO2 ≥120: adequate lung function
•  PaCO2 + PaO2 <120: abnormal lung function

  Use: Only at sea level on room air

PaO2/FiO2

•  PaO2/FiO2 = “P:F ratio”
  Normal ≥500 mm Hg; mild pulmonary dysfunction 

300–500 mm Hg; moderate pulmonary dysfunction 
consistent with ALI 200–300 mm Hg; severe pulmonary 
dysfunction consistent with ARDS <200 mm Hg

  Use: At any FiO2
  Expected values apply only to sea level; extrapolated, 

reliable values would be available at other Pb

FiO2 × 5 rule
•  Normal PaO2 ≥ (FiO2, %) × 5

  Use: At any FiO2
  Expected value of PaO2 ≥ 5 × FiO2 applies only to sea 

level; extrapolated, reliable values would be available 
at other Pb

Total arterial oxygen content
•  CaO2 = (SaO2 × Hgb × 1.34) + (0.003 × PaO2)

  Normal in dogs: 16.9–18.0 mL/dL
  Relevant at all Pb, PCO2, and FiO2

Alveolar to arterial gradient (A-a gradient)
After gas exchange occurs, the oxygen content in the 
pulmonary capillary is normally the same as the oxygen 
content in the alveolus (PaO2 ∼105 mm Hg at sea level 
on room air) because diffusion is complete. Oxygenated 
pulmonary capillary blood then flows to the left heart 
for systemic circulation. However, a small amount of 
blood (from bronchial and Thebesian circulations) nor-
mally returns to the left heart deoxygenated; this small 
amount of deoxygenated blood mixes with the arterial-
ized blood returning from the pulmonary capillaries, 
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expressed as a decimal (see later), and 1.34 and 0.003 are 
constants. Normal O2 content in dogs is reported to be 
16.9 − 18.0 mL/dL,14 although an idealized canine value 
is closer to 20 mL/dL. Note that red blood cell mass has 
a far more profound effect on total blood oxygen content 
than does PO2 within the survivable range.

Venous samples

Although arterial samples are preferable for assessment 
of both oxygenation and ventilation, a venous sample 
can also help evaluate the respiratory system.

Venous PCO2 (PvCO2)
There is an expected arterial-venous gradient for PCO2. 
Venous blood contains CO2 from the metabolically 
active tissue bed(s) upstream from where the sample was 
acquired, and as such, it generally has a PCO2 approxi-
mately 5 mm Hg higher than arterial blood. CO2 pro-
duced in the tissues is carried in several forms by the 
blood to the lungs for removal. The dissolved PCO2 
represents approximately 10% of the total CO2.

5 Most 
of the CO2 is buffered within the red blood cell and 
then transported as bicarbonate to the lungs where this 
process is reversed to facilitate removal of CO2 by the 
lungs. The disadvantage of venous samples is that  
in certain disease states, the arterial-to-venous PCO2 
gradient may increase. Such disease states include 
anemia, where there is a decrease in the ability to  
buffer the CO2. Venous stasis will also increase the gradi-
ent. As a general guide, a PvCO2 less than 48 mm Hg 
indicates hypoventilation assuming no concurrent per-
fusion compromise.

Venous PO2 (PvO2)
The PvO2 can be used to determine the oxygen extrac-
tion ratio (OER), a ratio that sheds some light on the 
adequacy of oxygen delivery in comparison with the 
patient’s oxygen consumption. Traditionally, calculation 
of the OER requires a mixed venous sample collected 
from the distal port of a pulmonary arterial catheter; 
however, blood from a central venous line (a catheter 
with a distal port near the right atrium) is probably 
adequate for most purposes. See Chapter 15, Monitoring 
Tissue Perfusion: Clinicopathologic Aids and Advanced 
Techniques, for more information regarding the oxygen 
extraction ratio. Normal PvO2 values range from 40 to 
50 mm Hg. As a general rule, when PvO2 is less than 
30 mm Hg, this may be an indication of decreased 
oxygen delivery, and diagnostics to determine the cause 
should be considered if the patient’s clinical condition 
supports this finding.

PaO2/FiO2 (“the P:F ratio”)
Equation 22.3 can be used to evaluate pulmonary func-
tion at any FiO2, which provides an advantage over the 
A-a gradient and the 120 rule. The value is acquired 
simply by dividing the PaO2 by the FiO2:

PaO /FiO P:F ratio2 2 = “ ”  (22.4)

where the FiO2 is expressed as a decimal. With normal 
pulmonary function, the P : F  ratio should exceed 
500 mm Hg. The P : F ratio can be used to approximate 
the severity of pulmonary dysfunction; values between 
300 and 500 mm Hg are associated with mild dysfunc-
tion, between 300 and 200 mm Hg are considered to 
have moderate dysfunction, and less than 200 mm Hg 
are considered to have severe pulmonary dysfunction. 
This calculated ratio, along with several other criteria 
such as acute onset of respiratory distress, bilateral dor-
socaudal pulmonary infiltrates, absence of fluid over-
load or congestive heart failure (pulmonary artery 
occlusion pressure <18 mm Hg; see Chapter 12), and an 
appropriate underlying disease process, is also used to 
identify patients with acute lung injury (ALI) and acute 
respiratory distress syndrome (ARDS).13 Values less than 
500 mm Hg indicate there is compromised pulmonary 
function and definitive intervention and diagnostics are 
indicated. The advantage of this method is that it is 
simple, quick, and can be used at any FiO2. The main 
disadvantage is the method’s disregard for the effect of 
ventilation (PCO2), although this is only really an issue 
when making the calculation on room air.

FiO2 × 5
Another way to approximate the expected PaO2 is to 
multiply the FiO2 (as a percentage) by 5. With normal 
pulmonary function the PaO2 would be approximately 
100 mm Hg, which is about 5 times the FiO2. This can 
then be extrapolated out to estimate what the PaO2 
should be with normal pulmonary function. Values 
attained that are lower than this indicate dysfunction.5 
Advantages and disadvantages are identical to those 
described for the P:F ratio.

Calculation of the total oxygen content
As stated earlier, O2 is carried in the blood two ways: 
dissolved in plasma and attached to hemoglobin. Total 
blood O2 content can be calculated easily using the 
blood gas analyzer results. For arterial blood,

CaO SaO Hgb PaO2 2 21 34 0 003= × × + ×( . ) ( . )  (22.5)

where CaO2 is the total arterial blood oxygen content, 
SaO2 is the saturation of hemoglobin with oxygen 
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Saturation of hemoglobin with oxygen

Blood gas analyzers often report the saturation of oxygen 
(SO2). This value represents the amount of oxygen 
bound to the hemoglobin molecule and is reported as a 
percentage of hemoglobin saturation with oxygen. 
Blood in which all hemoglobin oxygen sites are bound 
with oxygen is 100% saturated; blood in which 75% of 
hemoglobin oxygen sites are bound with oxygen is 75% 
saturated. The arterial hemoglobin oxygen saturation 
(SaO2) is calculated from the pO2, pH, and bicarbonate 
values; it assumes normal conditions for the calcula-
tion.5 The oxyhemoglobin equilibrium curve shows the 
relationship between the PaO2 and the SaO2 graphically; 
it is a sigmoid curve where initially there is rapid binding 
of oxygen and the hemoglobin molecule. Pulse oximetry 
is a noninvasive method of estimating the PaO2 using 
the oxyhemoglobin dissociation curve. See Chapter 22, 
Pulse Oximetry and CO-oximetry, for more informa-
tion about the oxyhemoglobin equilibrium curve and 
these monitoring tools.

Summary

Blood gas analysis allows detailed assessment of a 
patient’s respiratory function. Arterial blood gases 
provide the opportunity to monitor a patient’s pulmo-
nary function in response to time and therapy, particu-
larly when simple tools like the A-a gradient and the P:F 
ratio are used. Arterial and venous blood gases can be 
used to inform the clinician and technician about the 
patient’s ventilatory adequacy. Venous oxygen tension 
can be used as a marker of adequacy of tissue perfusion. 
Blood gas analysis is readily available and relatively inex-
pensive with the use of bedside monitoring equipment.
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23
Tracheal intubation

Jeni Dohner and Rebecca S. Syring

The ability to establish an airway through tracheal intu-
bation, as well as maintain patency once accomplished, 
is a vital skill that all veterinarians and veterinary techni-
cians should master. An understanding of airway 
anatomy and the differences in conformation between 
cats and dogs will help one choose an appropriate intu-
bation technique when airway access is required (see Fig. 
23.1).

One should be comfortable with the different types 
of endotracheal (ET) tubes, as well as ancillary materials 
that may be needed to perform ET intubation. If initial 
attempts to gain airway access result in failure, one 
should also be knowledgeable of advanced techniques 
that can be used to quickly secure an airway.

Because of the often chaotic and unpredictable nature 
of emergency situations, it is recommended that you 
have a space set aside in your practice that has all of the 
supplies needed for rapid intubation readily accessible. 
This may be the same space that is set aside for cardio-
pulmonary cerebral resuscitation (CPCR). This desig-
nated space should be inventoried and restocked 
regularly, depending on the frequency of use, to assure 
that all supplies are present and in proper working order. 
Having such a space set aside will facilitate a rapid 
response and hopefully minimize stress in a crisis 
situation.

Indications for intubation

There are many reasons for tracheal intubation in dogs 
and cats (see Table 23.1). In many instances, this may be 
a routine intubation for general anesthesia and surgery. 
However, in an emergency and critical care setting, intu-
bation may be required in unstable animals to facilitate 

treatment of that animal. Therefore, a rapid response 
time is critical, and communication between team 
members is vital during intubation, particularly when 
CPCR is needed (see Chapter 16, Cardiopulmonary 
Cerebral Resuscitation). The same can be said when 
emergent intubation is required for upper airway 
obstruction as occurs with foreign bodies, soft tissue 
swelling due to anaphylaxis or trauma, tumors, laryngeal 
paralysis, brachycephalic airway syndrome, and tracheal 
collapse. In some cases an ET tube cannot be passed due 
to the obstruction, requiring alternative intubation tech-
niques, such as retrograde intubation (discussed later in 
this chapter) or tracheostomy tube placement, discussed 
in detail in Chapter 24, Temporary Tracheostomy.

Animals with decreased levels of consciousness may 
require tracheal intubation to maintain a functional and 
protected airway. The primary purpose of intubation in 
these animals is to provide a protected airway from oral 
and gastric secretions that could be aspirated, resulting 
in respiratory distress and/or pneumonia. Any animal 
with a decreased or absent gag reflex, which can be easily 
checked by gently stimulating the back of the tongue or 
soft palate with a cotton swab or tongue depressor, 
should be considered a candidate for ET intubation. A 
decreased gag response may be seen in animals that have 
been sedated with propofol or barbiturates.

Another reason that animals with decreased levels of 
consciousness may require ET intubation is if they are 
not ventilating appropriately. Severe head trauma or 
other intracranial diseases resulting in increased intra-
cranial pressure (i.e., brain tumors, meningitis) may 
result in stuporous to comatose states. These animals 
may exhibit insufficient ventilation, resulting in carbon 
dioxide (CO2) retention, which can further increase 
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intracranial pressure. Intubation and positive pressure 
ventilation may be required to rid the body of excess 
CO2.

Animals with muscular weakness may not be able to 
ventilate adequately, resulting in hypercarbia, respira-
tory acidosis, and ultimately hypoxemia. Muscular 
weakness may occur due to neurologic dysfunction as 
the result of cervical injuries (resulting in injury to the 
phrenic nerve that controls the diaphragm or other 
respiratory interneurons that control the intercostal 
muscles) or lower motor neuron disease causing flaccid 
paralysis (i.e., myasthenia gravis, Coonhound paralysis, 
polyradiculoneuritis, or botulism). Severe hypokalemia 
is another important reason for marked muscular weak-
ness. Care should be taken to monitor for appropriate 
diaphragmatic movement (diaphragm moving caudally 
and causing expansion of the abdomen during inhala-
tion) and chest wall expansion in these patients because 
respiratory muscle fatigue can occur. With worsening 
respiratory muscle weakness, hypoventilation, resulting 
in hypercapnia and respiratory acidosis, may occur and 
require intubation and mechanical ventilation (see 
Chapter 27, Mechanical Ventilation). Animals with 
megaesophagus, which can be seen in some animals 
with generalized flaccid paralysis, may require airway 
protection from regurgitation.

The animal with a condition that causes severe 
hypoxia (PaO2 <60 mm Hg) in the face of oxygen supple-
mentation may require intubation and mechanical  
ventilation. In any animal requiring intubation for 

Figure 23.1 Anatomy of the oropharynx of the (a) dog and (b) cat. A laryngoscope is placing pressure on the base of the tongue to 
expose the larynx and surrounding anatomy. The arrows are pointing to the arytenoids (vocal folds). The asterisk indicates the soft 
palate. The O indicates the epiglottis.

(a) (b)

Table 23.1 Indications for tracheal intubation

Cardiopulmonary cerebral resuscitation
Upper airway obstruction
 Foreign body
 Soft tissue swelling
 Trauma
 Laryngeal paralysis
 Masses
 Tracheal collapse
Decreased levels of consciousness
 Sedation
 Head trauma
 Intracranial disease
Decreased ability to ventilate
 Lower motor disease (flaccid/ascending paralysis)
  Tick paralysis
  Polyradiculoneuritis (coonhound paralysis)
  Botulism
  Myasthenia gravis
 Phrenic nerve damage
  Cervical lesions
 Head trauma
 Hypokalemia
Mechanical ventilation
General anesthesia
Endotracheal wash
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aspiration of gastric and oral secretions (see Fig. 23.2). 
Prevention of gas leaks is necessary when using inhaled 
anesthetic agents to reduce environmental contamina-
tion and to facilitate positive pressure ventilation without 
loss of tidal volume. To prevent gas leakage out of the 
airways or fluid entrance around the ET tube, the cuff 
must be inflated to a degree that exerts some degree of 
pressure against the wall of the trachea. The cuff should 
be inflated to the lowest pressure that achieves the goals 
just described, to a pressure no greater than 25 cm H2O, 
to reduce the risk for injury to the tracheal wall. Exces-
sive cuff pressure can result in tracheitis, necrosis of the 
tracheal mucosa, damage to the cartilaginous rings 
resulting in tracheal dilation, and tearing of tracheal 
membranes.

There are two main types of cuffs on ET tubes: high-
pressure, low-volume cuffs made of a thicker material 
that conforms to the outside of the ET tube when 
deflated (see Figs. 23.3a and b) and low-pressure, high-
volume cuffs made of a thinner, more compliant mate-
rial that remains raised with ridges of excess material 
when deflated (see Fig. 23.3c). Low-pressure, high-
volume cuffs are preferred when possible because they 
generate less pressure for a given volume of inflation, 
resulting in less tracheal trauma.

Intracuff pressure, which approximates the pressure 
the cuff exerts on the tracheal wall, can be measured 
with a sphygmomanometer attached to the pilot balloon 
to ensure it does not exceed 25 cm H2O. In the absence 
of the ability to measure intracuff pressure, either the 
minimal occlusive volume technique or the minimal 
leak technique should be used to inflate the cuff.

With the minimal occlusive volume technique, air 
should be injected into the cuff while ausculting over the 
trachea while delivering a breath until no leak can be 

Table 23.2 Materials needed for endotracheal intubation

Canine
 Three different-size ET tubes, cuffs previously checked if 

applicable
  One of estimated size
  One each of size smaller and larger
 Laryngoscope
 Sterile aqueous lubricant
 Gauze squares for grasping the tongue
 Length of muzzle gauze for tying in ET tube
 Appropriate-size air syringe
  3–5 mL: small dog/5–10 mL: large dog
 Atraumatic clamp if using rubber tube
 Cotton-tipped applicators
 Oxygen, mask

Feline
 Three different-size ET tubes, cuffs previously checked  

if applicable
  One of estimated size
  One each of size smaller and larger
 Laryngoscope, curved blade if available
 Sterile aqueous lubricant
 Gauze squares for grasping the tongue
 Length of muzzle gauze for tying in ET tube
 Appropriate-size air syringe
  3 mL usually sufficient
 Atraumatic clamp if using red rubber ET tube
 2% lidocaine to prevent laryngospasm
 Stylet
 Cotton-tipped applicators
 Oxygen, mask

Figure 23.2 Anatomy of an ET tube. (A) Murphy eye; (B) cuff; 
(C) adapter; (D) pilot balloon; (E) cuff inflation syringe.

mechanical ventilation, sterile technique is extremely 
important when placing the ET tube because bacterial 
contamination can increase the risk of pneumonia and 
sepsis. Sterile ET tube placement requires the use of 
sterile gloves, a clean laryngoscope, and a sterile ET tube. 
Placement of a sterile ET tube is also important for 
diagnostic airway washes.

Equipment needed for intubation

Intubation of dogs and cats requires equipment beyond 
the ET tube itself and varies slightly by species (see Table 
23.2).

ET tubes
Cuffed ET tubes

The cuff on the ET tube is used for two purposes: to 
prevent gas leaks around the tube and to reduce risk of 
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irritating to the airways than red rubber tubes. PVC 
tubes have a preformed curve, whereas silicone tubes are 
straight (the authors curved the ET tube pictured in Fig. 
23.3 with a piece of purple suture to fit it in the image; 
without the suture, it is straight). Both types of tubes are 
more flexible than red rubber tubes, with silicone tubes 
the most flexible. A stylet may be needed with smaller 
silicone tubes to prevent them from bending during 
intubation. PVC tubes are labeled as single-use tubes, 
but they can be cleaned with typical antiseptic solutions 
and reused. The biggest advantage of PVC tubes is that 
they possess the low-pressure, high-volume cuffs that 
may be the least damaging to the trachea. Both types of 
tubes have self-sealing, spring-loaded pilot balloons, 
making it easier to ensure that the volume of air instilled 
into the cuff is retained.

Rubber ET tubes are affordable but have several prop-
erties that may make them less desirable for routine use. 
The tube is prone to drying out and cracking with 
repeated use, resulting in air leaks. Their opaque nature 
makes it difficult to assess air movement within the tube 
because accumulation of condensation cannot be noted 
and the cleanliness of the interior surface cannot be 
easily assessed. The rubber is more likely to retain agents 
used for cleaning and therefore may cause more tracheal 
irritation. Rubber tubes have high-pressure, low-volume 
cuffs that are associated with greater injury to the tra-
cheal wall. Lastly, rubber ET tubes do not have a spring-
loaded pilot balloon; therefore, an atraumatic clamp 
(Europlas Flowclamp Hemostat, Pollack International 

detected. At this point, a small amount of air should be 
removed from the cuff until a small leak can be heard 
(e.g., 0.5 cc of air). Small amounts of air should then be 
gradually instilled until the leak can no longer be heard. 
This technique minimizes the risk for aspiration but 
may result in a greater degree of tracheal injury than 
when using the minimal leak technique.

With the minimal leak technique, air should be 
injected into the cuff while ausculting over the trachea 
during breath delivery until no leak is noted. At this 
point air is removed from the cuff in 0.1-cc increments 
until a very small leak can be detected. This technique 
results in less injury to the tracheal wall but may increase 
the risk for aspiration of secretions and can only be 
performed with ET tubes that have a spring-locked pilot 
balloon.

Murphy-type tubes are the most commonly used 
cuffed ET tubes (see Figs. 23.2 and 23.3). This type of 
tube has a beveled tip with an eye hole (“Murphy eye”) 
in the wall opposite the bevel to ensure airflow if the end 
hole is occluded against the tracheal wall. These tubes 
can be composed of silicone (Fig. 23.3a), rubber (Fig. 
23.3b), or polyvinyl chloride (Fig. 23.3c). Each of these 
materials possesses different physical properties, which 
should be considered when choosing an ET tube for the 
small animal patient.

Polyvinyl chloride (PVC) and silicone ET tubes 
possess many similar attributes: they are made of a clear 
to semiopaque material that allow visualization of 
airflow and material within the tube. These tubes are less 

Figure 23.3 Three different types of large cuffed ET tubes. (A) silicone; (B) rubber; (C) polyvinyl chloride (PVC). Note the differences 
in the cuff between (A) and (B) (low volume, high pressure) and (C) (high volume, low pressure). Note that the silicone tube has been 
curved for the purposes of this image with a length of suture; silicone ET tubes are straight.
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whereas the straight blades, which are available in 
varying lengths, work best for most dogs (see Fig. 23.6).

Stylets
With smaller or extremely flexible ET tubes, placement 
of a stiff stylet into the interior of the tube during intu-
bation may aid in tube placement. This is particularly 
true in cats with laryngospasm. Care should be taken to 
ensure that the tip of the stylet does not protrude beyond 
the tip of the ET tube to minimize injury to the larynx 
and trachea (see Fig. 23.5b).

Lidocaine (2%)
Topical lidocaine can be applied to the arytenoids prior 
to intubation to minimize laryngospasm and facilitate 

Ltd, Rosh Ha’ayin, Israel) must be applied to the cuff 
tubing to prevent cuff deflation while the patient is intu-
bated (see Fig. 23.4).

Uncuffed ET tubes

It is difficult to find ET tubes smaller than 3.0 mm that 
are cuffed. When smaller animals such as cats, pediatric 
animals, or exotic pets require intubation, an uncuffed 
ET tube may need to be used. Cole ET tubes are designed 
with a wide portion proximally and a narrow portion 
distally; the area where the tube narrows is called the 
shoulder of the tube. These tubes are designed so the 
narrow portion of the tube is inserted into the larynx 
and trachea and the shoulder portion of the tube is situ-
ated at the level of the arytenoids to form a seal to mini-
mize the risk for aspiration (see Fig. 23.5a). When using 
uncuffed tubes, it is important to use the largest tube 
that can be fit into the trachea without causing injury; 
this helps create the best seal for providing positive pres-
sure breaths during anesthesia, limit air/gas leaks, and 
minimize the risk for aspiration.

Laryngoscope with illumination
The use of a handheld laryngoscope during routine 
intubation dramatically increases airway visualization 
and facilitates timely and accurate intubation in both 
cats and dogs. Laryngoscope lights should be routinely 
checked and repaired to ensure that the light bulb is in 
working order when needed for emergent situations. A 
variety of blades are available to attach to the handle of 
the laryngoscope. Short curved blades work best in cats, 

Figure 23.4 Because the pilot balloon (asterisk) on a rubber 
tube is not spring loaded, an atraumatic clamp should be applied 
to the cuff tubing to prevent accidental deflation of the cuff.

Figure 23.5 (a) Options for intubation of smaller animals such 
as cats and pediatric patients: an uncuffed Cole ET tube (top) and 
a smaller cuffed ET tube and metal stylet. (b) The metal stylet 
inserted into the smaller cuffed ET tube, with care that the tip of 
the stylet does not protrude from the end of the tube. The stylet 
provides support to the more flexible tube to facilitate 
intubation.

(a)

(b)
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tubes of all sizes should be readily available for daily use. 
ET tubes should be regularly checked for cracking, and 
cuffs should be inflated to find potential leaks or weak-
nesses in the material.

Choosing appropriate ET tube size
ET width

Selecting an appropriate-size ET tube is important to 
facilitate rapid intubation, minimize tracheal trauma, 
and ensure that the airway is appropriately protected. If 
too large a tube is used, it may cause trauma to the 
airway and result in swelling and rupture. If too small a 
tube is used, it will result in leaks around the cuff and 
protection of the airway will be compromised. Overin-
flating the cuff to compensate for an undersized ET tube 
can result in tracheal necrosis and rupture.1 In addition, 
increased airway resistance may be seen when the ET 
tube is too small.

Various techniques can be used to aid in choosing an 
appropriate-size ET tube. Unfortunately, these tech-
niques are not routinely reliable and may not be appli-
cable to certain breeds. Time and experience with 
intubation of many different sizes and breeds is often 
needed before one is able confidently to select the correct 
ET size. Initially, you will simply need to look at the 
animal and make an estimate on tube size. You should 
have readily available to you an ET tube that is both one 
size larger and one size smaller than the tube you ini-
tially chose in case visual inspection reveals a narrower 
or wider airway opening than initially expected.

One method of selecting an ET tube is by correlating 
body weight to tracheal size.2–4 Although these size 

intubation. In addition, it can reduce the amount of 
premedication and induction agent needed to establish 
an airway. Lidocaine can be placed into a needleless 
syringe, or an atomizer (see Fig. 23.7) can be used to 
deliver it to the perilaryngeal tissues. Cats are more sen-
sitive to the toxic effects of lidocaine; therefore, care 
should be taken to ensure that the dose administered is 
safe. In most cats, a dose of 0.5 mL of less of 2% lido-
caine should be sufficient to provide local anesthesia 
without causing toxicity.

Securing the ET tube
Once the ET tube is properly inserted into the airway, 
securing the tube in place is of utmost importance to 
limit airway trauma and reduce the risk for inadvertent 
extubation. Cloth muzzle gauze (Kendall Curity Bandage 
Roll, Tyco Healthcare, Mansfield, MA) should be tied 
around the ET tube caudal to the adapter but rostral to 
the pilot balloon tube tubing and positioned at the level 
just behind the canine teeth and then secured to the 
upper or lower jaw or behind the ears. Alternatively, a 
section of intravenous (IV) fluid tubing can be used 
rather than muzzle gauze. One advantage of IV fluid 
tubing is that it can be washed and reused between 
patients, limiting waste. However, fluid tubing provides 
a less secure grip on the ET tube and can be a source for 
bacterial contamination.

Intubation techniques

As mentioned previously, preparation is critical in suc-
cessful ET intubation in emergency situations. All sup-
plies that may be needed should be accessible and ET 

Figure 23.7 An atomizer used to distill lidocaine onto the ary-
tenoids to facilitate intubation.

Figure 23.6 Illuminated laryngoscope. The top blade, a pediat-
ric curved blade, is most useful in cats. The straight Miller blades 
(middle and bottom) are most useful for dogs.
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lating only a portion of the lungs (single bronchus or 
“one-lung” intubation). If the tube is measured to be too 
long, it can easily be cut to the appropriate length. 
Remove the adapter at the rostral end, cut to size, and 
reattach the adapter to the tube.

Intubating dogs
The dog should ideally be in sternal recumbency, 
although lateral recumbency can be used if needed in 
large dogs. If the dog is breathing spontaneously, pre-
oxygenation is ideal. Emergency situations in which the 
animal is agonal, still has jaw tone, or is struggling may 
require some sedation. Drugs that can be reversed such 
as benzodiazepines should be considered. Short-acting 
agents such as propofol or thiopental may also be uti-
lized for rapid intubation. If performing general anes-
thesia, premedication and induction agents are used. 
Neuromuscular blocking agents may also be used in 
certain situations where traditional sedation protocols 
are not feasible.

An assistant should open the mouth by placing one 
hand just behind the maxillary canine teeth with the 
thumb and index finger (thumb and middle finger in 
large dogs) (see Fig. 23.9a). The other hand should grasp 
the distal portion of the tongue using a dry gauze square. 
The tongue should be pulled out over the lower incisors 
and ventral, thus opening the oral cavity for easier visu-
alization. The head should be pulled rostrally and dor-
sally, which straightens the neck and facilitates full view 
of the pharynx and larynx (see Fig. 23.9b).

At this time the person intubating should place the 
laryngoscope blade into the oral cavity. The tongue 
should be depressed just rostral to, but not touching, the 
base of the epiglottis. The epiglottis, which normally sits 
covering the laryngeal opening, should flip ventrally to 
reveal the arytenoids (vocal cords) (see Fig. 23.9c). At 

charts may be used as a general guideline, this may not 
prove accurate in certain animals, such as brachyce-
phalic breeds and those animals with abnormal body 
condition score (those that are excessively thin or 
overweight).2

Another method for selecting ET tube size is by evalu-
ating the width of the nasal septum. The ET tube should 
be held up to the narrowest point between the nares (see 
Fig. 23.8a). The ET tube with an outer diameter that best 
matches the width of the nasal septum should be used. 
However, a recent study found that this technique was 
only effective 21% of the time, and there was no actual 
correlation between internal or external diameter of the 
tube and nasal septum width in dogs.2

Palpation of the width of the extrathoracic trachea 
just above the thoracic inlet can also be used to estimate 
ET tube size (see Fig. 23.8b). This technique was found 
to be more effective than nasal septum measurement, 
successful 46% of the time, but it still had a wide margin 
of error.2 Palpation of the trachea can be difficult in 
brachycephalic breeds and in obese pets.

ET tube length

The ET tube length is just as important as its width. 
Fortunately, this measurement is much easier to perform. 
When placed, the adapter, to which external tubing for 
oxygen delivery and ventilatory support is attached, 
should be positioned just cranial to the incisor teeth 
while the distal portion of the tube should end at the 
level of the thoracic inlet. This can be easily measured 
by holding an ET tube up to the patient’s neck and esti-
mating distance prior to intubation. This length of 
tubing is important because excessively long ET tubes 
contribute to mechanical dead space and increase the 
work of breathing. A long tube may also divert at the 
tracheal bifurcation into a bronchus, resulting in venti-

Figure 23.8 Techniques for estimating ET tube size. (a) The width of the nasal septum is measured and used as a guide for selection 
of ET tube size. (b) The extrathoracic trachea is palpated and used as a guide for selection of ET tube size.

(a) (b)
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tubing should be occluded using an atraumatic clamp 
so that the cuff will not deflate when removing the air 
syringe (see Fig. 23.4).

While the ET tube is being tied in and the cuff inflated, 
a manual resuscitator can be connected to the adapter 
to provide breaths. If general anesthesia is being per-
formed, the breathing system would than be connected 
to the patient. See Protocol 23.1 for concise step-by-step 
instructions on intubating dogs.

Intubating cats
As with dogs, cats should ideally be in sternal recum-
bency. This should be easier to perform because their 
smaller size facilitates easier handling. If the cat is 
breathing spontaneously, preoxygenation is ideal. Emer-
gency situations where the animal is agonal, still has jaw 
tone, or is struggling may require sedation. Drugs that 
can be reversed such as benzodiazepines should be con-
sidered. Short-acting agents such as propofol or thio-
pental may also be utilized for fast intubation. If 
performing general anesthesia, premedication and 
induction agents are used. Neuromuscular blocking 
agents may also be used in certain situations where tra-
ditional sedation protocols are not feasible.

An assistant should open the mouth by placing one 
hand just behind the maxillary canine teeth with the 
thumb and index finger. The other hand should grasp 
the distal portion of the tongue using a dry gauze square. 
The tongue should be pulled rostrally over the lower 
incisors and ventral, thus opening the oral cavity for 
easier visualization. The head should be pulled rostrally 

times the epiglottis is caught behind the soft palate and 
the laryngoscope can be used to gently release it. Care 
should be taken not to apply pressure to the epiglottis 
because edema can result.

If not done previously, the appropriate-size ET tube 
is selected, and sterile aqueous lubricant is applied to the 
distal end. Care should be taken not to occlude the 
Murphy eye (if applicable). The ET tube should be 
advanced over the epiglottis without contact and 
through the vocal cords (see Fig. 23.9d). The ET tube 
should be oriented with the bevel to the right of the 
person inserting the tube (in tubes with Murphy eyes, 
the Murphy eye would be to the left). In this orientation, 
the curve of the ET tube follows the curve of the trachea.

The adapter should ideally remain just cranial to the 
incisors on midline with the nasal septum to avoid  
the tube being inadvertently chewed and inhaled by the 
patient. The tube should be secured with a length of 
muzzle gauze or similar material. The gauze is first tied 
around the ET tube near the junction of the adapter. In 
large dogs it should be secured around the muzzle 
behind the canines. In small dogs the gauze can be 
secured around the head behind the ears.

With an appropriate size syringe, air should be 
injected into the pilot balloon to inflate the cuff to a 
maximum of 20 to 25 cm H2O. If the ability to measure 
pressure is unavailable, use the smallest amount needed 
to maintain a slight leak (see previous section). This will 
ensure that the tracheal mucosa is minimally compro-
mised. Red rubber ET tubes do not have a spring-locked 
pilot balloon to occlude the cuff. Thus the pilot balloon 

Figure 23.9 A diagram of the intubation sequence of a dog. (a) The dog is placed in sternal recumbency and the upper jaw should 
be grasped behind the canine teeth while the tongue is pulled rostrally between the canine teeth while the lower jaw is opened.  
(b) View of the caudal oropharynx when the mouth is properly opened for intubation. Note that the epiglottis is elevated, obscuring 
view of the glottis and arytenoids. (c) The laryngoscope is inserted into the mouth and the tip is used to place pressure on the base 
of the tongue. Care should be taken to avoid touching the epiglottis with the laryngoscope blade to minimize airway trauma. When 
properly positioned, a good view of the glottis and arytenoids is achieved. (d) Following intubation, direct visualization of the ET tube 
between the arytenoids is the most accurate way to ensure proper intubation.

(a) (b) (c) (d)
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Cats are also prone to laryngospasm, which can result 
in upper airway obstruction and make intubation virtu-
ally impossible. If this is the case, 2% lidocaine can be 
used to paralyze the vocal cords to facilitate intubation. 
One drop applied to each vocal cord with a needleless 
tuberculin syringe should be sufficient. The vocal cords 
should not be touched by the syringe. An atomizer may 
also be used if available to spray each vocal cord. Usually, 
30 seconds to a minute is needed for the 2% lidocaine 
to take effect. Because of the risk of laryngospasm and 
difficult intubation in cats, preoxygenation is suggested 
to avoid hypoxemia secondary to hypoventilation.

and dorsally, which straightens the neck and facilitates 
full view of the pharynx and larynx.

At this time the person intubating the cat should place 
the laryngoscope blade into the oral cavity. The tongue 
should be depressed rostral to, but not touching, the 
base of the epiglottis. If available, short curved laryngo-
scope blades tend to work better in cats. The epiglottis, 
which normally sits covering the laryngeal opening, 
should flip down to reveal the arytenoids (vocal cords). 
Extreme care should be taken when intubating a cat 
because they are more prone to laryngeal edema and 
inflammation than dogs.

Protocol 23.1 Endotracheal intubation in a dog

Items Required
• Three different-size endotracheal tubes

 Cuffs previously checked if applicable
 One of estimated size
 One each of size smaller and larger

• Laryngoscope
• Sterile aqueous lubricant
• Gauze squares for grasping the tongue
• Length of muzzle gauze for tying in ET tube
• Appropriate size air syringe

 3–5 mL: small dog/5–10 mL: large dog
• Atraumatic clamp if using rubber tube
• Cotton-tipped applicators
• Oxygen, mask
• Assistant (usually required in an emergency)

Procedure
1. Collect necessary supplies.
2. For conscious animals, heavy sedation to light anesthesia will be required.
3. Position the dog in sternal recumbency (lateral recumbency can be used if needed in large dogs).
4. Provide preoxygenation if possible.
5. Assistant: Open the mouth by using thumb and one finger of the dominant hand to grasp behind the maxillary canine teeth 

and the nondominant hand to grasp the distal portion of the tongue using a dry gauze square. Pull the tongue out over the 
lower incisors and ventral, opening the oral cavity widely. Pull the head rostrally and dorsally, to facilitate intubator’s full 
view of the pharynx and larynx.

6. Intubator: Place the laryngoscope blade into the oral cavity. Depress the tongue just rostral to, but not touching, the base of 
the epiglottis. The epiglottis should flip ventrally to reveal the arytenoids.

7. Select the appropriate-size ET tube and apply sterile aqueous lubricant to the distal end, avoiding the Murphy eye.
8. Advance the ET tube over the epiglottis without contact and through the arytenoids. Orient the ET tube with the bevel to the 

right of the person inserting the tube (in tubes with Murphy eyes, the Murphy eye would be to the left).
9. The adapter should remain just cranial to the incisors on midline. Secure the tube with a length of muzzle gauze or similar 

material. First tie the gauze around the ET tube near the junction of the adapter. In large dogs it should be secured around 
the muzzle behind the canines. In small dogs the gauze can be secured around the head behind the ears.

10. With an appropriate-size syringe, inject air into the pilot balloon to inflate the cuff to a maximum of 20 to 25 cm H2O. If 
the ability to measure pressure is unavailable, use the smallest amount needed to maintain a slight leak when breaths are 
manually delivered.
a. If using a red rubber ET tube, occlude the pilot balloon tubing with an atraumatic clamp.

11. While the ET tube is being secured and the cuff inflated, a manual resuscitator can be connected to the adapter to provide 
breaths. If general anesthesia is being performed, the breathing system would than be connected to the patient.
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suction catheter or red rubber catheter can be attached 
to a vacuum source via tubing (see Chapter 25, Artificial 
Airway Management).

If intubation cannot be accomplished using these 
methods, intubation with a smaller size ET tube than 
expected should be attempted to gain control of the 
airway. Once an adequate plane of anesthesia has been 
achieved, the tube can be replaced with a larger tube if 
a leak is present.

If the ET tube is not stiff enough, as happens with 
smaller size and silicone tubes, a stylet can be placed into 
the tube to make the tube less flimsy. This is particularly 
helpful when attempting to bypass masses in the oral 
cavity, which may cause the tip of the tube to deviate 
away from the larynx. Care should be taken to ensure 
that the tip of the stylet does not extend beyond the tip 
of the tube to prevent injury to the airway.

A “guidewire,” such as a 5F or 8F polyurethane or red 
rubber catheter can be used to facilitate difficult intuba-
tions. The catheter can be inserted into the airway and 
then the ET tube fed over the catheter into the airway. 
The catheter is then removed once an airway has been 
established.

Retrograde intubation is another technique that can 
be used to facilitate ET intubation when standard tech-
niques are not successful. Similar to the technique used 
for transtracheal washing, a long through-the-needle 
catheter is inserted into the airway either between two 
tracheal rings or through the cricothyroid ligament. 
Unlike during transtracheal washing, the catheter bevel 
should be directed up when inserted into the airway. 
Once in, the hub of the needle is lowered (so that the tip 
of the needle and catheter point toward the head), the 
needle removed from the airway, and the catheter is fed 
in an oral direction up through the larynx. This catheter 
with or without internal guidewire is then used as a 
guidewire, over which to pass and guide the ET tube into 
the airway, and then removed.

Jet ventilation with a long large-bore catheter (i.e., 
14- to 16-gauge, 9- to 13-inch IV catheter) can be uti-
lized as a means to maintain oxygen saturation and CO2 
elimination when intubation cannot be achieved (see 
Chapter 29, High-Frequency Ventilation). This tech-
nique is primarily used during bronchoscopy when an 
ET tube cannot be used because the bronchoscope is too 
large to pass through the it. The catheter is inserted 
orotracheally alongside the bronchoscope.

Alternatively, transtracheal oxygen delivery and jet 
ventilation can be used as an emergency procedure when 
orotracheal intubation cannot be achieved. With trans-
tracheal jet ventilation, a 16-gauge catheter (Venocath-16, 
Venisystems, Abbott Ireland, Sligo, Ireland) is inserted 
percutaneously into the trachea through the cricothy-

If not done previously, the appropriate-size ET tube 
is selected and sterile aqueous lubricant is applied to the 
distal end. Care should be taken not to occlude the 
Murphy eye (if applicable). The ET tube sizes used in 
cats are smaller, so they tend to be more flaccid. A stylet 
may be used to stiffen the ET tube and allow easier 
passage through the vocal cords. Care must be taken to 
ensure that the end of the stylet does not protrude past 
the end of the ET tube because airway puncture or lac-
eration could result. The ET tube should be advanced 
over the epiglottis without contact and through the 
vocal cords. The ET tube should be oriented with the 
bevel to the right of the person inserting the tube (in 
tubes with Murphy eyes, they would be to the left). In 
this orientation, the curve of the ET tube follows the 
curve of the trachea.

The adapter should ideally stay just cranial to the 
incisors on midline with the nasal septum to avoid  
the tube being inadvertently chewed by the patient. The 
tube should be tied in with a length of muzzle gauze or 
similar material. The gauze is first tied around the ET 
tube at the adapter and can be secured around the head 
behind the ears.

With a 3-cc syringe, air should be injected into the 
pilot balloon to inflate the cuff to a maximum of 20 to 
25 cm H2O. If the ability to measure pressure is unavail-
able, use the smallest amount needed to maintain a 
slight leak (see previous section). This will ensure that 
the tracheal mucosa is minimally compromised. Red 
rubber ET tubes do not have a spring-locked pilot 
balloon to occlude the cuff. The pilot balloon tubing will 
need to be occluded using an atraumatic clamp so that 
the cuff will not deflate when removing the air syringe 
(see Fig. 23.4).

While the ET tube is being tied in and the cuff  
inflated, a manual resuscitator can be connected to the 
adapter to provide breaths. In general anesthesia the 
breathing system would be connected to the patient. See 
Protocol 23.2 for concise step-by-step instructions for 
intubating cats.

Intubation of difficult airways

Difficult intubation should be expected and planned for 
in animals with oropharyngeal trauma, upper airway 
obstruction, and brachycephalic airway syndrome. In 
most situations, difficult intubations can be remedied by 
providing a deeper level of sedation with injectable anes-
thetic agents, optimizing patient positioning, using a 
laryngoscope, and illuminating the oral cavity. If exces-
sive secretions are present in the oropharynx, it should 
be cleared away with gauze, cotton-tipped applicators, 
or suction to improve airway visualization. A closed-tip 
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syringe to the catheter, and then cut off the end and 
attach that to noncompliant oxygen tubing). The flush 
valve on the anesthesia machine is used to provide 
breaths to the animal.5

Rarely, an emergency tracheostomy may be required 
to secure an airway in cats and dogs. In most instances, 

roid ligament or between two tracheal rings and directed 
distally. It is important to secure this catheter adequately 
to the outside of the neck with sutures to prevent cath-
eter migration, which could result in marked subcutane-
ous emphysema. The catheter can be connected to the 
anesthesia machine via an adapter (i.e., connect a 1-cc 

Protocol 23.2 Endotracheal intubation in a cat

Items Required
• Three different-size endotracheal tubes, cuffs

 Previously checked if applicable
 One of estimated size
 One each of size smaller and larger

• Laryngoscope, curved blade if available
• Sterile aqueous lubricant
• Gauze squares for grasping the tongue
• Length of muzzle gauze for tying in ET tube
• Appropriate-size air syringe

 3 mL usually sufficient
• Atraumatic clamp if using red rubber ET tube
• 2% lidocaine to prevent laryngospasm, in either needleless 1-mL syringe or in an atomizer
• Stylet
• Cotton-tipped applicators
• Oxygen, mask
• Assistant (usually required in an emergency)

Procedure
1. Collect necessary supplies.
2. For conscious animals, heavy sedation to light anesthesia will be required.
3. Position the cat in sternal recumbency.
4. Provide preoxygenation if possible: more important than in most dogs due to potential for laryngospasm.
5. Assistant: Open the mouth by using thumb and one finger of the dominant hand to grasp behind the maxillary canine teeth 

and the nondominant hand to grasp the distal portion of the tongue using a dry gauze square. Pull the tongue out over the 
lower incisors and ventral, opening the oral cavity widely. Pull the head rostrally and dorsally, to facilitate intubator’s full 
view of the pharynx and larynx.

6. Intubator: Place the (ideally curved) laryngoscope blade into the oral cavity. Depress the tongue just rostral to, but not 
touching, the base of the epiglottis. The epiglottis should flip ventrally to reveal the arytenoids.

7. If the cat has laryngospasm, apply 2% lidocaine to the vocal cords: either one drop applied to each vocal cord with a 
needleless tuberculin syringe or sprayed using an atomizer. Do not contact the arytenoids. Usually, 30 to 60 seconds are 
required for the lidocaine to take effect.

8. Select the appropriate-size ET tube and apply sterile aqueous lubricant to the distal end, avoiding the Murphy eye. If the tube 
is very flaccid, a stylet may be used to stiffen the ET tube. The stylet must not protrude past the end of the ET tube.

9. Advance the ET tube over the epiglottis without contact and through the arytenoids. Extreme care should be taken when 
intubating a cat because they are more prone to laryngeal edema and inflammation than dogs. Orient the ET tube with the 
bevel to the right of the person inserting the tube (in tubes with Murphy eyes, the Murphy eye would be to the left).

10. The adapter should remain just cranial to the incisors on midline. Secure the tube with a length of muzzle gauze or similar 
material. First tie the gauze around the ET tube near the junction of the adapter, and then tie the gauze around the head 
behind the ears.

11. With a 3-cc syringe, inject air into the pilot balloon to inflate the cuff to a maximum of 20 to 25 cm H2O. If the ability to 
measure pressure is unavailable, use the smallest amount needed to maintain a slight leak when breaths are manually 
delivered.
a. If using a red rubber ET tube, occlude the pilot balloon tubing with an atraumatic clamp.

12. While the ET tube is being secured and the cuff inflated, a manual resuscitator can be connected to the adapter to provide 
breaths. If general anesthesia is being performed, the breathing system would than be connected to the patient.
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Cats appear to be at greater risk for complications 
associated with tracheal intubation.6–8 Cats are prone to 
laryngospasm, which can make tracheal intubation dif-
ficult. Laryngospasm can be minimized by applying 2% 
lidocaine to the arytenoids before intubation and avoid-
ing contact with the epiglottis and arytenoids while 
passing the ET tube. Airway trauma is also more likely 
to occur in cats. Excessive force during intubation and 
overinflation of the cuff may happen inadvertently due 
to their small size.

Dogs, particularly brachycephalic breeds, can have 
elongated soft palates that entrap the epiglottis.  
Brachycephalic breeds also have redundant oral tissue 
and hypoplastic tracheas, making intubation more dif-
ficult, which can result in pharyngeal and laryngeal 
edema. Dogs are also susceptible to vagal stimulation 
during intubation, which can cause bradycardia and 
dysrhythmias.

Choosing the appropriate size and length of ET tube 
(see previous section) can make the difference between 
a successful intubation and multiple failed attempts that 
cause trauma to the pharynx and larynx. Forceful intu-
bation and excessive pressure exerted by the laryngo-
scope blade can result in edema of the epiglottis and 
vocal cords. This could lead to an upper airway obstruc-
tion and the need for alternative techniques (such as 
tracheostomy) to establish and maintain a patent airway. 
Forceful intubation could also result in unintentional 
tearing of an arytenoid.8

Overinflation of the cuff can cause tracheal trauma. 
When repositioning an intubated animal, the ET tube 
should be disconnected from the anesthetic circuit to 
prevent excessive traction on the trachea. Excessive trac-
tion and torsion on the ET tube can result in tracheal 
necrosis and/or rupture. This is particularly important 
during anesthesia for dental procedures, where excessive 
manipulation of the oral cavity may occur during clean-
ing and extractions.

When prolonged cuff inflation is needed, as during 
mechanical ventilation and lengthy general anesthesia, it 
is recommended that the cuff be deflated, repositioned, 
and reinflated periodically (at least daily). This will 
ensure adequate blood flow to all areas of the trachea. 
There can be complications associated with this, includ-
ing inadvertent aspiration of oral and gastric secretions 
or movement of the tube into the esophagus. Care must 
be taken during repositioning of the ET tube.

Increased pressure from the inflated cuff and decreased 
blood flow to the trachea can result in tracheal necrosis, 
rupture, and stenosis. This is more commonly seen in 
cats than dogs.6,7 Tracheal necrosis can lead to tears in 
the tracheal wall. This causes subcutaneous emphysema 
and pneumomediastinum. Increasing mediastinal pres-

however, airway access can be obtained via the one of 
the techniques described here, and a tracheostomy can 
be performed, if needed, in a controlled manner (see 
Chapter 24, Temporary Tracheostomy).

Techniques to confirm tracheal intubation

Accidental intubation of the esophagus is a common 
occurrence due to close proximity of the esophagus to 
the trachea. Confirmation of correct placement into  
the trachea should be performed after insertion.  
Visual confirmation of the ET tube passing between  
the vocal cords is the only definitive way of confirming 
correct placement. Various other methods can be  
used to ensure proper placement is maintained, but 
these techniques may not be as reliable as direct 
visualization:

1. The animal may cough when the ET tube is advanced 
into the trachea. This usually only occurs if the 
animal is not heavily sedated.

2. Condensation may be seen through a clear tube on 
exhalation signifying air movement.

3. Palpation of the ventral cervical region should reveal 
one rigid structure. The presence of two rigid tubular 
structures indicates that the ET tube is in the 
esophagus.

4. Auscultation of the lungs while a breath is given to 
listen for lung sounds.

5. The chest wall should expand while a breath is being 
given. The abdomen should be not become dis-
tended to the same extent as the chest.

6. Capnometry can be used to detect the PCO2 of the 
gas expelled from the tube. If the ET tube is in the 
esophagus, no CO2 should be detected. If the tube is 
correctly placed in the trachea, CO2 should be mea-
surable and a waveform should be associated with 
breathing. It is important to note that this technique 
will not be useful to confirm intubation in animals 
with cardiac arrest due to the absence of circulation 
and therefore lack of CO2 return to the lungs.

If at any time the parameters just listed raise the ques-
tion of proper placement, direct visualization should be 
performed.

Risks and complications of tracheal intubation

Although placement of an ET tube has many benefits to 
the patient, complications can occur if proper technique 
is not utilized. One must weigh the benefits and risks 
before intubating a patient.
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from regurgitation, and flow-by oxygen should be 
administered. Respiration and oxygenation should be 
monitored until the animal is fully awake.

Summary

ET intubation is an essential skill for all veterinarians 
and veterinary technicians. It is a lifesaving measure in 
patients with cardiopulmonary arrest and those in 
severe respiratory distress, and it is required during most 
general anesthetic procedures. Proper equipment and 
technique help minimize trauma and complications 
associated with intubation, and special techniques exist 
to help facilitate difficult intubation. Veterinarians and 
veterinary technicians should practice these skills fre-
quently to be prepared in case of an emergency.
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sures can result in a pneumothorax, pneumoretroperi-
toneum, and even pneumoperitoneum. Most cases of 
tracheal rupture do not require surgery but can take 
several weeks before the leak seals and subcutaneous 
emphysema reabsorbs.6,7 Medical management in the 
form of oxygen supplementation, alleviating excessive 
subcutaneous emphysema with needle aspiration, and 
analgesics for discomfort is usually sufficient while the 
tracheal tear seals on its own. If the leak is persistent or 
severe, surgical repair of the tear may be required. Scar 
tissue that forms as the tracheal mucosa heals may result 
in tracheal stenosis at the site of injury. Depending on 
the severity, it may cause respiratory problems in the 
future that require surgery.

Extubation

Animals should only be extubated after confirmation 
that the gag reflex has been reestablished and their 
airway can be protected. The oral cavity should be 
assessed for excessive secretions prior to extubation. 
Excessive oral secretions may occur with salivation, 
hemorrhage or regurgitation, and they could be aspi-
rated when the animal is extubated. Any secretions 
should be suctioned or swabbed from the oral cavity 
before removing the ET tube.

The cuff should be fully deflated prior to extubation, 
except in cases where the airway may be compromised. 
Leaving a small amount of air in the cuff while extubat-
ing may be beneficial in animals with megaesophagus 
and in brachycephalic breeds. In some of these cases, it 
may be best to wait until the animal is actively coughing 
and trying to chew the tube. It is important to keep the 
ET tube on midline with the nasal septum so that shear-
ing does not occur.

Once extubated, the animal should be closely moni-
tored for complications that may warrant reintubation. 
The head should be kept elevated to avoid aspiration 
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24
Temporary tracheostomy

F.A. (Tony) Mann and Mary M. Flanders

Indications

The primary indication for temporary tracheostomy 
tube placement is to relieve life-threatening upper airway 
obstruction due to trauma, foreign body, laryngeal 
paralysis, or neoplasia. Other indications include facili-
tating removal of lower airway secretions when there is 
compromised cough reflex, allowing manual or mechan-
ical ventilation when orotracheal intubation is not prac-
tical, reducing airway resistance in patients where 
increased intracranial pressure is a concern, and permit-
ting inhalant anesthesia during certain intraoral surgical 
procedures.

Equipment

Most commercially available tracheostomy tubes are 
made of plastic or silicone. The most versatile tubes 
contain an inflatable cuff and inner cannula as well as 
the standard obturator and tube tie (see Figs. 24.1 and 
24.2). Some tube sizes are too small to contain a cuff and 
inner cannula, so many small dogs and cats do not 
benefit from those two accessories. The cuff is only 
needed when positive pressure ventilation is necessary, 
such as with patients requiring general anesthesia or 
ventilator therapy. In fact, the cuff may be disadvanta-
geous in management of airway obstruction in awake 
patients because of the possibility of secretions accumu-
lating around the deflated cuff. High-volume, low-
pressure cuffs are preferred for patients requiring 
ventilation, and when these cuffs are deflated there is 
significant surface area of the wrinkled cuff to harbor 
accumulations of secretions. The inner cannula is helpful 

for tube hygiene and maintenance because the cannula 
may be easily removed and replaced. Without the inner 
cannula, there is more emphasis on tracheal suctioning, 
and more frequent tube changes may be necessary. 
Single-lumen tubes must be removed and replaced with 
a new tube or reinserted into the stoma site after each 
cleaning.

When an appropriate commercial tracheostomy tube 
is not available, a tracheostomy tube may be fashioned 
from a standard endotracheal tube (see Fig. 24.3). 
Choose an endotracheal tube that is approximately one 
size smaller than you would choose for orotracheal intu-
bation. Remove the endotracheal tube connector and 
bisect the tube along its length until the uncut portion 
of the tube is the necessary tracheostomy tube length. If 
the need to inflate the cuff is anticipated, the cuts can be 
carefully made to preserve the inflation channel. The 
two halves of the bisected portion of the tube may be 
used as a flange to which the ties can be attached. Reat-
tach the endotracheal tube connector at the flange-tube 
junction. The flange may be shortened to a convenient 
length prior to attaching the ties. One disadvantage of 
this modified tube when the inflation channel is pre-
served is that the natural curve of the tube is about 90 
degrees rotated; however, no untoward patient conse-
quences with this deviation have yet to be reported.

The size of tracheostomy tube is important to a suc-
cessful procedure and good outcome. Ideally, the trache-
ostomy tube should be a half to a third of the tracheal 
diameter to minimize iatrogenic tracheal trauma and 
decrease the incidence of postintubation stenosis. Also, 
an appropriate-size tube that allows some airflow around 
it may prevent respiratory arrest should tube occlusion 

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.



Temporary Tracheostomy  307

neonatal/pediatric sizes and are too small to be available 
with inner cannulas, whereas sizes 6.0 or larger may 
come with removable inner cannulas. Tracheostomy 
tube sizes are equivalent to endotracheal tube sizes but 
can be misleading because they do not necessarily cor-
relate to the millimeter diameters of the tubes. For 
example, a size 6.0 tracheostomy tube may have an inner 
diameter of 6.4 mm, but an outer diameter of 10.8 mm. 
Therefore, one should always check the inner and outer 
diameter dimensions typically located on the tube flange 
to choose the tube that will best fit the trachea in ques-
tion. The largest possible inner diameter is always 
desired, but the outer diameter will determine if the tube 
will appropriately fit in the trachea.

Tube length should extend six to seven tracheal rings 
down from the placement site. Ideal tube length may not 
be achieved in all veterinary patients because of the 
limits of what is commercially available, but tailor-made 
tubes fashioned from endotracheal tubes can be used 
when the length of commercially available tubes is too 
far from appropriate.

Other equipment needed for tracheostomy tube 
placement includes an endotracheal tube for orotra-
cheal intubation, standard anesthetic supplies, clippers,  

occur. However, a tube that is too small may cause resis-
tance to airflow if the patient must breathe entirely 
through the tube with no airflow around it. Tube size 
should allow air passage both around and through the 
tube for uncuffed tubes and for tubes with deflated cuffs. 
Available tracheostomy tube sizes that may be applied to 
dogs and cats range from 00 to 10. Sizes 00 to 5.5 are 

Figure 24.1 Commercially available uncuffed tracheostomy 
tube with disassembled components: (a) obturator, which is 
inserted into the tracheostomy tube immediately before place-
ment and removed as soon as the tube is in the trachea;  
(b) tracheostomy tube, which is secured with umbilical tapes 
attached to eyelets in the flange and tied behind the neck; (c) 
inner cannula, which is placed in the tracheostomy tube and 
replaced at regular intervals, and (d) closed-end cannula, which 
can be used to temporarily occlude the tracheostomy tube to see 
if the patient can breathe around the tube.

Figure 24.2 Commercially available cuffed tracheostomy tube 
(a) without inner cannula and (b) with inner cannula locked in 
place and umbilical tapes tied to eyelets in the flange. Note: The 
cuff would only be inflated when positive-pressure ventilation is 
necessary; a deflated cuff increases the surface area on which 
secretions could accumulate thereby complicating tracheostomy 
hygiene.

(a) (b)

Figure 24.3 Tracheostomy tube fashioned from a standard 
endotracheal tube. Note: The inflation channel can be preserved 
if the cuff is needed. Preserving the inflation channel results in a 
curve to the tube that is rotated about 90 degrees to the desired 
curve.
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ventral neck from the angle of the mandibles to the 
manubrium and laterally past the level of the jugular 
veins (see Fig. 24.4). For longhaired dogs and cats, over-
hanging fur should be trimmed. Breeds with excessive 
skin folds may require skin to be deflected dorsally and 
taped or temporarily tacked with sutures to prevent the 
skin folds from contaminating or occluding the trache-
ostomy area when the animal is no longer in dorsal 
recumbence.

After clipping and vacuuming, a rolled towel may be 
placed underneath (dorsal to) the neck to stabilize the 
neck and prevent the surgical site from sinking away 
during surgical manipulations, and a standard aseptic 
surgical skin preparation is performed.

Procedure

The prepared surgical site is isolated with a barrier drape 
secured with two towel forceps (see Fig. 24.5). A single 
drape fenestrated over the proposed skin incision is 
usually sufficient, but quarter draping may be performed 
if desired. Quarter draping requires at least four towel 
forceps. Make a ventral midline cervical skin incision 
just caudal to the larynx for a distance of approximately 
3 to 4 cm, depending on the size of the patient (see Fig. 
24.5a). Apply a self-retaining retractor to hold open the 

prepping scrub and solution, barrier drape, sterile surgi-
cal gloves, sterile gauze, surgical instruments, suture 
material, and, if not supplied with the tracheostomy 
tube, umbilical tape for securing the tube after it is in 
place. The minimally suggested surgical instruments, 
which may be packaged together in a tracheostomy 
pack, are two towel forceps, a scalpel handle to accom-
modate a number 10 or number 15 scalpel blade, thumb 
forceps (Adson-Brown or DeBakey tissue forceps), Met-
zenbaum scissors, needle holders, two mosquito hemo-
static forceps, and suture scissors. It is also handy to have 
some self-retaining retractors, such as a Gelpi perineal 
retractor (preferably two) or a Weitlaner retractor, which  
may be included in the tracheostomy pack or wrapped 
separately. Suction capability and an oxygen source 
should be readily available during the procedure (see 
Text Box 24.1).

Positioning and aseptic preparation

The emergent “slash” tracheostomy should be a rare 
occurrence; there is usually time to capture the airway 
with an endotracheal tube and prepare the patient for a 
controlled surgical approach (see Chapter 23, Tracheal 
Intubation). Once intubated and in an appropriate 
plane of general anesthesia, the patient is placed in 
dorsal recumbence (see Fig. 24.4). The neck is extended 
and the thoracic limbs are pulled caudally and secured 
to the table with ties or tape. A positioning aid, such as 
a thoracic positioning trough, may be used to keep the 
patient from leaning to one side.

An area large enough for a ventral midline skin inci-
sion made longitudinally from the cricoid cartilage to 
the fourth or fifth tracheal ring is clipped and prepared; 
this area should extend sufficiently far laterally to create 
an area on each side wide enough to allow easy skin 
cleaning and tube maintenance. In most cases, a suffi-
cient surgical field can be achieved by clipping the 

Box 24.1. Minimally suggested surgical instruments 
required for tracheostomy

• Two towel forceps
• Scalpel handle to accommodate a number 10 or 15 blade
• Thumb forceps (Adson-Brown or DeBakey tissue forceps)
• Metzenbaum scissors
• Needle holders
• Two mosquito hemostatic forceps
• Suture scissors.
• Ideally, self-retaining retractors, such as Gelpi perineal 

retractors (preferably two) or a Weitlaner retractor

Figure 24.4 Positioning and preparation for tracheostomy tube 
placement. The dog is in dorsal recumbence with the thoracic 
limbs pulled caudally. The airway is captured with an endotra-
cheal tube attached to anesthetic tubing. The curved mark on the 
skin represents the area of the caudal aspect of the thyroid car-
tilage, the straight mark immediately caudal to the curved mark 
represents the cricoid cartilage, and the midline straight mark 
indicates the proposed skin incision. Note the widely clipped and 
prepared surgical field. The syringe is present as a reminder that 
the endotracheal tube needs to be deflated and the endotracheal 
tube removed as the tracheostomy tube is inserted.
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ence. Place stay sutures (3-0 or 2-0 nylon for cats/small 
dogs or medium/large dogs, respectively) around the 
second and third tracheal rings, knot the sutures to 
create large suture loops, and tag the suture strands with 
mosquito hemostatic forceps (see Fig. 24.8). Use the stay 
sutures to manipulate the interannular opening while 
the endotracheal tube is removed and the tracheostomy 
tube is inserted (see Fig. 24.9). During the postoperative 
course, the stay sutures can be used for manipulation 
during reinsertion of a tube that has been inadvertently 
dislodged or requires changing; therefore, it is recom-
mended they not be removed intraoperatively. The tra-
cheostomy tube is inserted with the obturator in place 
(see Fig. 24.9b), but the obturator is quickly removed 
and replaced with an inner cannula as soon as the tra-
cheostomy tube is positioned in the trachea (see Fig. 
24.10). Secure the tracheostomy tube by attaching 
umbilical tape to the flange eyelets and tying the tapes 
behind the neck (see Fig. 24.11). Ties are secured firmly 
behind the animal’s neck, leaving enough room for two 
fingers to be placed between the neck and ties. There 
should be no need to suture the tracheostomy wound, 
unless the incision was made too large. In that case, a 

skin edges and clear just enough subcutaneous tissue to 
identify the midline division of the sternohyoideus 
muscles (see Fig. 24.5b). Using Metzenbaum scissors, 
bluntly separate the sternohyoideus muscles on the 
midline (see Fig. 24.5c), taking care to avoid the thyroi-
dea caudalis vein on the midline between these two 
muscles (see Fig. 24.5d). Retract the thyroidea caudalis 
vein to one side along with one of the sternohyoideus 
muscles (see Fig. 24.6a). Reposition the self-retaining 
retractors on the sternohyoideus muscles to expose the 
trachea and clear the loose fascia off the ventral trachea 
at the proposed tracheotomy site (see Fig. 24.6b). Appli-
cation of a second self-retaining retractor at a right angle 
to the original retractor to retract the skin in a cranio-
caudal direction enhances exposure of the tracheal rings 
and interannular ligaments (see Fig. 24.6c).

Using a scalpel blade, incise the interannular ligament 
between the second and third tracheal rings (see Fig. 
24.7). This tracheal location is chosen because the area 
of the second through fourth tracheal rings is the pre-
ferred stomal site for permanent tracheostomy should it 
be required at a later time. Do not incise the interan-
nular ligament beyond 50% of the tracheal circumfer-

Figure 24.5 Surgical approach to the trachea for tracheostomy tube placement. Cranial is to the left in all frames. (a) The skin incision 
is made immediately caudal to the cricoid cartilage over approximately the first through fourth tracheal rings. (b) The skin edges are 
retracted with a Gelpi retractor to facilitate identification of the sternohyoideus muscles and their midline division. (c) Metzenbaum 
scissors are used to bluntly separate the sternohyoideus muscles on the midline. (d) The thyroidea caudalis vein located on the midline 
on the dorsal aspect of the sternohyoideus muscles is avoided to minimize hemorrhage.
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Figure 24.6 Isolating the trachea prior to tracheotomy for tracheostomy tube placement. Cranial is to the left in all frames. (a) The 
thyroidea caudalis vein is retracted laterally with one of the sternohyoideus muscles, the right sternohyoideus muscle in this case.  
(b) The Gelpi retractor is repositioned to retract the sternohyoideus muscles, and the loose fascia covering the ventral surface of the 
trachea is incised with Metzenbaum scissors. (c) A second Gelpi retractor is placed for craniocaudal retraction of skin and loose fascia, 
exposing the tracheal rings.

Figure 24.7 Incising the interannular ligament for tracheostomy tube placement. Cranial is to the left in both frames. (a) The interan-
nular ligament between the second and third tracheal rings is isolated. (b) After the initial interannular incision, the scalpel blade is 
turned upward to extend the incision, taking care to not damage the underlying endotracheal tube or its cuff. The tracheotomy is 
limited to 50% or less of the tracheal circumference.

few interrupted sutures may be placed in the subcutane-
ous tissue and/or skin to decrease the size of the wound; 
however, care should be taken not to make the wound 
too small because the wound is contaminated and must 
be able to drain. See Protocol 24.1 for concise step-by-
step instructions.

Once the surgical procedure is completed, the area is 
gently cleaned. Medical tape tabs may be applied to the 

two stay sutures, one bearing the word “UP” and the 
other the word “DOWN,” to clearly indicate which way 
one should hold the stay sutures in the event of a tube 
dislodgement emergency. We prefer to leave the incision 
area uncovered for easy observation of swelling, bleed-
ing, accumulated secretions, and tube position, and for 
prompt intervention as needed. If a bandage is applied, 
wait until the animal is awake and standing or in ventral 
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Contraindications

There is no absolute contraindication for placing a tra-
cheostomy tube when upper airway obstruction is 
causing respiratory distress. However, endotracheal 
intubation is always the preferred method of capturing 
an airway in an animal with airway distress. Once the 

recumbence. A bandage applied to the neck in a recum-
bent patient could change position when the patient 
recovers and becomes more active. The altered bandage 
position could cause patient discomfort or interfere with 
tube positioning. The bandage must be changed at least 
once daily to observe for tube site complications. Simply 
peeking under the bandage is insufficient.

Figure 24.9 Preparing to insert a tracheostomy tube. Cranial is to the left in both frames. (a) The cranial and caudal stay sutures are 
retracted to pull open the tracheotomy. Note the endotracheal tube within the tracheal lumen. The cuff will now be deflated and the 
endotracheal tube removed as the tracheostomy tube is inserted. (b) The obturator is inserted into the tracheostomy tube immediately 
before placing the tube into the trachea. The purpose of the obturator is to keep blood and other secretions from being scraped into 
the tracheostomy tube lumen during placement.

(a) (b)

Figure 24.8 Placing tracheal stay sutures immediately before tracheostomy tube placement. Cranial is to the left in all frames. (a) The 
suture needle is placed around the second tracheal ring, the ring just cranial to the tracheotomy. (b) The suture is knotted such that a 
long loop will be retained. (c) The free ends of the stay suture are tagged temporarily with a mosquito hemostatic forceps. (d) A second 
identical stay suture is placed around the third tracheal ring, the ring just caudal to the tracheotomy.

(a) (b)

(c) (d)
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and recent cervical surgery. If tube tracheostomy is indi-
cated in patients with any of these conditions, the condi-
tion is brought under control or preparations are 
undertaken to deal with the consequences prior to place-
ment of the tracheostomy tube. Plasma may be given to 
coagulopathic patients, and meticulous hemostasis 
should be exercised during surgical placement to avoid 
excessive blood loss in patients with coagulopathy and 
thrombocytopenia. Careful positioning and cautious 

airway is controlled, tracheostomy may be performed 
under controlled conditions. The quick “slash” trache-
ostomy is rarely needed but may be necessary if endo-
tracheal intubation is not possible.

Relative contraindications for tracheostomy tube 
placement include uncorrected coagulopathy, symp-
tomatic thrombocytopenia, unstable cervical spine, 
increased intracranial pressure, presence of a cervical 
mass that would interfere with the surgical approach, 

Figure 24.10 Insertion of a tracheostomy tube. Cranial is to the left in all frames. (a) The obturator is removed as soon as the tra-
cheostomy tube is in place. (b) After removing the obturator, the inner cannula (inset) is placed into the tracheostomy tube. (c) The 
inner cannula has been inserted into the tracheostomy tube and locked in place. The hemostatic forceps are removed from the stay 
sutures and the stay sutures are left in place.

(a)

(c)

(b)

Figure 24.11 Completed tracheostomy tube placement. (a) Umbilical tapes are tied to the eyelets in the tracheostomy tube flange. 
The knotted stay sutures are left in place. The stay sutures are used to facilitate replacement of the tracheostomy tube in the case of 
inadvertent or planned removal. (b) The umbilical tapes are tied on the back of the neck.

(a) (b)
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Protocol 24.1. Temporary tracheostomy tube placement

Items Required
• Appropriate type and size tracheostomy tube

 Alternatively, standard endotracheal (ET) tube fashioned into tracheostomy tube, one size smaller than for ET intubation
• Appropriate-size ET tube for ET intubation, with cuff syringe
• Clippers with clean blade
• Surgical scrub supplies
• Barrier drapes
• Sterile surgical gloves
• Sterile gauze
• Surgical instruments (see Text Box 24.1)
• Suture material
• Umbilical tape
• Assistant
• Suction capability
• Oxygen/standard anesthetic supplies and equipment

Procedure
1. Collect necessary supplies.
2. Anesthetize and orotracheally intubate the patient with a cuffed ET tube.
3. Position the animal in dorsal recumbence with a towel rolled under the neck. Clip and aseptically prepare a large surgical 

field on the ventral cervical surface.
4. Perform hand hygiene, and don cap, mask, and sterile gloves.
5. Isolate the prepared surgical site with a barrier drape.
6. Make a ventral midline cervical skin incision just caudal to the larynx for a distance of approximately 3 to 4 cm.
7. Apply a self-retaining retractor to hold open the skin edges and clear just enough subcutaneous tissue to identify the midline 

division of the sternohyoideus muscles.
8. Using Metzenbaum scissors, bluntly separate the sternohyoideus muscles on the midline, taking care to avoid the thyroidea 

caudalis vein on the midline between these two muscles. Retract the thyroidea caudalis vein to one side along with one of 
the sternohyoideus muscles.

9. Reposition the self-retaining retractors on the sternohyoideus muscles to expose the trachea and clear the loose fascia away 
at the proposed tracheotomy site. Application of a second self-retaining retractor at a right angle to the original retractor to 
retract the skin in a craniocaudal direction enhances exposure.

10. Using a scalpel blade, incise the interannular ligament between the second and third tracheal rings. Do not incise the 
interannular ligament beyond 50% of the tracheal circumference.

11. Place stay sutures around the second and third tracheal rings, knot the sutures to create large suture loops, and tag the 
suture strands with mosquito hemostatic forceps.

12. Use the stay sutures to manipulate the interannular opening while the orotracheal tube is removed. Insert the tracheostomy 
tube with the obturator in place, and then quickly remove the obturator and replace it with an inner cannula.

13. Leave the stay sutures in place for postoperative nursing care manipulations.
14. Secure the tracheostomy tube by attaching umbilical tape to the flange eyelets and tying the tapes behind the neck.
15. Do not suture the tracheostomy wound unless the incision was made too large. In that case, place a few interrupted sutures 

in the subcutaneous tissue and/or skin to decrease the size of the wound, taking care not to make the wound too small.
16. Once the surgical procedure is completed, the area is gently cleaned and left uncovered for easy observation.

manipulation must be performed in patients at risk for 
cervical and intracranial neurologic complications. The 
consequences of invading a cervical mass or previous 
surgical site in the neck must be weighed against the 
need for tracheostomy tube placement. Tracheostomy 
tube placement may be lifesaving in the face of relative 
contraindications, as long as proper preparations and 
precautions are used.

Possible complications during the procedure

Intraoperative complications with tracheostomy tube 
placement can be avoided by diligent attention to surgi-
cal technique. Hemorrhage can be minimized with 
meticulous attention to hemostasis and avoidance of 
inadvertent vessel damage. The thyroidea caudalis vein 
(see Fig. 24.5d) is a single midline vein on the dorsal 
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able devices that interface between the tracheostomy 
tube and breathing circuit of a ventilator or anesthetic 
machine and trap exhaled moisture, which then humidi-
fies the inhaled gas. Aerosol therapy (nebulization) can 
be used as a means of airway humidification. Nebuliza-
tion with sterile isotonic saline can be used in sessions 
of 10 to 15 minutes every 4 to 6 hours. Sterile water  
can be nebulized if humidification is the sole purpose, 
but saline is better for loosening thick airway secretions 
to facilitate their removal. Nebulization produces par-
ticles small enough to oversaturate the lungs if used 
excessively.

Tracheostomy site hygiene
The tracheostomy site and surrounding skin should be 
examined frequently, at least whenever the tube is 
cleaned. Good wound care decreases the medium for 
bacterial growth and increases patient comfort. Prior to 
tending to the tracheostomy wound, the caregiver should 
disinfect hands and don gloves. Sterile gloves are pre-
ferred, but clean examination gloves suffice when sterile 
gloves are not practical. Skin surrounding the incision, 
especially under the flange of the tube, should be gently 
cleansed with sterile cotton-tipped applicators or gauze 
sponges soaked in dilute (0.05%) chlorhexidine solu-
tion. Begin at the wound edges and work away from the 
incision. Squeeze excess solution from the cleaning 
materials before the skin is cleaned. Keep antiseptic 
soaps and antibacterial ointments away from the inci-
sion and wound area because they can irritate exposed 
tracheal mucosa. Address an increase in exudate from 
the incision promptly to prevent abscess formation and 
skin maceration. If gauze pads or fenestrated tracheos-
tomy sponges are used, apply fresh ones after each wound 
care session. The area of cleaned skin must be completely 
dry before new sponges are placed. Gauze pads should 
never be trimmed or cut because fibers could embed in 
secretions from the surgical incision or be inhaled into 
the airway. Fold sponges in a triangle pattern and place 
them on each side of the site under the flange and ties. 
Triangular folding allows the long base of the triangle to 
contact the wound, leaving a pointed apex more exter-
nally located for ease of grasping during dressing changes. 
Special fenestrated sponges are placed above the tube, 
with the side panels extending down under the flange 
and ties. Wound areas can also be maintained without 
pad materials to allow easier visualization of the tissue 
around the tube and incision area.

Tube tie inspection
The wound maintenance session is an excellent time to 
inspect the ties. Ties should be checked regularly for 

aspect of the sternohyoideus muscles that can be avoided 
by careful separation of these muscles, but care must 
also be taken not to tear or puncture the vessel with 
self-retaining retractors. Recurrent laryngeal nerve 
damage can be prevented by limiting the clearing of 
peritracheal fascia to the ventral aspect of the trachea 
over the intended interannular ligament and associated 
tracheal rings. Incising an interannular ligament that is 
too close to the larynx or too far caudal can be avoided 
by precise attention to the regional anatomy. Inadvertent 
puncture of the endotracheal tube cuff during interan-
nular ligament incision or puncturing the cuff during 
stay suture placement can be avoided by palpation of the 
inflated cuff and close communication with the anesthe-
tist to deflate and reposition the endotracheal tube and 
cuff before making the tracheal incision and placing 
sutures.

Tracheostomy tube maintenance

Patient management and monitoring begin immediately 
after the procedure to minimize the risk of airway 
obstruction from dislodgment or occlusion of the tube. 
Regular care may be scheduled every 2 to 3 hours but 
may be needed as often as every 15 minutes if a patient’s 
condition warrants. The objectives of regular manage-
ment are to prevent buildup of secretions that may block 
the tube, provide aseptic wound care, and humidify 
inspired air. Frequent observation is the best way to 
gauge the need for increased tube care. Abnormal respi-
ratory pattern, coughing, or pawing at the tube or face 
should signal the need to check for occlusions and 
increase the frequency of tube care. Additional informa-
tion about tracheostomy tube care can be found in 
Chapter 25, Artificial Airway Management.

Airway humidification
Regular maintenance consists of humidifying inspired 
air by instilling 0.5 to 3 mL of sterile isotonic saline into 
the tube hourly (small patients, 0.5 mL; large dogs, up 
to 3 mL). Aseptic instillation is achieved by cleansing the 
external portions of the tracheostomy tube and sur-
rounding skin with 0.05% chlorhexidine solution, aspi-
rating sterile saline for injection into a sterile syringe, 
removing the hypodermic needle used to aspirate the 
saline, and quickly injecting the saline into the trache-
ostomy tube without coming in contact with surround-
ings. Alternatively, the airway can be humidified with a 
humidity exchange filter (also called a heat moisture 
exchanger or “artificial nose”) if the tube is attached to 
a rebreathing circuit, or a nebulizer can be used. Humid-
ity exchange filters (Gibeck Humid Vent 1) are dispos-
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0.05% chlorhexidine for cleaning. Alternately, a cleans-
ing soak bath of 50:50 0.9% NaCl and 3% H2O2 may be 
used. When debris and secretions are present, the inner 
surface may be cleaned with sterile applicators, pipe 
cleaners, brushes, or gauze passed through the tube. The 
cannula is then placed in the chlorhexidine solution 
until the next tube change is due. When the inner 
cannula is next changed, the sanitized cannula is removed 
from the antiseptic solution and thoroughly rinsed with 
sterile water or saline before being reused.

If a single-lumen tube is used, it is preferable to 
replace the tube with a fresh one. However, if frequent 
tube changes are needed, less damage and irritation to 
the tissue occurs if saline is instilled and suction applied 
while the tube remains in place. The frequency of suc-
tioning varies according to each patient. Patients with 
conditions that produce excessive secretions may need 
frequent suctioning or more frequent humidification 
than those with minimal secretions. Patients with condi-
tions that produce moderate secretions may be suc-
tioned every 4 to 6 hours. Cats seem to need more 
frequent maintenance than dogs because they have a 
tendency to produce thick mucus, especially on the 
second and third day after tube placement. Blockage of 
the tube by secretions is the most common life-
threatening occurrence in tracheostomy patients.

Facilitation of respiratory secretion removal
Postural drainage and coupage (percussion) after nebu-
lization can help to mobilize secretions in dependent 
bronchial areas and stimulate coughing to clear them. 
To perform this technique, the patient should be posi-
tioned in ventral or lateral recumbence and the chest 
rapidly, gently slapped repeatedly with a cupped hand. 
The technique should be performed on both sides of the 
chest. With the animal in sternal position, coupage may 
be done on both sides of the chest simultaneously, 
working from the rear toward the head and from the 
lower portion of the chest upward. Great care must be 
taken so that the tracheostomy tube does not become 
dislodged during postural drainage and coupage. If 
coupage results in coughing, tube placement should be 
checked when the coughing subsides. Coughing may not 
be obvious in patients with tracheostomy tubes but may 
still be productive, and therefore any coughing that is 
accomplished contributes to mobilization of secretions. 
As such, additional suctioning should be performed 
after this treatment. Increasing amounts or changes in 
consistency of secretions can be a warning of greater risk 
of tracheal occlusion and warrant more frequent suc-
tioning, increased humidification frequency, or nebuli-
zation, coupage, and postural drainage. If an occlusion 

security. Tapes tied with a double bow will hold firmly 
but can be easily loosened. Ties secured with a knot may 
be difficult to remove, and thus scissors should be 
hanging on the cage or readily available near the patient. 
A tube that is untied even briefly is in danger of being 
pulled or coughed out. If not secured, a tube can be 
expelled in an instant with unexpected force. Ties that 
are too tight will cause discomfort, whereas ties that are 
too loose will allow the tube to slide freely within the 
trachea and can cause mucosal damage. When changing 
soiled ties, secure the clean ties before removing the old 
ones.

Tracheostomy tube suctioning
Regular suctioning of the tracheostomy tube helps 
prevent accumulation of secretions that may cause 
occlusions. Because of the possibility of tracheal mucosal 
irritation and the gagging or bradycardia that can be 
caused by vagal stimulation of this area, suctioning the 
trachea without a tube in place must be done with great 
care. Patients should be preoxygenated for several 
breaths from an oxygen source held at the tracheostomy 
tube opening. Using aseptic technique, a small sterile 
suction catheter made of pliable tubing with side fenes-
trations is then introduced. Suctioning is not begun 
until the suction catheter is in place; intermittent light 
suction is then applied as the catheter is withdrawn with 
a circular motion. Most suction catheters are controlled 
by a thumb port to allow adjustment of the amount of 
suction. The entire suctioning procedure should be 
completed in less than 15 seconds. The patient is allowed 
a few moments to “catch its breath,” supplemental 
oxygen is again held near the tracheostomy tube opening, 
and suctioning is repeated if necessary. If power-driven 
suction is unavailable, a handheld suction unit (available 
at automotive stores) fits medical suction tubing and can 
be used for patient care. Because the action of suctioning 
can initiate gagging or vomiting, patients should not be 
suctioned immediately after eating. Stop suctioning 
immediately if respiratory or cardiac changes or exces-
sive patient discomfort occur.

Tracheostomy tube cleaning
For double-lumen tubes, the inner cannula is removed 
as often as the patient’s condition warrants but at least 
every 4 to 6 hours. The inner cannula is removed and 
immediately replaced with a second sterile inner cannula, 
making sure that the locking mechanism is secured in 
place. When copious secretions are noted, it may be 
necessary to instill saline into the outer lumen tube and 
suction that tube before placing the new inner cannula. 
The removed cannula is placed in a soak solution of 
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produce dust or small particles that could adhere to the 
incision or be inhaled. For cats that refuse to void except 
in their customary litter materials, the litter box should 
be offered regularly and then removed from the cage, 
especially because many hospitalized cats seem to prefer 
to sleep in their litter boxes. Tracheostomy patients 
require general hygiene care as with any hospitalized 
patient, but common sense dictates modification of 
certain nursing procedures. For example, tub bathing 
could result in aspiration of soap and water into the 
tracheostomy tube or the wound around the tube.

Attention to hydration status
Close monitoring of hydration is important in trache-
ostomy patients. Normally inhaled air is heated and 
humidified by the nasopharynx and tracheobronchial 
tree so that alveolar air is 100% humidified at body 
temperature and contains four to six times the water 
vapor content of room air. Inspired air that bypasses the 
upper airways increases humidification requirements 
and desiccates the respiratory mucosa, resulting in 
viscous secretions, impaired mucociliary transport, 
inflammation, small airway collapse, decreased func-
tional residual capacity, reduced pulmonary compli-
ance, and increased risk of infection. A compensatory 
increase in vaporization by respiratory mucosa results 
in cooling of the liquid surface and patient heat loss. 
Animals on diuretic therapy and small hypermetabolic 
patients need to be encouraged to drink or be given 
continuous parenteral or enteral fluid support. Patients 
should be weighed daily because weight loss or gain can 
aid in the evaluation of patient hydration. Most patients 
capable of food and water intake seem to have little 
trouble eating and drinking with a tracheostomy tube in 
place. However, it is still good nursing practice to observe 
animals while they are eating and drinking. Food and 
water bowls may need to be adjusted to avoid possible 
aspirations, especially in short-necked or brachycephalic 
animals. If problems are noted with bowls or the acts of 
eating and drinking, food and water should be kept out 
of the cage and offered intermittently while the patient 
is supervised.

Tracheostomy tube removal

The longer a tracheostomy tube must remain in place, 
the more likely intubation complications and stenosis 
become. The tube should be removed as soon as assisted 
ventilation is no longer needed, the patient can move a 
normal volume of air around or without the tube, or  
the condition that required the procedure is resolved. 
When a patient is to be weaned from the tube, replace 
the existing tube with a tube of the next smaller size and 

is suspected, it is preferable to remove the inner cannula 
or replace the tube. Attempts to force a suction catheter 
tip down the tube or to clear the tube by running any 
form of stylet through it will force material into the 
patient’s airway.

Replacement of tracheostomy tubes
We recommend that tracheostomy tubes (both single 
and double lumen) be replaced at least as frequently as 
every 24 hours. All materials should be prepared and 
available, and an assistant should restrain the patient. 
The importance of placing stay or traction sutures 
during the tracheostomy procedure cannot be overem-
phasized because of their usefulness in making tube 
changes safer and easier. Tabs attached to the stay sutures 
labeled “UP” and “DOWN” facilitate tube exchange. 
These sutures are used to part the tracheal lumen 
opening, the ties on the tube are loosened, and the tube 
is removed. The new tube is then placed, ensuring that 
it actually enters the trachea and not the subcutaneous 
tissue, and new neck ties are secured. This procedure 
should be done as quickly as possible after preoxygen-
ation, and oxygen should remain available in case the 
patient becomes distressed. A mask and eye protection 
are recommended for the caregiver when the patient’s 
condition produces excessive secretions to keep expelled 
secretions out of the caregiver’s face during inspection 
of the incision and tube care.

General patient observations
When respiratory distress is relieved, patients often relax 
and are able to rest. Many dogs and most cats assume a 
position with the head down or neck bent that will seem 
to block the free flow of air to and from the tracheos-
tomy tube; however, the flexed neck rarely causes a 
problem. The rate and character of respiration should 
be closely observed rather than constantly waking, dis-
turbing, or repositioning the patient. Any change in 
breathing pattern, such as dyspnea, tachypnea, or hyper-
pnea, warrants intervention.

Environmental considerations  
and patient hygiene
Cages must be kept clean and free from materials that 
could be inhaled, such as lint from bedding and excess 
hair shed by the patient. Fur inevitably accumulates in 
the cage and creates a hazard. For patients that seem to 
be at greater risk for aspiration of such debris, a gauze 
shield can be placed over the tube opening; human 
stoma shields might also be adapted for this purpose. 
Cats should be provided with long strips of cut paper 
for litter rather than clay or any material that could 



Temporary Tracheostomy  317

closely observe the patient for 10 to 15 minutes for signs 
of dyspnea. If no distress is noted, then a smaller diam-
eter tube is placed at the next scheduled maintenance 
session. If a patient shows signs of respiratory distress, 
the tube that was just removed (i.e., the larger tube) is 
replaced and tube removal attempted again in 12 to 24 
hours. If breathing is adequate with the smaller tube in 
place, this tube is occluded with a cap or occlusion 
cannula and the patient is observed for 30 minutes. If 
no dyspnea is noted, the tube is removed. If a patient 
already has the smallest available tube in place, then 
weaning must be attempted by complete removal of the 
tube and close observation of the patient for 15 minutes. 
If distress occurs, the tube must be immediately replaced. 
Tracheostomy wounds are allowed to heal by second 
intention. The area is cleaned daily of any drainage with 
sterile saline. Patients with temporary tracheostomy 

tubes require 24-hour observation and are almost never 
released to home care. Patients with tracheostomy 
wounds in the process of healing may be returned to an 
owner’s care with strict instructions that the animal 
must not be bathed, cannot be allowed to swim, cannot 
wear collars or neck leads, and should be returned for 
reexamination and further directions.

Summary

Temporary tracheostomy tube placement is a skill all 
emergency and intensive care veterinarians should 
master. A well-prepared technical staff with a good 
nursing plan in place makes care of patients with tem-
porary tracheostomies less stressful for all concerned 
and helps to ensure a satisfactory outcome for patients 
and the medical team.
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25
Artificial airway management

Lila K. Sierra and Lesley G. King

An artificial airway (AA) is any tubelike device inserted 
into the trachea to provide an unobstructed pathway  
to the lower airways. AAs may be used to bypass an 
airway obstruction, protect the airway, allow mainte-
nance of airway hygiene, or permit mechanical ventila-
tion. Management of an AA involves maintaining and 
monitoring its patency while decreasing the risk of 
complications.

Normal airway defense mechanisms

The nose and pharynx serve as the first line of  
defense for the respiratory tract. In normal animals, the 
nasal turbinates warm and humidify inspired air,  
allow thermoregulation, and filter large inhaled  
particles. Smaller particles that pass farther down  
the airway become trapped by the second line of  
defense, the mucociliary escalator. Made up of mucus-
producing goblet cells and ciliated epithelium, the  
sticky cilia of the escalator line the airway from the 
trachea to the bronchioles and continually beat crani-
ally, causing the mucus to ascend toward the pharynx.  
In addition, the cough reflex, integral to airway  
defense, expels material that would otherwise remain  
in the airways. Bypassing any of these natural defenses 
can result in serious impairment of airway clearance  
and long-term respiratory damage. When you take  
into account the complexity of the respiratory system 
and all of the potential complications that an AA can 
pose, the need for intensive nursing management 
becomes clear.

Nursing the artificial airway is both a science 
and an art

The science of AA management is the compensation for 
functions of the bypassed natural defenses while main-
taining a clear airway. Because AAs circumvent normal 
airway humidification, systemic hydration, humidifica-
tion, and nebulization are all important. The art of AA 
management lies in the anticipation of, preparation for, 
and appropriate action in the face of any complication 
that may arise. Experience lends a hand in this arena. As 
time goes on, technicians sometimes develop a sixth 
sense regarding the idiosyncrasies of AAs.

Even the most stable and well-fitted AA poses a con-
stant high risk to the patient’s life. Although the properly-
placed AA should provide an improved breathing conduit, 
obstructions, dislodgements, and other complications 
can happen in an instant and are immediately life threat-
ening. Therefore, anticipation of worst case scenarios is 
a vital tool when dealing with a patient with an AA. Pos-
sible complications of AAs and approaches to their pre-
vention and management are discussed in detail later.

It is vital to prepare for AA-related emergencies. One 
can mentally play out different scenarios to list the 
equipment that could be required. For example, an 
uncooperative patient who has just removed its trache-
ostomy tube might require sedation to safely replace it, 
so having sedatives ready at hand might be useful. 
Another patient might develop an obstruction distal to 
the AA, in which case having easy access to suction can 
minimize reaction time. When a patient with an AA first 
enters the unit, items that may be required can be neatly 
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organized and made easily accessible near the patient in 
the event a crisis should arise. A list of suggested materi-
als is provided in Tables 25.1 and 25.2.

Practice drills are an effective way to improve techni-
cal proficiency and promote teamwork. Implementation 
of the plan should prove unproblematic if every precau-
tion has been meticulously anticipated and prepared for.

General considerations for airway 
management

It is difficult if not impossible to provide a prescriptive 
list for AA management because the type and frequency 
of care requires depends on many factors, such as the 
type of AA in place, the reason for its placement, and 

Table 25.1 Extended-term endotracheal tube station

• Endotracheal tubes
 Have extra tubes available for quick, convenient 

reintubation
 Have a few smaller sized tubes available for difficult 

airways
• Laryngoscope with functioning light source
• Sterile gloves

 Several pairs of varying sizes should be available to 
accommodate all of the staff

• Lidocaine spray
 For laryngeal spasm (cats)

• Sterile aqueous lubricant
• Gauze squares

 For extracting the tongue or swabbing out the mouth
• Endotracheal tube ties

 Muzzle gauze or IV extension tubing
• Air syringe or Posey Cufflator Manometer
• Hemostats

 Can be used to occlude the pilot balloon (red rubber ET 
tube) or hold gauze squares to swab out the back of the 
mouth

• Suction canister and vacuum system
• Suction tubing
• Suction catheters

 Oral (e.g., Yankauer)
 ET (e.g., Kendall Safe-T-Vac suction catheter)

• Bottle of sterile water for irrigation
 Used for rinsing out suction catheters after use
 Dedicate one bottle for oral suction and one for ET suction 

to avoid cross-contamination
• Oral hygiene rinse
• Glycerin
• Mouth prop
• Sedative or injectable anesthetic, predrawn to appropriate 

dose

Table 25.2 Temporary tracheostomy tube/permanent 
tracheostomy station

• Tracheostomy tubes
 Having several backup tracheostomy tubes optimizes 

reaction time when replacement is necessary
 Some inner cannulas can be purchased separately, 

depending on the manufacturer
 Resterilize used tracheostomy tubes where applicable 

(metal trach tubes) for continued availability
• Air syringe and/or Posey Cufflator Manometer

 For cuffed trach tubes
• Sterile gloves

 Several pairs of varying sizes should be available to 
accommodate all of the staff

• Tracheostomy tube care kits
 Most kits allow for several uses but need to be discarded 

if they become too dirty
 If there is not a kit available, you can make your own 

using:
 Sterile unfenestrated drape (to use as a sterile field)
 Two sterile bowls (one for cleaning and one for rinsing)
 Sterile gauze squares
 Sterile cotton swabs
 Sterile pipe cleaners or small brushes

• Bottle of hydrogen peroxide
 Used to soak and remove secretions from tracheostomy 

tubes
• Bottle of sterile water or saline

 Dedicated to that patient to avoid contamination
 Used to rinse tracheostomy tubes

• Sterile gauze squares
• Sterile cotton swabs
• Tracheostomy tube ties

 Umbilical tape or Velcro ties
• Suction canister and vacuum system
• Suction tubing
• Suction catheters (e.g., Kendall Safe-T-Vac suction catheter)

the type and severity of any pulmonary disease present. 
Some patients require sedation or general anesthesia; 
others often require none (such as those with temporary 
or permanent tracheostomies). Oxygen supplementa-
tion may or may not be required, and other injuries or 
diseases may be present that have an impact on nursing 
care of the airway. Serial thorough physical examina-
tions assist in scheduling therapy for the patient. 
Although the basic overall measures for AA manage-
ment are presented here, treatments should be tailored 
to the requirements of each individual.

Systemic hydration
Patients with AAs can lose a significant amount of water 
from the airway, causing dehydration of the airway 
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directly to the AA and are designed to “recycle” the mois-
ture and heat from exhaled air and to filter viruses and 
bacteria. Unfortunately, HMEs tend to become occluded 
with excess respiratory secretions, which can cause an 
obstruction. Therefore, careful consideration should be 
made when using these devices, and they should be 
avoided in patients producing large amounts of airway 
secretions. Artificial noses add some dead space and 
some resistance to airflow, so they are best avoided in 

mucus and potentially clinically important systemic 
water loss. Normal airway mucus contains a great deal 
of water, and local airway water loss increases airway 
mucus viscosity, making it very difficult for normal 
defense mechanisms to remove material from the 
airways. For patients with AAs in place, intravenous 
fluid therapy is highly recommended to ensure adequate 
hydration, which helps loosen respiratory secretions. 
Secretions that are more watery allow for easier airway 
clearance whether it is by coughing or suctioning. 
Humidification and nebulization should never be used 
as alternatives to systemic hydration.

Airway humidification
Humidification involves the saturation of inspired gases 
with water vapor (water in the gas phase). The amount 
of water vapor that can be carried in inspired gas depends 
on temperature: warmer gas carries more water. In the 
normal animal, the nasal turbinates warm the inspired 
air, and because the air flows over their large surface 
area, they concurrently saturate it with water vapor. AAs 
bypass the nasal turbinates, and those that are open to 
the environment (not connected to a rebreathing circuit) 
are thus susceptible to heat loss and desiccation. Direct 
exposure to cool, dry air increases inflammation, damage 
to epithelial cells, and sticky mucus production. The 
mucociliary escalator becomes compromised and is 
unable to remove the thickened secretions. Humidifying 
inspired gas helps alleviate these complications. In fact, 
all oxygen administered to spontaneously breathing AA 
patients and all inspired gases in ventilated patients 
should be humidified all of the time.

Types of humidifiers

Oxygen “bubblers” or bubble humidifiers are the easiest 
and most cost-efficient type of humidifier for AA 
patients that are breathing spontaneously (Airlife 
Bubbler Humidifier, Cardinal Health, McGaw Park, IL; 
see Fig. 25.1). Filled with sterile water, they can be con-
nected to an oxygen flowmeter (Ohmeda Oxygen Flow-
meter, Ohmeda Medical, Laurel, MD) that titrates the 
flow of oxygen as required. This is a simple way to 
humidify inspired gases: the oxygen flows from a tube 
at the bottom of the sterile water canister and bubbles 
to the surface before delivery to the patient. As the 
oxygen bubbles rise to the surface, they become satu-
rated with water vapor.

Heat and moisture exchangers (HMEs) or “artificial 
noses” are a form of passive humidification (Portex 
Thermovent Heat and Moisture Exchangers, Smiths 
Medical, Keene, NH; see Fig. 25.2). Commonly used for 
ventilated patients, these disposable plastic filters attach 

Figure 25.1 Bubble humidifier. All oxygen administered in the 
critical care unit should be humidified. Options for humidification 
include this Airlife Bubbler Humidifier with an Ohmeda Oxygen 
Flowmeter, attached to oxygen tubing for delivery to the patient.

Figure 25.2 Heat and moisture exchangers (Portex Thermovent 
Heat and Moisture Exchangers, Smiths Medical, Keene, NH) or 
“artificial noses.” These devices can provide an inexpensive and 
readily accessible way to humidify inspired gas.
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Drainable water traps should be added at the lowest 
point of the ventilator tubing, allowing removal of the 
water as it accumulates. If it is not removed, excess con-
densation can back up into the ventilator circuit causing 
resistance and creating a risk of aspiration.

Airway nebulization
Nebulizers deliver aerosolized droplets of sterile saline 
or water to the respiratory tract. Thus they differ from 
humidifiers because nebulized water is in the liquid 
phase rather than humidified water vapor in the gas 
phase. When inhaled, the droplets shower onto the 
respiratory mucosa to hydrate the tissues and moisten 
secretions, making them easier to expel. Droplet size has 
a profound impact on how deeply these aerosolized 
water droplets travel into the lungs. For example, drop-
lets larger than 10 microns deposit in the upper airway 
and nasal turbinates. Any droplets smaller than 0.5 
microns are too light and will be exhaled again rather 
than landing on the airway mucus. For the droplets to 
shower into the bronchial mucus, the ideal size is 3–8 
microns.3

Because nebulization involves the creation of water or 
saline droplets, drugs can be dissolved in the solution. 
Drugs such as bronchodilators and corticosteroids can 

spontaneously breathing patients with tracheostomy 
tubes.

Heated humidifiers (Thera-mist Nebulizer Heater, 
Pegasus Research Corp., Costa Mesa, CA) are more 
expensive but are very effective and are easy to use with 
mechanical ventilators (see Fig. 25.3). A disposable wick 
and sterile water container are connected to a heater and 
incorporated into the ventilator circuit. Because the 
inspired gases are warmed, a larger amount of water 
vapor can be delivered to the airway compared with 
passive humidifiers. The thermostat can be adjusted as 
needed to add more heat and moisture to the inspired 
gas. Warmed inspired gas may be used to increase the 
body temperature of hypothermic patients, although 
this method is not recommended as the sole source of 
warming because the risk for hyperthermia and thermal 
injury to the airways increases if the inspired air is 
warmer than 42°C/107.6°F.1 The human medical litera-
ture suggests that humidifier thermostats should be set 
as close to a patient’s normal body temperature with 
emphasis on monitoring airway temperatures continu-
ously.2 As the warmed gases saturated with water vapor 
gases go down the ventilator tubing to the patient, the 
temperature of the gas drops. When the inspired gas 
cools, it cannot carry as much water vapor, so water 
condenses and showers out as droplets in the tubing. 

Figure 25.3 Theramist Nebulizer Heater and Wick (Pegasus Research Corp., Costa Mesa, CA). (a) Note the heating unit atop the water 
bottle, with the large white wick descending into the fluid. Adjust the thermostat carefully to provide optimal humidification without 
risk of thermal injury to the respiratory tract. (b) The nebulizer system incorporated into a ventilator circuit (note the two water traps—
clear plastic cups with white drain outlets—located distally on the ventilator circuit to capture condensation).

(a) (b)
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be delivered to the patient by inhalation. The advantage 
of this local drug delivery is decreased systemic drug 
absorption and side effects, and the potential for deliv-
ery of high concentrations of the drug directly to the 
target tissues. Because the efficacy of the medication 
depends on patient compliance and tolerance of the use 
of a mask, nebulized drugs are not as widely used in 
veterinary patients as they are in humans. Conversely, 
humidification cannot be used to deliver inhaled drugs 
because water is in the gaseous (not liquid) phase when 
gas is humidified.

Because nebulization is such an effective way to 
deliver large volumes of water to the airway, it is usually 
not administered continuously. The duration of nebuli-
zation sessions can be adjusted according to the patient’s 
needs. Animals with normal lungs that have AAs in place 
may only require 15 minutes of nebulization therapy 
every 4–6 hours, provided there is an alternate humidi-
fication system in place between treatments. In contrast, 
some animals with AAs that have severe pneumonia 
might benefit from continuous nebulization. Potential 
complications of nebulization are discussed later.

Types of nebulizers

Pneumatic nebulizers, also called jet nebulizers or 
atomizers, use a compressed air or oxygen source by 
which a mist is created under pressure. Although they 
are a less expensive option, depending on the kind of 
compressor utilized, they can be bulky and noisy. In 
addition, droplet sizes and the amount of mist produced 
are unpredictable because they depend on the strength 
of the pressurized source. For hypoxic patients, dispos-
able pneumatic nebulizers that attach to metered  
oxygen outlets are available (Airlife Nebulizer Cap & 
0.45% NaCl Inhalation Solution, Cardinal Health 
McGaw Park, IL), allowing constant nebulization with 
the added advantage of concurrent oxygen support (see 
Fig. 25.4).

Ultrasonic nebulizers (ULTRA-NEB ’99 by Devil 
Bliss Healthcare Worldwide, Somerset PA; see Fig. 25.5), 
in contrast, produce more uniform droplets using high-
frequency vibrations from a transducer. Ultrasonic neb-
ulizers deliver smaller droplets in higher volumes, 
allowing deeper penetration into the airways.

Many factors should be weighed when selecting a 
nebulizer for an intensive care unit (ICU). Consider-
ations may include ease of use, noise, ability to integrate 
into an oxygen supplementation system, reusability and 
disinfection procedures, power and consistency in 
droplet production, and cost, among others. See Table 
25.3 for a list of advantages and disadvantages of differ-
ent nebulizer types.

Figure 25.4 (a) Airlife Nebulizer Cap and 0.45% NaCl Inhalation 
Solution with Ohmeda Oxygen Flowmeter and corrugated plastic 
tubing. Either of these units can be titrated to deliver various 
concentrations of oxygen and humidification. (b) Compressor 
nebulizer without supplemental oxygen feature (Hudson RCL 
Opti-Neb Pro, Teleflex Medical, Research Triangle Park, NC).

(a)

(b)

Complications of nebulization

Nebulization offers many benefits for airway manage-
ment, but as with any therapy, complications may ensue. 
Although complications are uncommon, they can 
include airway irritation, bronchospasm, overhydration, 
hyperthermia, and iatrogenic infection.

Inhaling aerosolized liquids, depending on their 
tonicity and content (i.e., antibiotics), may irritate the 
tissues of the upper and lower airways. Occasionally, 
nebulization can stimulate strong, forceful coughing 
and bronchoconstriction. Mucosa can become inflamed 
and swollen, further obstructing lower airways. In 
response to inflammation, increased secretion of thick 
mucus can exacerbate respiratory distress by occluding 
the narrowed bronchi. This domino effect can occur 
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Systemic overhydration may develop as a result of 
continuous direct nebulization or nebulizing large 
volumes of a highly saturated mist. The body can absorb 
the water, causing an inadvertent water imbalance. Per-
forming brief but frequent nebulization sessions (15 
minutes every 4–6 hours) is usually sufficient to keep the 
airway moist without causing fluid overload. Patients 
requiring continuous nebulization should be monitored 
for hyponatremia or hypervolemia. Nebulization of 
saline rather than sterile water minimizes the risk of 
electrolyte imbalance as a result of absorption from the 
respiratory mucosa.

Humidifiers and nebulizers equipped with a heating 
element require frequent observation and adjustment. 
As mentioned earlier, excessive heating of inhaled gases 
can cause patient hyperthermia and thermal injury to 
the respiratory tract.

Contamination of the nebulizer unit is a common 
cause of iatrogenic respiratory infection. Nebulizer hoses 
left uncovered may contact the floor, become colonized 
with bacteria, and aerosolize microorganisms. Inade-
quate disinfection between patient uses can also promote 
contamination with microorganisms. A nebulizer should 
be dedicated to a single patient and measures taken to 
keep the system clean. Covering the end of the hose, by 
inserting it into a clean glove between uses, is usually 
adequate. Hoses should be changed any time they do not 
appear clean. Disposable systems are available and useful 
as a quick maintenance-free, single-use option.

Airway suctioning
Suctioning the AA is vital in maintaining airway patency. 
Respiratory secretions often collect distal to, around, 
and within the lumen of the AA, resulting in obstruc-
tion. If an AA is in place, the secretions are often copious 
and may be extremely thick and viscous, particularly if 
the airway becomes desiccated. Following humidifica-
tion and nebulization, the loosened secretions may 
move in an orad direction, subsequently occluding the 
AA. In the normal airway, the cough reflex is a vital part 
of the clearance of secretions. Depending on the type of 
AA, the cough reflex may be partially impeded, if not 
obliterated (i.e., when the patient is anesthetized). 
Medical intervention is necessary to remove excess 
debris and avoid respiratory distress. The frequency of 
suctioning depends on the volume and quality of the 
secretions being produced, but it is often required no 
less frequently than every 4 hours.

Suction catheters

A variety of suction catheters are commercially avail-
able. The ideal catheter should be sterile, soft, flexible, 

suddenly and should be considered an emergency. In the 
event of bronchospasm (coughing and sudden dyspnea) 
during a nebulization session, nebulization should be 
discontinued immediately and supplemental oxygen 
provided. Bronchodilator therapy may be required if  
the patient fails to recover rapidly after removal of the 
nebulizer.

Table 25.3 Comparison of pneumatic and ultrasonic nebulizers

Pneumatic nebulizers
• Pros

 Inexpensive
 Disposable; single use
 Can deliver supplemental oxygen

• Cons
 May not be portable; tend to be bulky
 Noisy
 Performance variable; may not aerosolize adequately
 Require pressurized gas or oxygen source

Ultrasonic nebulizers
• Pros

 Relatively quiet
 Rapid delivery
 Deliver smaller, uniform droplets
 Newer designs smaller and portable
 Intended for multiple use

• Cons
 Expensive
 Cannot deliver supplemental oxygen
 Require power source or batteries
 Contamination possible if not properly disinfected

Figure 25.5 Ultrasonic nebulizer system (ULTRA-NEB ’99 by 
Devil Bliss) delivers uniform droplets deep into the respiratory 
tract but does not have the added advantage of supplemental 
oxygen delivery.
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procedures should be equipped with some type of 
suction device.

Procedures, risks, and complications  
of airway suctioning

Many risks are associated with suctioning. Nosocomial 
infection is one possible complication. With the obvious 
risk of introducing bacteria into the airway during this 
procedure, the use of sterile materials and aseptic tech-
nique is imperative.

Iatrogenic hypoxia can be minimized by preoxygen-
ation of the patient prior to and between each pass of 
the suction catheter. High concentrations of oxygen are 
administered for a short period of time prior to the 
procedure. Ideally, to ensure optimal hemoglobin satu-
ration, patients should be preoxygenated for 5–10 
minutes before the intervention. Some ventilators are 
outfitted with a “100% Oxygen” button that flushes the 
ventilator circuit for up to 2 minutes; however, the ven-
tilator settings can also temporarily be manually changed 
for the same effect. Patients not being mechanically ven-
tilated can be given high oxygen flow rates through an 
Ambu bag or as “flow-by” oxygen directed in front of 
their AA opening (see Chapter 20, Oxygen Therapy). 
Monitoring with a pulse oximeter prior to, during, and 
after suctioning is strongly recommended (see Chapter 
21, Pulse Oximetry and CO-Oximetry).

Suction passes should be brief, taking no longer than 
5 seconds.4 The catheter should extend just a couple 
centimeters past the end of the AA, but no further. Suc-
tioning too deep into the airway can result in airway 

have more than one distal opening (usually one side port 
and one end port) at the tip, and a proximal port for 
manual control of the suction (Kendall Safe-T-Vac 
Suction Catheter, TYCO Healthcare Group LP, Mans-
field, MA; see Fig. 25.6) Suction catheters are available 
in a variety of sizes; those between 5 and 10F are suitable 
for most small animal patients. The largest gauge cath-
eter possible should be selected, as long as it can be 
passed effortlessly through the AA without obstructing 
the tube. Larger diameter suction catheters may be nec-
essary to evacuate thicker material from the airways. In 
emergent situations, if specialized suction catheters are 
unavailable, sterile red rubber catheters can be substi-
tuted. Red rubber catheters should not be routinely used 
because they lack a proximal port and therefore do not 
allow the operator to control the amount of suction 
applied to the airway.

Closed-system suction catheters are available for use 
in ventilator patients. The catheter is encased in a plastic 
bag that can be fitted into the ventilator circuit and 
advanced intermittently to apply suction without break-
ing sterility or opening the circuit (Kimberly-Clark 
Ballard Trach Care Closed Suction System, Ballard 
Medical Products Draper, UT; see Fig. 25.7).

The source of negative pressure for suction depends 
on the capability of the hospital. Larger hospitals may 
be equipped with central vacuum systems with suction 
outlets typically wall mounted; with the use of a  
regulator, the vacuum flow can be titrated (see Fig. 
25.8a). Portable electric suction units can be purchased 
and set up similarly as an alternative (see Fig. 25.8b). 
Hospitals that use AAs beyond brief healthy anesthetic 

Figure 25.6 Kendall Safe-T-Vac Suction Catheter for airway suc-
tioning. Note the “Murphy eye” feature at the tip of the catheter 
and proximal “thumb” port for manual suction control.

Figure 25.7 Kimberly-Clark Ballard Trach Care Closed Suction 
System can be incorporated into a ventilator circuit providing 
quick, easy access for AA suctioning without detaching the 
patient from the ventilator. The catheter is fed aseptically using 
the plastic encasement and suction controlled by the button 
located proximally.
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The instillation of sterile saline directly into the AA 
remains controversial. Theoretically, the injection of 
small amounts of physiologic saline (2–3 mL at a time) 
into a dry airway might allow hydration of sticky exu-
dates, thereby facilitating their removal. However, we 
believe that the saline probably flows quickly past mucus 
concretions into the lower airways and alveoli, rather 
than staying in the upper airway long enough to soak 
into the material. Additionally, instillation of saline 
under pressure may simply flush mucus plugs deeper 
into the airways, where they can occlude small bronchi. 
Although on rare occasions instillation of saline has been 
helpful, complications such as increased infection and 
further insult to the airway may outweigh the benefits.4 
In general, nebulization is a more effective way of moist-
ening secretions. Therefore, saline instillation is usually 
limited to those patients who absolutely need it in a crisis 
or in which nebulization has not been effective. See Pro-
tocol 25.1 for detailed suctioning instructions.

Chest physiotherapy
Chest physiotherapy goes hand in hand with nebuliza-
tion and should follow each nebulization session. Para-
lyzed, sedated, or recumbent patients, especially larger 
sized animals and those that are obese, often experience 
a certain degree of atelectasis. Alveolar collapse occurs 
because of lung compression by the animal’s body 
weight and is most severe in the ventral lung. Thus the 

inflammation, airway collapse, bronchial spasm and 
coughing, lung collapse, activation of the vagal reflex, 
vomiting, or accidentally displacing the AA during 
coughing. If the amount of suction can be controlled, 
the vacuum device should be adjusted to provide a mod-
erate, but not excessive, degree of negative pressure. The 
recommended range for suctioning should be between 
80 and 120 mm Hg.1 Extreme and prolonged negative 
pressure can exacerbate airway collapse and atelectasis 
as complications of the suction procedure.

Ideally, suction should only be applied once the cath-
eter tip is at its target depth within the airway. Therefore, 
the catheter’s proximal port should not be occluded as 
the catheter is advanced so as not to apply suction during 
advancement. Once the catheter has been advanced to 
the desired depth in the airway, suction is applied inter-
mittently as the catheter is withdrawn, by tapping the 
thumb on the proximal port. In addition, increased 
removal of secretions can sometimes be attained if the 
catheter is twisted as it is slowly withdrawn from the 
airway. Observing the patient’s respiratory pattern, lis-
tening at the AA opening, auscultation of the cervical 
trachea below the tube, auscultation of the lungs, and 
pulse oximetry are all useful ways to determine whether 
the obstruction has been removed or if further interven-
tion is required. Between suction passes, it is best to 
allow the patient to recover with supplemental oxygen 
while you perform a quick physical evaluation to assess 
for distress before repeating the procedure.

Figure 25.8 (a) Central vacuum system with wall-mounted suction regulator connected to a portable suction canister. The suction 
regulator can be metered for a variety of purposes (airway suctioning, continuous thoracic drainage, etc.). (b) Portable Suction System, 
Schuco-Vac 130 Suction Machine.

(a) (b)
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Protocol 25.1 Artificial airway suctioning procedure (for endotracheal tubes, temporary tracheostomy tubes, permanent 
tracheostomy sites)

Items Required
• Suction source

 Central vacuum system with a regulator
 Portable suction compressor

• Suction tubing
• Suction catheters of appropriate size (largest possible that will easily glide into AA)
• Sterile gloves
• Sterile injectable saline and syringes (for flushing if required)
• Oxygen source
• Assistant(s)
• Predrawn sedation protocol in the event of anxiety or distress
• Pulse oximeter
• Electrocardiogram (ECG)

Procedure
1. Collect necessary supplies.
2. Instrument patient with ECG and pulse oximeter.
3. Preoxygenate patient for 5–10 minutes unless the situation is emergent (e.g., obstruction).
4. Set suction regulator between 80 and 120 mm Hg.
5. Perform hand hygiene and don sterile gloves.
6. Aseptically insert suction catheter, without applying suction, to the depth of the entrance of the airway (shallow suctioning), 

down the length of the tube (premeasured suctioning), or a few centimeters past the end of the artificial airway (deep 
suctioning).

7. Activate suction catheter by placing finger over the proximal port of the catheter, and tap the port as the catheter is 
withdrawn to apply rapid intermittent suction.

8. Swirl the catheter within the artificial airway lumen as the catheter is withdrawn to maximize secretion removal.
9. Apply suction no longer than 5 seconds and withdraw the catheter from the airway.

10. Reapply supplemental oxygen and monitor for hypoxia, arrhythmias, or patient discomfort. Allow the patient to recuperate 
completely before repeating the procedure.

11. Repeat the suctioning procedure one to three times, or as needed until secretions run clear and the patient is comfortable. 
Avoid oversuctioning, which will worsen inflammation and secretions.

simplest and most important form of chest physiother-
apy is frequent repositioning of the patient to correct 
atelectasis. If the patient will tolerate sternal recum-
bency, this is often the best position for the lungs,5 
although this can vary in animals with respiratory 
disease. However, animals with hip or back pain may not 
accept sternal positioning. If possible, a reasonable com-
promise is to achieve sternal recumbency in the front 
limbs but allow lateral recumbency in the rear. Typically, 
the patient is changed from right lateral to left lateral 
recumbency every 2–4 hours.5 The larger and more 
immobile the patient, the more frequently its position 
should be changed.

Encouraging coughing and clearance of loosened 
respiratory material is just as important as maintaining 
airway hydration. Coughing serves two functions: it 
helps to decrease atelectasis and it clears airway secre-
tions. To cough, the animal must first take a maximal 

inspiration, which can help to decrease atelectasis. Fol-
lowing inspiration, the next stage of a cough is an initial 
buildup of airway pressure against a closed glottis. When 
the glottis is opened, the sudden release of pressure 
pushes material in an orad direction. In addition, airway 
smooth muscle contraction further milks material 
toward the pharynx. When an AA is in place, the animal 
cannot build up pressure in the airway at the beginning 
of the cough because the AA remains open even if the 
glottis is closed; therefore, coughing is less effective in 
patients with an AA in place. Some coughing efforts may 
occur, and in that case one walks a fine line in how much 
coughing should be permitted without causing the AA 
to obstruct or dislodge.

Coughing is stimulated by airway stretching, com-
pression, or inflammation. Physical exercise encourages 
the patient to take breaths with increased tidal volumes, 
thereby stretching the airway and encouraging coughing 
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variety of drugs are used to maintain general anesthesia 
over a period of several hours to days. Typically, to main-
tain optimal cardiovascular and respiratory function, a 
combination of drugs is used. The drugs are often given 
as continuous intravenous infusions of injectable anes-
thetics, rather than as intermittent boluses or as inhal-
ants. Careful monitoring is needed whenever patients 
are maintained under anesthesia for prolonged periods 
of time. Oxygen supplementation, ventilator support, 
fluid therapy, and pressors should be given as needed.

Sedatives and anxiolytics

Most dogs and cats with tracheostomy tubes are awake. 
Patients that are anxious or dysphoric may receive seda-
tion, and those that are in pain may receive analgesics. 
It is important to remember that drug efficacy varies by 
individual, and there is often some trial and error 
involved in drug choices.

Animals with anxiety, excessive panting, and upper 
airway obstruction may benefit from administration of 
a sedative. Acepromazine is a commonly used tran-
quilizer suitable for many of these patients. The advan-
tages of acepromazine include its relatively long duration 
of effect (hours); disadvantages include the risk of  
drug-induced vasodilation and hypotension. Therefore, 
although acepromazine is used commonly in this patient 
population, it is administered in low doses and repeated 
to effect (0.005–0.02 mg/kg IV, every 4–6 hours). Benzo-
diazepines such as diazepam and midazolam can also be 
used either as bolus doses (0.2–0.4 mg/kg IV) or as con-
tinuous IV infusions (0.05–0.3 mg/kg/hour). Benzodiaz-
epines should be used cautiously because they can 
induce excitement in some dogs and cats.

Analgesics

Side effects of narcotic analgesics include suppression of 
coughing because of their centrally acting antitussive 
effects. Narcotics can also cause panting in dogs, which 
can be a problem with an AA. Panting against the AA’s 
increased airway resistance can cause or exacerbate 
hyperthermia; panting can also cause rapid and com-
plete occlusion of the AA with large mucus plugs.

Mucolytic drugs

Mucolytic agents such as N-acetylcysteine may be used 
as an adjunct to nebulization to facilitate the removal  
of respiratory secretions. N-acetylcysteine breaks disul-
fide bonds in the respiratory mucus, making it more  
watery and easier for the mucociliary escalator to move. 
N-acetylcysteine can be administered orally, intraven-
ously, or by inhalation. Oral use may be limited by its 
bitter taste and the inadvisability of oral intake in some 

as well as decreasing atelectasis. Thus walking patients 
after nebulization is another useful method of physio-
therapy because it promotes increased tidal volumes and 
induces coughing. Gentle exercise cannot be overem-
phasized in the management of patients with pneumo-
nia; clearance of airway infection is most challenging in 
paralyzed patients that cannot move around. In addi-
tion, if coupage (see later) is contraindicated, as in 
patients with thoracic wall injuries or coagulopathies, 
walking and exercise may be used as a substitute.

Coupage

Coupage creates vibrations within the chest that may 
help to mobilize exudates and stimulate coughing. Typi-
cally, nebulization is performed first, to make the secre-
tions as liquid as possible. Then coupage is performed 
by gently but firmly tapping on the chest in rapid suc-
cession with a cupped hand. The force applied depends 
on the size of the patient; large dogs often tolerate the 
application of quite a lot of force to the chest wall, unless 
they are painful. Alternative methods may include  
the use of battery-operated vibrating massage devices  
available on the commercial market for use in people. 
Coupage should be applied to both sides of the thorax. 
Positioning of the patient during coupage may also assist 
with airway drainage. For example, a patient with right-
sided lung disease may benefit from coupage applied  
to the right side of the chest while the patient is in left 
lateral recumbency. Some deep-chested dogs may be 
persuaded to roll onto their back for application of 
coupage, facilitating drainage from the most ventral 
lung lobes. Sedation or anesthesia may completely 
hinder the cough mechanism. In such cases, it may be 
appropriate to suction the airway after coupage.

Pharmacologic intervention
A variety of drugs may be administered to patients with 
AAs. Medications may include those used to treat the 
primary problem or its complications, and those used 
to manage the AA itself. For example, a postoperative 
brachycephalic dog with a tracheostomy tube might 
receive corticosteroids to treat soft palate and pharyn-
geal swelling, or antibiotics for aspiration pneumonia. A 
full description of all of the drugs that might be admin-
istered for treatment of all underlying problems is 
beyond the scope of this chapter. Instead, we focus on 
the medications that warrant special attention in the 
management of an AA.

General anesthesia

Dogs and cats with endotracheal tubes in place require 
general anesthesia to tolerate orotracheal intubation. A 
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a better seal, it is more likely to cause tracheal mucosal 
ischemia, necrosis, or rupture if overinflated or if used 
for extended periods of time.

A manometer such as the Posey Cufflator TM (J.T. 
Posey Company. Arcadia, CA; see Fig. 25.9) can be used 
to monitor cuff inflation pressures to avoid overinflation 
and help prevent complications. Tracheal mucosa perfu-
sion pressures range between 25 and 35 mm Hg, so 
maintaining a cuff pressure below 25 cm H2O can mini-
mize the risks of tracheal wall ischemia.

It is important to remember that although ET tube 
cuffs help decrease the aspiration of foreign materials, 
they do not provide complete protection. Even with 
appropriately inflated cuffs, fluid containing bacteria 
may seep down into the airways between the cuff and 
the tracheal mucosa. Careful selection of the proper tube 
size, continuous monitoring of cuff efficacy, and vigilant 
maintenance of the oral cavity (see later) are all equally 
important in avoiding aspiration pneumonia.

Oral hygiene
Animals intubated for prolonged periods of time develop 
a number of oral problems. The swallowing reflex is 
suppressed by anesthesia, which results in accumulation 
of oral secretions in the pharynx and caudal commis-
sures of the lips. Gastrointestinal tract contents may be 
regurgitated from the esophagus into the pharynx. Fur-
thermore, the pharynx rapidly becomes colonized with 
pathogenic gram-negative bacteria that can proliferate 
in accumulated secretions. Meticulous oral care is an 
important part of maintaining oral hygiene, thereby 
decreasing the risk of airway bacterial invasion during 
reintubation or accidental aspiration. It has been proven 
and widely documented in humans that one in four  
ICU infections are attributed to ventilator-associated 

patients with AAs in place. When administered by inha-
lation in nebulization fluid, it can cause bronchospasm; 
therefore, caution is advisable when using this route. IV 
administration may be the safest option, although the 
drug must be diluted, filtered, and administered slowly.

Management of patients with  
endotracheal tubes

Endotracheal (ET) tubes are the most commonly used 
AA, and they are most familiar to veterinarians and vet-
erinary technicians. ET tube placement is easier and 
quicker, less expensive, and less invasive than tracheos-
tomy tube placement, although general anesthesia is 
required for insertion and maintenance.

Patients that are intubated for any length of time can 
develop adverse sequelae. Detailed and frequent nursing 
care is paramount not only to address the needs of the 
recumbent anesthetized patient but to prevent second-
ary complications. Although special attention to oral 
and airway hygiene can help minimize complications 
associated with ET intubation, the most reliable way to 
decrease intubation-associated morbidity is to extubate 
the animal as soon as possible.

Endotracheal tube qualities
Numerous varieties of ET tubes are commercially avail-
able, differing from each other with regard to physical 
composition, specialty, and reusability. Silicone tubes are 
soft, pliable, and made to withstand repeated steriliza-
tion. Polyvinylchloride (PVC) plastic tubes, in contrast, 
are packaged aseptically and designed for single use. Red 
rubber tubes can be sanitized and reused; however, over 
time, repeated use and cleaning degrades the integrity 
of the material. Figure 22.3 shows the three different 
types of ET tubes. Although Chapter 23, Tracheal Intu-
bation, contains a more detailed discussion of ET tube 
attributes, it bears mentioning here that disposable 
sterile ET tubes should generally be used in patients that 
require AA management, namely in those undergoing 
longer term anesthesia or positive pressure ventilation.

Pressure from an inflated ET tube cuff on the tracheal 
mucosa can cause severe tracheal trauma, particularly if 
the cuff is overinflated or the tube is in place for a length 
of time. Low-pressure, high-volume cuffs have a wider 
surface area in contact with the trachea, which applies 
less pressure, resulting in a decreased incidence of tra-
cheal mucosal ischemia and necrosis. However, the seal 
may not be as effective for airway protection from oro-
pharyngeal secretions. High-pressure, low-volume cuffs 
are inflated with a smaller volume but apply more pres-
sure over a small surface area. Although this makes for 

Figure 25.9 The Posey Cufflator Manometer is a useful tool to 
monitor ET tube cuff inflation pressure.
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pneumonia (VAP), that 90% of pneumonia cases in the 
human ICU are VAP, and that oral hygiene is now a 
standard of care to effectively reduce incidence of VAP 
in intubated patients.6

During ET intubation, routine oral care consists of 
inspection, suctioning, lavaging, moistening, and 
padding the delicate oral tissues. Stiff suction catheters, 
such as Yankauer tubes (Kendall Argyle Yankauer Suction 
Tube, TYCO Healthcare Group Mansfield, MA; see Fig. 
25.10), can be easily maneuvered in and around the 
mouth and pharynx to gently remove excess secretions.

A commercial antibacterial oral rinse such as C.E.T. 
Oral Hygiene Rinse (Virbac Animal Health, Forth 
Worth, TX) should be used to cleanse the oral cavity. 
This mouth rinse contains chlorhexidine gluconate 
(0.12%), cetylpyridinium chloride (0.05%), and zinc. 
The rinse should be applied liberally inside the oral 
cavity using gauze sponges or a syringe, and then the 
excess is swabbed or suctioned away. One should be 
certain to clean around the teeth and remove all accu-
mulated secretions in the back of the pharynx. After-
ward, glycerin may be used as an emollient for lips and 
mucous membranes but should be diluted 1:1 with 
water as directed. (Humco Texarkana, TX; see Fig. 25.11) 
Oral care should be performed at least every 4 hours or 
more frequently if warranted by the nature or volume 
of secretions.4

Folded wads of gauze squares, soaked in the glycerin/
water solution, can be positioned in the mouth and 
around the tube to create a cushion to prevent pressure 
injury. The patient’s tongue should be wrapped with 
soaked gauze sponges to prevent desiccation and swell-
ing (see Fig. 25.12). It is also important periodically to 

Figure 25.10 Kendall Argyle Yankauer Suction Tube. This stiff 
catheter allows ease of maneuverability when suctioning out the 
oral cavity. A thumb port, located proximally, provides suction 
control.

Figure 25.11 Glycerin Skin Protectant (left) and Virbac Animal 
Health C.E.T. Oral Hygiene Rinse (right). These items are used for 
oral care in patients with indwelling ET tubes.

Figure 25.12 Mechanically ventilated patient with folded gauze 
squares (saturated with glycerin and water) padding the oral 
cavity. Repositioning the pulse oximeter probe regularly decreases 
tissue trauma.
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itself is the source of a partial obstruction, the sounds 
are often loudest when the stethoscope is placed on the 
cervical area. Moist popping sounds usually indicate 
fluid or mucus buildup. Dry wheezing within the tube, 
similar to breathing through a straw, may be a sign of 
partial obstruction with thick or inspissated debris. In 
patients whose ET tubes are not connected to a breath-
ing circuit, the naked ear may detect sounds emanating 
from the ET tube opening. Placing a hand or a teased-
out cotton ball in close proximity to the tube’s opening 
can also help gauge how much gas is successfully passing 
through with each exhalation.

Even patients with healthy lungs that are intubated for 
a period of time accumulate airway secretions; trauma 
to the tracheal mucosa from the tube itself results in 
increased secretions. Any material aspirated from the 
oropharynx causes additional inflammation. Bacterial 
infection may ensue due to compromise of pulmonary 
defense mechanisms, resulting in further inflammation 
and exudate production. The cough reflex has been 
intentionally eliminated by anesthesia, to allow ongoing 
intubation. Therefore, when secretions are auscultated 
in the ET tube, suctioning may be required to maintain 
a clear airway. Moistening the airway using humidifica-
tion or nebulization, followed by coupage, may help 
further mobilize the secretions prior to suctioning. 
Because suctioning causes some trauma to the airway 
mucosa, it should be minimized and only applied as 
needed when auscultation suggests the presence of 
secretions in the AA.

change the position of pulse oximeter probes placed in 
or on the mouth to prevent tissue injury.

Visual inspection of the oral cavity may reveal oro-
pharyngeal ulceration, lingual swelling, or trauma to the 
lips. Treatment of these injuries associated with pro-
longed ET intubation involves keeping the tissues clean 
and avoidance of further pressure damage from the 
tube, gauze ties, pulse oximeter probe, or teeth. To avoid 
lip and tongue damage from teeth and the tube, a mouth 
prop or gag (Dental Wedge, Jorgensen Laboratories Inc., 
Loveland, CO) is helpful. The wedge is lined with ridges 
along each side for tooth positioning. It is designed for 
secure placement between the premolars and molars 
while allowing the mouth to remain comfortably open 
(see Fig. 25.13).

ET tube ties naturally accumulate material from  
the mouth, including bacteria. A nonporous material 
such as fluid extension tubing provides less surface area 
for bacteria and is easy to clean, so it can be a useful 
option to secure tubes. If muzzle gauze is used to secure 
the ET tube, it should be changed often because it pro-
vides a large surface area for bacteria and is impossible 
to clean.

Endotracheal tube care
ET tube care consists of evaluating tube patency, suc-
tioning, flushing, repositioning, and replacing the tube 
when necessary. The tube should be evaluated no less 
often than every 2–4 hours and addressed as often as 
required by the patient. Table 25.4 provides a suggested 
schedule for ET tube maintenance and care.

To evaluate the patency of the ET tube, the upper and 
lower airways should be auscultated to help determine 
if there is an obstruction in the tube. When the tube 

Figure 25.13 Dental wedge. Small grooves around the perim-
eter of the wedge hold the patient’s teeth, which provides secure 
positioning of the mouth and helps prevent lip and tongue injury.

Table 25.4 Recommended schedule for ET tube care

• Auscult all portions of the patient airway and chest q2h
 Auscultation may be done as frequently as necessary

• Evaluate ET tube q2–4h
 Suction when necessary
 Flush only when needed

• Oral care q4h
 Flush, swab, and suction oropharyngeal cavity
 Note and monitor tissues for swelling or ulceration
 Replace gauze squares with freshly moistened ones (water 

and glycerin)
 Readjust mouth prop

• Nebulize and coupage q2–4h
 Continuous nebulization may be necessary for select cases

• Deflate and reposition tube q4–6h
 Monitor cuff pressure if possible (e.g., Posey Cufflator 

manometer)
• Replace ET tube q24–48h or as needed
• Monitor comfort and sedation continuously
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incorporated into the breathing circuit, with the ther-
mostat carefully adjusted to provide optimal humidity. 
Excessive heat can injure delicate airway tissues. Pooling 
of condensation increases ventilator circuit resistance, 
and water can potentially flow from the circuit into the 
patient’s airway. Therefore, the humidifier should be set 
low, with the patient’s temperature continuously moni-
tored, and water traps (see Fig. 25.3b) should be placed 
at dependent points in the ventilator circuit and emptied 
as needed. Heat and moisture exchange devices or “arti-
ficial noses” can be inserted between the ET tube and 
the ventilator circuit. These devices trap heat and water 
vapor, and transfer them from the exhaled air to the 
inhaled air, thereby recycling them. There is a tendency 
for noses to become clogged with secretions, making 
them less desirable for cases with pneumonia or for 
long-term ventilation.

Management of patients with temporary 
tracheostomy tubes

A tracheotomy is the procedure of making an incision in 
the trachea, whereas a tracheostomy is the temporary or 
permanent opening established in the trachea during 
the tracheotomy procedure. The most common indica-
tion for temporary tracheostomy is circumvention of an 
upper airway obstruction. In addition, some long-term 
ventilator cases may also benefit from temporary trache-
ostomy because extended periods of endotracheal intu-
bation can traumatize the oropharynx and larynx. 
Furthermore, temporary tracheostomies allow a much 
lighter plane of sedation in ventilated patients, allowing 
assessment of neurologic function and minimizing 
some adverse effects of prolonged anesthesia.

Tracheostomy tube placement requires general anes-
thesia and is a surgical procedure; see Chapter 24, Tem-
porary Tracheostomy, for instructions on how to create 
a temporary tracheostomy. During the tracheotomy 
procedure, long stay sutures are positioned around the 
tracheal rings on each side of the stoma to allow manip-
ulation of the rings during and after tracheostomy tube 
placement. Typically, the tracheostomy tube is not 
sutured directly to the skin of the neck because move-
ment of the head and neck can pull the tube out of the 
airway if it is attached to the skin. Instead, umbilical twill 
tape or Velcro foam straps are fastened to each side of 
the tube’s flange or neck plate and then tied behind the 
patients head, thus securing it in place (see Fig. 23.11). 
The skin incision is usually not closed with sutures. 
Instead, it is left open with the long tracheal ring stay 
sutures in place. If the tracheostomy tube needs to be 
replaced, the stay sutures allow quick removal and 
replacement of the tube. A moderate amount of  

Occasionally a patient continues to have a dry non-
productive but still partially obstructed airway despite 
all efforts. As discussed earlier, there remains speculation 
whether instilling small aliquots of sterile saline into an 
airway helps or hinders management. With the risk of 
introducing bacteria into the lungs, causing further 
inflammation, and stimulating severe coughing, this 
decision should be made judiciously and saline infused 
sparingly in our opinion. If there is no alternative, then 
aliquots of 2–3 mL of sterile saline can be instilled into 
the ET tube, either by direct injection using a syringe or 
through a sterile catheter placed into the airway through 
the tube. Catheters used for this purpose can include red 
rubber urinary catheters or long through-the-needle IV 
catheters. The catheter is measured against a similar 
tube prior to insertion into the airway and should only 
be inserted slightly deeper than the length of the tube. 
Following instillation of saline, the suction catheter is 
passed into the airway and suctioning is performed as 
described perviously and in Protocol 25.1.

To minimize tracheal injury, the ET tube cuff should 
be deflated and the tube repositioned approximately 
every 4 hours.4 When using a tube with a high-pressure, 
low-volume cuff, changing the position by just a centi-
meter allows normal circulation to return to the mucosa 
of the previous site. Care should be taken to avoid acci-
dental extubation while repositioning the tube and to 
avoid advancing the tube too deeply into the airway, 
which could result in bronchial intubation. The cuff 
should be reinflated to no more than 25 cm H2O pres-
sure. If a manometer is not available, the cuff should be 
filled with an air syringe, just enough to prevent an 
audible air leak when the lungs are manually inflated 
(see Chapter 23, Tracheal Intubation, for more details).

ET tubes should be removed and replaced with a new 
sterile tube every 24–48 hours.4 Patients with extensive 
accumulation of thick secretions in the lumen of the 
tube may need tube replacement much more frequently 
(as often as every few hours) if suctioning fails. Person-
nel should be prepared to change the tube at a moment’s 
notice, and an area near the patient should be set up 
with all of the necessary equipment including replace-
ment sterile tubes and laryngoscopes, to minimize 
response times (see Table 25.1).

Humidification and nebulization can be performed in 
several ways on intubated patients. Sedated intubated 
patients with intact respiratory drive may simply require 
an oxygen bubbler humidifier or a nebulizer system 
placed in front of the opening of the airway to provide 
optimal humidification. Chest physiotherapy is encour-
aged, although loosened material may need to be manu-
ally evacuated afterward using suction. Patients on a 
mechanical ventilator should have a heated humidifier 
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Polyvinylchloride tracheostomy tubes

PVC tubes are single use and disposable, and they are 
the most frequently used in short-term veterinary ICU 
practice. The material is porous and more likely to 
accrue bacteria and mucosal debris, making it difficult 
to clean. Disinfectants are ill advised because they can 
absorb into the plastic and degrade the integrity of the 
tube. Larger tubes have a separate inner cannula, and 
separate disposable inner cannulas can be purchased to 
prolong the life of the outer cannula. Smaller sized tubes 
are not equipped with a removable inner cannula 
because it would excessively decrease the inner lumen 
diameter. Cuffed and uncuffed versions are available. 
Because of the availability of cuffed tubes with an inner 
cannula, this is the most commonly used tracheostomy 
tube for mechanically ventilated patients.

Metal tracheostomy tubes

Jackson tubes are made of stainless steel or silver and 
always cuffless. All sizes are available with inner cannu-
las, making them ideal for smaller patients. They can be 
easily cleaned and are autoclavable. Thus Jackson tubes 
can be reused for multiple patients over time, and they 
are therefore a cost-effective option. Because there is no 
bulky cuff, it may be possible to use a larger diameter 
tube than would be possible if a cuffed tube were used. 
They have grown less popular in humans due to their 
weight and tendency to irritate the tracheal mucosa. 
Although that is still a concern in veterinary patients, 
the practicality of their use for short-term management 
keeps them a popular choice.

Cuffed and uncuffed tracheostomy tubes

As with endotracheal tubes, tracheostomy tubes can be 
cuffed or cuffless. Cuffed tubes are valuable to protect 
the airway in patients at risk for aspiration or to provide 
a seal when mechanical ventilation is required; cuffless 
tubes should be used in others. The cuff is a soft balloon 
located at the distal end of the tube, which can be filled 
with air, sterile water, sterile saline, or foam (depending 
on the manufacturer’s recommendations). The balloon 
can be deflated or inflated at a moment’s notice should 
problems arise.

Cuff pressure must be monitored and readjusted fre-
quently to avoid damaging the trachea. As discussed 
earlier, maintaining cuff pressure below 25 cm H2O min-
imizes tracheal mucosal injury. High-volume, low-
pressure cuffs generally minimize tracheal mucosal 
damage, although they are bulky during placement and 
may limit the size of tracheostomy tube that can be 
accommodated in the airway.

discharge from the stoma site is common for the first 
few days. It should be cleaned from the skin several times 
daily, but care should be taken to avoid touching the 
tissues inside the incision.

Types of tracheostomy tube
A wide variety of tracheostomy tubes are available to 
suit veterinary needs (see Fig. 25.14 for two types). The 
clinician should take into consideration the likelihood 
of positive pressure ventilation, the patient’s anatomy 
and disease process, and the length of time the tube is 
likely to remain in place when selecting a tube type. A 
basic review of tube selection is found in Chapter 24, 
Temporary Tracheostomy. The discussion here empha-
sizes tube choice based on length of intubation and 
maintenance.

Silicone tracheostomy tubes

Silicone tubes are soft and flexible, and they easily 
conform to the patient’s airway. Both cuffed and cuffless 
versions are available. Their composition makes them 
less likely to accumulate bacteria and pulmonary secre-
tions, therefore most are made without an inner cannula. 
This type of tube is useful for longer term tracheostomy 
when the volume of secretions has decreased. During 
the first few days after tracheostomy, most dogs and cats 
produce large amounts of airway secretions, and there-
fore the lack of an inner cannula can be a problem; thus 
a silicone tube may be a good choice as a replacement 
tube rather than as the initial tube placed after trache-
otomy. An added advantage is the ability of silicone 
tubes to withstand multiple sterilizations.

Figure 25.14 Two tracheostomy tube types. Jackson (metal) 
uncuffed tracheostomy tube on left. Shiley (PVC) cuffed tracheos-
tomy tube on right.
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A double cannula tracheostomy tube comes equipped 
with a removable inner cannula, allowing it to be cleaned 
and replaced quickly. This is an ideal feature in cases 
producing large amounts of sticky respiratory secre-
tions. Unlike single-cannula tubes, the patency of a 
double-cannula tracheostomy tube can generally be 
maintained for longer periods of time without tube 
replacement.

Tracheostomy tube attachment to a 
breathing circuit

When mechanical ventilation or anesthesia is expected, 
the proximal end of the tracheostomy tube needs to fit 
snugly into the breathing circuit. Most tubes, except for 
Jackson tubes, provide a 15-mm hub for this purpose. 
External adaptors are available to suit various size tra-
cheostomy tubes; the adaptor fits between the tube’s 
cannula and the breathing circuit (see Fig. 25.15).

Smaller tracheas may not be able to accommodate 
bulky cuffed tubes; this is a particular problem in cats, 
pediatrics, and brachycephalic breeds. In these patients, 
very small-cuff tracheostomy tubes significant narrow 
the airway, which increases airway resistance. In such 
cases, a larger cuffless tracheostomy tube can be substi-
tuted without sacrificing internal diameter, as long as 
positive pressure ventilation is not required.

Stable tracheostomy cases may be less at jeopardy for 
aspiration once they are awake and have adequate cough 
and gag reflexes. In such instances, a cuffless or deflated 
tracheostomy cuff may be preferred, thereby minimiz-
ing tracheal damage while allowing the patient to breathe 
around the tube.

Impact of tracheostomy tube cannula type 
on airway management

Depending on the composition, size, and manufacturer, 
tracheostomy tubes may have single or double cannulas. 

Figure 25.15 (a) Portex Non-sterile 15 mm Tracheal Tube Connector Set (SIMS Portex Limited, Kent, UK). These adaptors can be fitted 
into tracheostomy tubes lacking an appropriate hub to connect to breathing circuits. (b) Select an appropriately sized hub to fit into 
the inner cannula. (c) Jackson tracheostomy tube with 15-mm hub adapter.

(a) (b)

(c)
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The outer cannula can also be examined for any obvious 
material that can be swabbed out of the lumen with 
sterile cotton swabs. For patients receiving positive pres-
sure ventilation, a new replacement cannula should be 
quickly inserted after removing the old one, thereby 
reducing the time the patient is disconnected from the 
ventilator circuit. The used inner cannula is placed in a 
sterile vessel filled with hydrogen peroxide. Soaking the 
tracheostomy tube in 3% hydrogen peroxide loosens the 
mucus and secretions that have adhered to it (see 
Chapter 24 for additional recommendations). Sterile 
pipe cleaners or small sterile brushes are then used to 
remove remaining debris (see Fig. 25.16). The inner 
cannula is rinsed thoroughly with sterile saline or water 
to remove any remaining hydrogen peroxide, which 
would cause tracheal irritation. The tube is carefully 
shaken or dried with sterile gauze squares. Finally, the 
inner cannula is replaced in the tracheostomy tube or 
saved in a sterile container for later use.

In addition to visual inspection of the tube during 
maintenance, a stethoscope should be used to auscult 
the upper and lower airways to detect diminished air 
movement, wheezing, or whistling sounds. The naked 
ear can also detect these sounds emanating from the 
entrance of the tube in spontaneously breathing patients. 
A reduction of airflow can be detected by placing a hand 
or teased-out cotton ball in front of the opening of the 
tube. If evidence of airway obstruction continues despite 
cleaning the inner cannula, there may be an obstruction 
at the distal end of the tracheostomy tube, in which case 
the entire tube may need to be removed and replaced.

Table 25.5 Recommended schedule for temporary 
tracheostomy tube care

• Auscult q2h
 Auscultation may be done as frequently as necessary

• Evaluate tracheostomy tube q2–4h
 Suction when necessary
 Flush only when needed

• Cannula care q2–4h
 May be continuous depending on productivity of 

secretions
 Remove and clean cannula
 Note consistency and character of secretions

• Stoma care q4–6h
 Clean around stoma
 Note character of the site (presence of discharge, presence 

of subcutaneous emphysema, etc.)
 Evaluate for obstruction from neck skin folds or evaluate 

skin fold sutures, if applicable
• Nebulize and coupage q4–6h

 Continuous nebulization may be necessary for select cases
• Deflate and/or monitor cuff pressure q4h
• Replace tracheostomy tube when necessary
• Monitor comfort and anxiety continuously
• House the patient in a central location that allows staff to 

see, hear, and access the patient quickly

Figure 25.16 Tracheostomy tube care: cleaning the inner 
cannula. It is very common for peroxide to effervesce in the pres-
ence of blood, mucus, or other tissues adhered to the tracheos-
tomy tube.

Temporary tracheostomy tube care
Two people are usually required to provide basic trache-
ostomy tube care: one to position the patient and the 
other to perform the procedure. However, it is crucial 
that all the staff in the room remain on high alert in the 
event an emergency ensues because more hands may be 
needed. Manual restraint or mild sedation might be 
indicated for the awake or uncooperative patient. Deeper 
sedation or immediate induction of general anesthesia 
may be necessary for a patient in distress. A well-
equipped tracheostomy supply station should be set up 
near the patient to decrease reaction time in a crisis. A 
list of suggested materials is provided in Table 25.2, and 
a recommended schedule for temporary tracheostomy 
tube care is found in Table 25.5.

Cannula maintenance and tube patency

Tracheostomy care begins with cannula maintenance. 
Although no strict guidelines exist, the inner cannula 
should be inspected and cleaned every 2–4 hours, or as 
often as the patient dictates it. Those with extremely 
productive secretions require vigilant monitoring and 
more frequent intervention to avoid tube obstruction 
episodes. Using aseptic technique, the inner cannula 
should be removed and visually inspected for debris. 
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mobile. If sitting with the patient in front of a nebulizer 
unit is not possible, an alternative solution is to place 
patients in a smaller open cage (with bars) with the 
nebulizer turned on “high.” If the animal is asleep or 
sedated, it is useful to take advantage of that time to 
place the nebulizer hose in front of the AA opening. 
Nebulization during client visitation can be useful for 
patients that behave best for their owners. Most clients 
welcome the opportunity to help nurse their pets back 
to health and are happy to sit with them for a nebuliz-
ing session. Nebulization sessions are typically 15–30 
minutes long.1

A word of caution: a tracheostomy patient should not 
be placed inside an enclosed cage (such as an oxygen 
cage) for nebulization unless absolutely necessary. Most 
of the time, early airway obstructions are easily audible 
to caregivers before they become severe enough that the 
patient starts to react physically. The incidence of 
obstruction increases during nebulization, and if the 
patient is left unattended, especially in a busy room or 
behind a glass panel, an early obstruction episode may 
be missed. If there is no alternative to placement inside 
the oxygen cage for nebulization, a member of the criti-
cal care team should be designated to stand vigil and 
monitor for any emergencies until the session is com-
pleted and the patient can be moved out of the cage. 
Patients with tracheostomy tubes in place should be 
housed in a central area to allow maximum visibility 
(and audibility) to all the staff.

Artificial noses (HMEs) should be avoided in trache-
ostomy patients because they can easily become occluded 
with respiratory secretions.

Hypoxic tracheostomy patients pose a significant 
challenge to the critical care team because of the need 
to deliver supplemental oxygen. A pneumatic nebulizer 
can be connected to an oxygen flowmeter, allowing 
oxygen supplementation during nebulization. Addition-
ally, an oxygen delivery hose can be adapted into the 
nebulizer tubing to provide a higher fraction of inspired 
oxygen. If the patient is recumbent or sedated, the  
hoses can easily be positioned in front of the opening of 
the tracheostomy tube. Patients that are both hypoxic 
and mobile present a challenge. There may be no choice 
but to house these animals in an oxygen cage, but this 
presents considerable risk. As discussed earlier, oxygen 
cages muffle airway sounds that would otherwise be 
heard by the critical care personnel, including those 
sounds indicating early airway obstruction or respira-
tory distress. Extra precautions such as continuous  
pulse oximetry, stationing a team member in close prox-
imity to the patient, and increasing peripheral vision 
around the room should be implemented to avoid emer-
gent issues.

There is no set time to change out the entire trache-
ostomy tube, and this is typically done only when efforts 
to clear an obstruction have failed. Single-cannula tra-
cheostomy tubes usually require more changes than 
those with an inner cannula. Flushing and suctioning 
the tube should be reserved for those with viscous secre-
tions or debris, or patients with a decreased or absent 
cough reflex.

Stoma site care

The stoma of the tracheostomy site should be inspected 
approximately every 4 hours and monitored for inflam-
mation, discharge, and pain; the operator should palpate 
around the stoma for evidence of subcutaneous emphy-
sema. The consistency and origin of any discharge 
should be documented. Changes in the type of secre-
tions within the lumen of the tracheostomy tube may 
indicate pneumonia, tissue necrosis, or hemorrhage, 
whereas changes in those from the stoma can indicate 
incisional infection. Using aseptic technique, the skin 
around the stoma should be cleaned using a 2% chlorhex-
idine scrub or half-strength hydrogen peroxide (3% 
strength diluted 1:1 with sterile water) on gauze squares 
to remove any debris. Sterile cotton swabs moistened 
with sterile water may be used to carefully clear material 
from the more delicate tissues of the stoma, but scrubs 
and ointments should not contact the wound. Soiled 
neck ties should be changed as needed to prevent them 
from becoming a source of infection.

Cuff maintenance

If there is an inflated cuff, the cuff pressure should be 
checked and adjusted if needed every 4 hours. A Posey 
Manometer can be used to check the pressure on high-
volume, low-pressure cuffed tracheostomy tubes. Unlike 
ET tubes, it is not possible to adjust the position of a 
tracheostomy tube within the trachea to minimize pres-
sure on one location of the tracheal mucosa. Instead, 
changing the amount of pressure in the cuff allows the 
tracheal mucosa to reperfuse. In patients that are com-
pletely awake and able to protect their airway, the cuff 
should be left deflated.

Airway humidification

The frequency of nebulization depends on the degree of 
desiccation of the airway and whether or not the patient 
has pneumonia. Ideally, nebulization should be continu-
ous for patients with large amounts of exudative secre-
tions or those with severe respiratory infections, and 
every 4–6 hours for more stable cases. This can be chal-
lenging, particularly in patients that are awake and 
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Animals with severe pneumonia that require a tem-
porary tracheostomy tube can be among the most  
difficult and time consuming to manage. Copious  
amounts of secretions can accumulate inside the cannula,  
requiring almost continuous cleaning and/or changing. 
Hypoxic patients may need to be housed inside oxygen 
cages on higher oxygen concentrations or even require 
mechanical ventilation. These patients may require con-
stant attendance due to the dynamics of their disease 
processes. Dedicating a trained technician for that 
patient facilitates constant patient monitoring and man-
agement while freeing up clinicians and the rest of the 
team members to handle other cases.

Head and neck conformation in brachycephalic 
breeds makes it difficult to manage their tracheostomy 
tubes. This creates a major challenge for the critical care 
team because brachycephalic dogs are also the most 
likely to require AAs. Because of the frequent incidence 
of tracheal hypoplasia, tracheostomy tubes may need to 
be significantly smaller than those used in other dogs of 
similar size. Smaller cuffed tubes should be avoided 
because the presence of the bulky cuff further decreases 
airflow. In these breeds, larger cuffless Jackson tracheos-
tomy tubes may provide the greatest ease of placement, 
with the added benefit of a removable inner cannula. 
The shape of the tube should be scrutinized. An inap-
propriately shaped tracheostomy tube can curve too far 
in the tracheal lumen and become obstructed against the 
tracheal mucosa, or alternatively not curve enough and 
be easily displaced from the airway. A shortened ET tube 
may be placed through the stoma as a short-term option 
but is yet more difficult to maintain because of the lack 
of an inner cannula.

In some cases, the presence of a tracheostomy tube 
may not be enough to maintain a patent airway. In some 
breeds, especially pugs and bulldogs, the stoma can 
become obstructed by folds of fat or loose skin that can 
drape over the stoma, obstructing the airway from the 
outside. The problem may not be apparent during  
the initial placement of the tracheostomy tube because 
the animal is in dorsal recumbency. Once the animal is 
placed in sternal recumbency, it can be determined 
whether skin folds may need to be addressed. Skin folds 
can be temporarily sutured out of the way. Alternatively, 
strategically placed stay sutures can be placed on the skin 
folds on each side of the neck, umbilical tape can be 
threaded through the loops, and the skin can be gently 
pulled back and the tape tied behind the neck.

Most dogs and cats accept a tracheostomy tube 
without significant problem, but some have difficulty 
breathing while sleeping because of the position they 
assume while trying to sleep. These animals typically 
attempt to sleep in their usual recumbency but obstruct 

Physiotherapy

Chest physiotherapy such as coupage and gentle exercise 
should be encouraged after nebulization but under strict 
supervision. There is a fine line between adequate and 
excessive coughing in patients instrumented with a tra-
cheostomy tube. Too little coughing produces inade-
quate airway clearance, whereas forceful coughing poses 
a risk of accidentally dislodging the tube. Antitussives 
such as butorphanol can be titrated to achieve the 
desired effect in animals that tend to cough.

Anxiolysis

Management of comfort and anxiety is extremely 
important to improving recovery time and decreasing 
complications as a result of stress. Not all patients react 
the same when it comes to dealing with a tracheostomy 
tube; some are incredibly stoic, whereas others may 
panic from the mere sensation of the tube. Adverse reac-
tions might include severe coughing or attempts to 
scratch the tube out of place. If muscle activity leads to 
increased generation of heat, hyperthermia can develop 
quickly because of defective thermoregulation because 
the animal is unable to move air over the surface of the 
tongue during panting. Panting in these cases actually 
leads to the paradoxical situation of increasing body 
temperature because it involves the high work of breath-
ing through the small tube aperture.

Some patients require pharmacologic intervention 
for anxiolysis. The goal is to maintain a plane of calm, 
comfort, and analgesia if needed, to allow the patient to 
continue with a normal daily routine. Most tracheos-
tomy patients get used to living with tracheostomy tubes 
in place and will leave them alone, but a small subpopu-
lation can be expected to encounter setbacks and require 
moderate to full sedation to tolerate the tube.

Special considerations for the patient with 
temporary tracheostomy
Table 25.6 lists the common complications seen in 
patients with temporary tracheostomy tubes.

Table 25.6 Complications of temporary tracheostomy tubes

• Airway obstruction
• Tube displacement
• Hemorrhage
• Infections (pneumonia or stoma infection)
• Subcutaneous emphysema
• Tracheal mucosal injury and necrosis
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with either an antiseptic soap such as chlorhexidine 
(2%) mixed with water or half-strength hydrogen per-
oxide (3% strength diluted 1:1 with sterile water) as 
needed. As the tissues around the stoma start to heal and 
contract over the first few days, the opening of the stoma 
needs constant supervision because it can narrow to the 
point of airway obstruction and may require the emer-
gent insertion of a tracheostomy tube. Occasionally, 
patients may need subsequent surgeries to expand the 
opening.

Airway care

The most common and life-threatening complication of 
permanent tracheostomy is airway obstruction. Dried 
mucus and secretions from within the trachea may lodge 
in the airway or at the entrance of the stoma, preventing 
airflow. Saline nebulization of the airway every 4–6 
hours, or more often, helps moisten tissues and mucus, 
and it allows easier clearance of secretions. If the patient 
cannot expel material on its own, sterile cotton swabs 
moistened with sterile water may be used to carefully 
swab the interior of the stoma, taking extra care to not 
go in too far. As a final alternative, a small amount of 
sterile saline may be infused into the stoma to loosen 
debris and assist the patient in a more forceful, produc-
tive cough. Suctioning the interior of the stoma can lend 
some assistance but should be used cautiously because 
of the risk of mucosal trauma from the suction.

Special considerations for the patient with 
permanent tracheostomy

The animal should be closely supervised during initial 
attempts to eat and drink to avoid aspiration through 

their tubes in the process and develop respiratory dis-
tress. Alternatively, they may try to sleep in a standing 
position because they are too frightened, uncomfort-
able, or anxious to lie down. A key role in nursing the 
temporary tracheostomy patient is rehabilitating the 
patient’s habits to conform to its new airway. Take time 
to ease their anxiety and coax them to lie down in a 
position that allows them to rest without interfering 
with their breathing. Arrange bedding to fit the way the 
patient wants to lie down. An assortment of pillows, 
rolled towels, or folded sheets may be used to prop up 
the head, keeping the area in front of the tracheostomy 
tube free of obstruction. Gently holding the patient’s 
head at an angle that allows maximum airway move-
ment can also help calm it down. At times, pharmaco-
logic intervention may be necessary to reduce their 
anxiety so they can be manipulated, but with time, 
patients may begin to pick up on the new habit and lay 
down on their own. It may take numerous tries to find 
the comfort zone for each patient. It is also crucial to 
remember that one major rule-out for anxiety and 
sleeping while standing up is respiratory distress, so one 
should evaluate the respiratory status of a tracheostomy 
patient that cannot get settled.

Management of patients with permanent 
tracheostomy (stoma)

A permanent tracheotomy is a salvage procedure per-
formed to achieve long-term airway patency when all 
other options have been exhausted and the upper airway 
is irreversibly obstructed. A stoma (permanent opening) 
is surgically created in the ventral neck by suturing the 
tracheal mucosa to the skin, allowing free air passage 
without the use of a tracheostomy tube. During the first 
few days to weeks after formation of the stoma, there is 
usually considerable accumulation of mucus and secre-
tions around the opening, and there is a high risk of 
occlusion, particularly in cats. Over time, the upper tra-
cheal mucosa becomes epithelialized and the volume  
of secretions decreases considerably and eventually 
becomes negligible.

Permanent tracheostomy care
Table 25.7 shows a recommended schedule for care of 
the patient with permanent tracheostomy.

Stoma site care

Using the same guidelines as for temporary tracheos-
tomy tubes, the stoma should be monitored every 4–6 
hours for signs of obstruction, infection, or bleeding. 
The skin around the stoma should be aseptically cleaned 

Table 25.7 Recommended schedule for permanent 
tracheostomy care

• Auscult q2h
 Auscultation may be done as frequently as necessary

• Stoma care q4–6h
 Clean around stoma
 Note character of the site (presence of discharge, presence 

of subcutaneous emphysema, etc.)
 Evaluate for obstruction by neck skin folds; evaluate skin 

fold sutures, if applicable
• Nebulize and coupage q4–6h

 Continuous nebulization may be necessary for select cases
• Monitor comfort and anxiety q2–6h
• House the patient in a central location that allows staff to 

see, hear, and access the patient quickly
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the stoma. Bathing and obviously swimming are  
strongly discouraged for the rest of the patient’s life. 
Potential complications of permanent tracheostomy are 
listed in Table 25.8, and Table 25.9 offers troubleshoot-
ing tips.

Table 25.8 Complications of permanent tracheostomies

• Obstruction of the airway
• Aspiration (pneumonia, foreign bodies, liquids)
• Tracheal necrosis
• Tracheal stenosis

Table 25.9 Troubleshooting endotracheal tubes, temporary tracheostomy tubes, and permanent tracheostomies

Symptoms Possible Causes Course of Action

ET tube/trach tube/
stoma sounds: wet, 
gurgling, popping; dry/
raspy/whistling/
wheezing/“breathing 
through a straw”

Accumulated secretions +/− 
potential obstruction

• Increase nebulization/humidification to moisten 
secretions and induce productive coughing

• Remove and clean inner cannula (trach tube)
• Suction +/− flush if necessary (material or obstruction 

may be distal to tube or stoma)
• Replace ET/trach tube if unable to remove obstruction

Mucus plugs Dry airway • Increase nebulizer frequency

Viscous secretions Dehydration • Evaluate systemic hydration
• Increase inner cannula/stoma cleaning
• Suction +/− flush if necessary (material or obstruction 

may be distal to tube or stoma)
• Replace ET/trach tube if unable to remove obstruction

Tracheal secretions:
Purulent

Hemorrhagic

Mucosa/tissue

Infection

Trauma from suctioning

Blood vessel injury from mucosal 
erosion
Tracheal mucosal sloughing

• Document and monitor for progression; submit aerobic 
cultures or cytology; treat accordingly

• Reduce suction frequency
• Meter suction between 80 and 120 mm Hg
• Increase humidification and promote patient airway 

clearance
• Emergency intervention required if hemorrhage persists

• Decrease iatrogenic trauma (suctioning, cuff 
overinflation, etc.)

Inability to pass 
suction catheter

Catheter not able to pass 
curvature of trach tube cannula
Suction catheter too large
Accumulated secretions within 
tube lumen

• Suction without inner cannula (trach tube)

• Use smaller catheter
• Suction/flush/replace if necessary to loosen/remove 

secretions

Dislodged trach tube Forceful cough, shaking,  
excessive pulling
Heavy trach tube (metal)
Trach tube curvature inappropriate 
for patient anatomy
Loosened trach ties

• Consider pharmacologic intervention to soothe patient 
(antitussive/analgesic/anxiolytic/bronchodilator, etc.)

• Replace trach tube; make sure tube is appropriate for 
patient needs

• Resecure tube
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Symptoms Possible Causes Course of Action

Accidental extubation Awake patient
Repositioning ET tube too far 
proximally
Deflated or damaged cuff
Loose ET tube ties

Resedate/reanesthetize patient; replace ET tube; resecure 
tube

Labored breathing ET tube or trach tube obstruction 
(proximally or distally) = mucus 
plug
Trach tube curvature inappropriate 
for tracheal anatomy = obstruction
ET tube kinked
Mainstem bronchus intubation (ET 
tube)
Bronchospasm

Pneumothorax, 
pneumomediastinum
(ET tube)
Tracheal stricturing (permanent 
trach stoma)
Airway interference +/− 
obstruction from skin folds (trach 
tube/stoma)
Aspiration
Tube dislodgement

• See course of action for mucus plugs

• Replace trach tube with more appropriately shaped 
tube or short ET tube

• Deflate and reposition ET tube

• Deflate and back out ET tube

• Discontinue nebulization and administer oxygen; 
consider bronchodilators

• Check for barotrauma or tracheal tears; treat 
accordingly

• Place trach tube (or ET tube through stoma)
• Resect granulation tissue

• Suture back skin folds

• Check cuff for inflation/defects (ET and trach tube)
• Check for condensation backup in ventilator circuits
• Evaluate trach patients for vomiting, regurgitation, or 

inadvertent aspiration through stoma

Stoma changes:

Bleeding
Purulent discharge

Trauma from manipulation

Blood vessel hemorrhage
Infection

• Restrict iatrogenic trauma (cleaning/suctioning) and 
patient-induced manipulation (scratching/pawing/etc.); 
consider analgesics/anxiolytics

• Emergency intervention may be required

• Treat accordingly

Subcutaneous 
emphysema

Air escape into incision 
(permanent trach)
Tracheal tear (ET and trach tube)
Barotrauma

• Document and monitor progression

• Treat accordingly

• Emergency intervention may be required if severe

Table 25.9 (Continued)
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26
Capnography

Linda S. Barter

Terminology

A continuous plot of carbon dioxide (CO2) in the 
respired gas versus time is called a capnogram and 
recorded by an instrument known as a capnograph. A 
capnometer detects the highest and lowest values for 
CO2 in the respired gas and reports them as inspired and 
end-expired (also known as end-tidal) partial pressures 
or concentrations. The practices of measuring and 
recording CO2 are called capnometry and capnography, 
respectively. Many monitors function as both capnom-
eters and capnographs, displaying both numerical and 
graphical information about CO2 in the respired gas. As 
with all monitoring tools, a capnogram is only a snap-
shot in time of one aspect of the patient’s respiratory 
system function and should be evaluated in light of each 
patient’s clinical condition.

Types of carbon dioxide analyzers

There are two types of CO2 analyzers: mainstream and 
sidestream.

Mainstream
In mainstream analyzers, a sample cell or cuvette is 
inserted directly in the airway between the tracheal tube 
and the breathing circuit. An infrared sensor fits over the 
sample cell and emits light through windows in the 
sample cell (see Fig. 26.1). Light reaching the photode-
tector on the opposing side of the sensor measures 
PCO2. Because the measurements are made directly in 
the airway, this technology eliminates the need for sam-
pling tubes and scavenging but limits its use to the intu-

bated patient. The capnographic waveforms generated 
by mainstream analyzers are crisper than those from 
sidestream analyzers because they reflect real-time CO2 
measurements and suffer no deformity due to disper-
sion of gases in a sample line.

To prevent condensation on the sample cell windows, 
which can cause falsely high CO2 readings, the main-
stream sensor is heated. Thermal injury to the patient is 
possible; however, newer analyzers now have limited 
upper temperatures to avoid such problems. Disadvan-
tages of mainstream analyzers are that they can be bulky 
and can have relatively large internal volume. This bulk 
puts traction on the endotracheal tube, which may 
increase the risk of inadvertent extubation, and their 
internal volume adds to apparatus dead space. These 
factors are more troublesome in smaller patients. The 
sensor unit in older models was fragile and easily broken; 
however, newer models are of simpler design and are 
lightweight, increasing their durability and suitability to 
daily use in veterinary practice. Many models use dis-
posable sensor windows, available in standard and pedi-
atric sizes (see Fig. 26.1), which can be changed between 
patients, to prevent contamination and minimize appa-
ratus dead space.

Sidestream
In sidestream capnography the CO2 measuring unit 
(monitor) is remote from the patient. A small pump 
within the monitor aspirates gas from the patient’s 
airway through a long sampling tube. Ports onto which 
a sample line can be attached can be found on some 
endotracheal tube adaptors, some breathing circuit 
Y-pieces, or most commonly, lightweight connectors 
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the airway and the monitor, the less mixing will occur 
and the more representative will be the capnogram of 
actual changes in respiratory gas composition. Slow 
rates of aspiration, long sample lines, and large-bore 
sample lines result in capnogram waveforms with slurred 
up- and downstrokes (see section on capnographic 
interpretation).

Sidestream analyzers remove gas from the patient’s 
breathing circuit. This must be accounted for when cal-
culating fresh gas flow rates and also means that if 
patients are anesthetized with an inhaled anesthetic 
agent, then the gas must be appropriately scavenged or 
returned to the patient’s breathing system. Gas may pass 
through conduits within the analyzer that cannot be 
cleaned or sterilized. This may pose an infectious disease 
risk to subsequent patients if analyzed gas is returned to 
the patient. The small-bore sample lines used by side-
stream analyzers can easily become obstructed with 
moisture or aspirated secretions, and methods must be 
instituted to collect moisture, such as the use of Nafion 

designed to be inserted between the endotracheal tube 
or mask and the breathing circuit (see Fig. 26.2).

With sidestream capnography, gas analysis is delayed 
because it takes time for the gas to reach the monitor 
and some time to make the measurement (depending 
on the technology used). The effect of this delay is that 
capnographic waveforms generated by sidestream ana-
lyzers do not appear synchronously with each breath as 
is the case with mainstream capnography. Additionally, 
capnographic waveforms produced by sidestream moni-
tors tend to be more rounded than those produced by 
mainstream devices in the same situations (see Fig. 
26.3). The delay due to transit time depends on the 
length and diameter of the tubing and the rate at which 
gas is aspirated (this can vary from 50 to 250 mL/min 
depending on the monitor). As gas aspirated from the 
airway travels through the tubing to the monitor, the  
gas molecules can move around and start to mix (i.e., 
the CO2-containing gas starts to mix with non-CO2-
containing gas). The faster the transit time between  

Figure 26.1 Mainstream capnography. (a) From left to right are micro cuvette, standard cuvette, and standard cuvette inside the 
infrared sensor connected between an endotracheal tube and the patient breathing circuit. (b) The display screen of a portable main-
stream capnograph. (c) Mainstream capnograph in use on an anesthetized dog.

(a) (b) (c)

Figure 26.2 Different connection options for a sidestream capnograph gas sampling line. (a) Endotracheal tube adaptor with sample 
line adaptor. No additional apparatus dead space is added by attaching the capnograph in this way. (b) An elbow connector with 
adaptor port through which a small-bore catheter has been placed, which will be situated in the distal third of the endotracheal tube 
lumen to improve accuracy of sidestream gas sampling. (c) Short in-line connector between endotracheal tube and breathing circuit to 
which gas sampling line can be attached. (d) Some circuit Y-pieces have built-in sampling line connection ports.

(a) (b) (c) (d)
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dead space. This can lead to rebreathing of CO2 and 
either elevation in PaCO2 or increased work of breathing 
and altered ventilatory patterns to maintain a normal 
PaCO2.

3 The size of the sampling cuvette relative to the 
tidal volume of the patient should be considered when 
choosing the type of analyzer to use on an individual 
(mainstream versus sidestream). Other considerations 
in making that decision would include whether there is 
any additional apparatus dead space as well as the length 
of time you intend to utilize the monitor. Routine main-
stream capnography would not be recommended for 
long-term use in small patients.3 It is always good to 
minimize apparatus dead space; however, small internal 
volume connectors or cuvettes also have a small internal 
diameter. As such a compromise is made to avoid unnec-
essary increases in airway resistance due to reduced 
airway diameter. It would be generally recommended 
not to use a connector with an internal diameter any 
smaller than that of the endotracheal tube placed in the 
patient.

Sidestream analyzers can be connected to the patient 
airway with the addition of minimal to no apparatus 
dead space (see Figure 26.2d). The cost of making this 
choice is reduced accuracy. A general figure for total 
minute ventilation is 200 mL/kg/min. Gas aspiration 
rates of the monitor must be considerably lower than 
total minute ventilation of the patient to prevent dilu-
tion of expired gas with fresh gas during sampling. If 
not, the capnograph waveform would be deformed and 
end-expired CO2 underestimated. However, slow aspira-
tion rates mean a long delay before gas is analyzed and 
distortion of the capnographic waveform. The sampling 
line should thus be as short as possible to minimize this 
delay time. Microstream aspiration technology with 
miniaturized sample chambers should be used if expired 
CO2 is to be measured on spontaneously breathing small 
patients (<3–4 kg) for any length of time for improved 
accuracy and reduced deadspace.4,5

The closer to the alveolus that respiratory gas is 
sampled, the more faithfully the capnogram represents 
alveolar gas. However, a major problem with sampling 
from within the airways as is required with the side-
stream technique is machine aspiration of secretions 
and water vapor. In intubated patients, sampling cath-
eters placed within the lumen of the endotracheal tube 
reduce mucus aspiration (see Fig. 26.2b).

Physiology

Aerobic metabolism in tissues consumes oxygen, glucose, 
and other substrates and eventually produces energy, 
CO2, and water. CO2 produced in cells easily diffuses 
into the surrounding interstitial fluid raising local partial 

tubing (Nafion, E I du Pont de Nemours Company) or 
water traps.

Sidestream CO2 analyzers may be single-purpose 
monitors or part of a larger monitoring unit with ca-
pabilities to analyze other respiratory gases as well as 
inhaled anesthetic agents. A unique advantage of side-
stream capnographs is the ability to use them to monitor 
nonintubated patients. For example, expired gases may 
be sampled from the nasal cavity using nasal cannulas, 
or these monitors may be connected to feeding tube to 
obtain information to ensure correct placement (see in-
dications section for more detail).

Equipment setup

In smaller patients mainstream CO2 analyzers are tech-
nically superior to sidestream analyzers.1,2 Due to their 
faster response time PCO2 measurements are more reli-
able, especially when tidal volumes are small and respi-
ratory rates are elevated. The main disadvantage of 
mainstream measurements is the addition of apparatus 

Figure 26.3 Comparison of capnograms obtained from main-
stream and sidestream capnographs. The upper tracing depicts 
gas flow during the respiratory cycle, with gas flow above the 
line representing inspiration and gas flow below the line repre-
senting expiration. The middle tracing is a mainstream capno-
gram and the lower a sidestream capnogram recorded from the 
same patient at the same time. The dashed lines connecting the 
flow tracing with the capnograms illustrate the delay in register-
ing changes in PCO2 by capnography. The magnitude of this delay 
with a sidestream analyzer varies with the monitor settings and 
equipment (see text for details). A major difference between the 
two types of analyzers can be seen in the shape of the capno-
grams. Mainstream capnograms tend to record sharper changes 
in PCO2, creating more vertical up-and-down strokes on the cap-
nogram when compared with sidestream capnograms (see text 
for more details).

Expiration

40

0

40

0

Mainstream

Sidestream

PCO2
(mm Hg)

PCO2
(mm Hg)

Time (s)

Inspiration
Gas Flow



Capnography  343

absorption is the only technique used for CO2 measure-
ment in mainstream analyzers. Polyatomic gases like 
CO2 have specific and unique absorption spectra of IR 
light. The amount of light absorbed in a specific spec-
trum is proportional to the concentration of the absorb-
ing molecule. The concentration of gas can then be 
determined by comparing the measured light absor-
bance with that of a known standard. Infrared absorp-
tion can be used to measure any polyatomic gas (e.g., 
nitrous oxide and the halogenated anesthetic agents), 
which may be advantageous if purchasing a single 
monitor for use in anesthetized patients.

IR monitors have a short warmup period and a fast 
response time for CO2 measurement, allowing them to 
measure inspired and expired concentrations. Water 
vapor absorbs infrared light and thus can spuriously 
increase measured CO2. Water must therefore be 
removed from the expired gas by use of water traps or 
Nafion tubing (Nafion, E I du Pont de Nemours 
Company). There is some overlap between the absorp-
tion of nitrous oxide and CO2. Most newer monitors 
that measure nitrous oxide in addition to CO2 are able 
to correct for the effect of nitrous oxide on CO2 
readings.

Microstream capnographs are based on a modified 
approach to IR absorption. Molecular correlation spec-
troscopy is used to generate a narrow band of infrared 
light that precisely matches the absorption spectrum of 
CO2 and eliminates interference with other gases. The 
high CO2 specificity and sensitivity allows for a very 
short light path, and measurements can be made on a 
very small gas sample. In turn this allows the use of low 
sample rates (50 mL/min compared with typical rate of 
150 mL/min for conventional IR analyzers) without 
compromising accuracy or response time. This reduces 
entry of moisture into the sample line and also reduces 
the competition for tidal volume that may compromise 
measurement accuracy in small patients or those with 
high respiratory rates.

Raman scatter
Raman scatter is a technique able to measure CO2, 
oxygen, nitrogen, nitrous oxide, and halogenated anes-
thetic agents. Gas is sampled into an analyzing chamber 
where it is illuminated by a high-intensity monochro-
matic argon laser beam. When the laser beam hits mol-
ecules with interatomic bonds, a fraction of the energy 
is absorbed and reemitted at various wavelengths char-
acteristic of the particular molecule that absorbed it. 
These monitors have a short warmup period, fast 
response time, require little maintenance, and are very 
accurate.

pressure of carbon dioxide (PCO2). Arterial blood enter-
ing the tissues has a lower PCO2 than the interstitial 
tissue and thus CO2 diffuses from the interstitial fluid 
into blood. Venous blood leaves the tissues with a PCO2 
higher than that of arterial blood but equal to that of 
interstitial fluid. Venous blood carries the CO2 produced 
by metabolism to the lungs to be removed from the body 
by ventilation. The process of ventilation replaces CO2-
rich gas from the alveoli with CO2-free gas from the 
atmosphere or breathing circuit.

Alveolar partial pressure of CO2 reflects a balance 
between CO2 delivery to the alveoli by the cardiovascular 
system and its removal by ventilation. In the steady state, 
alveolar partial pressure of CO2 is directly related to the 
metabolic production of CO2 and inversely related to 
alveolar ventilation. CO2 is highly diffusible such that in 
perfused alveoli, alveolar and arterial partial pressures of 
CO2 are considered equivalent. Gas sampled at the end 
of expiration (end-expired or end-tidal gas) is represen-
tative of alveolar gas and is thus used as an estimate of 
arterial PCO2.

Under the control of both the central and peripheral 
chemoreceptors, the body normally maintains arterial 
PCO2 within a tight range by adjusting ventilation to the 
amount of CO2 produced. Normal range for arterial 
PCO2 is from 35 to 45 mm Hg, with some slight varia-
tions between species.6,7

Hyperventilation describes the situation where alveo-
lar ventilation is in excess of metabolic CO2 production 
resulting in alveolar (and thus arterial) PCO2 levels 
below the normal range (hypocapnia). Low PaCO2 
values are associated with respiratory alkalosis and 
reduced cerebral blood flow. Hypoventilation describes 
the opposite situation where alveolar ventilation is 
insufficient to remove the metabolically produced CO2 
causing alveolar (and arterial) PCO2 levels to rise above 
the normal range (hypercapnia). Most anesthetic and 
sedative drugs result in dose-dependent respiratory 
depression and respiratory acidosis. A PaCO2 > 60 mm Hg 
is generally considered respiratory depression signifi-
cant enough to warrant positive pressure ventilation in 
small animal patients.

Technology of carbon dioxide measurement

A number of techniques are available for measuring CO2 
including infrared absorption, Raman scattering, and 
mass spectrometry.

Infrared absorption
Infrared (IR) absorption is the most popular technique 
for CO2 measurement. Monitors utilizing IR technology 
are typically the most compact and least expensive. IR 
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fluctuate in a pattern consistent with respiration. Posi-
tioning of the endotracheal tube tip just inside the glottis 
may produce acceptable end-expired PCO2 levels and a 
normal capnogram. Such tube placement risks easy dis-
lodgement and inadequate airway protection. In low 
perfusion states (e.g., cardiac arrest, shock) verification 
of correct endotracheal tube placement by capnography 
is complicated by the presence of abnormally low end-
expired PCO2 and a dampened waveform because little 
CO2 is being delivered to the lung for expiration.

Detection of apnea
If a patient becomes apneic, the capnograph or capnom-
eter typically sounds an alarm when CO2 stays at zero 
for a given period of time. Such monitoring is easily 
achieved if the patient is intubated. The sampling line 
of a sidestream analyzer can be attached to nasal prongs 
for the detection of apnea in nonintubated patients.

Monitoring ventilation
The gas exhaled at the end of expiration should be pri-
marily alveolar gas, and thus end-expired PCO2 is rep-
resentative of alveolar PCO2. Due to the high diffusivity 
of CO2, alveolar and arterial PCO2 equilibrate and end-
expired PCO2 is used to estimate arterial PCO2. Capnog-
raphy and capnometry can therefore be used to assess 
the adequacy of ventilation in spontaneous or mechani-
cally ventilated patients.

Monitoring pulmonary perfusion
Large drops in cardiac output (hypovolemic shock or 
cardiac arrest) result in exponential drops in expired 
PCO2. Therefore, very low or precipitously dropping 
PCO2 should lead the operator to suspect cardiovascular 
collapse. Capnography may be useful in monitoring car-
diopulmonary resuscitation efforts. End-expired PCO2 
has been used to predict the survivability from cardiac 
arrest. A successful outcome from cardiopulmonary 
resuscitation is more likely if expired PCO2 levels are 
>10–15 mm Hg during resuscitation efforts.8–10

Correct nasogastric tube placements
Connection of a sidestream analyzer to gastric tubes 
may provide additional evidence for correct placement. 
Detection of any significant level of CO2 should create 
suspicion of inaccurate placement.

Equipment problems
Capnography may be used to detect malfunctioning or 
incorrect assembly of breathing circuits, anesthetic ma-
chines, and ventilators. Problems such as malfunctioning 

Mass spectrometry
Mass spectrometry is not commonly used for CO2 mea-
surement in clinical practice because these machines 
tend to be expensive and bulky. A unique feature of mass 
spectrometers is that a single unit can be used to measure 
gas concentration from up to 30 different locations. As 
such these are most commonly found in large hospitals. 
Gases are aspirated into a vacuum chamber where an 
electron beam ionizes and fragments the components of 
the sample. Ions are then accelerated through a mag-
netic field that separates them based on their mass- 
to-charge ratio. Individual detector plates allow for 
determination of the concentration of each component 
of the gas mixture. These analyzers typically measure 
only gases for which they have been preprogrammed to 
find. Adding the capability to measure new gases may 
require new hardware and/or software and may be 
costly. Because these units measure gases in concentra-
tions (as opposed to infrared analyzers and Raman spec-
trometers that measure gases as partial pressures), they 
assume that the sum of the gases they can detect is 100%. 
If an unmeasured gas is present in significant concentra-
tions, this may result in erroneously high measured CO2 
concentrations.

Indications for capnography/capnometry

Indications for performing capnography or capnometry 
are listed in Table 26.1.

Confirming correct endotracheal  
tube placement
Capnography or capnometry may be useful in to situa-
tions in which it is challenging to determine visually the 
correct endotracheal tube placement. Repeated upstrokes 
in the capnogram (repetitive increases in the PCO2) 
suggest the presence of ventilation. It is theoretically 
possible to sample CO2-containing gas from the stomach, 
but the values for end-expired partial pressure of CO2 
are likely to be much lower, reduce with time, and not 

Table 26.1 Clinical indications for capnography

• Ensuring correct placement of endotracheal tube
• Detection of apnea
• Monitoring adequacy of ventilation
• Monitoring pulmonary perfusion during cardiopulmonary 

resuscitation
• Ensuring correct placement of nasogastric tube
• Detection of equipment problems
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Figure 26.4 The normal capnogram. The capnogram can be 
divided into four phases, I through IV, and forms two angles, the 
alpha (α) and beta (β) angles. The phases of the respiratory cycle 
have been superimposed on the capnogram to the right side of 
the figure.
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unidirectional valves, exhausted CO2 absorbers, and in-
adequate fresh gas flows may be detected by alterations 
in the capnogram waveform (see next section).

Interpretation of the capnogram

The normal capnogram, seen in Figure 26.4, can be 
divided into four phases (I–IV).

Phase I
Phase I is the normally flat baseline segment of the cap-
nogram. During the first part of this phase, inspiration 
is occurring. At the very end of this phase, the direction 
of gas flow reverses as expiration begins. During early 
expiration, expired gas comes from anatomic dead 
space. Anatomic dead space has not participated in gas 
exchange, and as such gas from these regions is identical 
in composition to inspired gas (normally CO2 free).

Phase II
Phase II is the upstroke of the capnogram waveform. 
This corresponds to the period of expiration where CO2-
containing alveolar gas begins to be exhaled in a mixture 
with gas from anatomic dead space. As expiration pro-
ceeds the expired gas is composed of rapidly increas-
ing proportions of alveolar gas. and the CO2 levels 
quickly rise.

Phase III
Phase III is the plateau of the capnogram. During this 
phase PCO2 is normally almost constant as alveolar gas, 
normally of nearly uniform composition, is expired. 
Expiration actually ends partway through this phase and 
is usually followed by a pause. During this pause PCO2 
typically remains constant on the capnogram even 
though no gas is flowing in or out of the patient. This 

occurs because there is expired alveolar gas remaining 
stationary within the region of breathing circuit from 
which the gas is being sampled by the capnograph. This 
part of the plateau may be cut short by small tidal 
volumes, high fresh gas flow rates, and/or high gas sam-
pling rates (see abnormal capnograms for more details). 
The angle between phases II and III of the capnogram 
is known as the alpha angle and is normally close  
to 100–110°.

Phase IV
Phase IV is the rapid downstroke on the capnogram 
corresponding to inspiration. During this phase fresh 
normally CO2-free gas passes the sampling port as it is 
inspired into the lungs. The angle between phases III 
and IV is known as the beta angle and normally close to 
90°.

Abnormal capnograms

Abnormal phase I
If the capnogram fails to return to baseline during in-
spiration, then the shape of the waveform should be 
considered. If the response time of the analyzer is slow, 
particularly in the face of high respiratory frequencies, 
then the capnogram may adopt a sine wave formation 
(see Fig. 26.5a). This is a relatively common capno-
graphic waveform in cats. Such a waveform has no  
distinct alveolar plateau, and erroneous values for in-
spiration and expiration may result (falsely elevated 
baseline and underestimated peak expired CO2, 
respectively).

If the capnogram fails to return to baseline during 
inspiration and is not the result of a slow response time 
(i.e., the shape of the waveform is relatively normal), 
then there must be CO2 in the inspired gas. Common 
reasons for this include exhausted CO2 absorber in a 
circle system, malfunctioning inspiratory valve in a 
circle system, or inadequate fresh gas flow in a nonre-
breathing system (see Fig. 26.5b).

Periodic elevations in baseline can occur if external 
pressure is applied to the patient’s chest during the 
inspiratory period. If this occurs, then gas is forced out 
of the lungs and a small rise in PCO2 is registered on the 
capnogram during what would normally be the baseline 
period (see Fig. 26.5c).

Abnormal phase II
With sidestream capnographs, gas sampling rate affects 
the shape of the capnogram. Slow sampling rates 
decrease the slope of phase II, shorten the alveolar 
plateau, and decrease the slope of phase IV (see  
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or reduced delivery of CO2 to the lungs (low cardiac 
output). Trends in peak expired CO2 over time can be 
useful to demonstrate the effect of reduced pulmonary 
blood flow on the capnogram. Figure 26.6 displays trac-
ings of a systemic arterial pressure waveform and cor-
responding capnogram recorded at slow paper speed. A 
period of hypotension can be seen to correspond to 
reduced alveolar plateau levels on the capnogram, which 
returned to previous levels when systemic pressure was 
restored.

The existence of alveolar dead space (ventilated but 
unperfused areas of the lung), such as would occur sec-
ondary to pulmonary thromboembolism, creates a situ-
ation in which peak expired PCO2 levels are substantially 
lower than arterial PCO2 measurements. Unperfused 
alveoli will not have participated in gas exchange and so 
contain gas identical in composition to inspired gas, 
which is normally CO2 free. During expiration this gas 
mixes with the gas from perfused alveoli diluting the 
PCO2 in the expired alveolar gas. When examining a 
capnogram recorded at slow paper speed, the alveolar 
plateaus of each wave are typically fairly uniform in a 
stable patient (see early part of Fig. 26.5g). Sudden 
reductions in pulmonary blood flow, such as occurs with 
pulmonary thromboembolism, typically result in expo-
nential decreases in the peak alveolar plateau as long as 
ventilation continues (see progression of Fig. 26.5g) as 

Fig. 26.3). This delayed equipment response time typi-
cally results in increases in both the alpha and beta angle 
of the capnogram. If the slope of phase II is decreased 
in the absence of delayed equipment response time, it 
suggests slow expiration. Such an abnormality is often 
also associated with a sloped alveolar plateau and 
increases in alpha angle but normal beta angle (see Fig. 
26.5d). Important causes of slow expiration are patient 
conditions causing airway narrowing or external condi-
tions such as a partially obstructed or kinked endotra-
cheal tube.

Abnormal phase III
Normally, peak expiratory PCO2 values are only a few 
mm Hg lower than PaCO2. A normally shaped capno-
gram with an elevated alveolar plateau (see Fig. 26.5e) 
reflects hypoventilation. This is very common in anes-
thetized or sedated patients. If the patient is not receiv-
ing supplemental oxygen, hypoventilation is a common 
cause of hypoxemia.

A normally shaped capnogram with lower than 
normal alveolar plateau (see Fig. 26.5F) may reflect 
hyperventilation. In this instance end-expired and arte-
rial PCO2 levels are close in value. If the patient is being 
mechanically ventilated, ventilator settings should be 
evaluated. Other causes for lower than normal alveolar 
plateau include reduced CO2 production (hypothermia) 

Figure 26.5 Examples of common capnogram waveforms. (a) Sine wave form common with sidestream analysis on small patient 
with high respiratory rate; (b) rebreathing of CO2-containing gas; (c) expiratory effort between regular breaths; (d) bronchoconstriction/
airway obstruction; (e) hypoventilation; (f) hyperventilation; (g) slow-speed capnogram suggesting reduced pulmonary blood flow;  
(h) slow-speed capnogram indicating accidental extubation, patient disconnection, or sudden apnea; (i) uneven alveolar emptying;  
(j) spontaneous inspiratory efforts during mechanical ventilation; (k) cardiogenic oscillations; (l) faulty inspiratory valve.
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volume of gas from the lungs with each beat. In combi-
nation with gas aspiration by a sidestream analyzer, 
oscillations in PCO2 during the respiratory pause may 
become evident. This is a common and inconsequential 
finding in dogs.

Abnormal phase IV
Normally the capnogram returns briskly to baseline 
from the alveolar plateau, creating a beta angle of almost 
90° as fresh gas is inspired thus replacing the CO2-
containing gas at the sampling site. If the slope of this 
phase is reduced (i.e., the beta angle is increased; see Fig. 
26.5l), then either inspiration is occurring abnormally 
slowly (not common because it does not take much gas 
to replace the small volume of exhaled gas at the sam-
pling site) or there is CO2 in the inspired gas. This could 
occur with inadequate fresh gas flows on a nonrebreath-
ing circuit or malfunctioning inspiratory valve on a 
circle system.

Protocol 26.1 describes a step-by-step approach to 
capnogram interpretation.

Summary

Capnography is a noninvasive method for continuous 
assessment of ventilation because ETCO2 provides a 
very good estimate of PCO2 in most cases. Gas sampling 
can be either mainstream or sidestream, each of which 
has advantages and disadvantages. Capnography is  
most accurate in intubated patients but can also be  
used in awake, nonintubated patients for continuous 
noninvasive PCO2 monitoring. Finally, evaluation of 

opposed to an abrupt disappearance of the capnogram 
waveform as would occur with disconnect or accidental 
extubation of a patient (see Fig. 26.5h).

An abnormally low alveolar plateau could also be seen 
if a sidestream analyzer were to have a leak in the gas 
sampling line and constantly aspirate room air, thus 
diluting the exhaled gas and creating falsely low PCO2 
measurements.

Conditions causing uneven filling and emptying of 
alveoli (ventilation perfusion mismatch) result in a 
slanted plateau phase of the capnogram (and an 
increased alpha angle) (see Fig. 26.5i). If exhalation is 
particularly slow, then peak PCO2 levels may not be 
reached before inhalation occurs, and as such end-
expired PCO2 values will be below alveolar and thus 
arterial PCO2 values.

The normal alveolar plateau is roughly horizontal (see 
Fig. 26.4). Artifactual dips and bumps in the plateau 
phase may result from pushing on the thorax of an 
anesthetized patient causing gas to move out and into 
the lungs. In an animal being mechanically ventilated, 
spontaneous ventilatory efforts may be interspersed 
among mechanical breaths and cause dips or clefts  
in the alveolar plateau (see Fig. 26.5j). Reasons for  
these respiratory efforts should be investigated in-
cluding insufficient anesthetic depth, inadequate me-
chanical ventilation, hypoxemia, inadequate analgesia, 
and hyperthermia.

Cardiogenic oscillations are undulations in the cap-
nogram that are synchronous with cardiac contractions 
(see Fig. 26.5k). Contraction of the right ventricle and 
filling of the pulmonary vasculature expels a small 

Figure 26.6 The effect of reduced pulmonary blood flow on the capnogram. The upper tracing is arterial blood pressure recorded 
from the dorsal pedal artery of an anesthetized dog. The lower tracing is a capnogram recorded concurrently from the same patient. 
Note that the period of hypotension results in a corresponding reduction in the height of the alveolar plateau on the capnogram.
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capnographic waveforms can aid in the detection of 
patient or equipment abnormalities.
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Protocol 26.1 Capnogram interpretation: a step-by-step 
guide

Procedure
1. Are there regular waves of CO2 providing evidence of 

ventilation?
2. Does the baseline return to zero (normal) or is there 

evidence of rebreathing (elevated baseline)?
3. Is the upstroke steep (normal) or is there evidence of 

slow expiration (slanted upstroke)?
4. Is the alveolar plateau even (normal) or is there 

evidence of uneven alveolar emptying (slanted plateau) 
or interruption of the expiratory period by inspiratory 
efforts (clefts in plateau)?

5. Are end-expired PCO2 values within an acceptable range, 
and are they consistent with the patient’s respiratory 
parameters?

6. Is the downstroke steep (normal), or is there evidence of 
slow inspiration or rebreathing (slanted downstroke)?
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27
Mechanical ventilation

Kate Hopper

A mechanical ventilator is a machine that performs 
some or all of the work of breathing and is used to 
support respiratory function in patients with respiratory 
failure. The primary function of the lung is oxygenation 
of the arterial blood and removal of carbon dioxide 
from the venous blood. The ability of the lung to oxy-
genate the pulmonary capillary blood depends largely 
on the surface area available for gas exchange and the 
preservation of the delicate structure of the gas exchange 
barrier. In contrast, removal of carbon dioxide primarily 
depends on the movement of fresh gas into the alveoli, 
thereby flushing out carbon dioxide–rich gas on exhala-
tion, a process known as ventilation. Patients with respi-
ratory failure can generally be divided into one of two 
groups: those with oxygenation failure and those with 
ventilatory failure.

Indications for mechanical ventilation1

There are three main indications for mechanical ventila-
tion. The first is severe hypoxemia despite oxygen 
therapy. Severe hypoxemia is indicated by cyanosis, a 
PaO2 < 60 mm Hg, or an SpO2 < 90%. Patients with 
severe hypoxemia have significant lung disease such as 
pneumonia, acute respiratory distress syndrome, pul-
monary edema, or pulmonary contusions.

The second indication for mechanical ventilation is 
severe hypoventilation despite therapy. Severe hypoven-
tilation is marked by a PCO2 > 60 mm Hg (see Chapter 
22 for a further discussion of blood gas analysis). The 
PCO2 is controlled primarily by alveolar minute ventila-
tion. This is the total amount of fresh gas that reaches 
the alveoli in a minute and is equal to the product of the 

respiratory rate and effective tidal volume. Consequently, 
causes of severe hypoventilation are diseases that  
impair the ability of patients to maintain an adequate 
respiratory rate and/or tidal volume. Such diseases 
include brain disease, cervical spinal cord disease, 
peripheral neuropathies, diseases of the neuromuscular 
junction, and myopathies. Not all patients that have 
severe hypoxemia or severe hypoventilation require 
mechanical ventilation, but these criteria help identify 
candidates for ventilation. An understanding of the 
primary disease process and other patient data will help 
determine the necessity of mechanical ventilation in 
individual patients.

The third indication for mechanical ventilation is 
excessive respiratory effort, even if the patient can main-
tain acceptable blood gas values. Determination of 
excessive respiratory effort is based on clinical judgment, 
and mechanical ventilation is indicated in these patients 
to avoid imminent exhaustion and subsequent arrest. 
These patients usually have lung disease.

Ventilator settings

The ventilator makes gas flow into the lungs by the gen-
eration of positive airway pressure in a manner similar 
to that achieved by squeezing the rebreathing bag on an 
anesthetic machine when “bagging” a patient. Every ven-
tilator has a variable number of available settings that 
can be altered to change the nature of the breath deliv-
ered. Despite the apparent complexity of many ventila-
tors, there are only a few key settings that are essential 
to understand to provide effective ventilation. When 
choosing ventilator settings, the operator must first 
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The two common options for provision of continu-
ous spontaneous ventilation are continuous positive 
airway pressure (CPAP) and pressure support ventila-
tion (PSV). In CPAP the ventilator delivers no breaths; 
all breaths are spontaneous breaths, meaning they  
are completely patient generated: the respiratory rate, 
inspiratory time, and tidal volume are all determined  
by the patient. Constant positive airway pressure pro-
vides just that: a constant level of positive airway  
pressure (the amount is preset by the operator) through-
out the respiratory cycle. It decreases resistance to gas 
flow and increases respiratory system compliance, 
enhancing gas exchange and oxygenation. In addition 
the machine alarms if the animal does not generate 
adequate breaths or develops apnea, so it is a useful 
monitoring mode for weaning patients or for monitor-
ing intubated patients.

As in CPAP, all PSV breaths are spontaneous breaths; 
the ventilator does not deliver any breaths. In PSV, the 
tidal volume generated by the patient is augmented by 
the machine. The amount of support provided during 
inspiration depends on how much pressure is selected 
by the operator. This mode reduces the effort required 
to maintain spontaneous breathing in patients with 
adequate respiratory drive and inadequate ventilatory 
strength. Pressure support ventilation can be used alone, 
in conjunction with CPAP, or to augment the spontane-
ous breaths during SIMV.

Tidal volume
The normal tidal volume reported for dogs and cats is 
in the range of 10–15 mL/kg. Lower tidal volumes 
(6–8 mL/kg) may be targeted in animals with severe lung 
disease. When using volume control ventilation, the 
operator presets the desired tidal volume. Because over-
distension of the lung is extremely dangerous, it is rec-
ommended to start with no more than 10 mL/kg as a 
preset tidal volume; the tidal volume can always be 
increased if it is determined to be insufficient once the 
patient is connected to the machine. If pressure control 
ventilation is used, then the operator presets a desired 
peak airway pressure, and once the animal is connected 
to the machine the tidal volume achieved with the preset 
pressure is assessed. A tidal volume of around 10 mL/kg 
would be a very acceptable result.

Airway pressure
Patients with normal lungs such as anesthetic patients 
or patients with ventilatory failure should only require 
low peak airway pressures in the range of 8–15 cm H2O, 
ideally not exceeding 20 cm H2O. Animals with lung 
disease have stiff lungs and consequently require higher 

choose a mode of ventilation and then select machine 
settings based on general guidelines (described later). 
These initial settings may be adjusted based on some 
understanding of the nature of the patient’s respiratory 
disease. Following initiation of mechanical ventilation 
the ventilator settings are then titrated as necessary to 
achieve the blood gas goals desired.

Ventilator breath types1,2

The three main ventilator breath patterns commonly 
used in veterinary medicine are Assist/Control (A/C) 
ventilation, synchronized intermittent mandatory ven-
tilation (SIMV), and continuous spontaneous ventila-
tion. Some machines only have one breath pattern 
option, such as an anesthetic-type ventilator, whereas 
more modern intensive care unit ventilators may offer 
all three options.

The two primary breath patterns used to provide 
positive pressure ventilation are A/C and SIMV. In A/C 
ventilation, all the breaths delivered are completely gen-
erated by the machine (mandatory breaths). In this 
mode of ventilation, a minimum respiratory rate is set 
by the operator. If the trigger sensitivity is set appropri-
ately, the patient can increase the respiratory rate, but all 
breaths delivered will be full ventilator (mandatory) 
breaths. The size of these ventilator breaths will depend 
on machine settings entered by the operator. Ventilator 
breaths can either be pressure- or volume-controlled 
breaths. In volume control ventilation, the operator 
presets the desired tidal volume, and the peak airway 
pressure generated depends on the size of the tidal 
volume chosen and the compliance (how stiff or stretchy 
the lung is) of the respiratory system. In pressure-
controlled ventilation, the operator presets the desired 
peak airway pressure, and the tidal volume generated 
depends on the level of airway pressure chosen and the 
compliance of the respiratory system. A/C ventilation 
provides maximum support of the respiratory system 
and is used in patients with severe disease or patients 
with no respiratory drive (those making little or no 
attempts to breathe on their own).

In SIMV, the operator can set the number of full 
ventilator (mandatory) breaths delivered, and between 
these breaths the patient can breathe spontaneously as 
much or as little as it wishes. The machine tries to syn-
chronize the ventilator breaths with the patient’s own 
respiratory efforts. As this mode combines full ventilator 
breaths with spontaneous patient breaths, it is generally 
used for animals that need <100% assistance from the 
ventilator, such as neurologically abnormal animals with 
a less reliable respiratory drive or patients with lung 
disease that are improving and do not need as much 
support as A/C provides.
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to exhalation (I : E ratio) may be preset by the operator 
or may be a default setting within the machine.  
Commonly an I : E ratio of 1:2 is utilized to ensure the 
patient has fully exhaled before the onset of the next 
breath. As respiratory rates are increased, the expiratory 
time is sacrificed to “squeeze” in the necessary number 
of breaths in 1 minute. High respiratory rates can  
lead to a situation known as breath stacking or intrinsic 
positive end expiratory pressure (intrinsic PEEP) 
because the animal is not able to fully exhale before  
the start of the next inspiration. To avoid this problem 
it is recommended to use an I : E ratio of 1:1 or  
higher. If a higher respiratory rate is required, a shorter 
inspiratory time will allow maintenance of an acceptable 
I : E ratio.

Guidelines for initial ventilator settings

As previously stated, the ideal ventilator settings for a 
given patient cannot be predicted. It is likely that animals 
with lung disease will need more aggressive settings than 
those with ventilatory failure. It is necessary to choose 
some initial settings prior to connecting the patient to 
the machine. First the type of ventilation must be 
selected: A/C, SIMV, or continuous spontaneous ventila-
tion. If A/C or SIMV is chosen, it may be necessary to 
decide between volume control or pressure control ven-
tilation. The more modern and advanced the ventilator, 
the more options you will have. The settings that need 
to be selected will depend on the type of ventilation 
chosen. In volume control the tidal volume is preset by 
the operator. Once the patient is connected to the 
machine, the operator will need to note the peak inspira-
tory pressure associated with this tidal volume and 
determine if it is acceptable or not. In pressure control 
ventilation, the airway pressure is preset by the operator, 
and once the patient is connected to the machine the 
operator will need to note the tidal volume and deter-
mine if it is acceptable or not.

The initial machine settings can be based on guide-
lines such as those shown in Table 27.1. These settings 
can then be altered as necessary once the patient is  
connected to the ventilator. It is best to have the  
ventilator turned on and confirm it is working appro-
priately before connecting the patient. When this is not 
possible, for example, beginning ventilation in the 
patient on an anesthetic machine, then it is best to start 
with quite low settings and increase them as required to 
avoid inadvertent overdistension of the lung. It is imper-
ative to always have a method by which to perform 
manual ventilation close at hand at all times during PPV 
in case of equipment malfunction, power failure, or 
operator error.

airway pressures to achieve the same tidal volume. Peak 
airway pressures as high as 30–35 cm H2O may be 
required in animals with very severe lung disease. When 
using pressure control ventilation, the desired airway 
pressure is preset by the operator. Once the animal is 
connected to the machine, the tidal volume achieved 
with that airway pressure can be assessed. Alternatively, 
in volume control the tidal volume is preset, and the 
associated airway pressure must be assessed. Initially 
airway pressures of 10–15 cm H2O should be targeted; 
higher airway pressures can be used if indicated by inad-
equate pulmonary function.

Trigger
Most modern ventilators allow the patient to trigger 
machine breaths, allowing ventilation to be better 
matched to the patient’s efforts. The trigger, or sensitiv-
ity setting, on the ventilator determines what the 
machine will recognize as a patient’s inspiratory effort. 
Appropriate trigger sensitivity is essential to ensure the 
ventilator recognizes genuine respiratory efforts made 
by the patient. This increases patient comfort and allows 
the patient to increase its own respiratory rate, if desired. 
The trigger variable can be too sensitive so that nonres-
piratory efforts such as patient handling may initiate 
breaths, which should be avoided. An airway pressure 
drop of −2 cm H2O or a gas flow change of 2 L/min are 
reasonable trigger sensitivity settings to start with; these 
settings can then be altered as necessary once the patient 
is connected to the machine.

Positive end expiratory pressure
Positive end expiratory pressure (PEEP) maintains pres-
sure in the breathing circuit during exhalation so that 
the patient cannot exhale completely. This pressure 
holds the lung open and improves oxygenating effi-
ciency of the lung and helps recruit collapsed alveoli. 
Additionally it may reduce ventilator-induced lung 
injury. A small amount of PEEP (∼2 cm H2O) is com-
monly set in all ventilator modes to reduce atelectasis. 
In patients with lung disease, much higher levels of 
PEEP may be required to improve oxygenating ability. 
In continuous spontaneous ventilation, CPAP is the 
equivalent of PEEP.

I : E ratio/respiratory rate
An operator-set respiratory rate is available on most  
if not all ventilators. A normal respiratory rate of 15–20 
breaths with an inspiratory time of ∼1 second is usually 
selected when the patient is initially established on  
the machine. This can then be changed as appropriate 
for the patient. The ratio of the duration of inspiration 
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Once the patient appears to be stable, arterial blood gas 
analysis is ideal for accurate titration of ventilator set-
tings. If an arterial blood gas in not available, a venous 
blood gas can be used to assess PCO2, and oxygenation 
is evaluated by pulse oximetry. Venous PO2 provides 
minimal guidance in this scenario because it is not a 
direct reflection of oxygenation (see Chapter 15, Moni-
toring Tissue Perfusion: Clinicopathologic Aids and 
Advanced Techniques).

Goals of mechanical ventilation

The goal of ventilator therapy is to maintain acceptable 
blood gas values with minimally aggressive ventilator 
settings. The ideal ventilator settings for each individual 
animal cannot be predicted and are determined through 
a process of trial and error. The patient should be fully 
evaluated after every change in ventilator settings, 
including blood gas analysis if possible. It is advisable to 
make only one change in ventilator settings at a time to 
evaluate accurately the effect of each individual change 
on the patient.

Common blood gas goals of mechanical ventilation 
are as follows:

• PaO2 of 80–120 mm Hg (SpO2 > 95%)

• PaCO2 of 35–55 mm Hg (35–40 mmHg in patients 
with brain disease)

PaO2

If the PaO2 is higher than the desired range (>120–
150 mm Hg), the first priority is to decrease the FiO2 
until it is <60%. Once FiO2 is <60%, more emphasis is 
placed on reducing PEEP and peak airway pressure. If 
the PaO2 is lower than desired (<80 mm Hg), the sim-
plest option is to increase the FiO2. If there is an acute 
and severe drop in PaO2, placing the animal on 100% 

Lung disease
When setting the ventilator up for a patient with lung 
disease, it is to be predicted that the pressure settings will 
need to be more aggressive than those guidelines pro-
vided in Table 27.1. This is because pulmonary paren-
chymal disease reduces the compliance of the lung 
(makes the lung more stiff). This means that higher 
pressures will be needed to achieve the same tidal 
volume. It is now recognized that excessive distension of 
the lung is a major cause of ventilator-induced lung 
injury.2 For this reason it is recommended to minimize 
the tidal volume when ventilating patients with signifi-
cant lung disease. In very severe lung disease such as the 
acute respiratory distress syndrome, it may be necessary 
to target a tidal volume as low as 6 mL/kg, whereas in 
more moderate lung disease tidal volumes no greater 
than 10 mL/kg may be best.3 Table 27.2 provides some 
suggested initial ventilator settings for patients with lung 
disease.

Initial stabilization on the ventilator

When the patient is first connected to the machine, an 
FiO2 of 100% is advised as a safety measure. Hopefully 
the FiO2 can be reduced once the stability of the patient 
is verified. When ventilating patients with lung disease, 
it can be beneficial to keep them in sternal recumbency 
for the initial stabilization period. These animals almost 
always oxygenate better in sternal compared with lateral 
recumbency. After connection, the patient’s chest is 
observed for appropriate movement. If there is insuffi-
cient or excessive chest inflation, the ventilator settings 
should be adjusted appropriately. The chest is then aus-
cultated bilaterally to be sure there is ventilation of both 
lungs and all monitoring is evaluated (blood pressure, 
electrocardiogram, pulse oximeter, ETCO2, etc.). Any 
concerning changes should be addressed immediately. 

Table 27.1 Suggested initial ventilator settings for patients 
with normal lungs

Ventilator Parameter Initial Settings: 
Normal Lungs

Fraction of inspired oxygen 100%
Tidal volume (volume control) 5–15 mL/kg
Inspiratory pressure (pressure control) 8–15 cm H2O
Respiratory rate 10–30 breaths/min
Positive end expiratory pressure 0–5 cm H2O
Inspiratory time ∼1 s
Inspiratory-to-expiratory ratio 1:2
Inspiratory trigger −1 to −2 cm H2O

Table 27.2 Suggested initial ventilator settings for patients 
with lung disease

Ventilator Parameter Initial Settings: 
Lung Disease

Fraction of inspired oxygen 100%
Tidal volume (volume control) 5–10 mL/kg
Inspiratory pressure (pressure control) 10–20 cm H2O
Respiratory rate 10–30 breaths/min
Positive end expiratory pressure 3–8 cm H2O
Inspiratory time ∼1 s
Inspiratory-to-expiratory ratio 1:2
Inspiratory trigger −1 to −2 cm H2O
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Complications of mechanical ventilation

Hemodynamic compromise
Positive pressure ventilation can reduce cardiac output 
in some patients. The increases in intrathoracic pressure 
from ventilation can reduce systemic venous return. 
Although animals with more aggressive ventilator set-
tings are of more concern for developing negative car-
diovascular effects, animals with significant lung disease 
tend to have such stiff lungs that very little of the positive 
pressure applied to the lungs is transmitted to the car-
diovascular system. Hemodynamic compromise sec-
ondary to positive pressure ventilation is mainly a 
problem for animals with concurrent hypovolemia or 
vasodilation. Frequent, if not constant heart rate and 
blood pressure monitoring is recommended for all ven-
tilator patients. Fluid and drug therapy should be given 
as appropriate if evidence of hypovolemia or hypoten-
sion develop.

Ventilator-associated pneumonia
In human medicine, ventilator-associated pneumonia 
(VAP) has been reported to occur in 10%–48% of 
patients and leads to an increase in mortality.2 Endotra-
cheal intubation compromises the normal upper airway 
defenses, and bacteria from the oral cavity can migrate 
down the airway to the lungs. This problem can be exac-
erbated by aspiration of oral secretions or gastric con-
tents.2 VAP is recognized when new pulmonary infiltrates 
develop ≥48 hours after beginning ventilation. Decreases 
in oxygenation, changes in white blood cell count, and 
a fever are also common findings. Prevention of VAP 
includes maintaining careful oral hygiene including 
chlorhexidine rinses and using a sterile technique when 
handling the circuit or endotracheal or tracheostomy 
tube.4,5 The fewer times the circuit is disconnected the 
better. It is now recommended to replace ventilator cir-
cuits only every 5 days (earlier if gross contamination is 
evident).2 Many VAP infections have been found to 
come from the hands of caregivers; for this reason, 
wearing gloves and frequent handwashing are strongly 
recommended for all ventilator patients. Wearing gloves 
should be considered mandatory when dealing with the 
oral cavity.

Ventilator-induced lung injury
Ventilator-induced lung injury (VILI) describes pulmo-
nary damage that occurs as a result of the action of 
mechanical ventilation. In addition to increasing pul-
monary pathology, in human medicine VILI has been 
found to increase the incidence of multiple organ  
dysfunction and patient mortality. It is believed that 

oxygen is appropriate until the issue can be evaluated 
and more definitive therapy can be provided. Ultimately 
it is hoped that manipulation of ventilator settings will 
increase the oxygenating efficiency of the lung and allow 
lowering of the FiO2. Increases in PEEP and peak airway 
pressure are the major ventilator setting adjustments 
that may improve pulmonary oxygenating efficiency. An 
acute hypoxemic episode in a patient that was previously 
not hypoxemic is a life-threatening complication that 
requires immediate intervention. See the troubleshoot-
ing section later in this chapter.

PaCO2

The PaCO2 depends primarily on effective alveolar 
minute ventilation, which in turn is the product of the 
effective tidal volume and the respiratory rate. If the 
PaCO2 is higher than the desired range, the respiratory 
rate or tidal volume or both should be increased and the 
patient reevaluated. If the PaCO2 is too low, the respira-
tory rate and/or tidal volume should be decreased. An 
abrupt increase in PaCO2 in the ventilator patient may 
indicate a life-threatening complication. See the trouble-
shooting section.

Record keeping

An essential aspect of management of the ventilator 
patient is detailed record keeping. This allows evaluation 
of patient progress and a review of patient responses to 
changes in ventilator settings. Hourly recording of 
patient vital signs, blood pressure, pulse oximeter, and 
end tidal carbon dioxide readings are ideal. Current ven-
tilator settings should be recorded at the time of every 
blood gas measurement and every time a change in ven-
tilator settings is made. All ventilator settings and patient 
values are worth recording, but the most important ones 
are listed in Box 27.1.

Box 27.1 Minimum recommended ventilator settings and 
patient values to record

• FiO2

• Mode of ventilation
• Peak inspiratory pressure
• Tidal volume
• Respiratory rate

 Machine set rate
 Total rate

• Minute ventilation
• I : E ratio
• Positive end expiratory pressure
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PaO2 is a common early warning sign. Airway pressure 
would be expected to increase if a pneumothorax occurs 
in a patient being ventilated with volume control; tidal 
volume would decrease if using pressure control ventila-
tion. Auscultation may reveal decreased lung sounds, 
but this may be difficult to appreciate in the ventilated 
patient. Thoracic radiographs provide a definitive diag-
nosis but are often impractical. Thoracic ultrasound can 
also be helpful in identifying a pneumothorax. Ulti-
mately a pneumothorax can be rapidly fatal in the ven-
tilator patient, and if there is any doubt that one is 
present, a diagnostic thoracocentesis should be per-
formed immediately. If a pneumothorax is detected, 
unilateral or bilateral chest tubes will be required.

Troubleshooting the ventilator patient

Hypoxemia
Inadequate oxygenation of the ventilator patient is 
always an extremely concerning complication. If  
acute desaturation is detected on the pulse oximeter it 
is ideal, although not always possible to confirm  
the abnormality with an arterial blood gas. Acute desat-
uration of a ventilator patient that was previously oxy-
genating adequately indicates a dramatic decrease  
in pulmonary function. Potential causes include pneu-
mothorax, machine malfunction or circuit disconnec-
tion, and loss of oxygen supply. The FiO2 should 
be immediately increased to 100%, the thorax auscul-
tated, and the ventilator function reviewed. If a pneu-
mothorax is suspected, thoracocentesis should be 
performed immediately.

A gradual decline in oxygenating efficiency of the 
lung is not uncommon in the ventilator patient and is 
more suggestive of progressive pulmonary disease such 
as pneumonia, acute respiratory distress syndrome, or 
ventilator-induced lung injury than a pneumothorax or 
machine issue. Progressive lung disease requires increases 
in PEEP, peak inspiratory pressure, and FiO2 as indicated 
by the blood gases.

Hypercapnia
There are numerous possible causes for hypercapnia in 
the ventilator patient including the following:

• Increased apparatus dead space: excess tubing/
connectors between the patient and the ventilator 
circuit Y-piece

• Endotracheal or tracheostomy tube kink or 
obstruction

• Incorrect assembly of the ventilator circuit including 
large airway leaks, obstruction of the exhalation 

pulmonary inflammation resulting from VILI leads  
to the elaboration of inflammatory mediators that  
can enter the systemic circulation and amplify the sys-
temic inflammatory response, which leads to subsequent 
organ damage.

There are several mechanisms by which VILI can 
occur. The two major mechanisms are overdistention of 
the lung by excessive tidal volumes and repetitive alveo-
lar collapse in patients with lung disease on inadequate 
PEEP.2 Manipulation of ventilator settings should always 
be focused on the use of the least aggressive settings 
required to keep the patient stable. When the blood gas 
goals cannot be achieved despite the use of high airway 
pressures and PEEP, a valid alternative is to change the 
blood gas goals for the patient. For example, many 
patients tolerate a PaO2 of 60 mm Hg and PCO2 of 60–
70 mm Hg, which may be preferable to exposing the 
patient to higher ventilator settings.

Oxygen toxicity
Oxygen toxicity occurs when animals are exposed to 
excessive oxygen that overwhelms their natural antioxi-
dant systems. Clinically oxygen toxicity causes pulmo-
nary damage, and in neonates it can lead to retinal 
dysplasia.6 Oxygen toxicity is not just a product of the 
level of oxygen administered; it is also related to the 
duration of oxygen exposure. The general recommenda-
tion for dogs and cats is to avoid the administration of 
100% oxygen >12–24 hours, and in situations of long-
term oxygen therapy, the FiO2 should be maintained at 
<60%. In animals with severe lung disease, it may be 
very difficult to lower the FiO2 to ≤60%. It is hoped that 
by manipulation of ventilator settings and accepting 
lower PaO2 levels, FiO2 will be able to be reduced in the 
ventilator patient.

Pneumothorax

A pneumothorax can occur in the ventilator patient 
when alveolar rupture leads air to escape from the lung 
and accumulate in the pleural space. Although pneumo-
thorax is a feared complication when high airway pres-
sures are used, studies in human patients have not been 
able to prove there is any association between airway 
pressure and the occurrence of pneumothorax.7,8 The 
incidence of pneumothorax does seem to vary with  
the nature of the lung disease present. Overdistension of 
the lung is thought to be the major cause of pneumo-
thorax. Hence restricting tidal volume, especially in 
patients with lung disease, is currently recommended.

Pneumothorax can be rapidly progressive in the ven-
tilator patient, so it is imperative that it is recognized 
early. Acute onset of an elevated PaCO2 and a falling 
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• Inadequate depth of anesthesia
 Rely on the routine clinical signs of anesthetic 

depth. This may be the most common cause of 
bucking, but care should be taken not to increase 
blindly the anesthetic drug dose when patients 
begin bucking the machine without fully assessing 
the patient.

Weaning from ventilation

Weaning from the ventilator is generally a continuous 
process of gradually reducing the ventilator settings. 
Often as the patient improves, the mode of ventilation 
may be changed to one that requires the animal to 
perform a greater proportion of the work of breathing. 
Such modes include SIMV and pressure support. If 
animals have been anesthetized for prolonged periods of 
time, it may take some time for them to recover (hours 
to days). This is especially true for patients on pentobar-
bital infusions. It is important to consider reducing the 
anesthetic administration or changing to shorter acting 
anesthetic drugs when the animal begins improving and 
weaning is becoming a possibility.

Prior to disconnection from the machine the patient 
must have obtained certain physiologic goals. These 
include:

• The original disease process is stable or improving

• A normal respiratory drive

• The patient no longer requires significant ventilator 
support for adequate gas exchange

• Adequate oxygenation (PaO-to-FiO2 ratio of at least 
150–200 is recommended)

Reasons an animal should not be weaned include car-
diovascular instability, requirement of high FiO2 (>60%), 
high peak inspired airway pressures (>25 cm H2O), and/
or high PEEP levels (>5 cm H2O).

When a patient has improved sufficiently to consider 
removing from the ventilator, it is safest to first test if 
the animal can maintain spontaneous breathing while 
still intubated. During such a spontaneous breathing 
trial, the patient requires intense monitoring. The use of 
CPAP is ideal during a spontaneous breathing trial 
because the tidal volume, respiratory rate, and end tidal 
carbon dioxide can be closely monitored. The develop-
ment of any of the following would indicate that the trial 
has failed and that positive pressure ventilation should 
be reinstituted: hypoxemia, hypercapnia, hyperthermia, 
tachycardia, hypotension, or tachypnea. In human med-
icine, it is now recommended to perform spontaneous 
breathing trials daily once the patient qualifies according 
to the criteria just listed. When the patient can maintain 

circuit, or any problem that would prevent effective 
generation or delivery of a tidal volume

• Pneumothorax

• Increased pulmonary dead space that may occur 
with overdistension of alveoli or large pulmonary 
embolism

• Inadequate ventilator settings, in particular inade-
quate tidal volume, inadequate respiratory rate,  
or both. Settings that can impair exhalation such  
as insufficient expiratory time can also cause 
hypercapnia.

A sudden increase in PaCO2 in a previously stable 
patient is suggestive of an acute abnormality such as an 
endotracheal or tracheostomy tube obstruction or dis-
lodgement, ventilator circuit leak, or pneumothorax. If 
evaluation of the machine and patient rules out major 
complications, it is to be assumed there is insufficient 
alveolar minute ventilation, and appropriate changes in 
the ventilator settings should be made.

Patient-ventilator dyssynchrony (“bucking 
the ventilator”)
When a patient fights, or bucks, the ventilator, it will not 
be possible to ventilate the animal effectively; this dys-
synchrony commonly leads to desaturation and hyper-
capnia. When patients begin to buck the ventilator, a 
systematic approach should be taken to determine the 
nature of the problem. Possible causes include:

• Hypoxemia
 Loss of oxygen supply, worsening of underlying 

disease, or development of new pulmonary disease 
such as pneumothorax, pneumonia or acute respi-
ratory distress syndrome

• Hypercapnia
 Circuit disconnect/leak, tube obstruction or kink, 

pneumothorax

• Pneumothorax
 Typified by a rapidly climbing PCO2 and a plum-

meting PaO2. Need auscultation and potentially 
thoracocentesis to diagnose

• Hyperthermia
 Anesthetized animals like to have relatively low 

temperatures, and even a rectal temperature of 
102°F may cause dogs to pant on the ventilator. 
Active cooling is required to control panting in 
hyperthermic ventilator patients.

• Patient-ventilator dyssynchrony (inappropriate venti-
lator settings)
 Observe when the patient is trying to inhale and 

exhale; see if it is possible to match that pattern with 
your ventilator settings
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failure. Critical care ventilators offer multiple modes 
and options for ventilation that allow the operator to 
tailor therapy to the individual. Although complications 
certainly exist, proper precautions can help minimize 
risks.
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adequate blood gases without anxiety or fatigue, it can 
be woken up from anesthesia and extubated.

Contingencies

When providing care to the ventilator patient, it is 
important to recognize abnormalities that warrant con-
tacting the clinician. Contingencies for notifying the 
clinician vary on a patient-by-patient basis and are an 
important part of the clinician orders. Box 27.2 lists 
some standard contingencies for a ventilator patient that 
may be helpful as a general guideline. It is recommended 
that clinicians modify these standard contingencies as 
appropriate for the patient on a daily basis.

Summary

Mechanical ventilation can be a lifesaving intervention 
for patients with severe lung disease or ventilatory 

Box 27.2 Suggested standard contingencies for clinician 
notification for mechanically ventilated patients

• PaO2 < 80 mm Hg or SpO2 < 95%
• PaCO2 or ETCO2 or PvCO2 > 60 mm Hg
• Temperature increase >1°F
• Persistent tachypnea, panting, fighting ventilator
• Mean arterial pressure <70 mm Hg or systolic arterial 

pressure <100 mm Hg
• Tachycardia
• Urine output <1 mL/kg/h
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28
Ventilator waveform analysis

Deborah Silverstein

Ventilator waveforms can aid the veterinarian and  
veterinary technician in adjusting ventilator settings,  
assessing lung function, troubleshooting problems, 
understanding the interactions between patient and 
ventilator, reducing the incidence of complications, fine-
tuning the ventilator to decrease the patient’s work of 
breathing, and monitoring patient progress. The three 
elemental parts to respiratory function monitoring are 
scalars (also known as waves), loops, and indirect mea-
surements (values that are calculated such as compliance 
and resistance). A basic understanding of pulmonary 
physiology and mechanical ventilation is necessary to 
interpret ventilatory waveforms.

A mechanical ventilator is programmed to deliver a 
preset pressure, volume, or flow rate; whichever of these 
is the programmed cause of inspiration is called the 
control variable. The four parameters most useful to 
examine a mechanical breath include pressure, volume, 
flow, and time. The location of the sensors for detecting 
these variables depends on the ventilator manufacturer 
and monitoring system used. For example, most ventila-
tors measure pressure, volume, and flow inside the ven-
tilator, but monitoring devices attached to the end of the 
endotracheal tube can also be used. In general, the closer 
the sensor is to the patient, the more accurate the mea-
surement because the compliance and resistance of the 
patient circuit as well as the compressibility of the gas 
may significantly alter the pressure, volume, and flow 
values. Utilizing the measured variables, the formation 
of three scalars can be created: flow versus time, volume 
versus time, and pressure versus time. Time is typically 
plotted on the horizontal (x) axis and the other param-
eter is plotted on the vertical (y) axis. Additional graphs, 

such as flow-volume loops or pressure-volume loops 
plot pressure, volume, and flow against each other but 
have no time component. The loops can rapidly provide 
information regarding changes in lung function.

Five basic flow waveforms are most commonly  
generated by a mechanical ventilator: a rectangular (or 
“square”) wave, an ascending ramp, a descending ramp, 
a sinusoidal (or “sine”) wave, or an exponential decaying 
waveform (see Fig. 28.1). The control variable and ven-
tilator model used determine the possible options 
because some modes of ventilation only offer certain 
waveform characteristics. For example, volume control 
ventilation typically offers several choices of flow pat-
terns, whereas pressure control ventilation commonly 
uses either a descending ramp or decaying flow pattern 
only.

Scalars

A mechanical breath can be divided into six stages (Fig. 
28.2a–c):

1. Beginning of inspiration
2. Inspiration
3. End of inspiration
4. Beginning of expiration
5. Expiration
6. End of expiration

Which factor initiates inspiration depends on the trig-
gering mechanism (trigger variable) of the ventilator. 
When using a control mode or in instances where a 
backup breath is provided by the ventilator, the breath 
is initiated based on a predetermined amount of lapsed 

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.



358  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

time. When using the assist mode or a synchronized 
intermittent mandatory ventilation (SIMV) mode, the 
mechanical breath is initiated by the patient’s effort and 
is referred to as a patient triggered or patient-initiated 
breath. During inspiration, the mechanical breath is 
delivered and the flow, volume, and pressure of the 
breath depend on various factors such as airway resis-
tance, lung compliance, type and magnitude of flow, and 
the delivered volume of each breath. Spontaneous 
breaths can also be pressure supported to enhance tidal 
volume.

The attending veterinarian determines the cycling 
mechanism (cycle variable), or the parameter that is 
responsible for termination of inspiration. Possible 
choices include volume cycling, pressure cycling, time 
cycling, and flow cycling.

Typically, when inspiration ends, the expiratory phase 
begins. There are specific instances, however, when the 
expiration valve does not open even though inspiratory 
gas flow has stopped (e.g., when inspiratory pause or 
inflation hold controls are activated). The delivered 
volume is retained within the lungs in order to obtain 
static or plateau pressures; delayed opening of the expi-
ratory valve then allows expiration to occur.

Expiration is a passive phenomenon and the proper-
ties of expiration are dependent on the resistance of the 
animal’s airways and the artificial airway, as well as pul-
monary compliance. The end of expiration is heralded 
by the beginning of the next breath.

Scalars in different modes of ventilation
The scalar waveforms vary in their appearance depend-
ing on the mode of ventilation used. Sample scalars for 

Figure 28.1 The five basic flow waveforms that are most com-
monly generated by a mechanical ventilator (from left to right): 
rectangular (or “square”) wave, an ascending ramp, a descending 
ramp, a sinusoidal (or “sine”) wave, and an exponential decaying 
waveform.
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Figure 28.2 (a) The six stages of a mechanical breath as seen 
in this pressure-time scalar include: A. Beginning of inspiration; 
B. Inspiration; C. End of inspiration; D. Beginning of expiration; 
E. Expiration; F. End of expiration. (b) The six stages of a mechani-
cal breath as seen in this volume-time scalar include A. Beginning 
of inspiration; B. Inspiration; C. End of inspiration; D. Beginning 
of expiration; E. Expiration; F. End of expiration. (c) The six stages 
of a mechanical breath as seen in this flow-time scalar include  
A. Beginning of inspiration; B. Inspiration; C. End of inspiration; 
D. Beginning of expiration; E. Expiration; F. End of expiration.
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the five ventilation modes most commonly used (volume 
assist/control [A/C], pressure A/C, SIMV, SIMV with 
pressure support [PS] ventilation, and continuous posi-
tive airway pressure [CPAP]), are shown in Figures 
28.3–28.7.
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Volume assist/control mode of ventilation 
scalar graphs

Here are some important curve characteristics to note 
in Figure 28.3 (volume A/C ventilation):

1. The inspiratory time and expiratory time on these 
graphs corresponds to termination of inspiration 
and expiration, respectively.

Figure 28.3 (a) A pressure-time scalar from a normal patient 
receiving volume assist-control mechanical ventilation. (b) A 
volume-time scalar from a normal patient receiving volume 
assist-control mechanical ventilation. (c) A flow-time scalar from 
a normal patient receiving volume assist-control mechanical 
ventilation.
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Figure 28.4 (a) A pressure-time scalar from a normal patient 
receiving synchronized intermittent mandatory mechanical venti-
lation. The initial mandatory breath is followed by two spontane-
ous unsupported breaths and another mandatory breath. (b) A 
volume-time scalar from a normal patient receiving synchronized 
intermittent mandatory mechanical ventilation. The initial man-
datory breath is followed by two spontaneous unsupported 
breaths and another mandatory breath. (c) A flow-time scalar 
from a normal patient receiving synchronized intermittent man-
datory mechanical ventilation. The initial mandatory breath is 
followed by two spontaneous unsupported breaths and another 
mandatory breath.
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2. A negative tracing below baseline is observed during 
expiration for the flow/time curve. This is due to the 
fact that the flow transducer measures inspiratory 
flow as a positive deflection and expiratory flow as 
a negative deflection.
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3. A square flow tracing represents a constant flow 
pattern.

4. Because flow is constant, the delivery of volume is 
rectilinear.

5. When the patient triggers an assisted breath, there 
is a small negative deflection on the pressure/time 
graph. This bulge occurs as the patient starts to 
inhale, thus generating negative pressure and flow 
that is sensed by the ventilator. The initial rise in 
pressure corresponds to the pressure necessary to 
overcome airway resistance. After this point, any 
increase in pressure depends on pulmonary compli-
ance and volume delivered. As the end of the tidal 
volume is delivered, the pressure wave has flattened 
because the lungs are almost full.

6. Flow delivery ceases at the end of inspiration because 
all of the tidal volume has been delivered and the 
peak inspiratory pressure (PIP) has been achieved.

SIMV mode of ventilation scalar graphs

It is important to note the following in Figure 28.4 
(SIMV mode of ventilation):

1. The inspiratory flow tracing during spontaneous 
breaths is on the positive side of the graph and 
located in the space between mechanical breaths. 
During the expiratory phase, the flow is depicted 
below the baseline.

2. The inspiratory pressure is traced on the negative 
side of the baseline (unlike flow and volume) and 
expiration is shown on the positive side of the 
tracing.

3. The stages of each breath occur in the same order 
on all three scalars.

Figure 28.5 (a) A pressure-time scalar from a normal patient 
receiving synchronized intermittent mandatory mechanical venti-
lation with pressure support. The figure depicts a mandatory 
breath followed by a spontaneous breath with pressure support 
and another mandatory breath. (b) A volume-time scalar from a 
normal patient receiving synchronized intermittent mandatory 
mechanical ventilation with pressure support. The figure depicts 
a mandatory breath followed by a spontaneous breath with  
pressure support and another mandatory breath. (c) A flow- 
time scalar from a normal patient receiving synchronized  
intermittent mandatory mechanical ventilation with pressure 
support. The figure depicts a mandatory breath followed by a 
spontaneous breath with pressure support and another manda-
tory breath.
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Figure 28.6 A pressure-time scalar from a normal patient receiv-
ing synchronized intermittent mandatory mechanical ventilation 
with pressure support and positive end-expiratory pressure 
(PEEP). The figure depicts a mandatory breath followed by a 
spontaneous breath with pressure support and another manda-
tory breath. PEEP is evident by the elevated baseline pressure.
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2. A set pressure is maintained throughout the inspira-
tory phase when a pressure-supported breath is 
delivered. There is a decrease in pressure down to 
baseline during the expiratory phase. All breaths are 
patient triggered in this example, as demonstrated 
by the small negative deflection at the beginning of 
inspiration on the pressure-time scalar.

SIMV with pressure-controlled ventilation 
and continuous positive end expiratory 
pressure mode of ventilation scalar graphs

Important facts to note in Figure 28.6 (only a pressure-
time scalar is shown because the flow-time and volume-
time scalars would be identical to those in Fig. 28.5):

1. When positive end expiratory pressure (PEEP) is 
used, the baseline on the pressure-time graph will 
be equal to the PEEP value. Upon initiating or 
increasing PEEP, PIP will also increase.

2. The airway pressure decreases to the new baseline 
PEEP at the end of expiration.

3. Although not shown, the baseline does not generally 
change on the flow-time or volume-time scalars 
when PEEP is begun.

Pressure-Controlled ventilation scalar graphs

Some points to note in Figure 28.7 (pressure-controlled 
ventilation [PSV]):

1. The ventilator terminates inspiration when a preset 
time has elapsed. The pressure remains at the set 
pressure throughout the inspiratory time.

2. The flow decreases to zero on the flow-time scalar 
before the end of inspiration (before expiration 
begins).

Diagnosing and Interpreting Auto-PEEP from 
scalar graphs
Auto-PEEP (also known as intrinsic PEEP or air trap-
ping) often occurs in patients requiring high respiratory 
rates, high minute volumes, or PEEP settings greater 
than 10 cm H2O. In these situations, inspiration begins 
before a complete expiration has occurred, leading to air 
trapping within the small airways and increased patient 
effort required for a patient-initiated breath. Addition-
ally, auto-PEEP leads to flattening of the diaphragm, 
which decreases the efficiency of diaphragmatic con-
tractions during inspiration. During expiration on the 
volume-time scalar, the waveform approaches baseline 
but then starts upward again before reaching baseline 
(see Fig. 28.8a). When examining the flow-time graph, 
there is an abrupt movement up to baseline at the end 

SIMV with pressure support scalar graphs

Some important concepts to note in Figure 28.5 (SIMV 
with pressure support):

1. On the flow/time scalar, the pressure-supported 
breath delivers a decreasing flow and terminates 
inspiration when the flow reaches a certain level 
(also known as flow cycling).

Figure 28.7 (a) A pressure-time scalar from a normal patient 
receiving pressure controlled mechanical ventilation. (b) A 
volume-time scalar from a normal patient receiving pressure-
controlled mechanical ventilation. (c) A flow-time scalar from a 
normal patient receiving pressure controlled mechanical ventila-
tion. The expiratory phase of the second breath is not shown 
here.
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Protocol 28.1 is a rapid reference for initial pressure- 
and flow-time scalar evaluation.

Pressure-volume and flow-volume loops

These loops are best studied after becoming familiar 
with the pressure, flow, and volume scalars previously 
described. Similar to the scalar graphs, both the numeric 
values and waveform graphs reveal information about 
the patient. A loop is really just inspiratory and expira-
tory curves that are connected. These loops allow the 
clinician to analyze the inspiratory and expiratory phases 

of expiration, with an immediate increase in inspiratory 
flow for the next breath before expiration is completed 
and reaches baseline (see Fig. 28.8b).

The presence of auto-PEEP may indicate an airway 
obstruction. Possible treatment strategies include bron-
chodilator therapy, placement of a larger endotracheal 
tube, increasing the inspiratory flow rate (to minimize the 
ratio of inspiratory to expiratory time), decreasing the 
tidal volume, or applying extrinsic PEEP. Alternatively, the 
respiratory rate may be too high (in which case the clini-
cian can decrease the rate while increasing the tidal 
volume per breath). Sometimes a different mode of ven-
tilation is beneficial in these animals if the troubleshoot-
ing methods previously mentioned are not effective.

Occasionally, auto-PEEP is caused by airway collapse, 
as in patients with chronic obstructive airway disease.  
In these cases, increasing PEEP may help to prop the 
airways open and decrease air trapping.

Figure 28.8 (a) A volume-time scalar showing auto-PEEP in an 
animal with lung disease receiving mechanical ventilation. Note 
that the waveform approaches baseline but immediately starts 
upward again before returning to zero. (b) A flow-time scalar 
showing auto-PEEP in an animal with lung disease receiving 
mechanical ventilation. Note that there is an abrupt movement 
up to baseline at the end of expiration, with an immediate 
increase in inspiratory flow for the next breath before expiration 
is completed and reaches baseline.
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Protocol 28.1 Rapid reference for initial pressure- and 
flow-time scalar evaluation

Procedure

First look at the pressure-time scalar:
1. Determine the CPAP or PEEP level so baseline pressure is 

known.
2. Determine whether the patient is triggering any breaths, 

and identify this on the tracings.
3. Determine the intended shape of the pressure wave 

(e.g., a flat top is pressure controlled; a “shark fin”–
shaped top is volume controlled).

Now look at the flow-time scalar:
1. What is the flow pattern? For example, a square-shaped 

tracing indicates a volume-controlled breath, but a 
decelerating shape can be present with any mode.

2. Is the patient air trapping? If expiratory flow does not 
return to baseline before the next breath begins, air 
trapping (auto-PEEP) is present.

3. Is the patient triggering breaths? Is the breath 
controlled, pressure supported, or a compulsory  
breath during SIMV? For example, the pressure-
supported breath has a decelerating flow pattern 
and has a flat-topped airway pressure wave, and the 
synchronized breath has a triangular-shaped pressure 
wave.

4. Is the patient triggering a controlled or supported 
breath? The main difference between these is the 
time of the breath because the patient determines the 
inspiratory time with supported breaths, and therefore 
the time is variable compared with the identical timeline 
of a controlled breath.

5. Is the patient synchronizing with the ventilator? If 
the number of triggering episodes is greater than the 
number of breaths, asynchrony is present. If the peak 
flow rate of the ventilator is inadequate, the inspiratory 
flow will be “scooped” inward and the patient may 
appear to be fighting the ventilator.
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Fig. 28.10). Spontaneous tidal breathing commonly 
occurs in this region of the curve, which allows for spon-
taneous ventilation at the most efficient portion of the 
curve (where the least pressure change is needed for the 
greatest volume gain). Pulmonary disease may signifi-
cantly change the baseline volume or pressure prior to 
each breath (e.g., due to atelectasis or air trapping) and 
subsequently decrease ventilatory efficiency by forcing 
the lung into a less efficient portion of the P-V curve. 
This leads to a decrease in dynamic and static respiratory 
compliance and distortion (especially the P-V loop). 
Table 28.1 lists some common causes of decreased 
compliance.

Pressure-volume loops
The pressure (horizontal axis) and volume (vertical axis) 
are typically plotted against each other, and a loop as in 
Figure 28.11 is generated (A represents the inspiratory 
limb and B represents the expiratory limb of the breath). 

of each breath using either flow-volume (F-V) or 
pressure-volume (P-V) tracings. These loops can prove 
challenging initially because there is no unit of time 
involved; an entire breath is followed throughout the 
loop without any reference to the passage of time. Addi-
tionally, it is helpful for clinicians to make changes in 
ventilator and nonventilator treatment variables incre-
mentally so the ventilator waveforms can be used to 
guide fine-tuning of the ventilator settings and to assess 
patient changes.

When examining a loop on the monitor screen, the 
scale of the axes must be set so that the loop images are 
displayed as large as possible for easy viewing. For 
example, the slope of the P-V loop, which represents 
dynamic compliance, is normally around 45 degrees. 
The clinician can readily observe the slope at a glance  
to determine whether the dynamic compliance is 
abnormal.

Unfortunately, there is no convention for how the 
inspiratory and expiratory limbs of the F-V loops are 
oriented with respect to the horizontal axis. Tradition-
ally, the F-V loop is displayed with the inspiratory curve 
below the horizontal axis and the expiratory curve above 
the axis; however, this is commonly reversed. This 
chapter depicts the inspiratory curve above the horizon-
tal axis. There is also no consensus as to how the axes 
should be oriented, but flow is depicted on the vertical 
scale in this chapter so as to maintain consistency with 
the scalar previously discussed.

A change in volume in relation to the change in intra-
pleural pressure is commonly referred to as compliance. 
Figure 28.9 shows how varying degrees of compliance 
can affect the inspiratory limb of a P-V curve. The largest 
volume change for a given pressure is obtained at the 
steepest portion of the curve, typically in the middle (see 

Figure 28.9 A pressure-volume graph from a normal animal 
receiving mechanical ventilation showing how varying degrees 
of compliance can affect the inspiratory limb of a pressure-volume 
curve. N, normal; up arrow, increased compliance; down arrow, 
decreased compliance.
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Figure 28.10 A pressure-volume graph from a normal animal 
receiving mechanical ventilation showing how the largest volume 
change for a given pressure is obtained at the steepest portion 
of the curve, typically in the middle.
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Table 28.1 Common causes of increased pulmonary resistance 
and decreased pulmonary compliance in mechanically 
ventilated animals

Increased Resistance Decreased Compliance

Bronchospasm Pleural space disease
Airway secretions Pulmonary parenchymal disease
Small-diameter 
endotracheal tube

Single-lung intubation

Mucosal edema of airways Abdominal distention
Chest wall disease or deformity
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by the timing mechanism of the ventilator), there will 
be a small bulge on the negative side of the pressure axis 
(see Fig. 28.13) This bulge occurs as the patient starts to 
inhale, thus generating negative pressure and flow. 
Spontaneous breaths trace a loop in a clockwise direc-
tion (this is discussed further later). If the ventilator 
senses the patient’s effort and begins a machine breath, 
the line shifts rightward into the positive side of the 
pressure axis and loops counterclockwise.

Conventionally, compliance is assessed by tracing a 
line from the beginning to the end of inspiration, with 

Conceptual renderings of the loop are often elliptical or 
“football shaped,” but the loops are not typically so sym-
metrical. When a ventilator delivers a “control breath,” 
it is initiated in the lower left-hand corner of the graph 
and follows the counterclockwise path as indicated by 
the arrows, eventually returning to the starting point. 
The upper right corner represents the end of inspiration 
and the beginning of expiration. This is the point of 
maximal pressure and volume, and it represents the 
dynamic compliance of the respiratory system for that 
breath. Remember that the loop will not begin at zero 
pressure if PEEP is applied to the patient.

The P-V loop is commonly used to evaluate changes 
in respiratory compliance. The point of change in the 
slope of a line is called the inflection point. As seen in 
Figure 28.12, the loop has two inflection points, one 
during inspiration and one during expiration. Point “A” 
is commonly called the lower inflection point and point 
“B” the upper inflection point. If the inflection points 
are difficult to discern, a straight line can be drawn along 
the straight portions of the inspiratory and expiratory 
limbs of the loop, and the point of intersection for the 
two drawn lines will estimate the inflection point (see 
dashed lines). When examining a static P-V loop, the 
inflection points are believed to represent a sudden 
change in alveolar recruitment during inspiration and 
derecruitment during expiration. The dynamic P-V loop 
includes the effect of resistance to flow; the volume 
increase lags behind the pressure increase and causes a 
gap between the inspiratory and expiratory curves of the 
P-V loop. Subsequently, the inflection points obtained 
from a dynamic P-V loop are difficult to use when 
setting PEEP or the upper pressure limit.

When an animal triggers a breath spontaneously (in 
contrast to a controlled breath, which is triggered solely 

Figure 28.11 A pressure-volume loop from a normal animal 
receiving mechanical ventilation in which the pressure (horizontal 
axis) and volume (vertical axis) are plotted against each other and 
a loop therefore generated. A represents the inspiratory limb and 
B represents the expiratory limb of the breath.
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Figure 28.12 A pressure-volume loop from a normal animal 
receiving mechanical ventilation demonstrating the two inflection 
points. One point is found during inspiration (A) and the other 
during expiration (B). Point A is commonly called the lower inflec-
tion point and point B, the upper inflection point. If the inflection 
points are difficult to discern, a straight line can be drawn along 
the straight portions of the inspiratory and expiratory limbs of 
the loop, and the point of intersection for the two drawn lines 
will estimate the inflection point (see dashed lines).
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Figure 28.13 A pressure-volume loop from a normal animal 
that triggers the delivery of an assisted positive pressure ventila-
tion breath (in contrast to a controlled breath that is triggered 
solely by the timing mechanism of the ventilator). Note the small 
bulge on the negative side of the pressure axis due to the 
patient’s active inspiratory effort.
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a 45-degree angle created to the horizontal axis in a 
normal animal. An increase in compliance results in a 
shift to the left of the 45-degree line (see Fig. 28.14) 
because less pressure is required to produce a given 
change in lung volume, whereas a decrease in compli-
ance causes a rightward shift in the loop (see Fig. 28.15) 
because more pressure is required to produce a given 
change in lung volume. Refer to Table 28.1 for some 
common causes of decreased respiratory system 
compliance.

An increase in the width of the loop indicates an 
increased resistance in the respiratory system. Subse-
quently, the area of the P-V loop and its horizontal dis-
tance increases (see Fig. 28.16). These changes are the 
result of hysteresis, a lag in the change in volume com-
pared with the rate of change in pressure that results 
from resistance to deformation (elasticity) and resis-
tance of the airways. The rightward shift of the loop 
indicates that the resistance is creating a decreased com-

Figure 28.14 A pressure-volume loop from an animal receiving 
mechanical ventilation with increased compliance. Note how the 
loop is left-shifted from the 4- degree dotted line.
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Figure 28.15 A pressure-volume loop from a mechanically 
ventilated  animal with decreased compliance. Note how the loop 
is right-shifted from the 45-degree dotted line.
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Figure 28.16 Superimposed pressure-volume loops from a 
mechanically ventilated normal animal (center) and a mechani-
cally ventilated animal with increased airway resistance (outer 
loop). Note how the increase in airway resistance causes the loop 
to widen, leading to an increase in the area of the pressure 
volume loop and an increase in the horizontal distance (arrows).
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pliance effect. It is often easier for the clinician to use 
the F-V loop to evaluate changes in airway resistance 
because the changes to the P-V loop can be subtle. 
However, superimposition of two loops on each other 
may prove helpful in determining changes in the P-V 
loop. Using both the F-V and P-V loops is the best  
way to gauge overall resistance and its changes. Table  
28.1 lists some common causes of increased airway 
resistance.

The work of breathing (WOB) describes the amount 
of pressure required to move a specific volume of gas. A 
decrease in compliance or a decrease in functional resid-
ual capacity increases the WOB. There are several ways 
to measure the WOB, but this information focuses on 
the ventilatory graphics, termed mechanical WOB. The 
patient, ventilator, or both are able to do the WOB. The 
components of the WOB are shown in Figure 28.17.  
The WOB to overcome airway resistance is labeled (A) 
and that required to overcome the elastic nature of the 
lung is labeled (B). The combination of A and B repre-
sent the total mechanical work done during the breath. 
The WOB equals the area under the changing pressure 
curve as the volume increases from zero to its peak at 
the end of inspiration. Most ventilator graphics only 
display the mechanical work as measured at the endo-
tracheal tube connector, and therefore they do not reveal 
ventilatory efforts made by the patient. The WOB per-
formed by the patient during the mechanical breaths 
can be indirectly measured by plotting esophageal pres-
sures because esophageal pressures are a surrogate for 
measuring intrapleural pressure and intrapleural pres-
sure changes due to patient work.
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Flow-volume loops
The vertical axis of an F-V loop represents flow rate (liters 
per minute or per second), and the horizontal axis rep-
resents volume (milliliters or liters); however, this is not 
standardized, so it is important to read the axis labels. 
The inspiratory portion of the F-V loop is above the 
horizontal axis, and the expiratory portion is below this 
line in this chapter, but recall that this may be reversed in 
some graphic displays or references. In Figure 28.18, 

Figure 28.18 A flow-volume loop from a mechanically venti-
lated normal animal. Point A represents the start of inspiration 
and point B represents the start of expiration. Point C is showing 
the peak expiratory flow rate during passive expiration.
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Figure 28.19 (a) A flow-volume loop from a normal animal 
while receiving positive pressure mechanical ventilation on a 
machine that delivers constant flow to deliver a breath. Note the 
square waveform pattern that is displayed. (b) A pressure-volume 
loop from a normal animal while receiving positive pressure 
mechanical ventilation on a machine that delivers a constant flow 
to deliver a breath. This is often the preferred waveform for 
detecting abnormalities in the P-V loop.
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Figure 28.17 A pressure-volume loop from a mechanically ven-
tilated normal animal with the components that determine the 
mechanical work of breathing (WOB) separated. The WOB to 
overcome airway resistance is labeled (A), and that required to 
overcome the elastic nature of the lung is labeled (B). The com-
bination of A and B represent the total mechanical work done 
during the breath. The WOB equals the area under the changing 
pressure curve as the volume increases from zero to its peak at 
the end of inspiration. Most ventilator graphics only display the 
mechanical work as measured at the endotracheal tube connec-
tor, and therefore they do not reveal ventilatory efforts made by 
the patient. The WOB performed by the patient during the 
mechanical breaths can be indirectly measured by plotting esoph-
ageal pressures.
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point A represents the start of inspiration; point B rep-
resents the start of expiration. The shape of the F-V 
curve can be altered by patient changes, ventilator set-
tings, circuit conditions, and the way the ventilator gen-
erates and delivers a breath. The transition from 
inspiration to expiration and back to inspiration is seen 
where the loop crosses the horizontal axis and the flow 
rate is transiently zero. The inspiratory curve shape 
reflects the flow pattern of the ventilator (see note later). 
The highest point above the x-axis depicts the peak expi-
ratory flow rate (PEFR) during passive expiration (point 
C in Fig. 28.18). Anything that leads to obstruction of 
the airways or endotracheal tube influences the shape of 
this curve, as discussed later.

Important note on flow-volume loops when 
flow delivery is constant

When the ventilator uses constant flow to deliver a breath, 
a square waveform pattern is displayed (see Fig. 28.19a). 
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sure. During a spontaneous breath, the negative pressure 
generated during inspiration causes a leftward bulge of 
the P-V loop that extends into the negative side of the 
pressure axis (see Fig. 28.20b). The loop is then traced 
in a clockwise fashion, and expiration occurs on the 
positive side of the pressure axis.

Loop interpretation
The interpretation of abnormal loop patterns requires 
practice and patience. Some of the abnormalities  
that may be gleaned from analysis of the loops include 
airway obstruction, the presence of an air leak, or air 
trapping.

Airway obstruction

The location and severity of airway obstruction deter-
mine the changes that result on the F-V loop. Most 
significant obstructions decrease the PEFR, as seen in 
Figure 28.21. When the medium and small airways 
obstruct, the descending segment of the expiratory 
curve often turns into a more curvilinear shape, referred 
to as “scooping” (also seen in Fig. 28.21). Comparison 
of F-V loops over time can help the veterinarian assess 
the effectiveness of bronchodilator therapy in patients 
with asthma or bronchospasm. The scooped-out appear-
ance often changes to a more linear shape from the peak 
expiratory flows down to the end of expiration, reflect-
ing the beneficial effect of therapy in relieving the airway 
obstruction.

Air leak

The presence of an air leak during a breath is often 
evident in both the scalar and loop graphs. Leaks may 

Figure 28.20 (a) A flow-volume loop from a normal animal 
during a spontaneous breath. The inspiratory curve of the spon-
taneous breath is above the horizontal axis and appears rounded. 
(b) A pressure-volume loop from a normal animal during a spon-
taneous breath. Note that the negative pressure generated during 
inspiration causes a leftward bulge that extends into the negative 
side of the pressure axis. The loop continues in a clockwise 
fashion, and expiration occurs on the positive side of the  
pressure axis.
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Figure 28.21 A flow-volume loop from a mechanically venti-
lated animal with airway obstruction. Note the decrease in peak 
expiratory flow rate (PEFR). The descending segment of the expi-
ratory curve appears more curvilinear, also known as “scooping,” 
which is commonly seen in animals suffering from obstruction of 
the medium and small airways.
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This results in a constant volume delivery. Although a 
descending flow pattern may be used more commonly, 
the square waveform can be more helpful for detecting 
abnormalities in the P-V loop because the flow and 
volume delivered are constant (see Fig. 28.19b).

Spontaneous breath loops
Spontaneous breaths create loop waveforms that differ 
from those produced during positive pressure ventila-
tion. The F-V loop is similar, but the inspiratory curve 
of a spontaneous breath (above the horizontal axis) is 
rounded (see Fig. 28.20a). The main difference is a lower 
peak flow rate during spontaneous breathing. The expi-
ratory waveform (below the horizontal axis) is passive, 
creating a descending ramp-like shape for both sponta-
neous and ventilator-created breaths.

The P-V loop during spontaneous respiration is very 
different than the P-V loop created due to positive pres-
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originate from the endotracheal tube cuff, air leaks 
through chest tubes, or a bronchopleural fistula. The 
waveform’s expiratory volume appears smaller than the 
inspiratory volume if a leak is occurring during inspira-
tion. If a leak occurs downstream (on the patient side) 
from the flow transducer used to generate loop graphics, 
this appears as part of the inspiratory volume in the 
loop, but the lost volume is not returned through the 
flow transducer and therefore the loop does not close 
(see Figs. 28.22a and b). If the delivered inspiratory 
volume is less than the set volume but has an equivalent 
expiratory volume, a leak in the ventilator circuit 
between the flow transducer and ventilator should be 
suspected.

Air trapping

If the expiratory time is not sufficient or the smaller 
airways collapse prematurely, air trapping may occur, 

Figure 28.23 A flow-volume loop from an animal receiving 
mechanical ventilation. The expiratory portion of the loop never 
reaches a zero flow rate prior to the next breath, indicating the 
presence of air trapping.
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Figure 28.24 A pressure-volume loop from a normal animal 
receiving a pressure-supported breath. Note how the inspiratory 
and expiratory lines cross each other at around 2 cm H2O as the 
patient attempts to inspire.
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Figure 28.22 (a) A flow-volume loop from an animal receiving 
mechanical ventilation. There is evidence of an air leak down-
stream (on the patient side) from the flow transducer used to 
generate the loop. Therefore the lost volume is not returned 
through the flow transducer upon expiration and the loop does 
not close. (b) A pressure-volume loop from an animal receiving 
mechanical ventilation. There is evidence of an air leak down-
stream (on the patient side) from the flow transducer used to 
generate the loop. Therefore the lost volume is not returned 
through the flow transducer upon expiration and the loop does 
not close. The asterisk represents volume loss.
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causing the expiratory portion of the loop to fall short 
of baseline (to never reach zero flow rate) prior to begin-
ning the next breath (see Fig. 28.23). It is important to 
note that the F-V loop for a PSV breath can appear 
similar to the loop seen with air trapping. The abrupt 
change in the slope of the loop at the end of inspiration 
is created when the ventilator cycles from inspiration to 
expiration based on a preselected flow target. Auto-
PEEP is seen as a flow above zero at the end of expira-
tion, however. When looking at the PSV breath using a 
P-V loop, the inspiratory and expiratory lines typically 
cross each other at around 2 cm H2O as the patient 
makes an effort to inspire during the PSV breath (see 
Fig. 28.24).
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lowed by a period of no flow at the end of inspiration 
(refer to Fig. 28.7c). During the no-flow time, proximal 
pressure may be equal to the peak Palv. To determine 
effective respiratory system compliance, the tidal volume 
is divided by the difference between PIP and EEP. 
Dynamic compliance is calculated as PIP minus EEP 
and includes a component of airway resistance.

The P-V and F-V loops can also be used to assess 
respiratory system compliance. In Figure 28.26a, a con-
stant flow mode is used and the three F-V loops repre-
sent varying compliance levels. The “up” arrow shows 
increased compliance, the “down” arrow shows decreased 
compliance, and “N” is normal compliance. Note how 
the tidal volume increases with increases in compliance. 
Inspiratory peak flows are fairly constant, but expiratory 

Basic pulmonary mechanics measured during 
mechanical ventilation

To measure compliance of the lungs, a pressure-time 
scalar is commonly used. Volume control ventilation is 
used, and once PIP is reached (see Fig. 28.25, point 1), 
an end inspiratory pause is applied for 0.5–2.0 seconds 
for only one breath. During the pause there is no flow 
between the patient and the ventilator, which allows for 
equilibration between proximal airway pressure and 
alveolar pressure (Palv). The pressure at the end of the 
pause is the peak alveolar pressure, commonly referred 
to as the plateau pressure or static compliance (as seen 
in Fig. 28.25, point 2). The difference between PIP and 
the peak Palv is due to the resistive properties of the 
system (either patient airways or artificial airway). The 
difference between the PIP and end expiratory pressure 
(EEP; or PEEP if applicable) is referred to as dynamic 
compliance and is a less accurate measurement of com-
pliance but does not require an inspiratory breath hold. 
Dynamic compliance is more a measure of impedance 
because it consists of both resistance and compliance 
components. The difference between the peak Palv and 
total PEEP is due to the elastic properties of the system 
(lung and chest wall compliance).

During pressure control ventilation, PIP and peak 
Palv may be equal due to the flow waveform that occurs 
(refer to Fig. 28.7a). Static compliance cannot therefore 
be determined while a patient is receiving pressure 
control ventilation (it must be determined while the 
patient is receiving volume control ventilation). The 
flow decreases during inspiration and is typically fol-

Figure 28.25 A pressure-time scalar during an inspiratory 
breath hold in a normal animal receiving volume-controlled 
mechanical ventilation. The peak inspiratory pressure (point 1) is 
seen prior to the inspiratory breath hold. The plateau pressure, 
also known as the peak alveolar pressure, is the pressure 
observed at point 2.
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Figure 28.26 (a) Flow-volume loops depicting varying levels of 
compliance in three animals receiving mechanical ventilation with 
constant flow delivery during inspiration. Increased compliance 
is evident in the loop marked with an up arrow, decreased com-
pliance in the loop with a down arrow, and normal compliance 
in the loop marked “N.” Note how the tidal volume increases 
with increases in compliance. (b) Pressure-volume loops depicting 
varying levels of compliance in three animals receiving mechani-
cal ventilation, as in Figure 28.26a. Increased compliance is 
evident in the loop marked with an up arrow, decreased compli-
ance in the loop with a down arrow, and normal compliance in 
the loop marked N. Note the “right shift” of the pressure-volume 
loop that occurs as compliance decreases.
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and the pressure during inspiration is markedly higher 
in the abnormal loop labeled with the arrow. Potential 
causes of increased inspiratory resistance might include 
patient dyssynchrony with the ventilator, secretions or 
exudate within the endotracheal tube or large airway, or 
collapse or a mass of the trachea beyond the length of 
the endotracheal tube.

Resistance during expiration leads only to a decrease 
in PEFR, as seen in the loop labeled with the “up” arrow 
in Figure 28.28a; this pattern is consistent with large 
airway obstruction. Note there is no scooping on the F-V 
loop. A small leak is also present as indicated by the 
shortened return of the abnormal loop. Small airway 
obstruction leading to increased expiratory resistance, as 
seen in animals with bronchial collapse or narrowing or 
emphysema, markedly affects the P-V loop as seen in the 
loop with the “up” arrow in Figure 28.28b.

peak flow rates decrease with increases in compliance. 
Figure 28.26b demonstrates a P-V loop with the same 
compliance changes as in Figure 28.26a. Airway resis-
tance does not change between the three loops, but 
notice the “right-shift” of the P-V loop that occurs as 
compliance decreases. Although not present in this 
figure, increased hysteresis sometimes accompanies a 
decrease in compliance.

An increase in inspiratory airway resistance may be 
subtle on the F-V loop if the driving force of the ventila-
tor is sufficient to overcome the increased resistance, as 
seen in the loop labeled with the arrow in Figure 28.27a. 
The loop does reveal a slight decrease in the PEFR and 
volume compared with the normal (N) curve. The same 
scenario is seen in the P-V loop of Figure 28.27b, where 
the expiratory curves are similar, but the volume of the 
normal curve is again greater than the abnormal curve 

Figure 28.28 (a) Two flow-volume loops from animals receiving 
mechanical ventilation. The loop labeled with the up arrow 
shows an increase in expiratory resistance that causes a decrease 
in the peak expiratory flow rate. The absence of scooping is 
consistent with a large airway obstruction. A small leak is also 
present as indicated by the shortened return of the abnormal 
loop. (b) Two pressure-volume loops from animals receiving 
mechanical ventilation. Small airway obstruction is evident in the 
expiratory portion of the loop labeled with an up arrow compared 
with the normal (N) loop.
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Figure 28.27 (a) Two flow-volume loops from animals receiving 
mechanical ventilation. The loop labeled with an up arrow depicts 
the decrease in peak expiratory flow rate and volume in an 
animal with increased inspiratory airway resistance compared 
with a normal (N) animal. The changes are subtle because the 
force of the ventilator is sufficient to overcome the increased 
resistance. (b) Two pressure-volume loops from animals receiving 
mechanical ventilation. The loop labeled with an up arrow depicts 
the decrease in volume and increase in peak pressure in an 
animal with increased inspiratory airway resistance compared 
with a normal (N) animal.
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Answer: Remember that the flow pattern does not change with 
changes in resistance or compliance. The expiratory flow has 
not reached zero before the next inspiration begins, indicating 
air trapping and auto-PEEP. A longer expiratory time with or 
without bronchodilator therapy, especially if peak expiratory 
flow has declined, may prove helpful.

3. You try switching the cat in problem 2 to pressure-controlled 
ventilation and get the flow scalar labeled B here and compare it 
to the normal flow scalar labeled A. Did this change help  
the cat?
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Answer: No. The expiratory flow does not reach zero before the 
next breath begins, and the decrease in expiratory flow indicates 
a continued expiratory flow limitation.

4. A 9-year-old Labrador retriever is placed on positive pressure ven-
tilation following a witnessed vomiting and aspiration episode. 
Following initial setup, you examine the P-V loop. What do you 
conclude?
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Answer: The slope of the loop is well below 45 degrees and the 
compliance with and without resistance characteristics of the 
respiratory system are poor. Perhaps an increase in PEEP is a 
good place to start to maximize pulmonary function and 
prevent ventilator-induced lung injury.

5. A 5-year-old Chihuahua is on the ventilator for pulmonary contu-
sions after being hit by a car. Volume-controlled ventilation is 
being used and you see the F-V loop shown here. What do you 
suspect?

Summary

Respiratory waveforms generated during mechanical 
ventilation can be helpful in bedside patient monitoring. 
With practice, interpretation of scalars and loops can be 
a rapid way to evaluate the patient from a distance using 
graphic information. Please find a set of practice prob-
lems to follow.

Practice problems
1. A 20-kg mix breed dog is on its second day on the ventilator for 

hypoventilation following ventral slot surgery for a cervical disk 
herniation. You notice that the inspiratory peak pressures have 
been getting higher and higher during volume-controlled ventila-
tion, so you decide to perform a 1-second inspiratory pause  
to assess static and dynamic compliance and compare it with yes-
terday’s scalar (A). What is your interpretation of this pressure 
scalar (B)?
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Answer: An increase in PIP with an unchanged pause pressure 
reveals increased respiratory resistance. Upon changing the 
endotracheal tube, you find a large blood clot inside.

2. A 5-kg domestic shorthair cat is on volume-controlled ventilation 
following a severe asthmatic attack. You look at the flow scalar 
shown here. What is wrong?
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Answer: A marked decrease in the expiratory flow rate indicates 
expiratory flow limitation. Upon examination of the patient, 
you find no obvious airway obstruction. However, your veteri-
nary technician notices that the water trap in the expiratory 
limb of the circuit is quite full. Upon emptying the water, the 
F-V loop returns to normal.

6. This 2-year-old German shepherd required mechanical ventilation 
for lower motor neuron disease. The dog is currently on SIMV 
with pressure support, but the clinician reports that the dog is not 
yet showing any evidence of triggering an assisted or a supported 
breath. You look at the pressure scalar below and then change a 
ventilator setting at point A. What did you do?
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Answer: There are negative pressure deflections that are not fol-
lowed by a delivered pressure support breath, indicating that 
the trigger sensitivity is set too high. You reduced the trigger 
sensitivity from 5 L/min to 2 L/min at point A and then observed 
two pressure-supported breaths.

7. A 10-year-old Siamese cat was placed on pressure A/C ventilation 
for severe pulmonary parenchymal disease of unknown origin. You 
look at the cat and the flow scalar (Problem 28.7a), F-V loop 
(Problem 28.7b), and P-V loop (Problem 28.7c). What do you 
conclude?
Answer: The cat is making an inspiratory effort toward the end of 

inspiratory phase of the breath, thus creating a negative deflec-
tion in flow and pressure during the normally positive inspira-
tory time. This is patient-ventilator dyssynchrony and may lead 
to inadequate inspiratory volumes and poor oxygenation and 
ventilation. The clinician should try to change the settings to 
improve patient comfort based on the specific patient, respira-

tory parameters, and blood gas values. For example, an increase 
in inspiratory pressure, respiratory rate, or flow rate may prove 
beneficial if the animal has inadequate minute ventilation. 
Unless the cat appears too lightly anesthetized, it is best to give 
anesthetics or paralytics only after all other strategies have 
failed. Dyssynchrony is often the patient’s way of telling the 
clinician that the ventilator settings are inappropriate.

8. A 3-month-old Labradoodle has suspected noncardiogenic pul-
monary edema after chewing on an electric cord. The puppy is on 
pressure-controlled A/C ventilation with PEEP, and the following 
pressure scalar (Problem 28.8a) and P-V loop (Problem 28.8b) are 
observed. What might you do after seeing this pressure scalar?
Answer: The spike in the pressure scalar at the beginning of inspi-

ration indicates an excessive flow delivery during a fast rise 
time. The excessive flow and pressure do not necessarily trans-
late into increased tidal volume delivery and are therefore unde-
sirable. Possible changes that may prove helpful would include 
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increasing the rise time (especially if the endotracheal tube is 
very narrow) or decreasing the flow rate.

Recommended reading
Hess DR, Kacmarek RM. Essentials of Mechanical Ventilation. 2nd ed. 

New York, NY: McGraw-Hill; 2002.
Oakes D, Shortall S. Ventilator Management: A Bedside Reference 

Guide. 3rd ed. Orono, ME: Health Educator Publications; 2009.
Tobin MJ. Principles and Practice of Mechanical Ventilation. 2nd ed. 

New York, NY: McGraw-Hill; 2006.
Waugh JB, Deshpande VM, Brown MK, Harwood R. Rapid Interpre-

tation of Ventilation Waveforms. 2nd ed. Upper Saddle River, 
NJ: Prentice Hall; 2006.
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High-frequency ventilation

Jessica Schavone and Elizabeth Rozanski

Intermittent positive pressure ventilation is lifesaving  
in patients with respiratory or ventilatory failure. In 
patients with neurologic disease or less severe respira-
tory disease, adequate ventilation and oxygenation may 
be achieved without excessive peak inspiratory pres-
sures. In patients with severe pulmonary disease, stiff or 
noncompliant lungs necessitate the use of higher pres-
sures to achieve adequate tidal volumes. However, ven-
tilation with high inspiratory pressures magnifies lung 
damage and perpetuates lung injury. High-frequency 
ventilation (HFV) has been described as a technique to 
provide ventilation and oxygen supplementation with 
less biotrauma (lung inflammation incited by the over-
distention and repetitive opening and closing of lung 
units). HFV has not been widely adopted in companion 
animals, although it is wise to be familiar with its back-
ground, definitions, applications, indications, and con-
traindications, as well as the equipment required.

Background

Of interest to veterinary professionals, the ability of the 
panting dog to remain apparently normoxic initially 
triggered early interest in the physiology behind HFV as 
a therapeutic entity. Panting in normal dogs is used for 
temperature regulation as heat is lost across the respira-
tory system. The respiratory rate of panting dogs is com-
monly approximately 300 breaths per minute (5 hertz), 
which is very close to the resonant frequency of the 
respiratory system.

The resonant frequency of the respiratory system 
(RFRS) is the natural frequency of the system at which 
vibrations will occur with the least amount of energy 

being applied. Matching the RFRS is important because 
it minimizes the energy cost of panting. If dogs pant at 
a rate that is largely different from the RFRS, it results 
in heat gain and negates any cooling benefits. This is 
appreciated in dogs that have an increased respiratory 
rate from disease because their energy requirements for 
ventilation can approach 50% of their total metabolic 
expenditure. In a normal human individual, the work of 
breathing is fueled by 36–72 calories per day, whereas in 
a patient with increased respiratory effort, caloric intake 
of 10 times this may be required to support ventilation. 
Panting dogs also ventilate adequately; dogs can have 
adequate gas exchange with these small tidal volumes 
and rapid respiratory rates.1 In our lung function labo-
ratory, arterial blood gas samples collected from healthy 
panting dogs document high PaO2 values, often greater 
than 100 mm Hg, and lower PaCO2 levels, often in the 
28–32 mm Hg range.

Definitions

High-frequency ventilation (HFV) is any technique 
that ventilates a patient at a respiratory rate higher than 
normal for that species, usually >10 times the typical 
rate. Thus for a dog this would be approximately >200 
breaths/min.

High-frequency jet ventilation (HFJV) provides ven-
tilation at rates of 60–400 breaths per minute in people. 
Inspiration is active; expiration is passive. High-
frequency oscillometric ventilation (HFOV) provides 
ventilation at rates >400 breaths/min. In this form, both 
inspiration and expiration are active, and the gas flow is 
sinusoidal rather than the triangular flow seen with 
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endotracheal tube adaptor is used so the patient does 
not require reintubation. Ventilation is controlled by 
altering the rate and peak inspiratory pressure on the jet 
ventilator. The inspiratory time may be changed but is 
usually left at 20 ms. As is true of all ventilation (spon-
taneous as well as mechanical), the volume of the breath 
in milliliters is determined by the relationship between 
the pressure difference between the airway opening and 
the intrapleural cavity and the compliance (the ease of 
distension) of the lung. Expiration is passive. Sighs are 
often provided by the CV at 2–10 breaths/min. The ven-
tilatory pressure waveform in HFJV is peaked (see Fig. 
29.1). Figure 29.2 depicts a jet ventilator.

High-frequency oscillometric ventilation is provided 
with a piston and diaphragm, which makes both inspira-
tion and expiration active. There is no need for a CV. 
The inspiratory-to-expiration ratio is usually fixed  
at 1:2, although it may be adjusted. The mean airway 
pressure (mPaw) and oxygen concentration can be 
adjusted. The pressure waveform in HFOV is sinusoidal 
(see Fig. 29.1).

Major applications and indications

Overall, HFV is considered beneficial because it uses 
smaller tidal volumes and it improves ventilation-
perfusion matching in the lungs. The alveoli remain in 
a relatively constant region on the pressure-volume 
curve, which may minimize biotrauma.

HFJV. See Figure 29.1 for a demonstration of the differ-
ences in the rates and pressure tracings for these differ-
ent forms of ventilation.

Any of these high-frequency ventilation techniques 
can be combined with positive end-expiratory pressure 
(PEEP) if needed to help recruit lung units and improve 
oxygenation. The application of PEEP is often required 
in patients with significant pulmonary disease but is 
generally not required when HFV is used for interven-
tional procedures such as routine bronchoscopy.

How High-Frequency ventilation works

Normal conventional mechanical ventilation (CMV) 
relies primarily on bulk convection and diffusion to 
eliminate carbon dioxide (CO2) and to provide oxygen-
ation. In all forms of HFV, convection and molecular 
diffusion are still the primary mechanisms of gas 
exchange, but additional mechanisms of CO2 elimina-
tion include Pendelluft (“sloshing” back and forth of 
gas), Taylor-type dispersion (gas mixing enhanced by 
turbulence), and asymmetrical gas velocity profiles. 
These additional effects help HFV to provide adequate 
ventilation at lower pressures than CMV. Fresh gas is 
introduced into the system both to displace CO2-rich gas 
from the respiratory system and to provide oxygen. This 
fresh gas is the source of the tidal volume and intro-
duced at an angle into the high-frequency system; thus 
it is often referred to as bias flow because it is introduced 
“on the bias.”

HFJV is often used in tandem with a conventional 
ventilator (CV), with the CV providing the bias oxygen 
flow, PEEP, and occasional sighs (larger breaths). An 

Figure 29.1 Comparison of ventilatory rates and pressure pat-
terns with different ventilatory approaches. AW, airway; HFJV, 
high-frequency jet ventilation; HFOV, high-frequency oscillometric 
ventilation. Courtesy of Bunnell Incorporated, Salt Lake City, Utah.
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Figure 29.2 High-frequency jet ventilator. The larger green hose 
coiled on the left of the image is the oxygen input hose. The 
smaller light green hose coiled on the right is the gas output hose 
through which HFJV would be delivered to the patient. Note the 
supply to the patient has a male tubing adapter at the end to 
attach to a standard vascular catheter or infant feeding tube, 
which would be inserted into the animal’s trachea.
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Contraindications

There are minimal absolute contraindications to HFV. 
The major one is lack of familiarity with the equipment 
and monitoring techniques. Asthma is occasionally 
listed as a contraindication, although newer studies have 
suggested this is incorrect. The initial fears were based 
on the potential for air trapping or hyperinflation 
because lungs with a delayed time constant (high 
resistance/low compliance) do not have as a favorable 
response to HFV.

Veterinary studies

Although HFV and airway pressure release ventilation 
(APRV) have been used extensively in research settings,3 
there are no clinical descriptions of their use in dogs or 
cats with naturally occurring acute lung injury. Jet ven-
tilation is used during bronchoscopy procedures by 
some clinicians,4 and there exists a report of a premature 
foal supported by HFJV.5 Due to the propensity of the 
dog to pant, it is conceivable that this would be a favor-
able ventilation scheme in dogs with ARDS.

Other novel ventilation strategies

APRV is another alternative method of ventilation that 
is occasionally used in a similar patient population as 
HFOV. Although a complete review is beyond the scope 
of this chapter, the basics are as follows. The patient is 
maintained with a high level (10–20 cm H2O) of con-
tinuous positive airway pressure; this pressure is peri-
odically reduced and the baseline pressure falls for 0.5 
seconds before returning to the baseline high pressure. 
If the patient is apneic, this method is similar to an 
inverse-ratio, pressure-limited ventilation. The goal of 
this technique is to provide near-permanent recruit-
ment of all available lung and to improve oxygenation.

Summary

HFV, particularly HFOV, is an exciting and possibly 
underutilized option for ventilatory support in dogs 
with acute lung injury. Future studies would be helpful 
to determine if HFV is more effective than CMV in 
companion animal medicine, particularly in ARDS.

References
1. Meyer M, Hahn G, Piiper J. Pulmonary gas exchange in panting 

dogs: a model for high frequency ventilation. Acta Anaesthesiol 
Scand 1989;33(Suppl 90): 22–27.
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support of critically ill and premature neonates have 
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advent of surfactant therapy and other advances. Current 
recommendations for ventilation of neonates include 
consideration of transition to HFJV or HFOV when 
peak inspiratory pressures exceed 25 cm H2O, if tidal 
volume >6 mL/kg is required, if rapid respiratory rates 
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poreal membrane oxygenation is being considered, or in 
extreme prematurity.2 The use of HFV is advised when 
high respiratory rates are required because CVs are not 
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is a potential concern due to breath stacking (see Chapter 
27, Mechanical Ventilation, and Chapter 28, Ventilator 
Waveform Analysis, for more information). HFOV  
is emerging as the more popular method of HFV in 
neonates.

Interventional procedures commonly use HFJV to 
provide adequate oxygenation during a procedure when 
a routine endotracheal tube is not practical. Some vet-
erinary internists and criticalists use this technique 
during bronchoscopy or other airway manipulations. 
HFV is used during bronchoscopy through a catheter 
placed with its tip at the level of the midtrachea or carina, 
depending on the area being evaluated. Some veterinary 
pulmonologists simply provide supplemental oxygen 
during the procedure rather than jet ventilation.

The goals for both HFJV and HVOV are maintenance 
of optimal lung volume and adequate blood gases. For 
HFJV, lung volume is primarily maintained by PEEP, 
which limits the need for high peak inspiratory pres-
sures. As with all ventilators, the training and skill set of 
those using the ventilator is far more important than the 
specific type of ventilator chosen.

Patient assessment is similar to that performed during 
other forms of ventilation. By nature, these are critically 
ill animals, and minute-to-minute assessments may be 
required. As in CMV, oxygenation goals may be reduced, 
such that an SpO2 ≥88% could be acceptable. Depending 
on the technique used, capnometry may or may not be 
possible (see Chapter 26, Capnography); standard cap-
nographic waveforms would not be expected due to the 
very rapid respiratory rate.
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Pleural space drainage

Rosemary Lombardi, Emily Savino, and Lori S. Waddell

•	 The	 pleural	 space	 is	 a	 potential	 space	 that	 can	 be	
occupied	by	air	or	fluid	in	certain	disease	states,	and	
evacuation	of	 this	 space	may	be	necessary	 to	 relieve	
respiratory	distress.

•	 Drainage	can	be	accomplished	either	by	thoracocen-
tesis	or	thoracostomy	tube	placement,	depending	on	
the	rate	of	reaccumulation	of	air	or	fluid.

•	 If	air	or	fluid	is	reaccumulating	rapidly,	a	chest	tube	
drainage	 system	 with	 continuous	 suction	 should	 be	
used.

•	 Thoracostomy	 tube	 management	 requires	 24-hour	
supervision	and	strict	aseptic	handling	to	prevent	life-
threatening	complications.

The	pleural	space	is	a	potential	space	that	can	be	occu-
pied	by	tumor,	fluid,	air,	or	abdominal	organs.	Drain-
age	of	 the	pleural	 space	 is	 indicated	 for	patients	with	
pleural	fluid	or	air	accumulation.	The	choice	of	tech-
nique,	 either	 thoracocentesis	 or	 thoracostomy	 tube	
placement,	depends	on	a	number	of	factors,	including	
the	patient’s	stability,	the	rate	and	recurrence	of	reac-
cumulation	of	air	or	fluid,	and	the	underlying	disease	
process.	 Pleural	 effusion	 can	 be	 secondary	 to	 a	 wide	
variety	of	disease	processes	and	may	be	characterized	
as	exudate,	transudate,	chylous,	or	hemorrhagic.	These	
may	be	caused	by	a	variety	of	disease	processes.	Septic	
exudative	 effusions	 are	 seen	 with	 pyothorax,	 which	
may	 arise	 secondary	 to	 penetrating	 chest	 wounds,	
hematogenous	spread,	extension	from	adjacent	struc-
tures	 or	 fascial	 planes,	 aspirated	 foreign	 bodies,	 rup-
tured	 pulmonary	 abscesses,	 ruptured	 esophagus,	 and	

iatrogenic	causes.	Nonseptic	exudates	can	occur	 from	
infection	 with	 feline	 infectious	 peritonitis	 virus.	
Chylous	effusions	can	be	caused	by	trauma,	neoplasia,	
cardiac	 disease,	 and	 idiopathic	 disease.	 Transudates	
(pure	 and	 modified)	 are	 most	 often	 caused	 by	 right-
sided	congestive	heart	 failure	but	can	also	develop	or	
be	exacerbated	by	factors	such	as	hypoproteinemia	or	
vasculitis.	They	can	be	seen	 in	patients	with	sepsis	or	
pancreatitis	and	in	patients	with	pulmonary	thrombo-
embolism.	Neoplasia	and	 lung	 lobe	torsions	may	also	
cause	 a	 modified	 transudate.	 Hemothorax	 can	 be	
caused	by	trauma,	as	a	result	of	a	coagulopathy,	or	may	
be	caused	by	neoplasia.

Blunt	 thoracic	 trauma	 can	 result	 in	 rupture	 of	 the	
lung	 and	 cause	 air	 leakage	 from	 the	 alveoli	 or	 airways	
into	the	pleural	space,	resulting	in	collapse	of	the	 lung	
lobes.	Pneumothorax	is	the	most	common	complication	
of	 blunt	 trauma	 to	 the	 chest	 in	 dogs.1	 Pneumothorax	
can	also	occur	spontaneously,	most	commonly	second-
ary	to	air	leakage	from	ruptured	bullae	or	blebs.	Spon-
taneous	 pneumothorax	 has	 also	 been	 associated	 with	
leakage	 of	 air	 from	 sites	 of	 pulmonary	 abscessation,	
primary	 and	 metastatic	 pulmonary	 neoplasia,	 foreign	
body	migration,	pneumonia,	and	feline	asthma.	In	addi-
tion,	parasitic	disease	 such	as	Dirofilaria,	Paragonimus,	
and	 Filaroides osleri	 have	 been	 associated	 with	 acute	
pneumothorax	in	dogs.2	Physical	examination	findings	
include	dull	lung	sounds	and	often	dull	heart	sounds.	If	
the	 lung	 sounds	 are	 dull	 ventrally,	 a	 pleural	 effusion	
should	be	suspected,	whereas	dullness	dorsally	is	usually	
associated	with	a	pneumothorax.	The	respiratory	rate	is	
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often	increased,	and	the	respiratory	pattern	is	short	and	
shallow	 when	 there	 is	 significant	 pleural	 space	 disease	
present.

Thoracocentesis

Thoracocentesis	is	a	quick	and	relatively	easy	method	of	
removing	air	or	fluid	from	the	pleural	space.	If	a	patient	
is	 in	 respiratory	distress	and	pleural	 effusion	or	pneu-
mothorax	 is	 suspected,	 thoracocentesis	 should	 be	 per-
formed	before	radiographs	to	optimize	patient	stability.	
Thoracocentesis	can	be	both	diagnostic	and	therapeutic.	
When	either	air	or	fluid	is	found,	the	chest	cavity	should	
be	evacuated,	which	often	eliminates	the	patient’s	respi-
ratory	distress.

Indications
Patients	that	present	after	thoracic	trauma	such	as	after	
being	hit	by	a	car,	sustaining	bite	wounds,	or	falling	from	
a	 height	 may	 develop	 pneumothorax,	 so	 if	 dull	 lung	
sounds	are	auscultated	and	the	patient	is	in	respiratory	
distress,	thoracocentesis	is	indicated.	Blunt	trauma	may	
also	 cause	 a	 hemothorax,	 which	 can	 be	 diagnosed	 by	
thoracocentesis,	and,	if	severe	enough,	treated	by	thora-
cocentesis.	 If	dull	 lung	sounds	after	 trauma	are	caused	
by	a	diaphragmatic	hernia	and	displacement	of	abdomi-
nal	organs	into	the	thoracic	cavity,	gastrointestinal	con-
tents	may	be	aspirated	via	thoracocentesis.	Although	not	
ideal,	the	patient	will	require	surgery	to	repair	the	hernia,	
and	the	chest	and	abdomen	can	be	flushed	thoroughly	
at	that	time	to	remove	any	contamination.	Additionally,	
those	that	have	undergone	positive	pressure	ventilation	
have	an	 increased	 risk	 for	pneumothorax	and	warrant	
thoracocentesis	if	they	develop	signs	of	respiratory	dis-
tress,	hypoxemia,	or	poor	ventilation.	Thoracocentesis	is	
also	 useful	 for	 removal	 of	 fluid,	 both	 to	 stabilize	 the	
patient’s	 respiratory	 status	 and	 to	 obtain	 samples	 for	
analysis	for	diagnostic	purposes.	This	can	be	useful	even	
in	cases	with	small	pleural	effusions	that	are	not	causing	
significant	 clinical	 signs.	 When	 fluid	 is	 obtained,	 it	
should	be	saved	for	fluid	analysis,	and	culture	and	sen-
sitivity	if	indicated.	If	a	severe	coagulopathy	is	present,	
thoracocentesis	 is	 contraindicated	 because	 of	 the	 risk		
of	 creating	 a	 potentially	 life-threatening	 hemothorax.	
Efforts	 should	 be	 made	 to	 correct	 the	 coagulopathy	
prior	to	thoracocentesis,	if	possible.

Procedure for thoracocentesis
Thoracocentesis	 (Protocol	 30.1)	 is	 an	 essential	 skill	
because	 it	 can	 be	 both	 therapeutic	 and	 diagnostic	 for	
patients	with	pleural	space	disease.	The	required	equip-
ment	is	listed	in	Box	30.1.	Extension	tubing	is	used	when	

tapping	with	a	needle	to	prevent	movement	of	the	needle	
while	in	the	chest	as	the	three-way	stopcock	is	operated.	
A	short	over-the-needle	catheter	can	be	used	to	reduce	
the	 risk	 of	 laceration	 of	 the	 lung	 or	 blood	 vessels,	 but	
these	often	kink	once	the	stylet	is	removed,	negating	any	
benefits	 that	 they	 may	 have.	 Cardiovascularly	 sparing	
sedation	may	be	needed	depending	on	the	patient’s	sta-
bility	 and	 temperament.	 Oxygen	 supplementation	
should	be	provided	 if	 the	patient	 is	 in	 respiratory	dis-
tress.	With	an	assistant	restraining	the	animal	(prefera-
bly	in	sternal	recumbency	or	standing),	the	appropriate	
rib	space	should	be	clipped	and	aseptically	prepped.	The	
patient’s	comfort	level	often	determines	which	position	
is	best,	as	well	as	if	air	or	fluid	is	expected	to	be	aspirated.	
If	 air	 is	 expected,	 sternal	 or	 lateral	 recumbency	 work	
because	the	air	will	rise	to	the	top	of	the	chest	in	either	
position.	If	fluid	is	to	be	aspirated,	sternal	recumbency	
is	best	because	the	fluid	will	be	in	the	ventral	portion	of	
the	 pleural	 space	 and	 can	 most	 easily	 be	 reached	 with	
the	patient	in	sternal	recumbency	(or	standing).	When	
pleural	fluid	is	expected,	the	seventh	or	eighth	intercos-
tal	 space	 is	 recommended,	at	approximately	 the	costo-
chondral	 junction.	 If	 air	 is	 expected,	 a	 more	 dorsal	
approach,	about	a	 third	of	 the	way	down	 the	chest,	 in	
the	 eighth	 or	 ninth	 intercostal	 space	 is	 used	 (about	
halfway	between	the	spine	and	costochondral	junction)	
(see	 Fig.	 30.1).	 Sterile	 gloves	 should	 be	 worn	 for	 the	
insertion	of	the	appropriate	size	needle	or	butterfly	cath-
eter.	Large	dogs	may	require	a	1.5-inch	needle	to	pene-
trate	 the	 chest	 wall,	 whereas	 a	 ¾	 or	⅞-inch	 butterfly	
needle	 is	 sufficient	 for	 most	 cats	 and	 small	 dogs.	 The	
needle	 tip	 should	 be	 placed	 just	 cranial	 to	 the	 rib	 to	
avoid	intercostal	blood	vessels	and	nerves	that	are	located	
caudally,	 and	 gently	 inserted	 into	 the	 thorax	 perpen-
dicular	 to	 the	 chest	 wall	 with	 the	 bevel	 of	 the	 needle	
pointing	 up	 while	 carefully	 observing	 the	 hub	 of	 the	
needle	and	extension	tubing	for	any	signs	of	fluid.	Once	
through	the	chest	wall,	the	needle	can	be	directed	either	
dorsally	 (if	 air	 is	 expected)	 or	 ventrally	 (if	 fluid	 is	
expected)	 so	 that	 the	 needle	 is	 almost	 parallel	 to	 the	
chest	wall	(see	Figs.	30.2a–c).

If	 a	 small	 amount	 of	 frank	 blood	 is	 suddenly	 and	
unexpectedly	aspirated	from	the	thorax,	or	if	the	lungs	
can	 be	 felt	 rubbing	 against	 the	 tip	 of	 the	 needle,	 the	
procedure	 should	 be	 stopped	 and	 the	 needle	 removed	
and	 replaced	 at	 a	 slightly	 different	 location.	 If	 a	 large	
amount	of	blood	is	withdrawn	from	the	thorax,	1–2	mL	
should	 be	 placed	 in	 a	 red	 top	 tube	 to	 see	 if	 the	 blood	
clots.	Blood	from	a	hemothorax	should	not	clot	within	
the	tube,	whereas	blood	from	the	heart	or	a	blood	vessel	
should	 clot	 normally,	 providing	 there	 is	 no	 significant	
concurrent	 coagulopathy.	 If	 any	 other	 fluid	 type	 is		
seen	in	the	hub	of	the	needle,	aspiration	of	fluid	should	
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Protocol 30.1  Procedure for Thoracocentesis

Items Required
•  Clippers
•  Surgical scrub
•  Large syringe (10–60 mL)
•  Sterile gloves
•  Three-way stopcock
•  Extension tubing
•  Needle or a butterfly catheter

  Large dogs: 1.5-inch needle or even longer catheter
  Medium dogs and large cats: 1-inch needle or catheter
  Cats and small dogs: ¾- to ⅞-inch butterfly needle

•  Bowl and tubes for samples including one with EDTA and one without anticoagulant (if tapping for fluid)

Procedure
1.  Gather supplies
2.  Perform hand hygiene and don clean examination gloves.
3.  Position patient, preferably in sternal recumbency or standing. Lateral recumbency is also acceptable for pneumothorax. The 

patient’s comfort should help determine which position is used.
4.  Have assistant available to restrain patient or give sedation as needed. In many cats, a minimal restraint technique is 

preferred and generally better tolerated.
5.  Clip and aseptically prepare the appropriate rib space:

a.  If expecting fluid, the seventh or eighth intercostal space, at approximately the level of the costochondral junction.
b.  If expecting air, the eighth or ninth intercostal space approximately a third of the way down the chest (about halfway 

between the spine and costochondral junction).
6.  Perform hand hygiene and don sterile gloves.
7.  Insert the appropriate size needle or butterfly catheter slowly perpendicular to the chest wall, just cranial to the rib to avoid 

intercostal blood vessels.
8.  Once through the chest wall, the needle can be directed either dorsally (if air is expected) or ventrally (if fluid is expected) so 

that the needle is almost parallel to the chest wall.
9.  Observe hub of needle for any signs of fluid.

a.  If small amount of frank blood is aspirated suddenly or unexpectedly or if lungs can be felt rubbing against needle, it 
should be removed and replaced at a slightly different location.

b.  If large amount of blood is obtained, place 1–2 mL in a blood collection tube that does not contain anticoagulant, to 
evaluate for clotting.

c.  Blood from hemothorax should not clot; blood from the heart or a blood vessel should clot normally, if patient does not 
have a significant coagulopathy.

d.  For any other fluid, aspiration should continue until no more can be removed.
10.  Directing the needle ventrally, rolling the patient slightly to the side that thoracocentesis is being performed, and re-

aspirating from a more ventral location can facilitate removal of as much fluid as possible.
a.  Fluid is saved for fluid analysis, cytology, and possibly culture.

11.  Aspiration of air will turn the tubing a slightly foggy white color as the warm, humid air from the thoracic cavity encounters 
the room temperature tubing.

12.  Aspirate until negative pressure is reached.
a.  If negative pressure is never obtained, a tension pneumothorax may be present, and chest tubes with continuous suction 

are needed (see section on thoracostomy tube placement).

continue	 until	 no	 more	 fluid	 can	 be	 removed.	 If	 the	
patient	will	 tolerate	 it,	 the	needle	can	be	directed	ven-
trally	while	the	patient	is	rolled	slightly	to	the	side	that	
thoracocentesis	 is	 being	 performed,	 and	 re-aspirating	
from	a	more	ventral	location	can	facilitate	removal	of	as	
much	 fluid	 as	 possible.	 Any	 fluid	 obtained	 should	 be	

saved	for	fluid	analysis,	cytology,	and	possibly	culture.	If	
air	is	aspirated	from	the	thorax,	it	usually	turns	the	but-
terfly	 tubing	 a	 slightly	 foggy	 white	 color	 as	 the	 warm,	
humid	air	from	the	thoracic	cavity	encounters	the	room	
temperature	 tubing	 and	 condensation	 occurs.	 If	 air	 is	
aspirated,	continue	aspiration	until	negative	pressure	is	
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Figure 30.1 Schematic  showing  thoracocentesis  in  a  dog  in 
sternal  recumbency  using  a  butterfly  catheter.  The  needle  is 
inserted in the eighth intercostal space.

Figure 30.2 (a) Equipment for thoracocentesis using a 1-inch, 22-gauge needle; an extension set; a three-way stopcock; and a syringe. 
(b) Thoracocentesis in a bearded collie that presented with a spontaneous pneumothorax. Note that the ninth intercostal space is being 
tapped, a  third of  the way down the chest  (about halfway between the spine and costochondral  junction) because air  is expected.  
(c) Close-up of thoracocentesis in the bearded collie. The needle is inserted with the bevel of the needle up.

(a) (b) (c)

Box 30.1  Equipment for thoracocentesis

•  Clippers
•  Surgical scrub
•  Large syringe (10–60 mL)
•  Three-way stopcock
•  Extension tubing and a needle or a butterfly catheter
•  Bowl and tubes for samples including one with EDTA and 

one without anticoagulant (if tapping for fluid)

reached.	If	negative	pressure	is	never	obtained,	a	tension	
pneumothorax	 may	 be	 present,	 and	 placement	 of	 a		
chest	tube(s)	with	application	of	continuous	suction	is		
recommended.	 Thoracocentesis	 is	 relatively	 quick	 (<5	
minutes),	although	it	can	be	prolonged	if	a	large	amount	
of	fluid	or	air	needs	to	be	removed	or	if	the	effusion	has	
a	lot	of	fibrin	or	is	very	pocketed.

Complications
Complications	of	thoracocentesis	can	include	iatrogenic	
pneumothorax	from	lung	laceration,	intrathoracic	hem-
orrhage	from	laceration	of	blood	vessels,	or	reexpansion	
pulmonary	edema	in	situations	of	chronic	pleural	effu-
sions.	Thoracocentesis	without	confirmation	of	pleural	
space	disease	with	thoracic	radiographs	risks	tapping	an	
empty	pleural	space.	Although	this	can	lead	to	iatrogenic	
pneumothorax	 or	 hemorrhage,	 these	 are	 relatively	
uncommon	 complications	 and	 usually	 self-limiting	 in	
patients	 with	 normal	 lungs.	 Severe	 pneumothorax	 is	
much	 more	 common	 after	 thoracocentesis	 in	 patients	
with	severe	chronic	pulmonary	pathology.	Acute	death	
from	the	stress	of	restraint	is	also	possible.	Appropriate	
sedation	 may	 reduce	 these	 risks,	 but	 care	 should	 be	
taken	in	choosing	drugs	with	minimal	respiratory	sup-
pression.	 After	 thoracocentesis,	 the	 patient	 should	 be	
monitored	for	reoccurrence	of	respiratory	distress	that	
may	indicate	return	of	either	air	or	fluid	to	the	pleural	
space	or	the	development	of	an	iatrogenic	pneumotho-
rax	or	hemothorax	(less	common).

Thoracostomy tube

Indications
Indications	for	a	thoracostomy	tube	(chest	tube)	include	
recurrent	 pneumothorax	 requiring	 repeated	 thoraco-
centesis,	 tension	 pneumothorax,	 pyothorax,	 rapidly	
forming	 pleural	 effusion,	 and	 postoperative	 manage-
ment	of	thoracotomy	patients.	A	tension	pneumothorax	
occurs	 as	 air	 progressively	 accumulates	 in	 the	 pleural	
space	 through	 a	 one-way	 valve	 leak	 of	 the	 lungs	 or	
airways.	 This	 leads	 to	 pressure	 atelectasis	 of	 the	 lungs	
and	 decreased	 venous	 return	 to	 the	 heart.	 A	 tension	
pneumothorax	 can	 cause	 fatal	 respiratory	 arrest	 in	
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packaged	with	stylets.	These	are	the	easiest	to	place	and	
typically	 have	 a	 radiopaque	 line	 that	 allows	 for	 easier	
visualization	on	radiographs.	Red	rubber	tubes	can	also	
be	used	but	are	more	difficult	to	place	(must	use	surgical	
technique)	and	are	more	 likely	 to	collapse.	The	size	of	
the	tube	should	be	based	on	the	size	of	the	patient	and	
if	air	or	fluid	is	expected.	Smaller	tubes	can	be	used	for	
aspiration	 of	 air.	 If	 fluid	 is	 expected	 to	 be	 aspirated	
through	the	chest	tube,	larger	sized	tubes	are	used,	but	
care	should	be	taken	not	to	place	a	tube	as	large	or	larger	
than	the	patient’s	intercostal	space	because	it	will	likely	
cause	increased	discomfort.	If	the	fluid	is	thick	or	locu-
lated,	extra	drainage	holes	can	be	made	in	the	tube	prior	
to	placement	with	a	scalpel	blade,	making	sure	the	holes	
are	less	than	50%	of	the	diameter	of	tube.	If	the	fenestra-
tions	are	more	than	50%	of	 the	diameter,	or	are	made	
too	close	together,	 there	 is	risk	of	 the	distal	portion	of	
the	tube	breaking	off	and	requiring	surgical	removal.

Two	 common	 techniques	 for	 placement	 of	 a	 thora-
costomy	tube	are	described:	noninvasive	surgical	(Pro-
tocol	 30.2)	 and	 trocar	 (Protocol	 30.3)	 methods.	 Both	
methods	require	the	same	approach.

Noninvasive surgical method

The	patient	should	be	placed	in	lateral	recumbency,	and	
the	lateral	thorax	should	be	shaved	from	just	caudal	to	
the	 scapula	 to	 the	 last	 rib	 and	 from	 dorsal	 spine	 to	
ventral	midline.	The	area	should	be	aseptically	prepared	
(Fig.	30.3a)	and	draped.	The	chest	tube	should	be	loos-
ened	from	the	stylet	if	a	stiletted	tube	is	being	used.	For	
dogs,	0.25–1.0	mL	of	0.25%	or	0.5%	bupivacaine	can	be	
injected	into	the	subcutis	and	intercostal	muscles	at	the	
planned	tube	insertion	site,	or	alternatively,	an	intercos-
tal	 nerve	 block	 can	 be	 performed	 by	 injecting	 0.25–
1.0	mL	of	0.25%	or	0.5%	bupivacaine	per	site	just	ventral	
and	 caudal	 to	 the	 transverse	 processes	 of	 the	 thoracic	
vertebrae/head	of	ribs	one	space	cranial	and	caudal,	and	
at	the	site	of	insertion.	Before	injecting,	always	aspirate	
back	 into	 the	 syringe	 to	 determine	 that	 the	 needle	 is		
not	in	an	artery	or	vein.	The	total	dose	of	bupivacaine	
should	 not	 exceed	 3	mg/kg.	 Small	 dogs	 should	 receive	
0.25	mL/site,	 medium-size	 dogs	 0.5	mL/site,	 and	 large	
dogs	1.0	mL/site.3

For	the	surgical	technique,	a	small	stab	incision	should	
be	made	in	the	skin	over	the	highest	point	of	the	thorax	
at	 intercostal	 space	 9–10	 (about	 halfway	 between	 the	
spine	and	costochondral	junction).	The	skin	should	be	
stretched	forward	by	an	assistant	(Figs.	30.3a	and	b)	to	
allow	the	chest	tube	to	be	placed	in	intercostal	space	7–8,	
causing	a	tunnel	under	the	skin	of	two	to	three	intercos-
tal	spaces.	Blunt	dissection	with	hemostats	through	the	
intercostal	muscles	and	parietal	pleura	 is	used	to	enter	

seconds	 to	 minutes.	 If	 a	 tension	 pneumothorax	 is	
present,	 thoracocentesis	 and	 chest	 tube	 placement	
should	 be	 performed	 immediately.	 The	 other	 indica-
tions	 for	 chest	 tube	 placement	 usually	 allow	 a	 more	
relaxed,	less	emergent	approach	to	placement.

Thoracostomy	 tube	 placement	 allows	 for	 either	 fre-
quent	 intermittent	 evacuation	 of	 the	 pleural	 space	 or	
continuous	evacuation	of	 the	chest	 if	attached	 to	con-
tinuous	suction.	Similar	to	thoracocentesis,	a	major	con-
traindication	 for	 thoracostomy	 tube	 placement	 is	 a	
severe	coagulopathy,	which	should	be	corrected	prior	to	
placement	of	a	thoracostomy	tube,	if	possible.

Chest	tubes	should	be	placed	under	cardiovascularly	
sparing	 sedation	 or	 intubation	 and	 general	 anesthesia.	
If	the	patient	is	unstable,	 it	should	be	intubated	so	the	
airway	 is	 controlled.	 The	 patient’s	 oxygenation	 should	
be	monitored	with	pulse	oximetry	during	placement.

Positive	pressure	ventilation	worsens	a	 closed	pneu-
mothorax,	so	if	the	patient	requires	ventilation,	the	chest	
cavity	should	be	evacuated	while	preparing	for	the	pro-
cedure,	either	with	continuous	thoracocentesis	or	via	an	
open	 pneumothorax.	 An	 open	 pneumothorax	 may	 be	
created	 by	 inserting	 a	 catheter	 into	 the	 thoracic	 cavity	
or	 a	 mini	 thoracotomy.	 If	 a	 tension	 pneumothorax	 is	
present,	continuous	evacuation	of	the	pleural	space	via	
thoracocentesis	will	be	needed	until	the	tube	is	in	place.

Thoracostomy tube placement
Box	 30.2	 lists	 the	 equipment	 needed	 for	 chest	 tube	
placement.	To	secure	the	connections	of	the	chest	tube,	
catheter	adapter,	and	three-way	stopcock,	20-g	orthope-
dic	 wire	 or	 zip	 ties	 may	 be	 used.	 Bandaging	 material	
should	also	be	available.

There	are	a	variety	of	commercially	available	 thora-
costomy	 tubes	 made	 of	 silicone	 or	 polyvinyl	 that	 are	

Box 30.2  Equipment for thoracostomy tube placement

•  Clippers
•  Surgical scrub
•  Surgical blade
•  Local anesthetic
•  Small surgical pack
•  Suture material
•  An assistant (if possible)
•  Thoracostomy tube
•  Catheter adapter (or Christmas tree adapter)
•  Chest tube clamp
•  Three-way stopcock
•  Injection caps
•  20-g orthopedic wire or zip ties to secure connections
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Protocol 30.2  Noninvasive surgical method of chest tube placement

Items Required
•  Clippers
•  Surgical scrub
•  Surgical blade
•  Local anesthetic
•  Small surgical pack
•  Suture material
•  An assistant (if possible)
•  Thoracostomy tube
•  Catheter adapter (or Christmas tree adapter)
•  Chest tube clamp
•  Three-way stopcock
•  Injection caps
•  20-g orthopedic wire or zip ties to secure connections

Procedure
1.  Gather supplies
2.  General anesthesia or sedation. General anesthesia allows for more control of patient’s respiratory function and is preferred.
3.  Place patient in lateral recumbency.
4.  Clip the lateral thorax from just caudal to the scapula to the last rib and from dorsal spine to ventral midline.
5.  Aseptically prepare.
6.  Perform hand hygiene and don sterile gloves.
7.  Drape the area.
8.  Loosen stylet from chest tube. Extra holes can be carefully made in the chest tube to aid drainage if fluid is present in pleural 

space. The holes are made with a scalpel blade and should not exceed 50% of the diameter of tube to prevent tube breakage 
within the thoracic cavity.

9.  Make a small stab incision in the skin over the widest point of the thorax when the patient is in lateral recumbency at 
intercostal space 9–10 (about halfway between the spine and costochondral junction).

10.  Pull the skin cranially (assistant) to create tunnel and allow the chest tube to be placed in intercostal space 7–8.
11.  For dogs, 0.25–1.0 mL of 0.25% or 0.5% bupivacaine (maximum total dose of 3 mg/kg) can be injected into the subcutis and 

intercostal muscles at the planned tube insertion site. Alternately, an intercostal nerve block can be performed by injecting 
0.25–1.0 mL of 0.25% or 0.5% bupivacaine per site just ventral and caudal to the transverse processes of the thoracic 
vertebrae/head of ribs one space cranial and caudal, and at the site of insertion. Before injecting, always aspirate back into 
the syringe to determine that the needle is not in an artery or vein. Small dogs should receive 0.25 mL/site, medium dogs 
0.5 mL/site, and large dogs 1.0 mL/site.3

12.  Bluntly dissect into the pleural space using hemostats, and then spread them wide enough to allow the tube to be passed 
through the hole created. Insert the tube and stylet into the pleural space and advance cranio-ventrally 1–2 inches, holding 
the tube parallel to the thoracic wall. The tube should then be fed off the stylet cranio-ventrally. Tubes without trochars can 
also be placed using this technique.

13.  Stop positive pressure ventilation while inserting the tube, to allow lungs to deflate and decrease risk of trauma to lungs.
14.  Assess placement of the tube by using the stylet to measure the distance the tube has been advanced within the thorax.
15.  Connect the tube to a three-way stopcock and injection caps or a pleural drainage system.
16.  As soon as the tube is in place, aspirate the air or fluid present.
17.  Once finished aspirating, place chest tube clamp on tube.
18.  Secure to the skin with a purse-string suture around the tube at the entry site and a Chinese finger trap suture pattern.
19.  Place sterile dressing and light bandage.
20.  Secure tube connection with orthopedic wire or zip ties.
21.  Perform thoracic radiographs (two orthogonal views) to check tube(s) placement.
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times,	finally	tying	off	the	suture.	This	allows	the	suture	
to	climb	the	tube	in	a	crisscross	pattern.	The	tube	is	then	
connected	via	an	adapter	piece	to	a	three-way	stopcock	
with	injection	caps	and	clamped	with	a	chest	tube	clamp	
or	connected	to	a	pleural	drainage	system	for	continuous	
suction	(see	Figs.	30.3a–g).	The	 tube	 is	 covered	with	a	
sterile	dressing	and	light	bandage.	Both	lateral	and	ven-
trodorsal	 or	 dorsoventral	 thoracic	 radiographs	 should	
be	taken	to	confirm	the	cranial	and	ventral	position	of	
the	tube(s)	(see	Figs.	30.4a	and	b).

Trocar method

The	trocar	technique	is	an	alternative	technique	that	is	
more	rapid	but	also	has	more	risk	of	complications.	This	
method	requires	the	same	initial	approach	as	the	surgi-
cal	method	in	that	it	begins	with	a	stab	incision	through	
only	 the	 skin	 over	 the	 widest	 point	 (about	 halfway	
between	 the	 spine	 and	 costochondral	 junction)	 of	 the	
thorax	 when	 the	 patient	 is	 in	 lateral	 recumbency	 at	
intercostal	space	9–10.	The	tube	is	then	tunneled	subcu-
taneously	two	rib	spaces	cranial	to	the	skin	incision.	The	
tube	is	then	positioned	perpendicular	to	the	chest	wall	
and	grasped	tightly,	in	the	surgeon’s	fist,	so	that	only	an	
additional	 1–2	 inches	 of	 the	 tube	 will	 be	 available	 to	

the	 thorax	 (Fig.	 30.3c).	 Then,	 without	 removing	 the	
hemostats,	 the	 tip	 of	 the	 chest	 tube	 is	 placed	 into	 the	
thorax	 at	 a	 right	 angle	 to	 the	 chest	 wall	 (Fig.	 30.3d).	
During	this	part	of	the	procedure,	the	anesthetist	should	
cease	 positive	 pressure	 ventilation	 to	 allow	 lung	 defla-
tion,	 therefore	 decreasing	 the	 chance	 of	 iatrogenic	
trauma	to	the	lungs.	Then	the	end	of	the	tube	is	lowered	
to	decrease	the	angle	of	insertion	and	allow	the	tube	to	
be	placed	along	the	inside	of	the	thoracic	wall,	and	the	
tube	and	stylet	are	advanced	in	a	cranio-ventral	direction	
as	the	tube	is	fed	off	the	stylet	(Fig.	30.3e).	The	tube	is	
generally	advanced	toward	the	thoracic	inlet.	Placement	
of	the	tube	can	be	assessed	using	the	stylet	to	measure	
the	distance	that	the	tube	has	been	advanced	within	the	
thorax,	or	if	using	a	red	rubber	catheter,	by	using	another	
catheter	of	 the	 same	 size.	The	 tube	 is	 sutured	 in	place	
with	a	purse-string	around	 the	base	of	 the	 tube	and	a	
Chinese	finger	trap	(Fig.	30.3f).	This	suture	pattern	helps	
prevent	the	tube	from	slipping	out	of	the	thoracic	cavity	
by	tightening	if	the	tube	is	pulled.	This	is	accomplished	
by	first	suturing	with	a	single	knot	to	the	patient’s	skin	
just	cranial	to	the	purse-string	suture,	leaving	both	ends	
of	 the	 suture	 long,	 and	 then	 crossing	 the	 ends	 of	 the	
suture	beneath	the	chest	tube,	making	a	single	throw	on	
top	 of	 the	 tube,	 then	 repeating	 this	 pattern	 five	 to	 six	

Protocol 30.3  Trocar method of chest tube placement

Items Required
See the supplies required in Protocol 30.2.

Procedure
1.  Gather supplies
2.  Provide sedation or anesthesia if possible.
3.  Initial preparation as previously described (Protocol 30.2).
4.  Incise just the skin, tunnel the tube subcutaneously two to three rib spaces, and then position it perpendicular to the chest 

wall and grasp in a tight fist to only allow 1–2 inches of the tube to penetrate the chest (to prevent iatrogenic trauma from 
the tube penetrating too deeply).

5.  Bluntly strike the top of the tube with the palm of other hand, popping the tube through into pleural space.
6.  Lower the tube, decreasing the angle of insertion as the tube is advanced slightly. Once an additional 1–2 inches of the tube 

and stylet are in the chest, the tube is slid off the stylet, directing it cranially and ventrally.
7.  Assess placement of the tube by using the stylet to measure the distance the tube has been advanced within the thorax.
8.  Connect the tube via an adapter piece to a three-way stopcock and injection caps or a pleural drainage system.
9.  As soon as the tube is in place, aspirate the air or fluid present.

10.  Once finished aspirating, place chest tube clamp on tube.
11.  Secure to the skin with a purse-string suture around the tube at the entry site and a Chinese finger trap suture pattern.
12.  Place sterile dressing and light bandage.
13.  Secure tube connection with orthopedic wire or zip ties.
14.  Perform thoracic radiographs (two orthogonal views) to check tube(s) placement.
15.  This is a very rapid placement technique but is not recommended unless in an emergency situation with no other options, 

due to increased risk of iatrogenic trauma
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(a) (b)

(c) (d)

Figure 30.3 (a) A bearded collie is anesthetized, placed in lateral recumbency, and has had the lateral chest clipped and aseptically 
prepared in preparation for thoracostomy tube placement. (b) An assistant pulls the skin cranially to create the subcutaneous tunnel 
for the thoracostomy tube. (c) The chest is draped, and an incision approximately 1 cm in length is made between the 9th and 10th 
ribs, approximately a third of the way down the chest. (d) Carmalt clamps are used to bluntly dissect through the chest wall. Carmalt 
clamps were chosen because of the size of this patient. (e) The thoracostomy tube is inserted into the chest between the jaws of the 
Carmalt. (f) The thoracostomy tube is introduced into the pleural space while still on the trocar, angled to become more parallel with 
the chest wall, advanced several centimeters, and then the tube is fed off the stylet. (g) The thoracostomy tube is secured with a purse 
string suture around the tube and then a Chinese finger trap pattern to prevent the tube from slipping.

penetrate	into	the	thoracic	cavity.	The	top	of	the	tube	is	
struck	bluntly	with	the	palm	of	other	hand,	popping	the	
tube	 through	 intercostal	 musculature	 and	 the	 pleura,	
into	the	chest	cavity.	The	tube	is	then	lowered,	decreas-
ing	the	angle	of	insertion	as	the	tube	is	advanced	slightly.	
Once	1–2	inches	of	the	tube	and	stylet	are	in	the	chest,	
the	 tube	 is	 slid	off	 the	 stylet,	directing	 it	 cranially	 and	
ventrally.	 The	 tube	 is	 then	 connected	 and	 secured	 as	
described	earlier	for	surgical	placement.

Complications	 that	 can	 occur	 with	 the	 trocar	 tech-
nique	include	impaling	the	heart	or	lungs	with	the	tube	
(especially	if	the	hand	at	the	distal	end	of	the	tube	slips),	
pulmonary	contusions,	and	placement	of	the	tube	into	
the	 abdominal	 cavity.	 This	 technique	 is	 generally	 not	
used	unless	 it	 is	an	emergency	situation	with	no	other	

options,	 and	 it	 is	 never	 recommended	 in	 cats	 due	 to	
their	more	compliant	chest	walls.	With	either	method	of	
placement,	 pain	 management	 is	 very	 important	 for	
patients	with	chest	tubes.	See	the	section	on	pain	man-
agement	later	in	this	chapter.

Thoracostomy tube maintenance
Management	of	a	 thoracostomy	tube	requires	24-hour	
monitoring	 because	 of	 the	 risk	 of	 tube	 detachment,	
which	could	create	a	fatal	open	pneumothorax.	The	tube	
should	be	capped	with	a	three-way	stopcock	fitted	with	
injection	 caps.	 The	 three	 way	 stopcock	 must	 be	 posi-
tioned	“off”	 to	 the	patient	when	not	 in	use.	The	chest	
tube	 itself	 should	 also	 be	 clamped	 using	 a	 chest	 tube	
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(e) (f)

(g) (h)

Figure 30.3 (continued)

clamp	in	the	event	that	the	three-way	stopcock	becomes	
detached	 from	 the	 chest	 tube	 (Fig.	 30.5).	 The	 tube	
should	 be	 removed	 as	 soon	 as	 possible	 to	 reduce	 dis-
comfort	and	the	risk	of	nosocomial	infection.	The	chest	
tube	 should	 also	 be	 checked	 daily	 for	 any	 evidence	 of	
migration.

Strict	 aseptic	 technique	 must	 always	 be	 practiced	
whenever	handling	the	thoracostomy	tube	and	evaluat-
ing	the	tube	insertion	site.	The	prophylactic	use	of	anti-
biotics	 is	 not	 recommended.4	 The	 thoracostomy	 tube	
insertion	site	should	be	evaluated	at	least	once	daily	for	
any	signs	of	inflammation	or	infection	including	redness,	
pain,	 heat,	 swelling,	 subcutaneous	 emphysema,	 and/or	
purulent	 discharge.	 The	 integrity	 of	 the	 purse	 string,	
Chinese	finger	trap,	and	any	sutures	used	to	fix	the	tho-
racostomy	tube	to	the	body	wall	should	also	be	noted.	
The	 presence	 of	 subcutaneous	 emphysema	 or	 seroma	
formation	 around	 the	 insertion	 site	 should	 be	 docu-
mented	 in	 the	 patient’s	 medical	 record.	 An	 increasing	
amount	 of	 subcutaneous	 emphysema	 or	 an	 enlarging	

seroma	 may	 indicate	 that	 the	 chest	 tube	 has	 migrated	
out	of	the	pleural	space.	The	chest	tube	may	be	secured	
to	the	patient	in	a	variety	of	ways	such	as	wrapping	the	
chest	tube	with	bandage	material,	using	a	stockinette,	or	
using	1-inch	white	tape	to	make	butterfly	tags	that	can	
be	sutured	to	the	patient’s	skin	to	help	prevent	acciden-
tal	 removal	 of	 the	 tube.	 Additionally,	 an	 Elizabethan	
collar	 may	 be	 necessary	 to	 prevent	 the	 patient	 from	
removing	the	chest	tube.	The	condition	of	the	chest	tube	
bandage	should	be	monitored	several	times	throughout	
the	 day	 for	 strikethrough.	 Soiled	 or	 damp	 bandages	
should	be	changed	immediately.	Failure	to	remove	damp	
bandage	material	may	allow	bacteria	from	the	patient’s	
surroundings	 to	 wick	 through	 the	 bandage	 material	
toward	the	thoracostomy	tube	insertion	site.	The	pleural	
space	 may	 be	 evacuated	 either	 by	 continuous	 suction	
drainage	or	intermittent	manual	evacuation.	In	general,	
if	 continuous	 suction	 is	 not	 being	 used,	 the	 thoracos-
tomy	 tube	 should	 be	 manually	 evacuated	 every	 4–6	
hours.	Each	time	the	tube	is	aspirated,	the	pleural	space	
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Figure 30.5 Use  of  orthopedic  wire  to  secure  thoracostomy 
tube, clamp,  three-way stopcock, and  injection caps  to prevent 
accidental uncapping and iatrogenic pneumothorax.

Figure 30.4 (a)  Lateral  radiograph  of  a  cat  with  pyothorax  to  check  placement  of  bilateral  thoracostomy  tubes.  (b)  Ventrodorsal 
radiograph of the same cat. Both views are needed to confirm correct placement. Note the left thoracostomy tube enters the chest too 
cranially (solid white arrows show where tubes enter thoracic cavity), at the fourth intercostal space, and it has one fenestration outside 
the pleural space (striped arrow). This tube should be repositioned.

(a) (b)

should	be	evacuated	until	negative	pressure	is	obtained,	
except	 in	 patients	 in	 which	 reexpansion	 pulmonary	
edema	is	a	concern.	This	 is	most	commonly	a	concern	
in	 cases	 that	have	had	prolonged	pleural	 space	disease	
such	 as	 a	 postoperative	 chronic	 diaphragmatic	 hernia	

patient.	 In	these	cases,	 the	pleural	space	should	not	be	
fully	 evacuated	 initially,	 allowing	 the	 lungs	 to	 reinflate	
gradually	 and	 reducing	 the	 risk	 of	 pulmonary	 edema.	
Depending	on	the	patient’s	disease,	the	tube	may	need	
to	be	evacuated	more	or	less	frequently.	Indications	for	
more	frequent	evacuation	of	the	patient’s	thoracostomy	
tube	 include	 increased	 respiratory	 rate	 and	 effort,	
dyspnea,	 diminished	 breath	 sounds	 on	 chest	 ausculta-
tion,	and/or	the	patient’s	posture	(i.e.,	orthopnea).

During	 evacuation	 of	 the	 chest	 tube,	 the	 tubing	
should	be	evaluated	to	ensure	that	there	are	no	leaks	in	
the	 system,	 kinks,	 or	 accumulation	 of	 fibrin	 material		
or	other	proteinaceous	material	in	the	tubing.	An	unno-
ticed	kink	or	accumulation	in	the	chest	tube	yields	nega-
tive	pressure	on	aspiration.	This	“false”	negative	pressure	
is	misleading	and	leads	to	the	incorrect	assumption	that	
the	 pleural	 space	 has	 been	 evacuated.	 If	 the	 tube	 is	
clogged,	the	tube	can	be	aseptically	flushed,	with	strict	
attention	to	aseptic	technique,	with	a	small	amount	of	
sterile	0.9%	saline	to	try	to	dislodge	the	blockage.5

A	loose	connection	within	the	evacuation	system	can	
lead	to	the	incorrect	assumption	that	the	patient	has	a	
continuous	pneumothorax	or	has	developed	a	pneumo-
thorax	 if	 this	 was	 not	 the	 patient’s	 initial	 problem.	 To	
check	 the	 chest	 tube	 for	 leaks,	 first	 all	 connections	 on	
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space	rapidly.	This	prevents	the	patient	from	developing	
respiratory	distress	between	aspirations	of	the	tube,	and	
it	also	may	aid	in	healing	of	the	lung	if	a	pneumothorax	
is	present.	In	cases	of	pneumothorax,	the	lungs	should	
be	 kept	 fully	 inflated	 to	 allow	 the	 lung	 to	 heal	 in	 its	
normal	 expanded	 position.	 Otherwise,	 each	 time	 the	
chest	 tube	 is	 aspirated,	 the	 lung	 will	 reinflate	 from	 a	
relatively	 collapsed	 position,	 which	 may	 cause	 the	 seal	
to	break	apart.	For	patients	with	pyothorax	that	are	pro-
ducing	a	large	volume	of	effusion,	continuous	drainage	
of	 the	pleural	 space	 is	 indicated	 to	reduce	 the	amount	
of	purulent	material	in	the	chest	cavity.

Continuous suction drainage systems
Active	drainage	of	the	pleural	space	can	be	accomplished	
by	connecting	the	patient	to	a	continuous	suction	source	
and	a	drainage	system.	The	various	drainage	systems	are	
based	 on	 the	 three-bottle	 system	 (Fig.	 30.6).	 In	 this	
model,	 the	 first	 bottle	 acts	 as	 a	 fluid	 trap,	 the	 second	
bottle	provides	the	underwater	seal,	and	the	third	bottle	
regulates	 the	 amount	 of	 suction	 that	 is	 applied	 to	 the	
pleural	 space.	 The	 three-bottle	 system	 is	 cumbersome	
and	can	be	difficult	to	use	because	the	bottles	are	hard	
to	transport	and	maintain	in	the	upright	position.6

For	ease	of	use,	 the	commercially	available	continu-
ous	 chest	 drainage	 systems	 combine	 the	 three-bottle	

the	chest	tube	and	three-way	stopcock	should	be	tight-
ened.	A	chest	tube	clamp	should	be	placed	on	the	chest	
tube	proximally.	If	all	connections	are	tight	and	the	chest	
tube	 is	clamped,	aspiration	should	yield	negative	pres-
sure.	 If	 air	 is	obtained	on	aspiration,	 there	 is	 a	 leak	 in	
the	system.	All	connections	should	be	rechecked,	and	the	
chest	 tube	 should	 be	 evaluated	 for	 any	 small	 holes	 or	
cracks.	 If	 repeated	 attempts	 to	 evacuate	 the	 thoracos-
tomy	tube	fail	to	yield	negative	pressure	and	a	leak	is	not	
identified	during	 inspection	of	 the	 system,	continuous	
suction	drainage	may	be	indicated.

After	manually	evacuating	a	 thoracostomy	tube	and	
achieving	negative	pressure,	the	patient’s	clinical	status	
should	 be	 reassessed.	 Any	 increase	 in	 respiratory	 rate	
and	 effort,	 orthopneic	 posture,	 or	 diminished	 lung	
sounds	on	auscultation	may	warrant	further	diagnostics	
such	as	pulse	oximetry,	arterial	blood	gas	analysis,	and/
or	thoracic	radiographs.	Radiographs	may	demonstrate	
tube	 malposition	 leading	 to	 unaspirated	 fluid	 or	 air		
in	 the	 pleural	 space	 or	 the	 presence	 of	 pulmonary		
parenchymal	 disease.	 Other	 causes	 of	 increased	 respi-
ratory	 rate	 and	 effort	 such	 as	 pain	 should	 also	 be	
considered.

The	 amount	 of	 air	 and/or	 fluid	 obtained	 from	 the	
chest	tube	should	be	monitored	daily.	The	tube	should	
be	removed	once	there	is	negative	pressure	in	the	chest	
on	several	consecutive	aspirations	or	the	fluid	obtained	
on	 aspiration	 decreases	 significantly.	 Normally,	 small	
volumes	of	fluid	(up	to	1–2	mL/kg/day)	are	generated	as	
a	result	of	the	body’s	natural	inflammatory	response	to	
a	 foreign	 object	 (thoracostomy	 tube)	 in	 the	 pleural	
space.6	 In	general,	 if	 aspiration	of	 the	 tube	yields	 little	
to	no	air	and	no	greater	than	2–4	ml/kg	of	pleural	fluid	
over	a	24-hour	period,	the	tube	can	be	removed.	If	it	is	
suspected	that	air	or	fluid	remains	 in	the	chest	despite	
repeated	 chest	 tube	 aspirations	 yielding	 negative	 pres-
sure,	 diagnostic	 imaging	 such	 as	 thoracic	 ultrasound	
(for	 fluid)	 or	 thoracic	 radiographs	 are	 indicated	 to	
determine	if	a	new	chest	tube	needs	to	be	placed	and	the	
old	chest	tube	removed.

When	 the	 thoracostomy	 tube	 is	 removed,	 it	 should		
be	 pulled	 in	 a	 rapid,	 smooth	 motion.	 Removal	 may		
be	 uncomfortable	 for	 the	 patient	 so	 analgesia	 should		
be	 considered	 before	 removing.	 The	 thoracostomy		
tube	insertion	site	should	be	left	to	heal	by	second	inten-
tion;	 no	 sutures	 are	 generally	 needed.	 The	 site	 should		
be	 covered	with	a	 light	bandage	 including	a	nonadhe-
rent	pad.5

Chest tube drainage systems

Chest	 tube	 drainage	 systems	 are	 indicated	 when	 large	
quantities	of	air	or	fluid	are	accumulating	in	the	pleural	

Figure 30.6 Schematic of a three-bottle system for continuous 
drainage of a chest  tube. The chamber on the  left accumulates 
and  measures  the  volume  of  fluid  from  the  pleural  space.  The 
middle  chamber  is  the  water  seal  to  prevent  air  from  flowing 
backward  into  the patient’s  pleural  space,  and  the  chamber  of 
the right is the suction control chamber. It is the depth of the vent 
tube  below  the  water  level  that  determines  the  amount  of 
suction.

TO
PATIENT

FLUID
TRAP

100

200

300

400

500

600

700

800

900

1000

1100

1200

1300

1400

1500

UNDERWATER
SEAL

10

15

20

25

30

SUCTION
REGULATOR Ill

us
tra

te
d 

by
 M

ich
ae

l B
eh

le

AIR VENT
TUBE

TO
SUCTION



Pleural Space Drainage  389

system	 into	 one	 compact	 plastic	 unit	 (Protocol	 30.4).	
The	 left-most	 section	 of	 the	 unit	 is	 the	 collection	
chamber.	The	patient’s	chest	tube	connects	to	the	collec-
tion	 chamber	 of	 the	 drainage	 unit	 via	 the	 included	
tubing	and	tube	adapter	in	most	cases.	If	the	chest	tube	
is	 small,	 the	 adapter	 may	 be	 too	 large	 to	 connect	 to	 it	
and	a	Christmas	tree	adapter	and	a	short	piece	of	sterile	
nonconductive	 connecting	 tubing	 (6-mm	 diameter	 is	
commonly	 used,	 available	 from	 Medline	 Industries,	
Mundelein,	 IL)	may	be	needed	 to	attach	 to	 the	 tubing	
adapter.	 Fluid	 from	 the	 chest	 tube	 collects	 in	 this	
chamber,	 which	 allows	 for	 easy	 measurement	 and	
recording	 of	 the	 amount	 of	 drainage.	 The	 middle	
chamber	of	the	chest	drainage	system	provides	the	water	
seal.	The	purpose	of	the	water	seal	is	to	allow	air	to	exit	
from	 the	pleural	 space	on	exhalation	while	preventing	
air	from	flowing	backward	through	the	tubing	and	into	
the	pleural	cavity.	It	is	recommended	that	the	water	seal	
chamber	be	filled	with	sterile	water	up	to	the	2-cm	line,	
so	a	2-cm	water	seal	is	established.	To	maintain	an	effec-
tive	seal,	it	is	important	to	keep	the	chest	drainage	unit	
upright	at	all	times	and	to	monitor	the	water	level	in	the	
water	 seal	 because	 it	 may	 evaporate.	 Bubbling	 in	 the	
water	 seal	 chamber	 is	 caused	 by	 air	 flowing	 from		
the	 tubing	 into	 the	 chamber.	 This	 can	 indicate	 air	 is	
being	removed	from	the	patient’s	pleural	space	or	that	
there	is	a	leak	in	the	system.	The	amount	of	air	bubbling	
in	this	chamber	cannot	be	quantitated	but	does	allow	a	
subjective	 evaluation	 of	 the	 amount	 of	 air	 coming	 off	
the	pleural	space.	The	right-most	chamber	of	the	unit	is	
the	suction	control	chamber.	Traditional	chest	drainage	
units	regulate	the	amount	of	suction	by	the	height	of	the	
column	 of	 water	 in	 the	 suction	 control	 chamber.	 It	 is	
important	to	remember	that	it	is	the	height	of	the	water,	
not	 the	 setting	 of	 the	 suction	 source,	 that	 limits	 the	
amount	of	suction	transmitted	to	the	pleural	cavity.	The	
recommended	height	of	water	 is	15–20	cm.5,6	The	unit	
is	then	attached	via	a	6-mm	diameter	sterile	nonconduc-
tive	connecting	tubing	to	a	suction	source	such	as	wall	
suction	or	a	portable	 suction	machine	 like	 the	Schuco	
Vac	(Allied	Healthcare	Products,	Inc.,	St.	Louis,	MO).

A	few	brand-name	units	are	commonly	used	in	criti-
cal	 care.	 Some	 examples	 include	 the	 Thora-Seal	 III	
(Kendall,	 Watertown,	 NY)	 and	 the	 Pleurovac	 (Teleflex	
Medical,	 Research	 Triangle,	 NC).	 Another	 disposable	
drainage	system	that	incorporates	suction	into	the	unit	
is	 the	 Thorovac	 (AN-50)	 (Andersen	 Products,	 Haw	
River,	NC),	which	may	be	a	good	alternative	if	no	central	
suction	is	available.

The	chest	drainage	system	must	be	kept	on	a	flat,	level	
surface.	If	the	unit	is	not	level,	it	could	disrupt	the	water	
seal.	 The	 gentle	 bubbling	 causes	 evaporation	 of	 the	
water	in	the	chambers	over	time.	It	is	necessary	to	check	

Protocol 30.4  Setting up a continuous chest drainage 
system

Items Required
•  Continuous chest drainage system (Thora-Seal III and the 

Pleurovac)
•  Christmas tree adapter
•  Short piece of sterile nonconductive connecting tubing 

(6-mm diameter)
•  Sterile water
•  Y connector (optional)
•  Suction source

Procedure
1.  Place the suction unit on a flat surface, and secure if 

needed to prevent it from falling over.
2.  Pour water into the water seal chamber to the level 

indicated on the unit, then pour water into the suction 
control chamber to the required level (usually 15-20 cm 
of water).5,6

3.  Remember, the level of water in the suction control 
chamber determines the level of suction, not the vacuum 
meter.

4.  Connect drainage tubing to the chest tube, and connect 
the suction tubing to the vacuum source, then unclamp 
the chest tube(s) to allow evacuation of the pleural 
space.

5.  Two chest tubes can be connected into one chest 
drainage system by using a Y connector (Figure 30.7) 
and a piece of 6-mm diameter sterile nonconductive 
connecting tubing.

Figure 30.7 A sterile plastic Y piece and tubing are used to 
connect bilateral chest tubes to a single drainage system.
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primary	 problem,	 small	 amounts	 of	 fluid,	 blood,	 or	
fibrin	 may	 cause	 the	 Heimlich	 valve	 to	 stick,	 so	 they	
should	only	be	used	with	constant	supervision.

Manual drainage of the thoracostomy tube
Strict	 attention	 to	 aseptic	 technique	 must	 be	 followed	
whenever	 the	 chest	 tube	 is	 handled	 or	 aspirated.	 The	
chest	 tube	 may	 be	 manually	 evacuated	 by	 attaching	 a	
chest	 tube	 adapter	 to	 a	 three-way	 stopcock.	An	 empty	
syringe	 should	 be	 attached	 to	 the	 three-way	 stopcock,	
and	the	stopcock	should	be	positioned	in	the	open	posi-
tion	to	both	the	patient	and	the	syringe.	Gentle	aspira-
tion	of	the	syringe	plunger	should	draw	air	or	fluid	from	
the	pleural	space	into	the	syringe.	The	chest	tube	should	
be	gently	aspirated	until	negative	pressure	 is	obtained.	
Once	negative	pressure	 is	obtained,	 the	patient	 should	
be	repositioned	and	the	chest	tube	reaspirated	to	deter-
mine	if	changing	the	patient’s	position	yields	any	addi-
tional	air	or	fluid	from	the	tube.	Occasionally,	there	may	
be	a	pocket	of	fluid	that	cannot	be	drained	by	the	chest	
tube	unless	the	patient	is	repositioned.

The	total	amount	of	air	and	fluid	aspirated	from	the	
chest	 tube	 should	 be	 measured	 and	 recorded	 in	 the	
patient’s	record.	Significant	changes	in	the	volume	of	air	
or	fluid	aspirated	from	the	patient’s	thoracostomy	tube	
from	one	intermittent	aspiration	to	the	next	should	be	
closely	 monitored.	 Decreasing	 amounts	 of	 air	 and/or	
fluid	may	indicate	improvement	in	the	patient’s	pleural	
space	 disease;	 conversely,	 increasing	 amounts	 of	 air	 or	
fluid	may	 indicate	a	worsening	of	 the	patient’s	pleural	
space	disease.	In	addition	to	noting	changes	in	volume	
of	 air	 and	 fluid	 aspirated	 from	 the	 pleural	 space,	 any	
gross	 changes	 in	 the	 appearance	 of	 the	 fluid	 aspirated	
(i.e.,	changes	 in	consistency	and	color	of	pleural	fluid)	
should	be	noted.	Fluid	analysis	may	be	indicated	in	the	
event	of	increasing	volumes	of	pleural	effusion,	changes	
in	 the	 appearance	 of	 the	 effusion,	 or	 before	 removing	
the	chest	tube	if	it	were	placed	to	drain	a	pyothorax.

Pain management

Indwelling	chest	tubes	can	be	very	painful;	therefore,	it	
is	important	to	provide	analgesia	to	these	patients.	Bupi-
vacaine	0.5%	(Hospira	Inc.,	Lake	Forest,	IL)	can	provide	
local	analgesia	when	administered	via	the	thoracostomy	
tube	 at	 a	 total	 dose	 of	 1.5	mg/kg	 every	 6–8	 hours	 for	
dogs.8,9	A	lower	dose	of	1	mg/kg	every	6–8	hours	is	rec-
ommended	for	cats.10,11	Cats	are	more	sensitive	to	local	
anesthetics	than	dogs	and	should	be	carefully	monitored	
if	 they	 are	 used.	 After	 injecting	 into	 the	 chest	 tubes,	
2–3	mL	of	sterile	0.9	%	NaCl	should	be	used	to	flush	the	
bupivacaine	out	of	the	tube	and	into	the	patient’s	pleural	

the	 water	 levels	 every	 few	 hours	 to	 ensure	 the	 proper	
water	 seal	 and	 suction.	 Careful	 inspection	 of	 all	 chest	
tube	 connections	 to	 the	 chest	 drainage	 system	 is	 war-
ranted	 to	 avoid	 potential	 leaks.	 The	 system	 can	 be	
checked	for	leaks	by	briefly	clamping	off	the	chest	tube	
and	watching	for	bubbling	in	the	water	seal	chamber.	If	
bubbles	 are	 still	 occurring	 in	 the	 water	 seal	 chamber	
while	 the	 chest	 tube	 is	 clamped,	 there	 is	 a	 leak	 in	 the	
system	 distal	 to	 the	 clamp.	 All	 connections	 should	 be	
checked,	and	then	the	process	should	be	repeated.

The	 chest	 drainage	 tubing	 should	 be	 checked	 for	
kinks.	Any	fluid	that	accumulates	in	the	tubing	should	
periodically	 be	 encouraged	 to	 flow	 into	 the	 collection	
chamber	by	elevating	the	tubing	(but	not	above	the	level	
of	the	chest	tube)	so	gravity	will	aid	in	its	drainage.	The	
fluid	collection	chamber	has	a	capacity	of	approximately	
2000	mL,	depending	on	the	type	of	drainage	system.	The	
fluid	 collection	 chamber	 should	 be	 monitored	 closely	
and	 emptied	 or	 replaced	 if	 it	 becomes	 filled.	 Aseptic	
technique	 should	 be	 used	 if	 the	 collection	 chamber	 is	
emptied.	 Many	 units	 do	 not	 allow	 for	 emptying,	 so	 a	
new	unit	is	required	if	the	collection	chamber	fills.	If	the	
chest	drainage	tubing	becomes	clogged	with	thick	secre-
tions,	the	chest	drainage	unit	needs	to	be	replaced.

Nonsuction drainage
A	passive	continuous	drainage	method	is	also	available.	
The	Heimlich	valve	consists	of	a	rubber	one-way	valve	
inside	 a	 plastic	 tube	 that	 connects	 to	 a	 standard	 chest	
tube.	These	units	only	allow	air	and	fluid	to	move	from	
the	chest	into	the	environment	or	collection	bag.	They	
are	 not	 recommended	 for	 animals	 lighter	 than	 15	kg	
because	 smaller	 patients	 do	 not	 generate	 sufficient	
increases	 in	 intrapleural	 pressure	 during	 exhalation	 to	
allow	the	valve	to	operate	properly.	Heimlich	valves	(Fig.	
30.8)	are	best	suited	for	removal	of	air	from	the	pleural	
space	because	fluid	may	cause	the	valve	to	stick	and	no	
longer	 function.7	 Even	 when	 a	 pneumothorax	 is	 the	

Figure 30.8 A Heimlich valve, which allows for passive continu-
ous drainage of a thoracostomy tube.
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Animal	 Health	 Supply,	 Dublin,	 OH)	 or	 a	 benzodiaze-
pine	can	be	administered	with	an	opioid	to	treat	anxiety.	
It	 is	 important	 to	 keep	 patients	 calm	 to	 prevent	 them	
from	disconnecting	the	chest	drainage	system	or	pulling	
out	the	chest	tube.	Nonsteroidals	may	also	be	used	for	
analgesia	 if	 the	 patient	 has	 no	 contraindications	 (see	
Chapter	43,	Systemic	Analgesia).

Handling samples for fluid analysis

Analysis	 of	 the	 pleural	 fluid	 may	 indicate	 whether	 the	
effusion	 is	 a	 transudate,	 modified	 transudate,	 chylous,	
exudate,	neoplastic,	or	hemorrhagic	effusion.13	A	sample	
of	the	effusion	should	be	submitted	for	fluid	analysis	to	
aid	 in	 identification	 of	 the	 disease	 process	 causing	 the	
effusion.	 Fluid	 analysis	 should	 include	 cell	 counts,	
protein	 concentration,	 and	 cytology8	 (See	 Table	 30.1).	
Fluid	should	be	submitted	for	bacterial	culture	(aerobic	
and	anaerobic)	if	bacteria	or	suppurative	inflammation	
are	 seen	 on	 cytology	 or	 an	 infectious	 process	 is	 sus-
pected.	 If	 a	 chylothorax	 is	 suspected,	 triglyceride	 con-
centrations	 of	 both	 the	 effusion	 and	 serum	 should	 be	
measured	 and	 compared.14	A	 diagnosis	 of	 chylothorax	
can	be	made	if	triglyceride	concentrations	are	greater	in	
the	effusion	and	fluid	cytology	shows	a	large	number	of	
mature	 lymphocytes.	 A	 sterile	 red	 top	 tube	 (without	

space.	If	a	single	chest	tube	is	present,	placing	the	patient	
with	the	chest	tube	side	down	after	instillation	of	bupi-
vacaine	may	allow	for	better	 local	analgesia.	The	bupi-
vacaine	 dose	 can	 be	 split	 and	 given	 via	 two	 tubes	 in	
patients	that	have	bilateral	thoracostomy	tubes.	Bupiva-
caine	should	not	be	used	in	patients	that	are	attached	to	
a	chest	drainage	unit	with	continuous	suction	because	
it	will	be	suctioned	back	out	of	the	thoracostomy	tube	
immediately	 after	 administration.	 Similarly,	 the	 thora-
costomy	tube	should	not	be	aspirated	immediately	after	
administration	 of	 a	 local	 anesthetic.	 Bupivacaine	 can	
sting	on	initial	injection	due	to	the	acidity	of	the	solu-
tion.	 Sodium	 bicarbonate	 can	 be	 used	 to	 buffer	 the		
solution	 at	 a	 dose	 of	 1	 part	 sodium	 bicarbonate	 to		
9	 parts	 bupivacaine.10	 If	 the	 total	 volume	 of	 bupiva-
caine	 or	 bupivacaine	 plus	 sodium	 bicarbonate	 is	 very	
small,	it	can	be	diluted	with	sterile	0.9%	NaCl	to	a	total	
volume	 of	 10–20	mL,	 depending	 on	 the	 size	 of	 the	
patient.	The	use	of	bupivacaine	in	animals	that	have	had	
a	pericardectomy	is	controversial	due	to	the	possibility	
of	 cardiotoxicity.12	 Injectable	 opioids	 offer	 excellent	
analgesia	but	may	be	associated	with	decreased	respira-
tory	 drive	 at	 higher	 doses	 (See	 Chapter	 43,	 Systemic	
Analgesia).	The	combination	of	opioids	and	intrapleural	
bupivacaine	 can	 provide	 excellent	 pain	 relief	 for	 most	
patients.	 A	 tranquilizer	 such	 as	 acepromazine	 (Butler	

Table 30.1 Pleural effusion types and characteristics14

Fluid Type Appearance Cell Counts (cells/µL) Protein 
Concentration (g/dL)

Triglyceride Present Cytology

Transudate Clear, pale 
yellow

<1500 <2.5 No Predominately acellular, 
occasional RBC

Modified 
transudate

Yellow or pink; 
clear to slightly 
cloudy

1500–5000 ∼3.0 No Moderately cellular, 
some RBCs, 
macrophages, and 
mesothelial cells

Chylous Milky/white; 
turbid

500–20,000 ≥3.0 Yes (triglyceride 
more than serum 
triglyceride)

Mature lymphocytes, 
neutrophils, and 
macrophages

Exudate Yellow to orange 
brown

>5000 >3.0 No Primarily 
nondegenerate to 
degenerate 
neutrophils; bacteria 
may or may not be 
present

Hemorrhagic Red Resembles 
peripheral blood

>3.0 Yes. Triglyceride level 
equal to serum 
triglyceride level

Resembles peripheral 
blood
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anticoagulant)	should	be	used	for	cell	counts,	cytology,	
and	 triglyceride	 levels.	 Hemorrhagic	 fluid	 samples	
should	be	submitted	in	a	purple-top	tube	(with	EDTA	
anticoagulant).	An	iatrogenic	hemothorax	may	result	if	
the	 needle	 used	 during	 thoracocentesis	 made	 contact	
with	the	patient’s	heart	or	a	blood	vessel.	Active	hemor-
rhage	can	be	ruled	out	by	placing	a	small	amount	of	the	
effusion	into	a	red	top	tube	or	a	tube	with	diatomaceous	
earth	and	monitoring	for	clot	formation.	If	samples	are	
to	 be	 submitted	 for	 culture,	 a	 sterile	 red	 top	 tube	 or	
anaerobic	and	aerobic	culturettes	should	be	used.
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Urethral catheterization

Janet Aldrich

Urethral catheterization means to pass a urinary cathe-
ter through the urethra into the urinary bladder. It is 
easy to learn the procedure and, with practice, to perform 
it safely and quickly. Every catheterization has risks; 
perform the procedure only when benefits outweigh 
risks.

We describe methods for catheterization of dogs and 
cats, both males and females. For female dogs we prefer 
the digital palpation technique, but we also describe 
direct visualization methods.

Indications

Indications are to alleviate urethral obstruction, empty 
the bladder, monitor urine output, get samples for anal-
ysis, and aid in diagnostic procedures and urologic 
surgery.1 Indwelling urinary catheters should not replace 
good nursing care to keep patients clean and dry. Urine 
samples for urine analysis and culture are usually better 
procured by cystocentesis or voiding.

Urinary catheters

Urinary catheters are made of materials such as silicone, 
latex, and latex-based with various coatings. Antimicro-
bial or antiseptic-impregnated and hydrophilic catheters 
are also available and might reduce infection, but more 
research is needed.2 The ideal material does not elicit 
inflammation, resists kinking, and inhibits bacterial 
adherence. In an experimental dog model, latex cathe-
ters tended to cause more inflammatory changes in ure-
thral cells than did silicone, Teflon-coated latex, and 
polyvinylchloride catheters.3 In an extensive review of 

scientific studies in humans comparing types of stan-
dard catheters (silicone, latex, hydrogel-coated latex, 
siliconized latex), no catheter was found better than 
another in reducing bacteriuria.2 Siliconized catheters 
may be less likely to cause urethral side effects in men.2 
Silicone catheters resisted kinking better than latex-
based catheters.4 Bacteria colonize indwelling urinary 
catheters and grow as biofilms embedded in a gel-like 
polysaccharide matrix. Bacteria growing in the biofilm 
are resistant to antibiotics. Biofilms in a crystalline form 
can occlude the catheter lumen. All types of catheters, 
including those coated with antimicrobials, are vulner-
able to biofilm formation.5 These characteristics are not 
well studied in dogs or cats, but catheters suitable for use 
in humans are likely acceptable for our patients as well. 
General-use catheters such as red rubber, polypropylene, 
or feeding tubes are also used. Marked bacterial adher-
ence to red rubber catheters compared with other mate-
rials has been shown.6 Its stiffness makes the 
polypropylene the easiest insert but also the least desir-
able because it can directly traumatize the urethra and, 
if left indwelling, can traumatize the bladder wall. An 
experimental study in cats showed that both polypro-
pylene and polyvinyl catheters caused inflammatory 
lesions in the urethra and bladder, but polypropylene 
caused the most lesions.7

Design
Foley-type urinary catheters have an inflation balloon at 
the distal end which, when inflated with sterile water, 
retains the catheter in the bladder. We prefer these for 
indwelling use. There are lengths suitable for both males 
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mate requirements are 3.5F or 5F for cats or small dogs, 
8F for medium dogs, and 8F or 10F for large dogs.

Length
When correctly placed, the catheter tip rests in the bladder 
near the trigone. As the patient moves or the bladder size 
changes, the catheter should remain in the bladder (not 
retract into the urethra) but should not be so far 
advanced that it contacts the cranial bladder wall.

Closed collection systems

In human medicine it is accepted practice and strongly 
recommended to connect all indwelling urinary cathe-
ters to a sterile closed urine collection system.1 Closed 
urine drainage systems facilitate aseptic emptying of the 
urine from the bag without disconnection from the 
catheter, have a check valve to prevent retrograde flow 
of urine from the bag to the bladder, and often include 
a sampling port for getting urine samples. In veterinary 
practice, urine collection systems are often created from 
available materials using a macrodrip set and a sterile 
empty fluid bag. This is considered an open system 
because when the fluid bag is filled with urine, it must 
be disconnected from the tubing and replaced with a 
new bag. The disconnection carries the risk of introduc-
ing bacteria into the system. These systems were reported 
not to be associated with the likelihood of developing 
nosocomial bacteriuria in dogs with short-term urinary 
catheterization, but the authors cautioned that asepsis 
must be maintained when changing the collection bag.8,9 
These open urine collection systems must not be con-
fused with leaving a catheter unattached to any urine 

and females (see Fig. 31.1) and sizes as small as 5F. Some 
of the smaller catheters for use in females have a stylet.

For male cats, tomcat-style urinary catheters in 3.5F 
or 5F do not have an inflation balloon and must be 
sutured in place. Some have a removable stylet. These 
catheters are either open ended (having a single opening 
at the tip) or closed ended (having openings along the 
side). The open-ended catheter allows retrograde flush-
ing of an obstructed urethra. The rounded tip of the 
closed-ended catheter might reduce urethral trauma. 
The Minnesota olive-tip urethral catheter is a 22-gauge 
metal catheter with an olive-shaped open-ended tip. It 
is inserted into the distal urethra of an obstructed male 
cat to assist in retropulsion of debris from the urethra 
into the bladder.

Stylets
A stylet can make it easier to advance a catheter, espe-
cially one of small diameter. However, it can cause 
mucosal trauma or even rupture of the urethra because 
it allows excessively vigorous efforts to advance the cath-
eter. Also, a stylet can be dislodged during placement 
attempts such that it exits through a side hole in the 
catheter, thus preventing passage of the catheter into the 
urethra and traumatizing the mucosa with the exposed 
stylet tip (see Fig. 31.2). Use a stylet only with proper 
caution. Make sure the stylet is properly positioned 
before attempting insertion. With practice and a good 
technique, most catheters can be placed without a stylet.

Diameter
We recommend using the smallest diameter catheter 
that will achieve good urine flow and not kink. Approxi-

Figure 31.1 Foley catheter in lengths for females (above) and 
males (below).

Figure 31.2 Stylet protruding from side hole of the catheter.
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The risk of infection is reduced by proper patient 
selection, aseptic practices by trained caregivers in  
insertion and maintenance of indwelling catheters  
and collection systems, and using indwelling catheters 
for the shortest time possible. The known risk of 
catheter-associated urinary tract infections should  
be considered in patient management after catheter 
removal.

Protocols
Based on our experience and informed by the CDC 2009 
guidelines1 for prevention of catheter-associated urinary 
tract infections in humans, we use and recommend the 
following protocols.

1. Ensure that only properly trained caregivers who 
know the correct aseptic techniques perform cath-
eter insertion and maintenance.

2. Perform hand hygiene before and after insertion or 
manipulation of catheter or collection system.

3. Use sterile gloves, drape, and sterile lubrication for 
insertion.

4. Follow a protocol (preferably written) for catheter 
insertion and indwelling catheter care to assure 
consistency in using good technique between 
caregivers.

5. Use the smallest bore, softest catheter possible con-
sistent with good drainage to minimize urethral 
and bladder trauma.

6. Secure indwelling catheters to prevent movement 
and urethral traction.

7. Attach all indwelling catheters to a closed sterile 
collection system. If breaks in aseptic technique 
occur, replace the catheter and collection system.

8. For indwelling catheters attached to a sterile col-
lection system, maintain unobstructed flow, keep 
the catheter and collecting tubes from kinking, and 
keep the collecting bag lower than the bladder to 
prevent retrograde urine flow. For closed systems, 
empty the collecting bag regularly using a clean 
container, avoid splashing, and prevent contact of 
the collecting bag drainage tube with the collecting 
container. For open systems, follow aseptic tech-
nique when breaking the line to replace the urine 
collection bag. Use sterile gloves and gowns as 
needed for aseptic technique and for protection of 
caregivers if public health considerations are 
present.

9. Do not change indwelling catheters and drainage 
bags at fixed intervals but rather based on clinical 
indications such as infection, obstruction, or com-
promise of the closed collection system.

collection system, referred to as an open catheter. Thirty 
years ago, it was common practice to treat urethral 
obstruction in male cats by placing an indwelling urinary 
catheter and not attaching a urine collection system but 
instead leaving the catheter open to the environment. An 
experimental study in cats with these open indwelling 
catheters showed that 20 of 36 developed bacteriuria.10 
We recommend all indwelling catheters be attached to a 
sterile urine collection system. If an open urine collec-
tion system using a sterile empty fluid bag as the reser-
voir is used, it is essential to maintain sterility in setting 
up and maintaining the system. The purpose-specific 
closed urine collection systems have advantages as previ-
ously discussed.

Aseptic practice for placement and 
maintenance

Infection is a complication of urinary catheterization. 
Bacteria might be introduced into the bladder during 
catheterization or while maintaining an indwelling 
system. Organisms can ascend into the bladder from the 
catheter insertion site or through the catheter lumen 
from the collection system. In humans, urinary tract 
infection is the most common hospital-acquired infec-
tion, and indwelling urinary catheters are the major 
associated cause.2 Onetime urinary catheterization in 
healthy dogs resulted in catheter-associated urinary 
tract infection in 20% of female dogs and none of the 
males.11 Hospitalized dogs and cats12,13 or in dogs8,14–17 
with indwelling urinary catheters developed catheter-
associated urinary tract infection at a rate from 52%  
to 10%. Increasing duration of indwelling urinary cath-
eterization increased the risk of catheter-associated 
urinary tract infection.14,16,17 In the studies with the 
lowest catheter-associated urinary tract infection, the 
authors speculated that their use of a strict proto-
col to maintain asepsis during insertion and main-
tenance of indwelling catheters contributed to the lower  
rate.8,14 Those protocols are the ones recommended 
here.

Antibiotic treatment of patients with indwelling 
urinary catheters is variously reported to increase,16 
decrease,14 or not affect17 the development of a urinary 
tract infection. In human medicine, the Centers for 
Disease Control and Prevention (CDC) strongly recom-
mends not using systemic antimicrobials routinely to 
prevent catheter-associated urinary tract infections 
either with short-term or long-term catheterization.1 
The available evidence does not support administering 
prophylactic antibiotics for an indwelling urinary cath-
eter but does not preclude administering them for other 
purposes.
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Sedation
Sedation is usually needed for cats, not usually for dogs. 
However, patient compliance is important to success, 
and therefore sedation or anesthesia should be provided 
as indicated.

10. Do not irrigate the bladder or collection system 
with antiseptics or antimicrobials without specific 
indication.

11. Use good nursing care to minimize contamination 
of the catheter and periurethral area from contact 
with soiled hospital surfaces, wound discharges, or 
feces.

Catheter placement
Catheter placement must be according to good aseptic 
practice taking into consideration the patient, environ-
ment, operator, and equipment. Assemble the material 
for placement before beginning the procedure (Protocol 
31.1). The procedure varies according to species and 
gender. A summary of the steps is provided for female 
dog or cat (Protocol 31.2), male dog (Protocol 31.3) and 
male cat (Protocol 31.4).

Catheter selection
Measure from the vulva or prepuce to the bladder to 
determine the length of catheter needed. The bladder 
can be located by palpation or estimated to be just 
cranial to the pubis. Alternatively, estimate the bladder 
position as the cranial aspect of the proximal femur with 
the patient in lateral recumbency and the limb in neutral 
position. Select the softest, smallest diameter catheter 
that will serve the purpose.

Protocol 31.1 Preparation of materials for urinary catheter 
placement

Items Required
• Urinary catheter in sterile wrap.
• If using Foley catheter: sterile syringe containing sterile 

water for balloon inflation
• If catheter will be indwelling: sterile urinary collection 

system, cable ties
• Sterile barrier drape
• Sterile gloves
• Examination gloves
• Clean gauze pads soaked in chlorhexidine (or other 

surgical) scrub
• Clean gauze pads soaked in water to rinse off the scrub
• 0.05% chlorhexidine solution
• Sterile syringe to use to flush with chlorhexidine solution
• Sterile lubricant
• For females: sterile 2% lidocaine jelly and sterile syringe 

for injecting jelly into vestibule
• Clippers
• Tape
• If catheter will be indwelling: suture material, instruments, 

and cable ties for securing catheter and collection system

Protocol 31.2 Patient preparation and urinary catheter 
placement using digital technique in female dog or cat

Items Required
• See Protocol 31.1 for appropriate supplies

Procedure
1. Ensure that only properly trained caregivers perform 

catheter insertion and that sterility is maintained 
throughout.

2. Sedate patient if indicated.
3. Position the patient.
4. Determine the length of catheter needed to reach the 

bladder by measurement on the patient.
5. Clip hair to maintain an adequate hair-free zone 

adjacent to the vulva.
6. Perform hand hygiene and don clean examination gloves.
7. Wash off visible dirt.
8. Perform surgical scrub of the skin surrounding the 

vulva; rinse off the scrub with water.
9. Flush the vulva and vestibule five times with 0.05% 

chlorhexidine solution.
10. Instill sterile 2% lidocaine jelly into the vestibule.
11. Operator dons sterile gloves.
12. Position barrier drape to provide adequate sterile field.
13. Remove catheter from sterile wrap.
14. If the catheter has a stylet, verify that it is in the correct 

location.
15. If using Foley catheter, test the balloon.
16. Sterilely mark the catheter or otherwise indicate the 

length needed to reach the bladder.
17. Lubricate the end of the catheter.
18. Lubricate the operator’s gloved palpating finger.
19. Insert the gloved palpating finger between the labia of 

the vulva.
20. If patient size permits, advance the finger to palpate 

the urethral papilla.
21. If patient size does not permit advancing, leave the 

finger between the labia of the vulva.
22. Insert the catheter ventral to the finger and advance 

into the urethra and bladder.
23. If urine is not obtained, verify the proper placement of 

the catheter in the bladder or reposition if needed.
24. Withdraw the palpating finger without disturbing the 

placement of the catheter.
25. Inflate the Foley balloon if using a Foley catheter.
26. If the catheter is to be indwelling, attach a sterile 

collection system; secure the catheter and the collection 
system to prevent urethral traction and catheter 
movement.
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Protocol 31.3 Patient preparation and urinary catheter placement in male dog

Items Required
• See Protocol 31.1 for appropriate supplies

Procedure
1. Ensure that only properly trained caregivers perform catheter insertion and that sterility is maintained throughout.
2. Position the patient.
3. Determine the length of catheter needed to reach the bladder by measurement on the patient.
4. Clip hair to maintain an adequate hair-free zone adjacent to the opening of the prepuce.
5. Perform hand hygiene and don clean examination gloves.
6. Wash off visible dirt.
7. Perform surgical scrub of the skin surrounding the prepuce; rinse off the scrub with water.
8. Flush the prepuce five times with 0.05% chlorhexidine solution.
9. Assistant extrudes the penis and maintains it in that position until catheter is placed.

10. Perform surgical prep of the extruded penis with 0.05% chlorhexidine solution.
11. Operator dons sterile gloves.
12. Position barrier drape to provide adequate sterile field.
13. Remove catheter from sterile wrap.
14. If using Foley catheter, test the balloon.
15. Sterilely mark the catheter or otherwise indicate the length needed to reach the bladder.
16. Lubricate the end of the catheter.
17. Insert the catheter into the penis and advance it into the bladder.
18. Verify correct position of catheter in the bladder, and reposition if needed.
19. Inflate the Foley balloon if using a Foley catheter.
20. If the catheter is to be indwelling, attach a sterile collection system; secure the catheter and the collection system to prevent 

urethral traction and catheter movement.

Protocol 31.4 Patient preparation and urinary catheter placement in male cat

Items Required
• See Protocol 31.1 for appropriate supplies

Procedure
1. Ensure that only properly trained caregivers perform catheter insertion and that sterility is maintained throughout.
2. Sedate the patient if indicated.
3. Position the patient.
4. Determine the length of catheter needed to reach the bladder by measurement on the patient.
5. Clip hair to maintain an adequate hair-free zone adjacent to the opening of the prepuce.
6. Perform hand hygiene and don clean examination gloves.
7. Wash off visible dirt.
8. Perform surgical scrub of the skin surrounding the prepuce; rinse off the scrub with water.
9. Flush the prepuce five times with 0.05% chlorhexidine solution.

10. Have an assistant extrude the penis and maintain it in that position until catheter is placed.
11. Perform surgical preparation of the extruded penis with 0.05% chlorhexidine solution.
12. Operator dons sterile gloves.
13. Position barrier drape to provide adequate sterile field.
14. Remove catheter from sterile wrap.
15. Sterilely mark the catheter or otherwise indicate the length needed to reach the bladder.
16. Lubricate the end of the catheter.
17. Insert the catheter into the penis and advance toward the bladder while putting traction on the penis in a caudal direction to 

straighten the sigmoid flexure.
18. Verify correct position of catheter in the bladder; reposition if needed.
19. If the catheter is to be indwelling, attach a sterile collection system; secure the catheter and the collection system to prevent 

urethral traction and catheter movement.
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port is imprinted with the amount of sterile water 
required. Follow the manufacturer’s directions regard-
ing the fluid and volume for inflation. Under or overin-
flation can cause an asymmetrical balloon that can 
deflect the catheter tip and cause occlusion or irritation 
of the bladder wall. Water is recommended because 
saline can cause crystal formation in the balloon and 
prevent deflation of the balloon at the time of removal. 
Inflation with air causes the balloon tip to float in the 
urine.18 To test the balloon, fill a syringe with the recom-
mended amount of water and attach it to the inflation 
port. Inflate and verify that the balloon maintains infla-
tion; then deflate the balloon. The proper method to 
deflate the balloon is to attach the empty syringe to the 
inflation port and let the fluid drain without aspirating. 
If the balloon does not deflate, reseat the syringe firmly 
and try again.

Lubrication and local anesthesia
In males, apply lubricant to the tip of the catheter and 
the tip of the extruded penis. As the catheter is passed, 
continue to apply lubricant on the catheter at the tip of 
the penis.

In females we have found that both local anesthesia 
and lubrication are important to improve patient com-
pliance. After aseptic preparation we use 2% lidocaine 
jelly to get both. While maintaining sterility, fill a syringe 
barrel with a suitable volume of sterile lidocaine jelly, 
replace the plunger, and gently insert the catheter tip 
between the labia and into the vestibule. Then inject the 
jelly. Lidocaine is absorbed through the mucosa, so limit 
the total amount to 0.2 mL of 2% lidocaine jelly per 
kilogram. Wait 10 minutes for the lidocaine to take 
effect. If you plan on using a speculum or otoscope cone 
technique for placing the catheter, lubricate the instru-
ment and catheter tip, but do not fill the vestibule with 
lubricating jelly because it will obscure visualization of 
the urethral papilla.

Species- and gender-specific instructions

This section outlines instructions for catheter placement 
in female dogs (digital, speculum, and otoscope cone 
techniques), female cats or small female dogs, male cats, 
and male dogs. If the catheter is to be indwelling, see the 
section “Indwelling Catheters” for instructions on secur-
ing and maintaining the catheter and collection system.

Female dog
Female catheterization is a skill that takes concentration, 
correct technique, and some practice. The required skills 
are similar to those needed to place a venous catheter 

Patient preparation
Clip hair from the perivulvar or peripreputial area to 
establish a 5-cm hair-free zone that can be cleaned and 
to allow for insertion of sutures if needed. Take care to 
avoid damage to the skin during clipping. Local irrita-
tion causes discomfort, potentially increases risk of skin 
infection, and decreases patient tolerance of the indwell-
ing catheter. Clean the skin that has been clipped with 
an antiseptic scrub such as chlorhexidine scrub and 
rinse well with tap water. Do not contact mucosal sur-
faces with the scrub.

Next use 5–10 mL of 0.05% chlorhexidine solution 
(add 6.25 mL of 2% chlorhexidine to 250 mL sterile water) 
as an antiseptic solution to flush the vulva and vestibule 
or prepuce five times. Sterile water or saline, or another 
antiseptic solution at concentrations suitable for mucosal 
contact, could be used as the flush. The remaining portion 
of the sterile solution is stored for subsequent use in  
catheter care if the catheter is to be indwelling.

In males, after positioning the patient and extruding 
the penis, gently clean the area of the external urethral 
orifice with the solution. Thereafter do not allow the penis 
to retract into the prepuce until the catheter has been 
placed into the bladder and will not be further advanced.

Catheter preparation
While maintaining sterility, mark the catheter or other-
wise indicate the spot where it will exit the body when 
the tip is in the bladder. During insertion it is easy to 
lose track of how much catheter has been inserted. If a 
flexible catheter curls up in the bladder, it can form a 
knot that requires surgical removal.

If using a Foley catheter with a balloon, test the 
balloon before insertion (see Fig. 31.3). The inflation 

Figure 31.3 Test the balloon of the Foley before placing the 
catheter.
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Digital technique

Positioning

Sedation is not usually required if the patient is compli-
ant. Position the patient in lateral recumbency. For a 
right-handed operator, position the patient in right 
lateral recumbency and use the right hand for palpation. 
Let the pelvic limbs rest in a relaxed, normal position. 
Move the tail out of the way, but do not elevate it because 
that position can narrow the vulvar opening and make 
entering through it more difficult.

Palpation

First, familiarize yourself with the anatomy in this 
patient by palpation. In this procedure, you are not pal-
pating in the vagina but rather in the vestibule. Insert 
the palpating finger under the dorsal fold of the vulva 
in a vertical (not horizontal) orientation, and direct it 
vertically toward the spine so the fingertip passes under 
the dorsal fold and avoids the clitoris. Then change the 
angle to horizontal and advance the finger cranially into 
the vestibule until the vestibulovaginal junction is pal-
pated as a circumferential thickening that usually does 
not allow passage of the palpating finger into the vagina. 
This is a normal structure, not a stricture. With the 
fingertip in contact with the vestibulovaginal junction, 
move the fingertip ventrally and caudally to palpate on 
the ventral midline for the urethral papilla as a soft 
mound of tissue surrounding the urethral opening, 
about 0.5 cm caudal to the vestibulovaginal junction in 
a moderate-size dog. It may be obvious or subtle. It is 
not absolutely necessary to palpate the papilla because 
the correctly directed catheter will enter it if the catheter 

dependably. In both cases the target is identified by 
knowing the relevant anatomy and by palpation. In both 
cases, one must line up the catheter carefully along the 
long axis of the structure one is attempting to enter (vein 
or urethra), and the catheter tip must be directed down-
ward. Small controlled motions are better than large 
ones. As with any procedure, it is important to know 
when to stop and seek assistance. The patient is the 
primary concern.

We prefer the digital technique with the patient com-
fortably restrained in lateral recumbency. This has been 
successfully used in our hospital and taught in wet labs 
for many years. Other techniques using a speculum or 
otoscope cone are less well tolerated by the patient and 
require specialized equipment. However, it is valuable to 
know more than one way of performing a procedure, 
and so we also describe these techniques.

Anatomy

The relevant anatomy from caudal to cranial is the vulva, 
vestibule, and vestibulovaginal junction (see Fig. 31.4). 
The vagina is cranial to this junction and not entered 
during this procedure. When attempting to enter the 
vestibule, avoid the clitoris, which is in a blind ending 
pouch located just inside the labia of the vulva (see Fig. 
31.5). The urethral opening is in the vestibule on the 
ventral midline at or just caudal to the vaginovestibular 
junction. Various strips and bands of tissue can form 
strictures in the vestibule or, uncommonly, in the  
vulva. They may prevent digital palpation. Nonetheless, 
the catheter can usually be successfully placed by direct-
ing it without palpation as described in the section  
for small dogs.

Figure 31.4 Contrast vaginourethrogram showing the relevant 
anatomy in the female dog.

Figure 31.5 The clitoris is in a blind ending pouch, which must 
be avoided when inserting the finger into the vestibule.
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is properly aligned and moved forward exactly along the 
ventral midline.

Placing the catheter with digital technique

Once you have familiarized yourself with the anatomy, 
withdraw the palpating hand and use that hand to grasp 
the catheter near the tip. Use the other hand to keep the 
length of the catheter aligned along the midline. With 
the palpating hand, reenter the vestibule as before, taking 
the catheter tip along (see Fig. 31.6). Use the palpating 
finger to guide and the other hand to push the catheter. 
Make sure not to twist or turn the hand as you maneuver 
the catheter in. Position the catheter tip in the vestibule 
caudal to the perceived location of the urethral papilla 
and exactly on the midline. Place the palpating finger 
back into position over the papilla (but not compressing 

Figure 31.6 Digital technique for inserting urinary catheter in a 
female dog. Note the angle of the right index finger to help direct 
the catheter ventrally. The left hand holds the catheter very close 
to the vulva and makes advancing motions to push the catheter 
forward. No stylet in needed with this technique.

Figure 31.7 Cadaver preparation of sagittal section of female 
dog. The urethral papilla is seen just cranial to the tip of the 
catheter. Note that the guiding finger is not pressing down on 
the urethral papilla. To do so is likely to close off the papilla and 
prevent the catheter from entering.

Figure 31.8 Cadaver preparation of sagittal section of female 
dog. The catheter has just contacted the urethral papilla and the 
finger is being flexed to help advance the catheter. (See text for 
description of this technique.)

Figure 31.9 Cadaver preparation of sagittal section of female 
dog. The catheter has now entered the urethral papilla and can 
be advanced into the bladder.

it), and check the position of the finger and catheter to 
assure all is aligned along the midline. Use the nonpal-
pating hand to keep that portion of the catheter pro-
truding from the vulva lined up along the midline. It is 
better if the catheter enters between the dorsal, not the 
ventral aspect of the labia of the vulva because this will 
help direct the catheter ventrally. Let the tip of the pal-
pating finger hover over the urethral papilla, and gently 
advance the catheter using the other hand (see Fig. 31.7). 
When you think the catheter tip is near to engaging the 
slit of tissue that is the urethral papilla, flex the palpating 
finger, press very gently down on the catheter just behind 
the tip, and extend the finger to push the catheter tip 
cranially under the slit of tissue (see Fig. 31.8). Attempt 
to move the catheter only a few millimeters at a time. 
Think of sliding a piece of cooked spaghetti along the 
top of a wet surface. The idea is to get the catheter tip 
to engage the slit of tissue that is the papilla instead of 
moving over it (see Fig. 31.9). Be sure the palpating 
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lubricant because that would obscure visualization. 
Lubricate the device and the catheter before insertion.

Positioning

Sedation is frequently required for this technique. The 
patient may be positioned in lateral or sternal recum-
bency. Some operators place the patient sternally and 
drape the pelvic limbs over the end of a table.

Speculum

A separate light source is needed, preferably a headset. 
The correct orientation for a speculum is with the 
handles pointing up (toward the spine), not down. This 
allows an assistant to grasp the handles once the specu-
lum has been inserted into the vestibule with the assis-
tant’s hand out of the way of the operator.

Otoscope cone

Attach the cone to the otoscope handle in the usual way, 
and use the handle to manipulate the cone into the 
vestibule. Visualize the urethral papilla, pass the catheter 
through the cone, and advance it into the urethral 
papilla. Once the catheter is placed into the bladder and 
the cone removed from the handle, the cone is left on 
the portion of the catheter outside the body because the 
attachment end of the catheter will not fit through the 
cone. Although this may look a little odd, it does not 
cause problems, and the cone is retrieved when the cath-
eter is removed.

Placing the catheter

Insert the speculum (in closed position) or otoscope 
cone between the labia of the vulva, directing it first 
vertically to avoid the clitoris and then horizontally to 
enter the vestibule. If using a speculum, open the blades 
and have an assistant hold it in position. Look through 
the device and locate the urethral papilla as a slit of 
tissue on the ventral floor of the vestibule slightly caudal 
to the vestibulovaginal junction. Because you will not be 
able to touch the catheter tip to guide it into the papilla, 
a stylet will be required unless you are using a catheter 
made of stiff material, such as polypropylene.

Insert the catheter between the blades of the specu-
lum or through the otoscope cone and advance it into 
the urethral papilla and into the bladder. If you cannot 
see the papilla, you may still be able to place the catheter 
by gently advancing the catheter tip into the mucosal 
tissue in the area where the papilla should be located, in 
other words, by using the tip of the catheter as a probe 
to identify the papilla. When the catheter tip is posi-
tioned in the bladder, inflate the balloon if there is one, 

finger is not pressing down on the urethral papilla 
because that pressure will close the opening. Other oper-
ators insert the palpating finger firmly into the vestibu-
lovaginal junction to close it off and prevent the catheter 
from entering it. They use the other hand to advance the 
catheter and let the catheter tip engage the papilla on  
its own.

The catheter tip will either slip into the urethral 
papilla and ideally enter the urethra or slide over the top 
of it and move cranially toward the vestibulovaginal 
junction. With experience, you will be able to discern the 
friction as the catheter passes through the urethra com-
pared with the relatively free passage if it slips over the 
papilla and moves forward in the vestibule. If it seems 
the catheter has entered the papilla, continue to advance 
it in small increments until the tip of the catheter has 
reached the premeasured distance to the bladder or until 
there is good urine flow.

Verify catheter placement

If urine is not obtained (and the bladder is known to 
contain urine), palpate along the length of the catheter 
in the vestibule from caudal to cranial to determine its 
location. If the catheter has entered the urethra, you will 
feel the catheter disappear into a hole on the ventral 
surface of the vestibule, and no catheter will be palpable 
cranial to the hole. If the catheter has passed over the 
papilla, you will be able to palpate it going through the 
vestibulovaginal junction or curling up in the vestibule. 
If the catheter needs to be repositioned, pay particular 
attention to meticulous technique in aligning the entire 
catheter along the midline and keeping it on the midline 
as you advance it. Be sure to withdraw it sufficiently 
caudally to ensure that the urethral papilla has not 
already been passed before the catheter is advanced 
again. If you are not sure of the location of the papilla, 
just advance the catheter on the midline in small incre-
ments. If the catheter is correctly oriented, it is likely to 
engage the urethral papilla on its own.

If you think the catheter tip is in the bladder, but no 
urine is flowing, attach a sterile syringe to the catheter 
and gently aspirate for urine or infuse sterile saline and 
aspirate. If injected fluid comes back around the vulva, 
the catheter tip is likely in the vestibule and must be 
repositioned. One can also place an ultrasound probe 
over the bladder and either see the tip of the catheter in 
the bladder or see the flow of fluid as it is flushed through 
the catheter.

Speculum or otoscope cone technique

Preparation is as described for the digital technique 
except the vestibule is not filled with sterile anesthetic 
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between the labia to help direct the catheter ventrally. 
The urethral papilla is very close to the vulva, and most 
missed insertions occur because the catheter tip has 
already passed the urethral opening before it is properly 
positioned on the ventral midline. The operator can 
usually feel the slight resistance as the catheter tip enters 
the urethra. Advance the catheter into the bladder.

Verify catheter placement

If you think the catheter tip is in the bladder but no 
urine is flowing, attach a sterile syringe to the catheter 
and gently aspirate for urine or infuse sterile saline and 
aspirate. If injected fluid comes back around the vulva, 
the catheter tip is likely in the vestibule and must be 
repositioned. You can also place an ultrasound probe 
over the bladder and either see the tip of the catheter in 
the bladder or see the flow of fluid within the bladder 
as it is flushed through the catheter.

Male cat

Many male cats in need of a urinary catheter have ure-
thral obstruction caused by some form of feline lower 
urinary tract disease. Sometimes the obstructing mate-
rial is at the distal tip of the penis and can be relieved 
by gently massaging the most distal part of the penis to 
dislodge obstructing substances. If successful, this will 
result in immediate urine flow because of increased 
pressure from the overdistended bladder.

Anatomy

The prepuce is a short haired sheath facing caudally and 
covering the nonerect penis. When the penis is extruded 
sufficiently, the reflection of the prepuce off the surface 
of the penis about 1–1.5 cm from the tip can be seen.

The penis is directed caudo-ventrally and covered by 
the prepuce. Penile barbs are visible near the tip of the 
penis in the noncastrated male.

In its course from the bladder to the tip of the penis, 
the urethra has a marked sigmoid flexure near the penis. 
To pass a catheter up the urethra, the penis must be 
drawn caudally to straighten out the urethra.

Positioning

Sedation is usually required. Position the patient in lateral 
or dorsal recumbency. In dorsal recumbency, the pelvic 
limbs can be drawn cranially to expose the prepuce.

The goal is to extrude the penis caudally and horizon-
tally out of the prepuce and keep it in this position as 
the catheter is passed. To extrude the penis, gently grasp 
the prepuce with thumb and finger and press gently 
onto the ischial arch to provide a firm base for the pro-

and gently withdraw the catheter to seat the balloon at 
the neck of the bladder. Withdraw the device. If using 
an otoscope, disconnect the cone from the handle and 
leave the cone on the catheter outside the body.

Female cat or small female dog

If the patient is too small to allow digital palpation of 
the urethral papilla, the catheter can nonetheless usually 
be placed successfully.

Anatomy

The relevant anatomy for cats is as described for female 
dogs, except the urethra opens to the floor of the vesti-
bule in a groove that actually facilitates catheterization.

Positioning

Sedation is usually required in female cats. Position the 
patient in lateral recumbency. For cats, some operators 
prefer dorsal recumbency with the pelvic limbs drawn 
cranially to expose the vulva. However, this position 
tends to decrease the opening of the vulva and can  
make it more difficult to insert the catheter into the 
vestibule.

Placing the catheter

Follow the preceding instructions for preparation for 
insertion. Then gently separate the labia of the vulva and 
pass the catheter between the most dorsal aspects of the 
labia, directing it to the ventral midline aiming toward 
the bladder (see Fig. 31.10). Even in small patients, the 
operator can usually insert at least the tip of the finger 

Figure 31.10 Urinary catheter placed by blind (without internal 
palpation) technique. Note that the catheter is entering between 
the dorsal aspect of the vulva to facilitate directing it ventrally to 
engage the urethral papilla.
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Orienting the catheter in a direction parallel to the body 
wall and slightly ventrally once the fibrocartilaginous tip 
has been negotiated facilitates passage. The penis must 
remain exposed during catheter passage to assure that 
the catheter tip is entering the penis and to prevent 
contamination of the catheter. Resistance is usually felt 
as the catheter tip enters the os penis because it is narrow 
at this site and again as the catheter changes direction at 
the ischial arch and passes through the prostatic section 
of the urethra. Use the softest catheter possible to ease 
passage and minimize discomfort. Advance the catheter 
into the bladder.

Indwelling catheters

Securing the catheter and collection system
Once the catheter is properly placed, it must be secured 
if it is to remain indwelling. For Foley catheters with a 
balloon, the inflation port is imprinted with the amount 
of sterile water required. Fill a syringe with this amount 
and firmly attach it to the inflation port. Slowly inflate 
the balloon and gently withdraw the catheter to seat the 
balloon at the neck of the bladder. If the patient exhibits 
any discomfort during inflation, the balloon may be in 
the urethra. Deflate the balloon, reposition the catheter, 
and try again.

Catheters without an inflation balloon must be 
secured at the site where the catheter exits the body to 
keep the catheter tip in the bladder. To do this, first dry 
the catheter and apply adhesive tape butterfly on the 
catheter where it exits the vulva or prepuce. Catheters 
can easily slip through a tape butterfly unless the tape is 
kept closely adhered to the catheter surface so we recom-
mend placing an encircling suture around the catheter. 
Insert the needle through the tape as close as possible to 
the catheter, draw some suture material through, and 
insert the needle up through the tape on the opposite 
side of the catheter. Tie the suture securely but do not 
occlude the catheter. To secure the adhesive butterfly to 
the patient, we recommend placing stay sutures in the 
patient and then suturing the adhesive butterfly to them.

All indwelling catheters must be attached to a sterile 
collection system. Cable ties are useful to provide extra 
security, especially between the catheter and the collec-
tion system. Secure a portion of the collection system 
tubing to the patient’s leg, tail, or ventral abdomen (using 
tape or sutures) to prevent dislodging or discomfort 
caused by pulling on the catheter as the patient moves.

Management of indwelling urinary catheter 
and collection system
Make sure the personnel handling catheters and collec-
tion systems are properly trained and perform hand 

cedure and to align the penis parallel to the spine. If the 
penis is extruded facing in a ventral direction, it will be 
difficult to pass the catheter. Then gently move the 
prepuce cranially to expose the penis. The penis should 
now be extruded far enough to see the reflection of the 
prepuce off its surface about 1–1.5 cm from the tip. Hold 
all structures in a horizontal straight line with the tip of 
the penis facing caudally, not ventrally. The operator can 
digitally grasp the penis near the reflection of the prepuce 
to stabilize it or can use an instrument to grasp the 
preputial tissue (not the penile tissue) at the site of its 
reflection off the penis. Insert the lubricated catheter 
into the tip of the penis, and gently advance into the 
bladder without losing control of the extruded penis. As 
the catheter is moved cranially, put traction on the penis 
in a caudal direction to straighten out the flexure in the 
urethra. Otherwise, the catheter might not advance into 
the bladder. Once the catheter is positioned properly in 
the bladder, let the penis withdraw into its normal posi-
tion within the prepuce.

Male dog

Anatomy

The prepuce is the tubular sheath of integument cover-
ing the nonerect penis. The penis in nonerection is 
entirely withdrawn into the prepuce. Within the penis, 
the os penis bone surrounds the dorsal surface of the 
urethra. The distal end of the os penis has a fibrocarti-
laginous projection that is slightly curved ventrally.

Positioning

With the male dog in left lateral recumbency the assis-
tant stands at the patient’s spine with the patient’s head 
on the assistant’s left, reaches over the abdomen, presses 
the left hand against the body wall at the place where the 
prepuce reflects from the ventral body wall, and exerts 
pressure caudally. With the right hand, the assistant 
grasps the os penis through the prepuce at the most 
proximal aspect (meaning away from the tip) of the os 
penis and pushes the penis out of the prepuce while 
moving the left hand more caudally to stabilize it and 
keep the penis as parallel to the spine as possible. The 
penis must now be held in this position and not allowed 
to withdraw into the prepuce while the catheter is being 
placed. Gently wipe the tip of the penis with 0.05% 
chlorhexidine solution.

Placing the catheter

Gently insert the catheter tip into the fibrocartilaginous 
projection of the os penis and then direct it ventrally to 
enter the urethra. Advance the catheter into the bladder. 
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hygiene before and after handling the system. Inspect 
the system several times a day. Make sure all connections 
are secure. Use good nursing care to minimize contami-
nation of the catheter and periurethral area from contact 
with soiled hospital surfaces, wound discharges, or feces. 
Maintain unobstructed flow, keep the catheter and col-
lecting tubes from kinking, and keep the collecting bag 
lower than the bladder to prevent retrograde urine flow.

Catheter care

Perform catheter care every 8 hours or whenever the 
system is visibly soiled. Use surgical scrub followed by 
water rinse to clean any visible soiling on the exposed 
portion of the catheter, the collection system, or the 
patient’s skin in the perivulvar or peripreputial area. Do 
not let scrub contact mucosal surfaces. Wipe the exposed 
portion of the catheter and the skin of the perivulvar or 
peripreputial area with 0.05% chlorhexidine solution. 
This solution can be that saved from the preparation  

Protocol 31.5 Indwelling catheter maintenance

Items Required
• Water
• Gauze pads
• Surgical scrub
• Sterile syringe
• Examination gloves
• 0.05% chlorhexidine solution
• Sterile empty fluid bag for a collection system or sterile closed urinary collection bag (optional)

Procedure
1. Gather supplies.
2. Ensure that only properly trained caregivers perform the procedure.
3. Perform hand hygiene before and after handling the catheter or collection system.
4. Inspect the catheter and collection system several times a day.
5. Make sure the catheter and the collection system are properly secured.
6. Minimize contamination of the catheter, collection system, and periurethral area from contact with soiled hospital surfaces, 

wound discharges, or feces.
7. Maintain unobstructed flow; prevent kinking.
8. Keep collection bag lower than the patient to prevent retrograde flow of urine.
9. Perform catheter care every 8 hours or whenever the system is visibly soiled.

10. Perform hand hygiene and don clean examination gloves.
11. Use surgical scrub followed by water rinse to clean soiling on catheter, collection system, or the perivulvar or peripreputial 

area as needed.
12. Wipe the exposed portion of the catheter and the skin of the perivulvar or peripreputial area with gauze sponges soaked in 

0.05% chlorhexidine solution.
13. Clean the perivulvar or peripreputial area with 0.05% chlorhexidine-soaked gauze sponges and flush the vulva and vestibule 

or prepuce with 0.05% chlorhexidine solution.
14. Empty or change the urine collection bag as needed.
15. Perform hand hygiene and don clean examination gloves.
16. For the closed system, open the urine drainage spout and drain the urine into a container. Avoid touching the container with 

the drainage tubing and avoid splashing. Close the urine drainage tube.
17. For the open system, disconnect the full bag from the macrodrip and sterilely attach an empty sterile fluid bag.

for catheter placement as described earlier. Flush the  
prepuce or vulva and vestibule five times with the 0.05% 
chlorhexidine solution.

Emptying or changing the urine collection bag

Wash hands and put on examination gloves. Use gowns 
and barriers as needed for aseptic technique or if public 
health considerations are present. For closed systems, 
drain the urine into a clean container. Do not let the 
drainage tube contact the container, and avoid splash-
ing. Close the drainage tube.

For open systems assemble the needed materials to 
replace the bag and maintain sterility. Disconnect the 
full bag from the macrodrip and sterilely attach an 
empty sterile fluid bag.

Do not change indwelling catheters and drainage bags 
at fixed intervals but rather based on clinical indications 
such as infection, obstruction, or compromise of the 
closed collection system (see Protocol 31.5).
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For male dogs, a supplement to retropulsion as 
described earlier is to also occlude the urethra proximal 
to the obstruction (see Fig. 31.11). Follow steps 1–6. To 
occlude the urethra proximal to the obstruction, an 
assistant inserts a gloved finger into the rectum and 
occludes the urethra by pressing it down onto the pelvic 
floor. In a large dog, two fingers may be inserted to better 
trap the urethra against the pelvis. Briskly inject 5–20 mL 
of the flush, depending on the patient’s size. The assis-
tant occluding the urethra must be able to feel the 
urethra dilate. The assistant then abruptly releases the 
urethral occlusion as injection of flush continues and 
the operator attempts to advance the catheter.

If unsuccessful, and the patient is not already anesthe-
tized, consider providing anesthesia before retrying the 
procedure (Protocol 31.6).

Unable to deflate the foley balloon

The correct method for deflating a Foley balloon is as 
follows. Attach a Luer slip syringe to the catheter valve. 
Allow the pressure in the balloon to force the saline into 
the syringe to deflate the balloon completely. Do not 
apply aspirating pressure at this time. If the balloon does 
not deflate, reseat the syringe gently and try again. If 
unsuccessful, reposition the patient; ensure there is no 
traction on the catheter, and then try again. If the balloon 
still does not deflate apply gentle, slow aspiration, 
remembering that the rapid or forceful aspiration can 
collapse the inflation tube and prevent balloon deflation. 
If the balloon cannot be deflated, cut the channel 
through which the balloon was inflated to allow fluid to 
egress, which will deflate the balloon.

Retropulsion for urethral obstruction

Retropulsion is the process of expanding the urethra 
with fluid to flush an obstructing substance retrograde 
and deposit it back into the bladder. It is not desirable 
to use a catheter to force an obstructing substance ret-
rograde because this may damage or even rupture the 
urethra. Retropulsion is most commonly needed in 
males and required uncommonly in females because 
their urethra is shorter and of larger diameter. The goal 
of retropulsion is to expand the diameter of the urethra 
with fluid to suspend the obstructing substance in a 
fluid column that will carry it back into the bladder. Be 
aware that the urethra can be ruptured by overly aggres-
sive flushing technique or by overly aggressive attempts 
to advance the catheter against an obstruction.

We suggest the following steps.

1. The procedure can be painful. Provide pain control 
and sedation as indicated. The relaxation of the 
urethra that occurs during general anesthesia might 
be needed for difficult obstructions.

2. Evaluate bladder size to determine whether it would be 
safe to add more fluid. If not, perform cystocentesis 
before retropulsion. If performed correctly (small-
gauge needle inserted as atraumatically as possible), 
cystocentesis even of a distended bladder is probably 
lower risk than adding fluid to an already pathologi-
cally distended bladder.

3. Fill a syringe (5- to 20-mL size) with sterile saline 
for flush.

4. Follow all the protocols as previously described to 
maintain sterility. Pass the catheter as far as possible 
up the urethra. If the catheter cannot be advanced 
far enough to seat it inside the urethra, try a smaller 
or stiffer catheter. Remember that in male cats the 
penis must be pulled caudally to straighten the 
sigmoid flexure in the urethra before the catheter 
can be passed. For male cats, an olive-tip catheter or 
a 22-gauge venous catheter (with the stylet removed) 
may be easier to place in the most distal urethra. 
Once the obstruction is relieved, a regular catheter 
can be placed indwelling.

5. Attach the syringe to the end of the catheter.
6. Occlude the tip of the penis around the catheter 

with digital pressure to prevent the flush from 
flowing back out.

7. Briskly inject flush while gently advancing the cath-
eter. If the catheter can be advanced, continue to 
inject fluid until the catheter tip is in the bladder. 
Keep track of the amount of flush injected, do not 
overdistend the bladder, and decompress the bladder 
by cystocentesis if needed.

Figure 31.11 Retropulsion with occlusion of the urethra per 
rectum in a male dog.
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Protocol 31.6 Retropulsion

Items Required
• See Protocol 31.1 for appropriate supplies
• Sterile flush solution
• Several sterile syringes (for flushes)
• Two assistants

Procedure
1. Gather necessary supplies.
2. Ensure that only properly trained caregivers perform 

the procedure and that sterility is maintained 
throughout.

3. Consider sedation or anesthesia if catheter placement 
has been difficult.

4. Evaluate bladder size. Perform decompressive 
cystocentesis if needed.

5. Assure that sufficient personnel are available to 
perform the various aspects of the procedure (catheter 
insertion by operator, flushing the catheter by assistant 
1, in male dogs, digital occlusion of the proximal 
urethra per rectum (if needed) by assistant 2, and 
patient restraint).

6. Follow procedure for catheter insertion and advance 
the catheter gently until the obstruction is reached. For 
male cats, be sure the penis is always under traction in 
a caudal direction to straighten out the sigmoid flexure 
in the urethra.

7. Operator occludes tip of penis around the catheter to 
prevent backflow of flush.

8. Assistant 1 injects sterile flush briskly while operator 
gently attempts to advance the catheter.

9. For male dogs, occlusion of the urethra per rectum can 
be used.
a. Assistant 2 inserts a gloved finger into the rectum 

and prepares to apply firm digital pressure on the 
proximal urethra to occlude it.

b. Repeat step 5.
c. Assistant 2 firmly occludes the urethra per rectum.
d. Assistant 1 injects flush briskly and continues 

injecting.
e. Assistant 2 feels the urethra dilate and abruptly 

releases the pressure while assistant 1 continues 
the flush and the operator attempts to advance the 
catheter.

10. If unsuccessful and the patient is not yet anesthetized, 
consider anesthesia before repeating the procedure.

References
 1. Centers for Disease Control and Prevention. Guideline for pre-

vention of catheter-associated urinary tract infections 2009. 
Washington, DC: Department of Health and Human Services; 
2009.



409

32
Urinalysis in acutely and critically ill 
dogs and cats

David J. Polzin and Carl A. Osborne

Value of urinalysis

Urinalysis is a useful, cost-effective, and typically nonin-
vasive means of evaluating the cause and status of 
various syndromes affecting the urinary system and 
other body systems. The primary indications for routine 
urinalysis are as an aid in the search for diagnosis of 
various diseases, to screen patients for asymptomatic 
diseases, to monitor the biologic behavior of diseases 
(i.e., reversible versus irreversible and progressive versus 
nonprogressive), and to monitor the safety and efficacy 
of various therapies. It is also important to recall that 
serum creatinine and urea nitrogen concentrations 
should generally be interpreted in light of a concurrently 
determined urine specific gravity (SG) value (obtained 
before initiating fluid or diuretic therapy).

For patients in which urinary disease is suspected, a 
complete urinalysis can help verify or eliminate rule-
outs, including primary kidney disease (acute or 
chronic), impaired urine concentrating ability, bacterial 
urinary tract infection, renal tubular acidosis, Fanconi 
syndrome, cystinuria, urinary tract neoplasia, urolithia-
sis, and idiopathic cystitis.

In patients with nonurinary disorders, detection of 
abnormal findings by urinalysis may indicate the systems 
or organs affected and dictate the need for further evalu-
ation. Urinalysis findings that may be associated with 
nonurinary diseases include diabetes mellitus, central 
diabetes insipidus, hepatic failure, severe hemolytic 
disease, and systemic acidosis.

Serial urinalyses can be used to monitor patient 
response to therapy, and to detect relapses or recur-
rences of various diseases. Urinalyses may also be used 

to monitor the safety of drugs. For example, evidence of 
gentamicin-induced nephrotoxicity may be obtained by 
serial evaluation of urine sediment for casts, monitoring 
urine SG for impaired tubular function, and watching 
for the onset of normoglycemic glucosuria. Also, serially 
collected urine samples may be monitored for increases 
in urine enzyme concentrations.

Basic urinalysis

What is a complete urinalysis?
A complete routine urinalysis consists of the evaluation 
of several physical and chemical properties of urine, 
estimation of its solute concentration, and microscopic 
examination of urine sediment. We recommend that all 
of these tests be performed because they aid in semi-
quantitation and localization of abnormal findings and 
in refinement of problems. For example, interpretation 
of the results of chemical tests and sediment examina-
tion is aided by knowledge of urine SG.

The value of light microscopic examination of urine 
sediment in the interpretation of urinalyses is compa-
rable to light microscopic examination of blood smears 
in the interpretation of hemograms. Meaningful inter-
pretation of physical (color and turbidity) and chemical 
(protein, occult blood, and pH) test results of routine 
urinalysis depends on knowledge of the composition of 
urine sediment. For example, a moderate degree of pro-
teinuria in the absence of significant numbers of white 
cells and red blood cells usually indicates proteinuria 
due to glomerular disease. However, a moderate degree 
of proteinuria associated with pyuria and hematuria is 
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tocentesis may be contaminated by small amounts of 
blood during bladder puncture; thus this method of 
collection may be suboptimal for investigating patients 
with mild hematuria. Urine may also be collected by 
midstream voiding or by urinary catheterization. These 
samples are more likely to be associated with extra-
urinary contamination from the genitalia or skin. 
Because the method of collection may influence the 
results of the urine sediment examination, the method 
of urine collection should always be reported on the 
urinalysis report.

The complaint for which the patient is being seen 
should be considered when selecting the method of 
urine collection. Collection of urine by catheterization 
may be imprudent when the patient has sustained 
trauma to the caudal portion of the body, and cystocen-
tesis may be problematic in patients suspected of having 
a coagulopathy.

Useful test methods and how  
to perform them
Urinalysis consists of four components: (1) determina-
tion of color and turbidity by visual inspection, (2) 
chemical analysis using multitest dipsticks, (3) measure-
ment of urine SG by refractometry, and (4) microscopic 
examination of the urine sediment.1 All four compo-
nents should always be performed to maximize the value 
of urinalysis.

Urine chemistries are most often performed using 
reagent strips (dipsticks). Normally, the reagent strip is 
immersed in well-mixed urine before it is centrifuged 
and rapidly withdrawn. The strip is then tapped against 
the side of the vessel to remove excess urine. The dipstick 
should then be oriented parallel to the table surface 
(horizontally) to avoid contamination of fluid and 
reagents between different test pads on the strip. Color 
changes on the reagent strip should be compared with 
the manufacturer’s provided color scale at the proper 
time interval following immersion in urine.

Tests commonly included on reagent dipsticks include 
urine pH, glucose, ketones, bilirubin, occult blood, 
protein, urobilinogen, nitrites, leukocyte esterase, and 
SG. Dipstick tests for nitrituria, leukocyte esterase, and 
SG are inaccurate in dogs and cats and should not be 
used; urobilinogen is a poor test and should be ignored.1 
The nitrituria strip, designed to detect bacteriuria in 
humans, does not consistently detect bacteriuria in dogs 
and cats. The leukocyte esterase strip, designed to detect 
pyuria, is specific but insensitive for pyuria in dogs. 
However, preliminary studies suggest that in dogs a 
positive leukocyte esterase test predicts a positive urine 
culture.1 In cats, the leukocyte esterase test is usually 
positive and of no diagnostic value. SG test pads have 

consistent with an inflammatory response located some-
where along the urinary and/or genital tracts. Likewise, 
a moderate degree of proteinuria associated with hema-
turia is consistent with hemorrhage located somewhere 
along the urinary and/or genital tracts.

Laboratory equipment
Minimum equipment for urinalysis (Box 32.1) includes 
a centrifuge, a refractometer, and a microscope. An auto-
mated dipstick reader is optional. Disposables required 
include vessels for collection of urine (clean, ideally 
sterile, opaque, and with tight-fitting lids to prevent 
evaporation), urine dipsticks, conical centrifugations 
tubes, disposable pipettes, glass slides, and cover slips. 
Sediment stain is optional.

Sample handling
Urine should be collected and stored in an appropriate 
container (as just described) with a tightly closed lid. 
Evaporation of water, changes in pH, degradation of 
casts, formation of crystals, and other changes in physi-
cal properties may occur if urine is allowed to remain 
exposed to air and room temperature for extended 
periods of time.1 In addition, urine dipsticks are designed 
to be used for urine at or near room temperature. As a 
consequence, urine samples should ideally be analyzed 
within 60 minutes of collection. If analysis cannot be 
completed within 30 minutes of collection, the sample 
should be held at 4°C and brought back to room tem-
perature just before the analysis.

In most cases, urine is best collected by cystocentesis 
because this minimizes contamination of the sample 
from outside the urinary tract. Samples collected by cys-

Box 32.1  Necessary equipment for performing a urinalysis

Equipment:
Centrifuge
Refractometer
Microscope
Optional: Automated dipstick reader

Disposables:
Vessels for collection of urine (clean, ideally sterile, 

opaque, and with tight-fitting lids to prevent 
evaporation)

Urine dipsticks
Conical centrifugation tubes
Disposable pipettes
Glass slides and coverslips
Sediment stain (optional)
System (e.g., forms) for reporting results
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Ketonuria absent glucosuria most likely results from 
excess lipid catabolism (lipolysis), typically in fasting or 
anorectic patients.

Reagent strips for ketonuria only detect acetoacetate 
and acetone but not β-hydroxybutyrate. As a conse-
quence, under certain circumstances, such as concurrent 
lactic acidosis, patients with ketoacidosis may test  
negative for ketones using the reagent strip. If this condi-
tion is suspected, adding a few drops of hydrogen per-
oxide to a urine specimen facilitates nonenzymatic 
conversion of β-hydroxybutyrate to acetoacetate that 
can be detected.4

Urine bilirubin

Bilirubin reagent pads may be unreliable as screening 
tests in dogs because of a high percentage of false-
positive and false-negative results in this species. This is 
true because, in addition to simple glomerular filtration, 
the canine kidney produces bilirubin and causes it to 
appear in urine. In contrast, positive bilirubin test results 
in cats are usually indicative of underlying disease. The 
sensitivity of bilirubinuria as an indicator of diseases 
associated with icterus in cats results in part from the 
fact that the feline renal threshold for bilirubin is nine 
times higher than in dogs.5 Thus, in cats, detection of 
bilirubinuria by routine urinalysis may precede clinical 
recognition of jaundice. Nonetheless, lack of bilirubi-
nuria does not exclude disorders associated with biliru-
bin metabolism in either species, so positive or negative 
urine bilirubin test results should be evaluated in con-
junction with other clinical findings.

In dogs, urine SG may be helpful in interpreting the 
clinical importance of bilirubinuria. A low concentra-
tion of bilirubin in highly concentrated urine with a 
high urine SG (e.g., 2+ bilirubin with a urine concentra-
tion of 1.045) is less likely to be of clinical significance 
than a low concentration of bilirubin in less concen-
trated urine with a lower urine SG (e.g., 1+ bilirubin 
with a urine SG of 1.015).

Urine occult blood

The reagent pad for occult blood is highly sensitive and 
reacts to hemoglobin, myoglobin, and, to a lesser degree, 
red blood cells. Interpretation of a positive occult blood 
test requires examination of the urine sediment for evi-
dence of red blood cells. If red blood cells or ghost cells 
are present in the urine sediment, then hematuria is 
present. Very dilute or alkaline urine may promote red 
blood cell lysis, and the lysed cells may be difficult to 
find. Absent red blood cells, a positive test may indicate 
the presence of either myoglobin or hemoglobin. If  
the patient’s plasma has a pink or red discoloration, 

been found to be unreliable in dogs and cats and only 
measure SG values up to about 1.025 to 1.030, which is 
inadequate for assessing adequate urine-concentrating 
ability in dogs and cats.1

Urine PH

Reagent strips detect urine pH in the range of 5 to 8.5 
visually and 5 to 9 instrumentally. However, the reli-
ability of this test has been challenged, particularly when 
the urine pH is close to neutral. Reagent strips report-
edly may overestimate urine pH in dogs and may yield 
an alkaline pH in urine that is slightly acid.3 When accu-
rate urine pH measurement is important, a pH meter 
should be used. Relatively inexpensive handheld instru-
ments are available. Accurate urine pH is important in 
diagnosing and managing urolithiasis and renal acidifi-
cation disorders (e.g., renal tubular acidosis). Although 
urine pH may provide a crude index of body acid-base 
balance, it should not be used in lieu of blood gas analy-
sis when acid-base abnormalities are suspected.

Urine glucose

Canine and feline urine are normally negative for glucose 
as measured by glucosuria reagent strips. A positive test 
for glucosuria may result from hyperglycemia, acute 
stress (primarily cats), or renal glucosuria. Determining 
the blood glucose concentration usually identifies the 
cause. Persistent or marked hyperglycemia and glucos-
uria are consistent with diabetes mellitus, whereas per-
sistent glucosuria absent hyperglycemia confirms renal 
glucosuria, a form of renal tubular disease. Renal glu-
cosuria may occur either as a congenital defect or with 
renal tubular injury as in toxic or ischemic acute kidney 
injury (AKI). Some cats exhibit transient mild glucos-
uria associated with stress. Blood glucose concentrations 
in these cats may be normal to moderately elevated. 
Because serum fructosamine concentration reflects 
blood glucose concentrations over an extended period 
of time, it may be used to differentiate stress-associated 
glucosuria from diabetes mellitus.

The “transport maximum” or threshold for glucos-
uria in normal dogs is about 170 to 180 mg/dL; cats have 
a higher transport maximum of about 260 to 310 mg/
dL. As a consequence, mild hyperglycemia may occur 
without glucosuria.1 Refrigerated urine samples should 
be brought to room temperature before testing for glu-
cosuria or false-negative results may occur.

Urine ketones

Ketonuria is always considered abnormal in dogs and 
cats. Most often, ketonuria occurs concurrently with 
glucosuria and is associated with diabetic ketoacidosis. 
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Urine sediment examination

Handling of urine and preparation of slides
The urine sediment should be examined (Protocol 32.1) 
as quickly as possible after collection of urine. The 
ability to recognize casts, crystals, and cellular compo-
nents may degrade with extended storage of the urine 
sample. Casts, cells, and oxalate crystals may be of great 
significance in identifying disease processes commonly 
seen in emergency and critical care patients.

hemoglobinuria should be suspected. The plasma 
becomes pink because free hemoglobin in plasma binds 
to haptoglobin until haptoglobin is fully saturated; only 
unbound hemoglobin enters the glomerular filtrate and 
final urine. However, myoglobin is freely filtered by the 
glomerulus and does not remain in the plasma in suf-
ficient quantity to color the plasma. Thus colorless 
plasma suggests myoglobin.

The most common cause for a positive occult blood 
test is hematuria (discussed in the urine sediment 
section). Hemoglobinuria suggests hemolytic anemia, 
whereas myoglobinuria suggests rhabdomyolysis or 
myositis. If apparent hemoglobinuria persists with no 
evidence of hemolytic anemia, it should be pursued as 
hematuria.2

Urine protein

Proteinuria reagent strips are quite sensitive for detect-
ing proteins in urine, particularly albumin. They are 
used to screen for pathologic proteinuria of any origin; 
however, small amounts of protein in urine are consid-
ered normal. Proteinuria is an important sign of kidney 
disease in dogs and cats; however, urinary tract hemor-
rhage and inflammation at any point along the urinary 
tract may also be associated with proteinuria. Results of 
the urine sediment are useful in differentiating these 
conditions. In patients with pyuria, it is necessary to first 
eliminate pyuria (e.g., antibiotics for urinary tract infec-
tion [UTI]) and then reevaluate the patient for protein-
uria. It usually requires grossly visible hematuria to 
cause even a small increase in proteinuria.

Urine reagent strips provide a semiquantitative esti-
mate of the magnitude of proteinuria. It is difficult  
to extrapolate the clinical implications of a positive  
proteinuria dipstick from just the dipstick reaction  
and urine SG. To confirm the clinical importance of a 
positive protein dipstick obtained on a patient without 
pyuria, hematuria, or bacteria, it is necessary to measure 
the urine protein-to-creatinine ratio (UPC; see later). 
The UPC should probably be performed on dogs  
with 1+ or greater proteinuria (especially when the urine 
SG is 1.012 or lower).6 Proteinuria of any magnitude 
should prompt consideration of performing the UPC  
in cats.

Depending on the magnitude of proteinuria (based 
on the UPC), pathological proteinuria may result from 
renal tubular or interstitial disorders (mild proteinuria; 
UPC values less than about 2.5) or glomerular diseases 
(potentially any magnitude of proteinuria but especially 
when UPC exceeds about 2.5). Moderate to marked 
increases in proteinuria are consistent with protein-
losing nephropathies that may be associated with the 
nephrotic syndrome.

Protocol 32.1  Procedure for urine sediment examination

Items Required
•  Centrifuge
•  Microscope
•  Vessels for collection of urine (clean, ideally sterile, 

opaque and with tight-fitting lids to prevent evaporation)
•  Conical centrifugation tubes
•  Disposable pipettes
•  Glass slides and cover slips
•  Sediment stain (optional)

Procedure
1.  Collect urine specimen in an appropriate container.
2.  Mark the container with appropriate identification.
3.  If analysis cannot be performed within 30 minutes, 

refrigerate the sample.
4.  Thoroughly mix specimen; then transfer a standard 

amount (we use 5 mL) to a conical tip centrifuge tube.
5.  Centrifuge the sample for 3 to 5 minutes at 450 g (1500 

to 2000 rpm)
6.  Remove supernatant using a transfer pipette or 

decanting, and save for chemical analysis. Allow a 
standard amount (about 1/2 mL) to remain in the 
conical tip centrifuge tube.

7.  Thoroughly resuspend the urine sediment in the 
remaining urine supernatant by agitation or “finger-
flipping” of the tube.

8.  Transfer a drop of reconstituted sediment to a 
microscope with a transfer pipette, and place a 
coverslip over it.

9.  Subdue the intensity of the microscope light by 
lowering the condenser and closing the iris diaphragm.

10.  Systematically examine the entire specimen under 
the coverslip with the low power objective, assessing 
the quantity and type (casts, cells, crystals, etc.) of 
sediment.

11.  Examine the sediment with the high power objective to 
identify the morphology of the elements and to detect 
bacteria.

12.  Record the results.
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The urine sample should be thoroughly mixed, then 
examined for color and turbidity. Before centrifugation 
of the sample, the reagent dipstick should be immersed 
in the well-mixed urine (see later) and the urine SG 
measured.

A pellet of sediment is then prepared by centrifuging 
3 to 5 mL of urine at 1500 to 2000 rpm for 5 minutes2 
Accurate interpretation of the urine sediment is greatly 
influenced by the urine volume, speed, and time of cen-
trifugation because these factors will affect the numbers 
of solid particles that appear in the urine sediment (the 
quantity of urine used should be reported if the volume 
centrifuged was less than 3 mL). If the urine was visibly 
hemorrhagic or very turbid prior to centrifugation, the 
dipstick examination should be repeated on the centri-
fuged sample. Most of the supernatant may be decanted 
off leaving approximately 0.5 mL in the centrifuga-
tion tube.

The sediment is then resuspended in the remaining 
supernatant. A drop of this fluid is then placed on a slide 
and covered with a cover slip. After dimming the light 
intensity of the microscope, the sediment should be 
examined under low power (10×) for casts, crystals, and 
cells. Identification of cell types and detection of bacte-
riuria is performed under high power (40×). The number 
of red and white blood cells should be counted and 
reported as the number per high power field (hpf). The 
number of bacteria observed under high power field is 
semiquantitatively reported as trace, moderate, or many.

Although many clinical pathologists and laboratory 
technicians prefer to examine urine sediment unstained, 
less experienced viewers may find examination of stained 
preparations more interpretable. Urine sediment stains 
that may be mixed with the urine sediment resuspension 
before applying a drop of the mixture to a slide are avail-
able commercially. Although stains seemingly facilitate 
visualization of the sediment, they may dilute the mate-
rial on the slide, vary in stain quality, contaminate the 
slide, or add stain precipitate that may be confused with 
bacteria.2 As a consequence, it is prudent to also examine 
unstained slides if stained urine sediment slides are to 
be used. A recent study reported that air-dried modified 
Wright-stained preparations of urine sediment improved 
sensitivity, specificity, and positive predictive value for 
detecting bacteriuria.7

Specific findings
Cells

Low numbers of erythrocytes (less than 5/hpf) may be 
seen in normal urine; slightly higher numbers may  
be seen in samples obtained by cystocentesis due to  
iatrogenic hemorrhage. Increased numbers indicate 

Figure 32.1 Bacteria and degenerating white blood cells (×250) 
(Gram stain).

hemorrhage from anywhere in the urinary tract 
upstream from the urine collection site. Important rule-
outs for hematuria include uroliths, trauma, neoplasia, 
hemorrhagic diathesis, infectious or noninfectious 
inflammation, and, in cats, idiopathic cystitis. Less 
common causes may include renal cysts or infarcts, 
urinary parasites, strenuous exercise, and glomerular 
disease. Urine may also become contaminated with 
blood arising from the prostate in males or estrus in 
females. Blood originating from the prostate may reflux 
into the bladder, thus being present even in urine 
obtained by cystocentesis.

Leukocytes also may be found in low numbers (less 
than 3/hpf) in normal urine. Increased numbers of 
white blood cells (pyuria) indicate inflammation, most 
frequently due to urinary tract infection (see Fig. 32.1). 
Therefore, finding pyuria indicates the need for urine 
culture. Urinary calculi and neoplasia may also cause 
pyuria. Preputial or vaginal secretions may contaminate 
samples not obtained by cystocentesis. Absence of  
pyuria does not eliminate the possibility of urinary tract 
infection.

Small numbers of epithelial cells may be seen in 
normal urine. Cells may be transitional cells, squamous 
epithelial cells, or, rarely, renal tubular cells. High 
numbers of any type of epithelial cells or atypical epi-
thelial cells are abnormal and indicate the need to evalu-
ate the patient for possible urinary tract neoplasia.

Organisms

It is abnormal to observe any organisms (bacteria or 
fungal organisms) in urine samples obtained by cysto-
centesis (see Fig. 32.1). However, small numbers of 
organisms may be observed in samples collected from 



414  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

may be normal in otherwise normal dogs and cats.2 
When present in increased numbers, casts provide  
evidence supporting a diagnosis of kidney disease, 
although they are only sporadically observed. They are 
often shed in “showers” and thus may be present in one 
urine sample yet absent in a subsequent sample. Exami-
nation of fresh urine is most likely to yield casts because 
they tend to degenerate the longer urine is stored before 
examination. Vigorous shaking of the urine sample may 
also promote disruption of casts. Casts may be less 
visible in alkaline urine.

Casts are classified as cellular, granular, waxy, or 
hyaline (see Fig. 32.2a–d) Cellular casts may include 
renal tubular, red blood cells, or white blood cells and 
indicate epithelial injury, hemorrhage, or inflammation, 
respectively, occurring within the kidneys and particu-
larly within the renal tubules. Granular casts are  
composed of degenerating cells, proteins, and other  

unclean surfaces (e.g., floor, tabletop, or litter box), par-
ticularly if the urine is allowed to sit at room tempera-
ture for an extended period. In addition, debris or stain 
sediment may be erroneously mistaken for bacteria. 
Greater than 104 rods/mL or 105 cocci/mL must be 
present before they can be readily identified in the urine 
sediment; therefore, absence of bacteriuria on the uri-
nalysis does not rule out bacterial infection.2 A urine 
culture obtained by cystocentesis is the gold standard for 
confirming the presence or absence of UTI and should 
be considered for all patients suspected of having a UTI.

Casts

Casts are cylinder-shaped structures that form in the 
lumens of the renal tubules. The presence of increased 
numbers of casts is called cylindruria. Up to two hyaline 
or granular casts per low power field in moderately con-
centrated urine (urine SG values greater than 1.025) 

Figure 32.2 (a) Cellular cast (×250) (unstained); (b) hyaline cast (×104) (Sedi-Stain); (c) white cell cast (×104) (Sedi-Stain); (d) granular 
cast and various cells (×160) (unstained).

(a) (b)

(c) (d)
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substances and indicate renal tubular epithelial injury 
and necrosis. Granular casts may degenerate over time 
into waxy casts. Hyaline casts are observed with protein-
uria or diuresis.

Crystals

A variety of crystals may be found in urine. The more 
common types include calcium oxalate, struvite,  
ammonium urate, and cysteine. Fresh urine should  
be used when investigating crystalluria; evaporation, 
cooling, and changes in pH may influence crystal  
formation when samples are not fresh. Crystalluria does 
not indicate the presence of uroliths; however, it may 
indicate that conditions suitable for the formation of 
uroliths exist in the patient. Although the crystal type 
often predicts the composition of uroliths that are 
present, the crystal type alone may not accurately  
predict the chemical composition of uroliths if condi-
tions (e.g., diet, drugs) have changed since formation of 
the uroliths.

When crystals are present, it is important to attempt 
to identify the chemical composition of the crystals.  
The morphology of the crystals is useful in determining 
crystal composition (see Fig. 32.3a–f). Further, crystal 
composition may suggest possible diagnoses. For 
example, the presence of calcium oxalate crystals  
in animals with AKI suggests ethylene glycol intoxica-
tion. The presence of ammonium urate crystals in  
breeds other than Dalmatians prompts consideration  
of hepatic failure. The presence of cystine crystals  
confirms the presence of the renal tubular defect cystin-
uria. The presence of struvite crystals may be an inci-
dental finding.

Neoplastic cells

Neoplastic cells may occasionally be suspected by uri-
nalysis. When neoplastic cells are suspected, a large 
volume of urine should be collected, immediately cen-
trifuged, and a slide prepared from the resulting sedi-
ment. The slide should be allowed to dry and then 
stained with new methylene blue or Wright-Giemsa. 
However, cytologic findings of such preparations should 
be interpreted with caution because urine itself, inflam-
mation associated with UTI, and radiographic contrast 
material may all induce changes in cell morphology that 
may mimic neoplastic change.

Evaluation of urine concentration

Specific gravity
Although SG does not directly measure the concentra-
tion of urine, so to speak, it does reflect the relative 

relationship between solute and water in urine. The SG 
of a solution is the density of the solution. The density 
of a substance is the ratio of its mass (weight) to  
its volume. Density of urine reflects the total mass of  
all solutes per unit volume of solution. Stated in  
another way, urine SG is the ratio of the density (or 
weight) of urine to the density (or weight) of an equal 
volume of distilled water, both measured at the same 
temperature.

The SG of water is 1.000 under conditions of standard 
temperature and pressure. If the density of urine  
were equal to the density of water, the SG value would 
be 1. However, it is physiologically impossible for the 
kidneys to excrete pure water. Urine is denser than water 
because it is composed of water and various solutes  
of different densities. Therefore, urine always has an  
SG greater than 1.

Because SG is a measurement of density, it is affected 
by the number of solute particles present; however, it is 
also affected by the molecular weight of each solute 
present. Therefore, there is only an approximate rela-
tionship between SG and total solute concentration. 
Thus, two dogs with the same SG may have different 
osmolalities (see later) if the solutes in their urine differ.

Each type of solute has its own characteristic effect on 
the SG of urine. Urine samples having equivalent 
numbers of solute molecules per unit volume may have 
different SG values if different mixtures of solutes are 
present. For example, equal numbers of molecules of 
sodium chloride, albumin, and glucose all have a differ-
ent quantitative effect on SG. Looking at this illustration 
in a slightly different context, addition of either of (1) 
0.147 g of sodium chloride, (2) 0.27 g of glucose, and (3) 
0.4 g of albumin to 100 mL of urine will increase urine 
SG by 0.001.

Methods/equipment

Refractometry is the preferred method for measuring 
urine SG. Small handheld refractometers calibrated to 
determine urine SG are commonly used. The basic com-
ponents of clinical laboratory refractometers consist of 
a prism, a liquid compensator, and a chamber cover 
designed to direct a specific wave length of light (usually 
589 nm) onto a calibrated scale.

High-quality refractometers typically provide repro-
ducible results. They have an adjustable scale and contain 
a built-in mechanism for temperature correction (from 
60°F to 100°F). However, many refractometers acquire 
an increasing error with increasing amounts of solids. 
Ideally, refractometers should be calibrated by the manu-
facturer for the species being studied by using urine 
samples of known SG. Therefore, dog and cat urine 
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require different scales. Those designed for physicians are 
calibrated for human urine. If a refractometer designed 
for use in humans is used for cat urine, the measured  
SG will be falsely elevated. This error becomes more 
pronounced as urine becomes more concentrated.8

Figure 32.3 (a) Canine struvite crystals (×40) (unstained); (b) feline struvite crystals (×40) (unstained); (c) calcium oxalate monohydrate 
(×40)  (unstained);  (d)  “Thorn-apple”  ammonium  urate  crystals  (×40)  (unstained);  (e)  uric  acid  and  amorphous  urate  crystals  (×25) 
(unstained); (f) cystine crystals (×250) (unstained).

(a) (b)

(c) (d)

(e) (f)

Urine dipsticks commonly include a pad for  
measuring urine SG. However, the dipstick method  
is an unreliable method for measuring urine SG in  
dogs and cats and should not be used in these  
species.1
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Osmolality

The clinical unit of osmotic concentration is the milli-
osmole, defined as the quantity of a substance that dis-
sociates to produce one millimole of particles in solution. 
The size of these particles does not determine osmotic 
concentration—only the number of particles matters. 
By contrast, the SG of a solution is affected by both 
molecular size (weight) and the number of particles. 
Thus SG and osmolality measure different although 
related characteristics of urine.

The concept of osmolality may be explained by con-
sidering the effects of relatively large albumin particles 
(molecular weight: 68,000), much smaller glucose mol-
ecules (molecular weight: 180), and tiny sodium chlo-
ride molecules (NaCl; molecular weight: 58) on the 
osmolality of urine. Does albumin, glucose, or NaCl 
have the greater effect on osmolality? Because albumin 
does not dissociate in urine to form an increased  
quantity of solute, 1 mmol of albumin provides 1 mOsm 
of solute. Likewise, 1 mmol of glucose provides 1 mOsm 
of solute because glucose does not dissociate in urine to 
form an increased quantity of solute. But 1 g/dL of 
glucose has a greater effect on osmolality than 1 g/dL of 
albumin because the number of particles in 1 g/dL  
of glucose is many times greater than the number of 
particles of albumin in 1 g/dL. What about NaCl? In 
urine, 1 mmol of NaCl dissociates to form 2 mmol (one 
sodium ion and one chloride ion) in solution. Thus a 
1 g/dL solution of NaCl has many hundred times the 
osmotic activity of a 1 g/dL solution of albumin because 
undissociated and dissociated NaCl contributes many 
small molecules in large numbers while the same weight 
of protein contributes half the number of molecules. 
However, because of their high molecular weight, protein 
molecules could substantially affect SG measurements. 
When urine contains 1 g/dL of protein, 0.003 must be 
subtracted from the observed SG. In contrast, the effect 
of 1 g/dL of protein on urine osmolality is negligible 
(less than 1 mOSM/kg).

Methods/equipment

In clinical medicine, the osmotic concentration of solu-
tions is usually measured with instruments that deter-
mine freezing points (freezing point osmometers) or 
vapor pressure (vapor pressure osmometers). Commer-
cially manufactured osmometers determine osmolality 
by measuring relative changes in freezing point or vapor 
pressure of unknown solutions, utilizing standard solu-
tions as reference points. Currently available equipment 
uses microprocessors to provide rapid digital readout of 
data on samples as small as O.2 mL. See Chapter 51, 

Osmolality and Colloid Osmotic Pressure, for more 
information about osmometers.

Measurement of urine osmolality provides informa-
tion that is more closely related to renal concentrating 
capacity than SG or refractive index. Osmometers 
provide more accurate assessment of osmolality than 
refractometers. However, compared with refractometers, 
osmometers are expensive.

Application/interpretation

Measurement of urine concentration, either directly by 
osmometry or indirectly by evaluation of urine SG, is 
the primary method used to evaluate the kidney’s 
“response ability” to concentrate (remove water in excess 
of solute) or dilute (remove solute in excess of water) 
urine according to varying needs. Thus it is an index of 
tubular reabsorption. Knowledge of urine osmolality or 
SG is extremely helpful when attempting to differentiate 
the underlying cause(s) of polyuria and when localizing 
the pathophysiologic mechanisms of azotemia (prerenal 
versus renal azotemia).

Isosthenuria means the urine concentration (osmo-
lality) is the same as plasma osmolality (typically 280 to 
300 mOsm/L). SG values between 1.008 and 1.012 are 
generally regarded as isosthenuric. Hypersthenuria, 
indicating the ability to concentrate urine (excrete less 
water than solute), includes urine osmolalities in excess 
of the plasma osmolality (or greater than 300 mOsm/L) 
or urine SGs of 1.013 or greater. Hyposthenuria, indicat-
ing the ability to dilute urine (excrete more water than 
solute), includes urine osmolalities below the plasma 
osmolality (or less than 280 mOsm/L) or urine SGs 
1.007 or less.

Urine SG is used as the primary test for differentiating 
prerenal azotemia from renal azotemia. In a dehydrated 
or azotemia dog, a urine SG value of 1.030 or greater is 
interpreted as “adequate urine concentrating ability” 
and supports a diagnosis of prerenal azotemia. The criti-
cal value indicating adequate urine concentrating ability 
in cats is 1.035. Urine SG values below these critical 
values suggest a defect in urine SG and would be con-
sistent with primary renal azotemia. Causes other than 
kidney disease may also be responsible for impaired 
urine concentrating ability.

Another major indication for routine evaluation of 
urine SG involves interpretation of other tests that are 
part of the complete urinalysis. Correct interpretation 
of other urinalysis test results depends on knowledge of 
SG (or osmolality) because the SG value provides infor-
mation regarding the ratio of solutes to solvent (water). 
Semiquantitative interpretation of other test results is 
unfeasible in randomly obtained urine samples without 
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sodium concentration due to a dilutional effect. Simi-
larly, a patient with a very high urine SG due to volume 
contraction may have a relatively high urine sodium 
concentration due to the low water content of the  
urine. The effect of urine water excretion can be com-
pensated for by calculating the fractional excretion of 
sodium (FENa).

FENa is calculated using the following equation1:

FE U P /P UNa Na Cr Na Cr(%) [( ) )]= × × ×100

In this equation, UNa and PNa are urine and plasma 
sodium concentrations, respectively, and PCr and UCr are 
plasma and urine creatinine concentrations, respec-
tively. The FENa is most commonly applied in patients 
with AKI. In humans, volume contraction is typically 
associated with FENa values less than 1%; AKI is associ-
ated with values in excess of 2%–3%.4 The major limita-
tion to the use of FENa is that it depends on the amount 
of sodium filtered by the kidneys. Values for FENa con-
firming the diagnosis of AKI versus volume contraction 
have not been validated for dogs and cats.

Urine potassium and chloride excretion are less  
often likely to be helpful compared with sodium. In 
patients with hypokalemia, urine excretion may help 
determine whether hypokalemia results from excessive 
loss of potassium in urine. Ideally this would be estab-
lished by comparing daily potassium intake to daily 
urinary potassium excretion. “Spot” urine potassium 
concentration measurements are unreliable, and FEK is 
influenced by the amount of potassium filtered by the 
kidneys. Because the kidneys would normally readily 
excrete excess potassium, a defect in potassium excretion 
is presumed in patients with chronic hyperkalemia.

Urine chloride excretion generally parallels urine 
sodium excretion, so it is seldom measured. However, in 
patients with metabolic alkalosis and alkaline urine pH, 
urine sodium may be high because sodium is excreted 
as sodium bicarbonate. In this setting, finding that urine 
chloride excretion is low provides evidence of volume 
contraction.

Urine creatinine

Methods/equipment
Urine creatinine is usually measured by photometric 
methods using an autoanalyzer. A dipstick method for 

knowledge of SG. Consider proteinuria as an example. 
Does 2+ proteinuria at a SG of 1.010 reflect an equal or 
greater loss of protein than a 2+ proteinuria at SG of 
1.050? The answer is obvious. There is more protein in 
the less concentrated sample. The same concept is appli-
cable to interpretation of positive test results for glucose, 
ketones, bilirubin, occult blood, and constituents in 
urine sediment.

Evaluation of urine electrolytes

Methods/equipment
Potassium and sodium may be measured in serum, 
plasma, or urine by ion-specific potentiometry or dry 
reagent methods. Chloride may be measured in serum, 
plasma, or urine by ion-specific potentiometry, dry 
reagent methods, spectrophotometry, colorimetric titra-
tion, or coulometric-amperometric titration.

Application/interpretation
Measurements of urinary electrolytes may play an 
important role in the diagnosis and management of a 
variety of disorders. They may be examined as concen-
trations, 24-hour excretions, or fractional excretions. It 
is important to understand that there are no fixed normal 
values for electrolyte excretions because the kidneys vary 
their rate of excretion to match net dietary intake and 
endogenous production as well as metabolic needs. For 
example, a well-hydrated individual may be expected to 
excrete approximately the same amount of sodium in 
the urine as is ingested (24-hour excretion); however, 
urinary excretion of the same amount of sodium would 
be inappropriate in a volume-depleted individual.4

Urine sodium concentrations (“spot samples”) are 
commonly used to detect volume contraction in humans. 
Specifically, urine sodium concentrations below 
20 mEq/L generally suggest volume contraction. Because 
dogs and cats concentrate urine well beyond values 
achieved by humans, urine concentration is often used 
to provide the same volume estimate. However, in 
patients with impaired urine concentrating ability, a low 
urine sodium concentration implies the presence of 
volume depletion. A limitation in this application of 
urine sodium concentration as a measure of volume 
status is that defective renal tubular sodium reabsorp-
tion can be associated with a high rate of sodium excre-
tion despite volume depletion. This may occur in 
patients with hypoadrenocorticism, advanced kidney 
disease, or patients receiving diuretics. Similarly, the rate 
of water excretion may influence urine sodium concen-
tration. A well-hydrated patient with diabetes insipidus 
and a very low urine SG may have a very low urine 

1 The fractional excretion of any electrolyte may be calculated by 
substituting the plasma and urine concentrations of the electrolyte in 
question for PNa and UNa in the fractional excretion equation.
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Endogenous creatinine clearance is measured using 
the patient’s own creatinine already in the body. A timed 
urine collection is made (often 24 hours, but it can be 
shorter). Then the volume of urine collected, the dura-
tion (time in minutes) of the collection, the patient’s 
body weight, and the creatinine concentrations of the 
urine and the patient’s blood (ideally at the midpoint of 
the urine collection) are determined. The urine flow (V) 
is the volume of urine divided by the duration of the 
collection in minutes. From this data, the GFR can be 
calculated using the preceding formula. Normal values 
fort endogenous creatinine clearance in dogs and cats 
are approximately 2 to 5 mL/min/kg.

Exogenous creatinine clearance methods and creati-
nine disappearance curves may also be used to determine 
GFR; however, a safe, reliable source of creatinine solution 
for injection is not currently available commercially.

Measurement of creatinine clearance assumes that the 
patient’s GFR is stable. If the patient’s GFR is actively 
changing, such as with AKI or changes in renal perfu-
sion, the results obtained are likely to be unreliable.

Specialized urine tests specific to estimated 
creatinine clearance

Urine enzymes (enzymuria)
Early detection of AKI has the potential to minimize 
development of irreversible renal injury by facilitating 
early therapeutic and/or prophylactic intervention. 
Unfortunately, the usual measures of kidney dysfunc-
tion such as serum creatinine and urea nitrogen concen-
trations and urine SG are relatively insensitive; they may 
not become abnormal until later in the course of disease 
when reduction of approximately 67%–75% in GFR has 
occurred. Urinary casts may be an earlier sign of AKI 
but were reportedly been detected in only 30%–40% of 
dogs with AKI.10 In contrast, increases in the activities 
of certain urine enzymes have been shown in dogs and 
cats to occur before changes in blood urea nitrogen, 
serum creatinine, urine protein-to-creatinine ratio or 
urine SG are detectable.11–15

Urine enzymes are early and sensitive markers of 
proximal renal tubular injury in dogs and cats. Gamma-
glutamyl transpeptidase (GGT) activity and N-acetyl-
β-glucosaminidase (NAG) are the most commonly 
measured urine enzymes in dogs and cats. Urine enzyme 
levels are usually reported as the ratio of urine enzyme 
activity to urine creatinine concentration. The usual 
method for using urine enzymes to detect AKI is to 
obtain a baseline value and compare it with subsequent 
changes in serially measured values. Typically a two- to 
threefold increase from baseline values is interpreted as 
evidence of AKI.

measuring urine creatinine to determine the urine 
protein creatinine ratio is available.

Utility
Daily creatinine production, and thus daily urine excre-
tion in urine, is essentially constant. Thus 24-hour 
urinary excretion of creatinine may be used to compare 
the completeness of 24-hour urine collections because 
they should vary little from day to day. Because the con-
centration of any substance excreted in urine may vary 
either by the quantity of substance excreted or the con-
centration of urine, the ratio of the concentration of the 
substance (e.g., protein or cortisol) to the urine creati-
nine concentration may be used to correct for variation 
in urine concentration. This correction works because 
the effect of changes in urine concentration on any given 
substance will parallel changes in urine creatinine con-
centration. Urine creatinine concentration is also used 
in measurement of glomerular filtration rate (GFR).

Urine protein concentration

UPC (measured as milligrams per deciliter) divided by 
urine creatinine concentration (also in milligrams per 
deciliter) will yield a unit-less figure that estimates the 
daily excretion of protein in urine. The UPC is consid-
ered to be normal in dogs and cats when it is less than 
0.2. Values greater than 0.4 in cats and 0.5 in dogs are 
considered to be abnormal and are interpreted as pro-
teinuria. Values between these two ranges are considered 
borderline proteinuria. The UPC is usually performed 
on a “spot” urine collection and has been shown to be a 
reasonable estimate of 24-hour urine protein excretion 
in dogs and cats. However, day-to-day variation may be 
substantial in proteinuric dogs.9

The UPC ratio is only valid in assessing proteinuria 
in patients with an inactive urine sediment and sterile 
urine. Thus a urinalysis and, ideally, a urine culture, 
should be examined at the time that the UPC is 
measured.

Measurement of glomerular filtration rate

Because creatinine is excreted almost exclusively by glo-
merular filtration, creatinine clearance (CCr) is suitable 
for measuring GFR. This is the formula for creatinine 
clearance:

C U V/P /BWCr Cr Cr kg= ∗

Where UCr is the urine creatinine concentration, PCr 
is the plasma creatinine concentration, V is the urine 
flow in milliliters per minute, and BWkg is the body 
weight in kilograms.
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Recently, reference ranges for urine GGT-to-creati-
nine and NAG-to-creatinine ratios have been reported 
for dogs; 1.93 to 28.57 U/g for GGT/creatinine and 0.02 
to 3.63 U/g for NAG.16 There was an effect of sex on 
NAG/creatinine values with a range of 0.02 to 3.65 U/g 
for males and 0.002 to 2.31 for females. Urine GGT 
values were significantly lower when urine pH was lower 
than 7.0. Absent a baseline determination, urine enzyme/
creatinine values may be compared with these reference 
values to assess for evidence of AKI; however, the accu-
racy and sensitivity of this approach has not been 
reported.

Ideally, urine enzymes should be measured shortly 
after collection. If there is a delay in analysis, urine 
should be refrigerated (up to 8 hours for GGT determi-
nations). Urine pH may influence enzyme stability and 
should be measured simultaneously with urine enzymes 
to optimize their interpretation; GGT degrades more 
quickly in acid urine, whereas NAG degrades more 
quickly in alkaline urine.

There are at least two settings where measurement of 
urine enzymes may be particularly useful in emergency 
and critical care patients. The first is acute presentation 
of a dog or cat that may have been exposed to a neph-
rotoxic insult (e.g., nonsteroidal anti-inflammatory 
drug overdosage), and the second is in the hospital 
setting where iatrogenic AKI may occur (e.g., aminogly-
coside therapy or postanesthesia). In the first setting, 
collection of a baseline value upon admission to the 
hospital followed by serial monitoring provides the most 
sensitive and early means of establishing whether AKI is 
developing. In the second setting, baseline values may be 
obtained before beginning the intervention with collec-
tion of serial enzymuria determinations to assess for 
development of AKI.

Toxins
Urine may provide a basis for screening for some toxins 
and drugs. Generally, as much urine as is available 
should be collected and frozen for submission for toxi-
cologic examination. Among the substances that can be 
tested for in urine are acetaminophen, alkaloids (strych-
nine, nicotine, caffeine, theobromine), amphetamines, 
arsenic, barbiturates, benzodiazepines, cannabis, cocaine, 
codeine, cyanide, glycols, heroin, lead, mercury, metal-
dehyde, morphine, nonsteroidal anti-inflammatory 
drugs, oleander, paraquat, phencyclidine, sympathomi-
metics, thallium, tranquilizers, and others.
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Peritoneal dialysis

Diane M. Welsh and Mary Anna Labato

Dialysis is defined as the transfer of water and solute 
from one compartment to another across a semiperme-
able membrane, governed by diffusion, convection, and 
ultrafiltration. In peritoneal dialysis (PD) the perito-
neum serves as the semipermeable membrane between 
the peritoneal cavity and blood in the peritoneal capil-
laries. Diffusion is the random movement of molecules 
from an area of high concentration of the molecule in 
question to an area of low concentration of that mole-
cule. Osmosis refers to the movement of water from an 
area of low solute concentration to an area of high solute 
concentration. For diffusible molecules the process of 
solute diffusion and osmosis ultimately results in equal 
concentrations on both sides of the membrane. Ultrafil-
tration is the movement of water across the semiperme-
able membrane caused by differences in hydrostatic 
pressure or osmolality in the two solutions. Removal of 
excess fluid from the patient is referred to as ultrafiltra-
tion that is accomplished in PD by instilling fluid into 
the peritoneal cavity that is of a higher osmolality than 
plasma. Convection takes place when solutes are carried 
along with the bulk flow of water during ultrafiltration. 
Convection does not play an important role in PD.

Indications

The primary indication for PD in veterinary medicine 
is acute kidney injury (AKI), which is the sudden inabil-
ity of the kidneys to regulate solute and water balance. 
AKI can also be defined as the rapid deterioration of 
kidney function resulting in the accumulation of nitrog-
enous wastes such as creatinine and urea.1 AKI includes 
oliguric or anuric renal failure, AKI with severe uremia 

that is unresponsive to fluid therapy, and postrenal 
uremia resulting from ureteral obstruction or a rupture 
in the urinary collecting system.2 Even though PD is 
less efficient than hemodialysis (HD) in correcting 
uremia, there are still some definite therapeutic advan-
tages. PD is technologically simple, relatively inexpen-
sive, and more efficacious in removing uremic middle 
molecules that are molecules in the 500- to 15,000-Da 
range including parathyroid hormone, leptin, β-2-
microglobulin, tumor necrosis factors, and many others. 
PD is very labor intensive, however. HD is more effica-
cious in altering water and solute balance but does 
require a high level of technological expertise along with 
expensive equipment and supplies.

PD can also be used for the treatment of toxicities 
where the offending toxin is diffusible across the perito-
neal membrane; such toxins include ethylene glycol and 
its toxic metabolites, ethanol, and barbiturates. Hyper-
kalemia, hypercalcemia, the metabolites and neurotrans-
mitters responsible for the clinical signs of hepatic 
encephalopathy, and resistant metabolic acidosis are 
responsive to PD therapy. Volume overload, as occurs 
with heart failure, can also be treated with PD using a 
hypertonic dialysate to remove excess body water. Hypo-
thermia, hyperthermia resulting from heat stroke, and 
pancreatitis can also benefit from peritoneal lavage, 
using solutions and techniques similar to those used  
in PD.

The how’s of peritoneal dialysis

The basic equipment needed for PD (Box 33.1) consists 
of items that are readily available in most practices 
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except for the catheters. The equipment that will be 
needed include a peritoneal dialysis catheter, dialysate, 
sterile collection bags, sterile intravenous (IV) fluid 
lines, a three-way stopcock, and a fluid warmer.

Catheter types

There are many different types/brands of peritoneal 
dialysis catheters. Most are variations of a fenestrated 
silicone tube, with or without Dacron cuffs (Invista, 
Wichita, KS) to promote fibrous attachments at the peri-
toneal and cutaneous exit sites. For acute short-term PD, 
a percutaneous prepubic cystotomy tube catheter can be 
used (see Fig. 33.1). These are generally only functional 
for 12–36 hours, depending on how long it takes for 
them to become occluded with omentum that will 
restrict flow of dialysate out of the body. Due to the high 
incidence of omentum occluding the catheter, it is highly 
recommended to perform a surgical omentectomy when 
placing the long-term peritoneal dialysis catheter.

There are a variety of straight and curled catheters 
with straight and flexed necks for long-term use (see Fig. 
33.2). The two catheters that have been most successful 
in veterinary medicine for long-term use are the Fluted-T 
catheter and the Missouri catheter.2–4 The pediatric 
lengths are best used in cats and ferrets. When it is 
believed PD will be performed for longer than 24 hours, 
a surgically placed catheter should be utilized if possible. 
Although some catheters such as the Fluted-T and the 
Missouri Swan Neck curled catheter have been designed 
to be placed either via laparoscope or blind trocarization 
in humans, based on our experience it is preferable to 
place these catheters surgically in dogs and cats.

The Quinton Swan Neck Peritoneal Dialysis Curl 
Catheter (Kendall/Tyco Healthcare) with two felt cuffs, 
ranging in size from 38.9 cm (infant) to 43 cm (pediat-
ric) or the Quinton Swan Neck Missouri Peritoneal 

Box 33.1  Items required for performing peritoneal dialysis

•  Peritoneal dialysis catheter
•  Dialysate
•  Three-way stopcock
•  Fluid warmer
•  Sterile collection bags
•  Sterile drip sets/IV fluid lines (2)
•  Infusion pump (not required but helps ensure volume 

accuracy of infusions)
•  Minute timer (not required but helps in keeping on 

schedule)

Figure 33.1 Stamey  Prepubic  Percutaneous  catheter  (Cook 
Medical, Inc.).

Figure 33.2 Various PD catheters (Kendall/Tyco Healthcare).

Dialysis Curl Catheter (Kendall/Tyco Healthcare) with 
two felt cuffs ranging in length from 38 cm, 44.5 cm, and 
62.2 cm are the catheters that we have recently found to 
be the most successful for long-term applications (see 
Table 33.1). The Missouri variety also has a hard silicone 
bead in addition to the felt cuffs. The bead is positioned 
just inside the peritoneum to prevent dialysate leakage. 
The felt cuff is positioned just outside the peritoneum 
and is sutured to the rectus muscle. Fibroblasts grow 
into the fibers of the felt cuff to anchor the catheter. A 
second cuff in the subcutaneous tissue is designed to seal 
the exit site, helping to prevent bacteria from entering 
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Site selection and preparation and fluid 
selection

In the emergency situation when a percutaneous PD 
catheter is being placed, the animal should be adminis-
tered light sedation with a local anesthetic block. The 
patient should have the abdomen shaved and aseptically 
cleaned as for a surgical procedure. A stab incision 
should be made 3–5 cm lateral to the umbilicus. The side 
does not matter; however most right-handed individu-
als tend to place the catheter on the left side. Insert the 
trocar toward the pelvis and inguinal canal. Tunnel sub-
cutaneously for several centimeters and then insert 
through the abdominal muscles into the abdomen. The 
catheter is advanced over the trocar until it is fully in the 
abdominal cavity. Ideally the subcutaneous tunnel 
should create a snug fit. Use a purse-string suture pattern 
to secure the catheter. Alternatively, a small percutane-
ous chest tube may be used such as a Mila Percutaneous 
Chest Tube (Mila, Erlanger, KY).

When long-term use of a PD catheter is expected, 
surgical placement is highly preferable. Omentectomy is 
necessary to provide adequate exchanges if treatment is 
anticipated to last greater than 48 hours. The curled tip 
should be positioned in the inguinal area. The fluted 
aspect of the Fluted-T catheter is placed against the pari-
etal peritoneum and oriented in a cranial to caudal 
plane. It is placed in a paramedian location with the long 
aspect directed toward the inguinal ring. The subcutane-
ous tunnel should be such that there is a gentle bend in 
the catheter that does not kink and that exits caudally 
and off midline by 3–5 cm. When a cuffed catheter is 

into the catheter tract. However, catheters that are surgi-
cally placed and have the previously mentioned silicone 
bead will need to be surgically removed. PD catheters 
that are placed percutaneously have the advantage of not 
requiring surgical removal.

Other devices that may be used in an emergency situ-
ation as PD catheters are the Blake surgical (Johnson & 
Johnson, Arlington, TX) drain, biliary drainage cathe-
ters, and the Jackson-Pratt drain.5–7 Although not spe-
cifically designed for PD, the Blake surgical drain 
functions in a manner similar to the fluted-T catheter 
and has been used for PD in human infants and cats6,7 
(see Fig. 33.3).

Table 33.1 Catheter manufacturers

Catheter Manufacturer

Stamey Percutaneous Suprapubic Catheter Cook Medical, Inc.
800–457–4500
www.cookmedical.com

•  Ash Advantage T-Fluted PD Catheter
•  SWAN NECK Missouri and SWAN NECK CURL CATH 

Peritoneal Catheters
•  QUINTON Tenckhoff Peritoneal Catheters

Kendall/Tyco Healthcare (a division of Covidien)
800–962–9888
www.Kendallhq.com/healthcarecatalog.asp
Medigroup, Inc.
800–323–5389
www.medigroupinc.com
Medcomp
215–256–4201
www.medcompnet.com

Blake Silicone Drain Johnson and Johnson Gateway
www.jnjgateway.com/home

Figure 33.3 Blake  surgical  drain  (Johnson  and  Johnson 
Gateway).



424  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

Catheter management

To try to avoid catheter-related infection, the catheter 
and all lines should be maintained as aseptically as pos-
sible. The first step after catheter placement is to wrap 
the catheter exit site with a sterile bandage and connect 
the catheter to the input and output lines that are the 
sterile IV fluid lines. From this point on all manipula-
tions of the lines, daily bandage, and line changes (Box 
33.3) should be performed with the clinician and techni-
cian wearing sterile surgical gloves. When handling the 
patient including physical examinations, treatments, 
and when taking the patient outside or to other areas 
within the hospital, examination gloves should be worn.

An important aspect of catheter management is 
proper bandaging of the exit site and stabilization of the 
exiting catheter lines. The items needed are listed in Box 
33.3 and shown in Fig. 33.4.

used, the cuffs should be soaked in sterile saline before 
placement to remove air and facilitate fibroblast cuff 
invasion. The inner cuff is placed in the rectus muscle, 
and the other cuff is placed in the subcutaneous tunnel. 
A tight subcutaneous tunnel with fibrous ingrowths into 
the cuff decreases the incidence of dialysate leak.1,8–11

Dialysate solutions
Commercially prepared dialysate solutions containing 
various concentrations of dextrose are available (Baxter, 
Deerfield, IL). Dialysis for removal of solutes is generally 
performed using 1.5% dextrose. Dialysates containing 
2.5% and 4.25% dextrose are used in moderate to 
severely overhydrated patients. Dialysate solutions are 
buffered, slightly hyperosmolar crystalloid solutions 
designed to pull fluid, creatinine, urea, electrolytes, and 
phosphates from the plasma into the dialysate while pro-
viding diffusible buffer and other needed compounds 
such as magnesium and calcium.12

Hyperosmolar dextrose-containing dialysate solu-
tions are effective for minimizing edema in overhydrated 
patients and for enhancing ultrafiltration (removal of 
water) in all patients. Hypertonic dextrose appears to 
favor capillary vasodilation and promotes solute drag. A 
1.5% dextrose dialysate is used in dehydrated or normo-
volemic patients. The 2.5% and 4.25% dialysates should 
be used in mildly to severely overhydrated patients. Inter-
mittent use of a 4.25% dialysate solution may increase 
the efficiency of dialysis in all patients.2 Heparin (250–
1000 U/L) should be added to the dialysate for the first 
few days after catheter placement to help prevent occlu-
sion of the catheter by fibrin deposition.2,5 This heparin 
is minimally absorbed by the patient’s circulation and 
unlikely to prolong clotting times.2,5,13–15 The dialysate 
should be warmed to 38oC to improve permeability of 
the peritoneum. The dialysate line should be placed in a 
fluid warmer to help maintain this temperature.

In an emergency situation where there is no com-
mercially prepared dialysate solution available, a suitable 
dialysate solution can be made by adding dextrose to 
lactated Ringer solution. Osmolality should closely 
approximate that of the patient and the dextrose con-
centration should be at least 1.5%. Adding 30 mL of 50% 
glucose to 1 L of lactated Ringer solution will result in a 
1.5% dextrose solution (see Box 33.2).

Box 33.2  Recipe for homemade dialysate solution

1 L lactated Ringer solution
30 mL 50% dextrose
Mixing both together will yield a 1.5% dialysate solution

Box 33.3  Items needed for catheter and line care

Three-way stopcock
2- to 4-inch conforming gauze bandage
2- to 4-inch cast padding
2- to 4-inch conforming flexible bandaging material (e.g., 

VetWrap or CoFlex)
Porous tape
Waterproof tape
Two sterile drip lines
One sterile collection bag (size depends on size of patient 

and volume of exchanges)
Small sterile gauze squares
Povidone iodine

Figure 33.4 PD supplies.
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The abdominal bandage should be removed and reap-
plied every 24 hours. The exit site of the catheter should 
be inspected for any redness, swelling, discharge, cath-
eter slippage, or any other abnormalities and should be 
brought to the doctor’s attention. The outflow line and 
used dialysate collection bag should be changed every 24 
hours. The dialysate fluid bag and inflow line should also 
be changed every 24 hours as well. If the dialysate bag is 
lasting less than 24 hours, only the bag needs to be 
changed at that time, and then both bag and lines 
changed at the 24-hour time point. These should all be 
done as aseptically as possible wearing sterile gloves. If 
possible the patient should also have a urinary catheter 
in place. This line should be labeled “urine,” and the 
collection bag should also be labeled “urine.” The urinary 
collection system should be wiped down with a dilute 
chlorhexidine solution every 4–8 hours.16,17 We recom-
mend that the exposed part of the PD catheter and the 
inflow and outflow lines should also be wiped down 
with a dilute chlorhexidine solution every 4–8 hours. At 
our hospital the indwelling urinary catheter is changed 
every 48 hours to lessen the risk of nosocomial 
infections.

It is very important not to instill cool or even room 
temperature dialysate into the patient. Instilling even 
room temperature dialysate into a patient will dramati-
cally and sometimes detrimentally lower the body tem-
perature. There are a number of ways to warm the 
dialysate. A fluid line warmer on the end of the inflow 
line between the stopcock and fluid bag can be used.  
It is important to make sure that it will sufficiently  
warm the fluid at the rate at which the fluid is being 
infused. A drawback to this method is that it is another 
apparatus on the fluid line, which requires a line long 
enough to wind through the fluid warmer. Another 
drawback is the extra weight pulling on the catheter, 
especially if the patient is mobile. The other way to heat 
the dialysate fluid is to wrap the dialysate fluid bag in a 
heating blanket. The drawback to this method is that the 
fluid in the line cools down during the dwell and drain 
period. Thus with small infusion volumes, the cool 
inline dialysate fluid could amount to a large portion of 
the total infusion. A combination of the inline and 
around-the-bag fluid warming techniques is an ideal 
option.

Once everything is attached, secured, and labeled, 
exchanges may begin. Beginning exchanges are generally 
done hourly. Sterile gloves should be worn when han-
dling the pet and/or lines in any manner. The total  
dialysate dose is usually infused over 10–20 minutes, 
depending on the volume and speed at which it can be 
given. Generally there is a 30- to 40-minute dwell fol-
lowed by a 10- to 20-minute drainage period. Initially, 
this exchange procedure is generally repeated every hour.

To wrap the catheter in place you will need to cover 
the exit site of the catheter with a piece of sterile gauze. 
Making a cut into the middle of the gauze square and 
then position the catheter into the middle of this works 
well. Wrap the cast padding around the abdomen of the 
pet without kinking or occluding the catheter, trying to 
keep the catheter in line with the way it is exiting the 
body. Then add a layer of conforming gauze bandage 
and finish with a layer of the flexible bandaging material, 
again making sure to not kink or occlude the catheter in 
any way. A layer of 4-inch porous tape may need to be 
applied around the cranial aspect of the bandage to help 
keep it from sliding. Half of the tape should be on the 
animal and half of the tape should be on the bandage.

Once the bandage is applied, the input and output 
lines should be connected. In a sterile manner a three-
way stopcock is attached to the end of the catheter. The 
heparinized dialysate solution is spiked with a drip set; 
if using a fluid pump to control and monitor your infu-
sions, it should be a pump drip set. Prime the line with 
dialysate. Attach this drip line to the T-side of the three-
way stopcock. A second drip set (regular, not pump set) 
should be spiked into a sterile empty collection bag. The 
other end of this drip line is attached to the last remain-
ing side of the stopcock. This line should be positioned 
so that it is a straight route from the patient’s dialysis 
catheter through the stopcock into the outflow bag. 
These lines should be labeled “inflow” and “outflow,” 
and the drainage bag should be labeled “effluent or out-
going dialysate” (see Fig. 33.5). At our institution we 
soak three small gauze squares with either povidone 
iodine or chlorhexidine solution. These squares are 
going to be wrapped around each connection of the 
stopcock and secured with waterproof tape.

Figure 33.5 PD “Y” setup.
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A flow sheet is very helpful in recording and tracking 
these values (see Table 33.2).

At the end of a cycle record the IV fluids given (if any) 
over the previous hour, the dialysate amount that was 
infused at the beginning of the dwell period that is now 
ending, the amount of dialysate that just drained out of 
the patient, and the amount of urine that has accumu-
lated over the last hours (if any) are inserted into the 
flow sheet. This allows the clinician to track the current 
volumes of dialysate in and out, as well as the total fluid 
volumes in and out (including IV fluids and urine 
output). When and if the exchanges go to every 2 hours 
or longer, the orders are modified to quantify all the data 
at the end of the exchange for the designated number of 
hours’ worth of values.

Depending on how the patient responds to treatment, 
the exchanges can be varied in many ways. The dwell 
time can be lengthened or shortened. The dialysate solu-
tion can be changed to a different percentage of dex-
trose. Commercially available dialysate solutions contain 
dextrose of 1.5%, 2.5%, and 4.25%. Initially the 2.5% or 
the 4.25% dialysate solution is usually used. The higher 
concentrations are used to remove water by ultrafiltra-
tion and correct overhydration and to more efficiently 
use the principles of diffusion and convection to correct 
electrolyte and acid-base abnormalities or when effluent 
dialysate volume is inadequate due to severe hyperos-
molality. The 1.5% dialysate solution is the most com-
monly used solution for maintenance PD.

Additional monitoring

As well as accurate records of the patient’s ins and outs 
during PD, there are many other parameters that are 
essential to monitor. The patient’s weight should be 
recorded twice a day, before an infusion of dialysate (in 
a dry state). Monitoring the patient’s weight is another 
way of monitoring the volume status. Rapid decreases 
in weight may be an indicator that the patient is becom-
ing volume depleted, or it may indicate successful fluid 
removal from an overhydrated pet. Acute increases in 
body weight may be an indication, for instance, that an 
oliguric patient is in jeopardy of developing volume 
overload.

Blood pressure should be monitored every 6–8 hours, 
to ensure that the patient is not becoming either hypo- 
or hypertensive.

The patient’s temperature should be monitored three 
to four times a day. This should be done at least once 
right after dialysate infusion to determine if the ex-
changes are affecting the body temperature.

Renal and electrolyte values should be monitored. 
Initially these values should be checked two to three 

At the beginning of every exchange, 2 mL of dialysate 
should first be flushed through the stopcock and into 
the outflow bag.18–20 This is referred to as the drain first 
protocol. This is to rinse any potentially trapped bacteria 
that might be sitting in the stopcock into the outflow 
line and not into the patient. This amount should not 
be included in the measured “in” and “out” volumes 
(explained later). To infuse this first 2 mL of fluid, the 
stopcock should be turned “off” to the patient. This is 
where a fluid pump comes in handy for accuracy in 
delivery of the proper infusion amounts, and this  
also avoids having to disconnect the lines, which 
increases the possibility of introducing contamination. 
Program the pump to deliver 2 mL; when that 2 mL  
has been flushed through the stopcock, turn the stop-
cock “off” to the outflow bag. Program the pump to 
deliver the prescribed amount of infusion over the pre-
scribed time. When the infusion is complete, turn the 
stopcock “off” to the patient. The patient is now “dwell-
ing” because dialysate fluid is dwelling within the peri-
toneal space. At the end of the dwell time the stopcock 
is now turned “off” to the fluid pump or dialysis inflow 
line. Fluid (dialysate) should now flow freely from the 
patient into the outflow line and effluent collection bag. 
Occasionally fluid will not flow freely. Poor fluid efflux 
generally occurs if the catheter was placed percutane-
ously and it has become occluded by omentum. Even 
with a surgically placed catheter in an omentectomized 
animal, there are times that fluid will not drain freely. 
To help with this, try manipulating the patient’s  
position. If it is a small dog or cat, try picking the animal 
up and rotating its position, right to left, or head up  
and then tail up. At the completion of the drain period, 
another exchange will be repeated. The type of dialysate, 
the amount infused, and the dwell and dry times are 
collectively referred to as the dialysis prescription. A 
dialysis cycle refers to how often exchanges occur. These 
may be hourly (initially in the acute setting) or may 
consist of dwell times ranging from 1 to 12 hours chron-
ically. More often in the chronic situation dwell  
times may last 2–4 hours with 4- to 6-hour dry times 
(peritoneal cavity devoid of dialysate solution ) in 
between exchanges.

Monitoring

Accurate and complete recordkeeping is a critical aspect 
of the peritoneal dialysis procedure. The following 
values should be recorded hourly with a running total.

IV fluids in (including all medications and fluids)
Dialysate in
Dialysate out
Urine out



Table 33.2 PD flow sheet

Date Dialysate # Please 
Note AM 
or PM. 
Also 
Note 
Date on 
Each 
Sheet 
Inflow 
Time

Dwell 
Time

Outflow 
Time

Dialysate 
Volume 
In

Dialysate 
Volume 
Out

Current 
Exchange 
Net Balance 
of Dialysate 
Only (Volume 
Out Minus 
Volume 
In = Balance)

Running 
Total of 
Balance of 
Dialysate 
Only

IV 
Fluids 
In

Urine 
Out

Total 
Fluids 
In

Total 
Fluid 
Out

Current 
Exchange 
Fluid 
Difference 
(Total Fluid 
in Minus 
Total Fluids 
Out = Fluid 
Diff)

Running 
Total of 
Fluid 
Difference

Exchange Comments

1 1
2 2
3 3
4 4
5 5
6 6
7 7
8 8
9 9

10 10
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ingress and egress. Missouri Swan Neck catheters help 
reduce and prevent kinking in the patient’s subcutane-
ous tissues because of these catheters’ preformed bend.

Dialysate leakage into the subcutaneous tissue usually 
through the abdominal incision site is another problem 
that occurs commonly. The Missouri PD catheters (with 
the silicone bead) and felt cuffs may help decrease this 
problem. Generally, when a PD catheter is placed, the 
patient needs the therapy as soon as possible; however, 
if it is possible to delay the first exchange for 12–24 
hours, it may help the site to “seal up” and therefore 
minimize leakage. In our experience if treatment cannot 
be delayed, then infusing small volumes (10 mL/kg) with 
each exchange for the first 12 hours seems to provide 
some benefit in lessening the potential for dialysate 
leakage. The most frequent complication at our institu-
tion is dialysate leakage into the subcutaneous tissue. A 
total of 62% of cats with percutaneously placed cathe-
ters experienced subcutaneous leakage and 50% of cats 
with surgically placed catheters had subcutaneous 
leakage.21 Dialysate leakage can be minimized by ensur-
ing a closely apposed abdominal incision closure (simple 
interrupted suture pattern only), starting the initial 
exchange volumes at a quarter of the calculated infusion 
amount, and if leakage does occur, intermittently wrap-
ping the limbs to promote mobilization of the edema. 
Additionally, if subcutaneous leakage occurs, the dialy-
sate solution should be changed to the lowest possible 
osmolality formulation available; otherwise the hyper-
osmolar glucose solution in the dialysate will continue 
to bring body water with it into the subcutaneous tissue.

Hypothermia can be prevented by adequate warming 
of the dialysate solution before instillation into the 
patient. Also, providing the patient with external 
warming support, such as a hot water blanket, can help 
prevent hypothermia. Regular temperature monitoring 
is crucial to maintaining an appropriate body tempera-
ture in the PD patient. One would think that this would 
be an easy task, but it is not, due to the constant changes 
in the patient’s treatment (inflow versus dwell versus 
outflow) all affecting the body temperature. An increase 
in body temperature may be a sign of infection or peri-
tonitis and should be thoroughly investigated. One of 
the best ways to prevent infection related to PD is to be 
extremely careful when changing dialysate bags so as not 
to introduce any bacteria into the bag.

Hypokalemia and hypoalbuminemia may both 
develop in patients undergoing PD. Therefore, both 
serum potassium and albumin concentrations should be 
monitored daily. Hypokalemia develops due to the 
nature of diffusion of this across the semipermeable 
membrane from the patient into the dialysate and then 
loss into the used dialysate solution.

times on the first day and then daily. The goal is to 
correct the uremia and electrolyte abnormalities but not 
too quickly. For example, if a drop in blood urea nitro-
gen of more than 50% of the starting value occurred on 
day 1 of treatment, the frequencies of exchanges would 
be decreased from hourly to every 4 hours.

Heart rate and respiratory rate and effort should be 
monitored every 1–2 hours. It should be noted if there 
is any increase in respiratory rate and effort and how this 
correlates to the dialysate infusion. Too much distension 
of the peritoneal cavity with dialysate will put pressure 
on the diaphragm, making respirations difficult. 
Increases in heart rate and respiratory rate and effort can 
also be signs of hypovolemia, volume overload, or pain.

Complications

Some of the potential problems that could occur while 
performing peritoneal dialysis include outflow prob-
lems, dialysate leakage, hypo/hyperthermia, hypokale-
mia, hypoalbuminemia, infection, volume overload, and 
dysequilibrium. As noted earlier, the most common 
cause of an outflow problem is clogging of the catheter 
with omentum. The best way to avoid this complication 
is to perform an omentectomy at the time of surgical 
placement of the catheter. If dialysate efflux is poor, one 
can try to improve it by altering the animal’s position or 
manually maneuvering the patient about if it is small 
enough. Standing the patient on its rear limbs with its 
head elevated or elevating the pelvis with the thoracic 
limbs on the ground may move dialysate about the 
abdomen and encourage drainage through the catheter. 
Another potential way to clear an outflow problem that 
may be from omentum covering the drainage holes 
along the catheter is to instill a small amount of dialysate 
solution back into the abdomen and see if this dislodges 
whatever is there and allow for a more effective drainage. 
Sometimes this is successful, but often once the catheter 
is clogged with omentum it is difficult to correct. Another 
potential cause of slow fluid outflow may be a kink in 
the catheter or drainage tubing. Kinks are fairly easy to 
find and remedy if they are outside the patient’s body. 
Manually inspect all lines leading from the patient to the 
collection bag, and remedy any kinks or occlusions. If 
there are no occlusions in the distal lines but fluid efflux 
remains poor, the patient’s body bandage should be 
unwrapped and the catheter exit site inspected to make 
sure it has not become kinked at the exit site. Unfortu-
nately, line kinks within the patient are difficult to dis-
tinguish from omental clogging. However, if dialysate 
flows freely into the patient but efflux is slow, an omental 
clogging problem is probably more likely than an inter-
nal kink, which should lead to difficulty with both fluid 
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adjusted to remove urea and small solutes at a slower 
rate (i.e., fewer exchanges or longer dwell times). If signs 
of disequilibrium occur, the patient should be treated 
with mannitol 0.5–1 g/kg as an IV bolus and diazepam 
0.1–1 mg/kg IV if seizures occur.

Contraindications to peritoneal dialysis

There are few situations in which PD is absolutely con-
traindicated. In humans these include peritoneal adhe-
sions that prevent fluid distribution throughout the 
peritoneal cavity and pleuroperitoneal leaks that would 
result in pleural effusion and respiratory compromise. 
Adhesions are not often seen in dogs and cats. Diaphrag-
matic or peri-cardiodiaphragmatic hernias are seen in 
animals and could result in respiratory or cardiac dys-
function. However, there was an early report of the use 
of pleural dialysis in two dogs with acute kidney injury.32 
PD is contraindicated in severe catabolic states in which 
marked hypoalbuminemia exists because large amounts 
of protein can be lost through the peritoneum during 
dialysis exchanges. Marked ascites, obesity, recent abd-
ominal surgery, bowel distention, or abdominal masses 
may interfere with catheter placement or adequate 
volume exchanges and are relative contraindications  
for PD.11

The future of peritoneal dialysis

Most of this chapter has referred to the care and treat-
ment of the patient with an acute reversible kidney 
injury; however, it is possible that continuous ambula-
tory PD could become a viable treatment option for 
chronic renal disease. With a dedicated owner that is not 
inhibited by the medical treatment, this could be an 
option for those in end-stage kidney failure where trans-
plantation or HD is not an option. It would require a 
close working relationship between the owner and the 
hospital staff to maintain aseptic techniques as well as 
daily bandage changes and care of the catheter and 
patient.

Summary

PD is a viable option for the treatment of acute kidney 
injury in animal patients. It is a technically simple yet 
labor-intensive therapy that could be utilized by many 
veterinary practitioners. The objectives of PD are to 
resolve the clinical signs of uremia, reduce azotemia, and 
to correct electrolyte, fluid, and acid-base abnormalities 
until the kidneys can recover sufficiently to maintain 
these values themselves. The main indication for the dis 
continuation of PD is when the animal has changed 

Protein losses can be clinically important in patients 
undergoing PD.22 Losses may increase dramatically 
(50%–100%) when peritonitis is present. Hypoalbu-
minemia was the most common complication in a 
review of PD cases in dogs and cats, with 41% of animals 
affected.23 In another study 16% of cats developed hypo-
albuminemia.21 Hypoalbuminemia may be the result of 
low dietary protein intake, gastrointestinal or renal 
protein loss, loss into the dialysate itself as a result of 
chronic inflammatory changes in the peritoneum, 
uremic catabolism, and concurrent diseases. Usually the 
animal can maintain a normal serum albumin concen-
tration if nutritional intake is adequate. However, ade-
quate enteral nutrition may be difficult to achieve in 
uremic patients. Supportive measures to maintain posi-
tive nitrogen balance often must be utilized. Nutritional 
support includes feeding tubes, partial or total paren-
teral nutrition, and the technique of PD using 1.1% 
amino acid solutions.5,24–27 Gastrostomy and jejunos-
tomy tubes are contraindicated during PD because of 
increased risk of infection and abdominal wall exit site 
dialysate leaks.

The prevalence of peritonitis in veterinary patients on 
PD has previously been reported as higher (22%) than 
that reported for humans (15%).23,28 Additionally, exit 
site infection is a troublesome problem in humans.29 In 
recent studies at our institution, peritonitis was not 
identified in any of the PD cases in dogs reviewed during 
a 4-year period and was reported in only 1 of 22 cats 
(2.5%) over a 5-year period.21,30 The most common 
source of peritonitis is contamination of the bag spike 
or tubing by the handler, although intestinal, hematog-
enous, and exit site sources of infection do occur.29 It is 
important to recognize pericatheter leaks to minimize 
exit site sources of infection.5 Peritonitis is diagnosed 
when two of the following three criteria are recognized: 
(1) cloudy dialysate effluent, (2) greater than 100 inflam-
matory cells per microliter of effluent or positive culture 
results, and (3) clinical signs of peritonitis. In our  
practice the incidence of peritonitis has dramatically 
decreased with the use of the closed Y-system and drain 
first protocol.

Dialysis dysequilibrium is a rare complication char-
acterized by dementia, seizures, or death. If it occurs, 
dysequilibrium is usually seen during early exchanges. 
Dialysis dysequilibrium is seen most commonly in 
patients with extreme azotemia, acidosis, hypernatre-
mia, or hyperglycemia. Rapid removal of urea and other 
small solutes causes influx of water into brain cells and 
neurologic dysfunction.2 Other compounds such as 
idiogenic osmoles are thought to play a role, as may 
paradoxical intracellular acidosis.31 If evidence of dyse-
quilibrium occurs, the dialysate prescription should be 
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from an anuric or oliguric state to a polyuric state and 
azotemia has improved or stabilized. PD is also a realistic 
treatment for dialyzable toxin exposure.
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34
Technical management of hemodialysis patients

Karen Poeppel and Cathy Langston

Hemodialysis is a therapy by which blood is removed 
from the patient, run through an artificial kidney called 
a dialyzer where uremic toxins are removed, and then 
returned to the patient (Fig 34.1). Removal of these 
toxins is achieved by diffusion across a semipermeable 
membrane in the dialyzer. Blood is circulated on one 
side of the membrane, and a balanced electrolyte solu-
tion called dialysate is circulated on the other side of the 
membrane. Molecules small enough to pass through the 
pores in the membrane move from the side with higher 
concentration to the side with lower concentration. 
Used dialysate, which is on the opposite side of the semi-
permeable membrane from the patient’s blood and con-
tains the patient’s uremic waste products, is then washed 
down the drain. Blood continuously circulates in this 
loop for the duration of the dialysis treatment, usually 
4 to 5 hours for intermittent hemodialysis (IHD). This 
way the entire blood volume of the patient is treated 
many times over while minimizing the actual volume of 
blood in the extracorporeal circuit at any given time. 
Vascular access for this circuit is obtained by placing a 
large double-lumen catheter into the jugular vein. In 
addition to removing uremic waste products, hemodi-
alysis can restore appropriate patient hydration via 
ultrafiltration, as well as electrolyte and acid-base 
balance via diffusion or convection. Ultrafiltration is the 
removal of excess patient fluid from the vascular com-
partment and is achieved when a pump on the side of 
the outgoing dialysate creates a negative pressure across 
the semipermeable membrane in the dialyzer.

Intermittent hemodialysis is a renal replacement 
therapy performed for a set period of time per day, 
generally 3 days per week during the maintenance phase 

of treatment. Continuous renal replacement therapies 
(CRRTs) exist that rely on the same concepts of diffu-
sion, ultrafiltration, and convection across an extracor-
poreal semipermeable membrane. As the name implies, 
patients are treated continuously rather than intermit-
tently. There are increasingly more veterinary facilities 
that provide CRRT. Full discussions of veterinary CRRT 
are published elsewhere.1,2 Many concepts to be dis-
cussed in this chapter hold true for both intermittent 
and continuous therapies, but key differences are dis-
cussed when appropriate.

Patient selection

Acute kidney failure
There are a number of indications for IHD (see Box 
34.1), but in veterinary medicine IHD is used most com-
monly to treat patients with acute kidney injury or 
failure.3,4 Standard medical therapy should always be 
attempted before initiating hemodialysis, but a certain 
number of patients do not respond adequately. Presence 
of uremic signs, progressive azotemia, or azotemia that 
does not improve over a 24-hour period with standard 
medical therapy is an indication for dialysis. Anuria or 
oliguria is often present in patients with more severe 
renal injury. Life-threatening volume overload can 
develop in these patients as a result of aggressive intra-
venous (IV) fluid diuresis, excessive volumes of medica-
tions, or total or partial parenteral nutrition. In the 
absence of urine production, the body has very limited 
methods of removing extra fluid, so hemodialysis is 
indicated to remove the accumulated fluid.3–5
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remainder of their lives. Chronic dialysis is indicated 
when medical management fails to control uremic 
symptoms, which include vomiting, nausea, anorexia, 
and weakness.

It is not uncommon for patients with end-stage 
chronic kidney disease to present in an acute uremic 
crisis. In this setting treatment progresses similarly to 
treatment for acute renal injury until the crisis is stabi-
lized. The difference is that the owner and the medical 
staff know the patient will always be dialysis dependent, 
so they can make decisions accordingly. It would not be 
prudent to treat a chronic kidney failure patient in the 
long term with CRRT because an intermittent therapy 
would be the only mode of treatment that would allow 
the patient to leave the hospital.

Toxin removal
Finally, hemodialysis can be used to treat certain intoxi-
cations and drug overdoses. For effective removal by 
dialysis, the substance must be small enough to pass 
through the semipermeable membrane, and it cannot be 
protein bound or sequestered in extravascular tissues.3–5 
The dialysis treatment must be initiated before the toxin 
causes irreversible damage to the patient. Antifreeze 
(ethylene glycol), alcohol, and digoxin are a few sub-
stances that can be effectively removed by dialysis. For a 
more complete list, see Box 34.2.

Hemodialysis is superior to CRRT for clearing most 
toxins because diffusion happens much more quickly in 
the dialyzer during an IHD treatment than it would 
during a CRRT treatment. A continuous therapy may be 
beneficial for removal of toxins that have a high postdi-
alysis rebound, meaning they are sequestered in the 
extravascular space and diffuse more slowly into the 
blood compartment.7

Patient considerations
Hemodialysis involves prolonged and intimate operator 
contact with the patient. It would be unsafe for both the 
patient and technician to treat an aggressive patient. 
Repositioning of the catheter or patient for continuous 
blood flow is frequently necessary. Inability to handle 
the patient can lead to inadequate dialysis treatment, 
significant blood loss from clotting in the dialyzer, phys-
ical harm to the technician, or inadvertent dialysis cath-
eter removal. Sedation for 4 to 5 hours daily is likely 
counterproductive to renal recovery.

Patients weighing less than 2.5 kg are difficult to treat 
due to their low blood volume. The smallest priming 
volume available for the extracorporeal circuit is 68 mL, 
so treatment of a patient smaller than 2.5 kg would 
require priming the circuit with blood from the blood 

Anuric or oliguric patients, patients with severe renal 
impairment, and patients receiving overly aggressive 
potassium supplementation are at risk of hyperkalemia. 
Emergency treatment (i.e., insulin, dextrose, bicarbon-
ate) only shifts the potassium to the intracellular space, 
but if urine production cannot be established, there is 
no way for the patient to excrete the excess potassium. 
Hemodialysis is indicated in these patients to remove the 
potassium.3,6

In all cases of acute renal injury, the ultimate goal of 
dialytic therapy is to provide a supportive therapy to 
allow time for the kidneys to recover sufficiently so dial-
ysis can be discontinued.5 Renal recovery generally takes 
at least a few weeks, and sometimes months, so without 
dialytic therapy the patient would die of uremic compli-
cations before renal recovery could occur. Of the patients 
who survive, a certain percentage have full renal recov-
ery, some no longer require dialysis but have renal insuf-
ficiency, and the final group remain dialysis dependent 
for the remainder of their lives.

Chronic kidney failure
Hemodialysis can also be used to treat patients with 
chronic kidney failure.5 In these patients there is no hope 
for renal recovery because the disease is degenerative. 
Therefore the patients are dialysis dependent for the 

Figure 34.1 A cat being dialyzed. Patients are not sedated for 
dialysis treatments.

Box 34.1 Indications for hemodialysis

Azotemia refractory to conventional medical management
Severe electrolyte or acid-base disturbances
Life-threatening volume overload
Toxicities and drug overdoses
Chronic kidney failure
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any necessary instructions. During the dialysis treat-
ment, the screen also displays treatment status informa-
tion such as time remaining in treatment, total fluid 
removed, and liters of blood processed (passed through 
the dialyzer).

IHD machines house a dialysate proportioning 
system. This system mixes incoming purified water with 
the appropriate volume of bicarbonate and electrolyte 
concentrate solutions to create dialysate. It is essential 
for patient safety that the dialysate is proportioned con-
sistently and accurately to the operator’s specifications. 
To that end, the machines also have sensors to assure  
the dialysate meets concentration and temperature 
requirements.

Each machine has a blood pump and clamps for the 
blood lines. There are housings for the blood cartridge, 
blood lines, and dialyzer. The vast majority of patients 
are anticoagulated with heparin to prevent blood clot-
ting in the extracorporeal circuit, so all modern dialysis 

bank. There are limited situations in which this should 
be attempted.

Equipment

Machines
The IHD and CRRT machines used in veterinary medi-
cine are all manufactured for human use. In the United 
States, most units performing IHD or CRRT use either 
Gambro or Fresenius machines (see Fig. 34.2). Machines 
for CRRT are significantly different in appearance than 
IHD machines (see Fig. 34.2C) and are not discussed in 
this chapter. Regardless of the model or manufacturer, 
all modern IHD machines have certain common char-
acteristics. First, they all contain a display screen. This 
screen displays the current operating mode (such as 
“setup,” “autotest,” “dialysis”), all options available in 
that mode, treatment parameters, alarm conditions, and 

Box 34.2 Substances removed by dialysis5

Alcohols Anticonvulsants Mexiletine
 Ethanol Gabapentin Nitroprusside
 Ethylene glycol Phenobarbital Procainamide
 Methanol Phenytoin* Sotalol
Analgesics/anti-inflammatory Primidone Tocainide
 Acetaminophen Antifungals Chelating agents
 Aspirin Dapsone Deferoxamine
 Mesalamine (5-ASA) Fluconazole EDTA
 Morphine* Flucytosine Penicillamine
 Pentazocine Antineoplastics Immune suppressants
Antibacterials Busulfan Azathioprine
 Amikacin Carboplatin Methyl prednisolone
 Amoxicillin (most penicillins) Cytarabine* Miscellaneous
 Cephalexin Cyclophosphamide Allopurinol
 Cefotetan Fluorouracil (5-FU) Ascorbic acid
 Cefoxitin Ifosfamide Carisoprodol
 Ceftriaxone Methotrexate Chloral hydrate
 Chloramphenicol Mercaptopurine Chlorpheniramine
 Gentamicin Antivirals Diazoxide
 Imipenem/Cilastatin Acyclovir Foscarnet
 Kanamycin Famciclovir Iohexol
 Linezolid Valacyclovir Iopamidol
 Nitrofurantoin Zidovudine Lithium
 Ofloxacin Cardiac/vasoactive drugs Mannitol
 Metronidazole Atenolol Metformin
 Sulbactam Bretylium Minoxidil
 Sulfamethoxazole Captopril Octreotide
 Sulfisoxazole Enalapril Ranitidine
 Trimethoprim Lisinopril Theophylline
 Vancomycin* Metoprolol Caffeine

*High-flux dialysis only.
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they all have certain common features. A typical system 
contains a mixing valve (to blend hot and cold water to 
the optimal temperature), sediment filter (to remove 
debris), ion exchange tank (to remove calcium and mag-
nesium), carbon tanks (to remove organic components), 
and reverse osmosis or deionization (to remove any 
remaining contaminants and ions). Daily monitoring of 
the product water is required to assure patient safety. 
The technician performing the hemodialysis treatment 
generally performs this task.

Extracorporeal circuit
The extracorporeal (EC) circuit used in IHD consists of 
a blood cartridge, blood tubing, and the dialyzer. Infu-
sion lines are generally built in to the cartridge for fluids, 
medications, and heparin. The entire EC circuit is dis-
carded at the end of each dialysis treatment. In human 
medicine dialyzers are reused, although this practice is 
on the decline; in veterinary medicine, reuse is not cost 
effective. The EC circuits used in veterinary medicine are 
manufactured for human use, so generally neonatal and 
pediatric sizes are used. Adult sizes are used for the 
largest patients (see Table 34.1).

The variation in length and diameter of the tubing 
allows for maximal blood flow in larger patients and 
minimal priming volumes in smaller patients.

A number of different dialyzers are used for veteri-
nary patients, but they all have certain common charac-

machines have a built-in syringe pump for heparin 
administration.

Finally, the machines contain a number of additional 
sensors that monitor for pressure changes in the extra-
corporeal circuit, air in the return line, blood leaks in 
the dialyzer, and other unsafe conditions. In any alarm 
situation, the machine automatically takes actions to 
ensure patient safety. For example, if a problem is 
detected in the dialysate, dialysate is diverted from the 
dialyzer so as not to affect the patient, but the blood 
continues to circulate to minimize the chances of clot-
ting. If a problem is detected in the extracorporeal 
circuit, the blood pump stops and a clamp shuts on the 
return line to prevent further removal of blood from the 
patient or unsafe return of blood to the patient. In 
extreme situations, the machine requires the operator to 
perform an emergency stop treatment procedure.

Water treatment system
A water treatment system is essential to providing a safe 
hemodialysis treatment. The patient is exposed to 
roughly 20 gallons of water in the form of dialysate in 
an average dialysis treatment, so even trace amounts of 
impurities can have detrimental effects.8–10 Water treat-
ment systems vary in size and water output, from a small 
unit that fits the back of a dialysis machine (see Fig. 
34.3A) to an entire room full of equipment that provides 
water for up to 30 dialysis machines (see Fig. 34.3B), but 

Figure 34.2 (a) Centrysystem 3 hemodialysis machine; (b) Phoenix hemodialysis machine; (c) Prisma CRRT machine. All three are 
manufactured by Gambro.

(a) (b) (c)
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teristics. They are a hollow fiber design, which means 
the semipermeable membranes form thin straw-like 
tubes through which the blood passes. The dialysate 
then bathes these blood-filled fibers (see Fig. 34.4).

This design allows for smaller priming volumes than 
other dialyzer configurations, and it also provides greater 
membrane surface area for greater efficiency.

Dialyzer membranes are made of either natural or 
synthetic material. The natural fiber membranes are 
generally less expensive than synthetic membranes, but 
they are more likely to induce thrombosis and bioin-
compatability reactions. Synthetic membranes usually 
have larger pore sizes, which allow for better clearance 
of middle molecular weight uremic toxins in addition 
to small molecule clearance. They are also reportedly 
more biocompatible and less thrombogenic than the 
natural fiber membranes.11,12 Synthetic membranes are 
now predominantly used in veterinary medicine.

Dialyzers come in a variety of different sizes. Priming 
volumes for dialyzers commonly used in veterinary 

Figure 34.3 (a) A portable reverse osmosis unit that fits the back of a hemodialysis machine. (b) Water treatment system with, from 
left to right, an ion exchange tank, carbon tanks, backup deionization tanks, and the reverse osmosis system. Not pictured are the 
mixing valve and sediment filter.

(a) (b)

Table 34.1 Recommended extracorporeal volumes3

Body Weight (kg) Dialyzer Volume (mL) Total Extracorporeal Volume (mL) % Blood Volume

Cats, dogs <6 <20 <60 13–40
Cats >6 <30 <70 <23
Dogs 6–12 <45 <90 9–19
Dogs 12–20 <80 100–160 6–17
Dogs 20–30 <120 150–200 6–13
Dogs >30 >80 150–250 6–10

Figure 34.4 Diagram of a hollow fiber dialyzer. Countercurrent 
flows of blood and dialysate allow for more effective clearance 
of waste products.

Dialysate out

Dialysate in

Blood in

Blood out
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Several double-lumen or multilumen catheters are 
adequate for small patients (Mila, Arrow). These cath-
eters are designed to be placed percutaneously and are 
used as temporary dialysis catheters. The proximal 
lumen is used as the arterial (access) lumen, and the 
distal lumen is used as the venous (return) lumen. In 
multilumen catheters, the medial lumen(s) can be used 
when one of the other lumens fails. Use of a multilumen 
catheter is not recommended for dialysis because the 
more lumens in a catheter, the smaller the size of  
each lumen, and therefore the slower the blood flow. 
Also, use of a catheter smaller than 7F is not recom-
mended for the same reason, although a smaller catheter 
can be placed when there is no other option. Examples 
of various sizes of dialysis and multilumen catheters,  
as well as their respective blood flows, are listed in  
Table 34.2.

Placement

As previously discussed, hemodialysis catheters can be 
placed percutaneously or surgically, depending on the 
type of catheter and the personnel involved. Strict atten-
tion to aseptic technique during placement is manda-
tory for both temporary and permanent catheters.14 
These catheters are generally placed in a clean procedure 
room with restricted traffic. All personnel involved in 
the procedure should wear caps and masks. A large 
barrier drape and sterile gloves are necessary. Because of 
the “springiness” of the guidewire, a surgical gown is 

medicine range from 28 mL to more than 150 mL. The 
larger dialyzers have more membrane surface area, so 
they are more efficient at clearing waste products, and 
the smaller dialyzers, although less efficient, allow for 
treatment of very small patients because of the small 
priming volumes.

Catheters
Consistent long-term vascular access is key in providing 
adequate dialytic therapy via intermittent and continu-
ous modes. In veterinary medicine this is almost always 
achieved by placing a double-lumen catheter into the 
jugular vein.5,12,13 The catheter should be large enough 
to supply a blood flow between 80 and 125 mL/min in 
cats or small dogs and between 250 and 500 mL/min in 
medium or large dogs. This generally means placing the 
largest bore catheter that will fit into the patient’s vein. 
A number of different catheters manufactured for 
human dialysis patients are suitable for veterinary use. 
Most of these catheters have two lumens, referred to as 
the arterial lumen and the venous lumen. Because of the 
location of the catheter, all blood flowing through it is 
venous blood, so the terminology has to do with the 
direction of blood flow with relation to the patient and 
the dialysis machine. The arterial lumen is the access, so 
blood flows through it from the patient to the extracor-
poreal circuit, and the venous lumen is for return of 
blood to the patient from the dialysis machine. The ends 
of the lumens are staggered to reduce the reuptake of 
“clean” blood by the arterial lumen (called access recir-
culation). The tip of the arterial lumen is proximal to 
the tip of the venous lumen (see Fig. 34.5).

Dialysis catheters are referred to as temporary (non-
tunneled) or permanent (tunneled). Temporary cathe-
ters are noncuffed, tapered at the tip, and usually placed 
percutaneously. These catheters are meant to stay in 
place for only a few weeks. In most cases, temporary 
catheters are the appropriate choice, as long as chronic 
dialysis therapy is not anticipated. Permanent catheters 
have an external cuff, frequently are blunt at the end, 
and they must be placed surgically. The catheter is tun-
neled in a subcutaneous pocket that extends from the 
skin exit site to the vessel before being inserted into  
the vessel. The subcutaneous pocket is a few centimeters 
in length, and the external cuff of the catheter is posi-
tioned in this pocket. Fibroblasts attach to the cuff, 
which secures the catheter in the pocket and creates a 
physical barrier inhibiting bacteria around the skin exit 
site from moving along the catheter and into the vessel. 
These catheters can stay in place 1 to 2 years and are  
the preferred choice for a patient receiving chronic 
dialysis.5,12

Figure 34.5 (A) Picture of the actual tip of a hemodialysis cath-
eter demonstrating the staggered lumens. (B) Diagram indicating 
preferred direction of blood flow in to the proximal lumen and 
out of the distal lumen. (C) Diagram showing how access recir-
culation occurs when blood flows in to the distal lumen and out 
of the proximal lumen.

(a)

(b)

(c)
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between the right and left jugular vein in regard to the 
dialysis treatment aside from individual preference 
during placement.

The tip of the catheter should be positioned at the 
junction of the cranial vena cava and the right atrium 
to provide maximum blood flow. Whether placed per-
cutaneously or surgically, fluoroscopy can be used 
during the procedure to assure proper placement.14 If 
fluoroscopy is not used, a postprocedure radiograph 
should be taken. In either case, blood flows are evaluated 
by rapidly aspirating blood into a 10-cc or 12-cc syringe 
before the procedure is complete. Blood should flow 
from both lumens with ease to determine the final posi-
tion of the catheter.

Care and maintenance

The dialysis catheter should be handled in an aseptic 
fashion at all times. The catheter should only be handled 
by personnel trained in dialysis catheter care, and it 
should not be used for purposes other than dialysis. 
Each time the catheter is unwrapped for treatment, the 
catheter exit site should be cleaned and assessed (see Fig. 
34.6). The bandaging material should be changed as 
needed if it becomes wet, blood soaked, or otherwise 
compromised.13–15 If dialysis is not being performed, the 
catheter locking solution (see later) should be changed 
at least every 3 to 4 days, and the exit site can be cleaned 
at that time. Guidelines for accessing the catheter for 
dialysis treatments or changing the catheter locking 
solution are outlined in Protocol 34.1.

recommended to decrease the risk of contaminating it 
during placement. Permanent catheters are placed with 
a surgical technique and so should be placed in an oper-
ating room.

The person placing the catheter must be skilled and 
should use the method with which he or she is most 
comfortable. In addition to dialysis personnel, emer-
gency and critical care personnel are often equally skilled 
at placing percutaneous catheters. A dialysis nephro-
logist, criticalist, or surgeon may have the most experi-
ence in placing a permanent dialysis catheter. In some 
cases catheter placement is facilitated by a cutdown pro-
cedure to isolate the vessel, followed by the percutaneous 
technique.

Sedation or anesthesia is often needed for catheter 
placement. Some compliant or severely depressed 
animals may only require a local anesthetic. A short-
acting or reversible drug can be used for percutaneous 
placement. General anesthesia should be used if  
catheter placement is expected to be problematic, and it 
is required for placement of a permanent, tunneled 
catheter.

Location

The jugular veins are the only vessels large enough for a 
dialysis catheter in most animals because of the catheter 
size needed relative to patient size. All attempts should 
be made to preserve at least one jugular vein in any 
patient that may eventually need hemodialysis. There  
is no documented difference in veterinary medicine 

Table 34.2 Common hemodialysis catheter specifications and approximate blood flow rates*

Manufacturer Type Lumens French Size Length (cm) Max Qb (mL/min)

Quinton PermCath Cuffed 2 15 45 370
Quinton PermCath Cuffed 2 15 40 400
Quinton PermCath Cuffed 2 15 36 410
MedComp Pediatric Cuffed 2 8 18 120
Hohn Cuffed 2 7 36 30
MedComp Temporary Noncuffed 2 11.5 24 360‡

Mila Noncuffed 2 7 20
†Arrow Noncuffed 2 7 20 100
†Arrow, 20 ga lumen Noncuffed 3 5.5 13 40
†Arrow, 22 ga lumen Noncuffed 3 5.5 13 20
†Arrow, 20 ga lumen Noncuffed 3 5.5 8 50
†Arrow, 22 ga lumen Noncuffed 3 5.5 8 30
†Intracath through the needle Noncuffed 1 19 ga 30.5 20

*Maximum blood flows determined in vitro using canine packed red blood cell solution (29% packed cell volume). Arterial chamber 
pressure maintained at −250 mm Hg or higher. Maximum blood flow rates in vivo may be lower.
‡Maximum blood flow determined in vivo.
†Not designed for dialysis.
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Figure 34.6 Hemodialysis catheter care. (a) Careful removal of catheter bandage. (b) Draped catheter. (c) Scrubbing the catheter ports. 
(d) Aspirating the anticoagulant lock. (e) Replacing the anticoagulant locks. (f) Placing caps on the catheter. (g) Secured catheter ports. 
(h) Wrapping the catheter. (i) Final bandage with reminder not to use the catheter.

(a) (b) (c)

(g) (h) (i)

(d) (e) (f)

When the catheter is not in use, it is wrapped securely 
to protect it from dislodgement or inadvertent opening. 
The wrap should completely cover the catheter, and the 
catheter should not be accessed regularly for heparinized 
saline flushes. Instead, an anticoagulant locking solution 
is placed in each lumen to prevent clotting between 
dialysis treatments. The locking solution has historically 
been sodium heparin (500 to 5000 U/mL), but a number 
of recent studies have shown that sodium citrate, at a 
4% or higher concentration, is as effective an anticoagu-
lant as heparin, does not stimulate biofilm production, 
is bacteriostatic, and is less expensive than heparin.16–18 
For that reason, our facility has changed the catheter 
locking protocol to use 4% sodium citrate instead of 
sodium heparin. Higher concentrations of citrate can be 
used but create a risk of hypocalcemia if inadvertently 
flushed into the patient.19 Each dialysis catheter has the 
exact volume of the two lumens printed on the catheter 
and/or in the package insert, which informs the handler 
of the volume of anticoagulant solution to instill.

Performing hemodialysis

Hemodialysis machine preparation

The structure and function of dialysis machines was 
described earlier; the following is instruction regarding 
the steps necessary to prepare a machine for a hemodi-
alysis treatment. Each model of dialysis machine has a 
specific and detailed setup protocol, but all include these 
same general steps.

First, the water treatment unit is turned on and any 
daily water testing is done. Then the dialysis machine is 
turned on and the acid and bicarbonate concentrate 
containers are attached. The machine runs through a 
series of internal tests as the dialysate is being propor-
tioned. During this time, the EC circuit is loaded onto 
the machine. The next step is to prime the EC circuit, 
which on some machines can be done immediately, and 
on others must wait until the internal tests are complete 
or the dialysate is ready. Priming involves filling with 
saline all sections of the EC circuit that will contain 
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venous patient lines are connected to each other, and the 
saline is then circulated throughout the loop created by 
the EC tubing and the dialyzer. The purpose of this 
phase is to remove any residual substances from the 
manufacturing and sterilization process of the dialyzer 

blood, thus removing all air. Air removal is essential 
because blood that comes into contact with any trapped 
air will be more likely to clot.

Once the EC circuit is filled with saline, the machine 
is put through a recirculation phase. The arterial and 

Protocol 34.1 Hemodialysis catheter care

Items required
• Bandage scissors
• Two sterile barrier drapes
• Clean examination gloves
• Surgical mask
• Surgical scrub and solution (chlorhexidine or Betadine)
• Sterile gauze pads
• Syringes
• Heparinized saline
• Injection caps
• Antiseptic cream
• Porous tape
• Cohesive bandage (Vetwrap)
• Cast padding
• Conforming bandage

Procedure
1. Gather materials.
2. Perform hand hygiene.
3. Unwrap catheter bandage by cutting bandage on opposite side of neck from where catheter is (Fig. 34.6A).
4. Clean area around catheter exit site.
5. Assess catheter exit site for redness, swelling, odor, or discharge, and assess subcutaneous tunnel for signs of infection or 

excess bruising.
6. Remove cohesive bandage and the tape that is on the clamps.
7. Place a sterile barrier around catheter to prevent ports from touching fur or skin (Fig. 34.6B).
8. Don a surgical mask and exam gloves (mask and gloves should be worn from here until you begin wrapping the catheter 

again).
9. Perform a surgical-type scrub on both ports, extending from the clamps to the tops of the injection ports (Fig. 34.6C).

10. Spray ports with dilute Nolvasan (Pfizer Animal Health, NY) or Betadine.
11. Place another sterile barrier around catheter.
12. Have two squares of sterile gauze within reach, as well as all syringes that are needed.
13. Open arterial/proximal port by removing injection cap.
14. Wipe port opening with sterile gauze.
15. Withdraw the exact volume (the exact volume for each side is printed on the catheter) of the lumen and discard. This is the 

locking solution, so you must never flush the catheter first (Fig. 34.6D).
16. Flush lumen with 6 cc fresh (prepared within 24 hours) heparinized saline or normal saline.
17. Repeat steps 13–16 on the venous/distal side.
18. Replace the locking solution by injecting the exact volume of each lumen (Fig. 34.6E).
19. Place a new injection cap on each lumen (Fig. 34.6F).
20. At this point, you can remove your gloves and mask.
21. Tape both clamps shut.
22. Place a piece of cohesive bandage around both ports.
23. Place a gauze square with an antiseptic cream over the catheter exit site (Fig. 34.6G).
24. Wrap catheter with cast padding, conforming bandage, and then a flexible cohesive bandage. Wrap tightly enough that the 

bandage stays in place but not too tightly (Fig. 34.6H).
25. Place a strip of porous white tape around both ends of bandage to anchor it to skin and prevent slipping. This is especially 

important for active animals.
26. Place a final piece of tape with the words “DO NOT CUT/ DO NOT USE” on the outside of the wrap (Fig. 34.6I).
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Prior to each dialysis treatment, a set of serum bio-
chemical parameters is generally measured that includes 
at the least urea, creatinine, phosphorus, and potassium 
concentrations. It is not always essential to have these 
results before starting the dialysis treatment, but it is 
often useful to see the results within an hour of begin-
ning treatment. Remeasuring these same parameters at 
the end of the treatment provides a useful method of 
determining the adequacy of the dialysis treatment, 
which is discussed in the monitoring section of this 
chapter.

The hemodialysis catheter needs to be prepared with 
great care. As discussed previously, only properly trained 
personnel should handle this catheter. The catheter 
should be opened using the same protocol as for chang-
ing the locking solution (Protocol 34.1). After the locking 
solution is removed, blood samples for pretreatment 
blood work are taken through the catheter. The loading 
dose of heparin can be administered through the cath-
eter at this time if prescribed.

Starting treatment
When both the machine and the patient are ready, it is 
time to connect the patient and start dialyzing. The arte-
rial patient line of the EC circuit is connected to the 
proximal lumen of the dialysis catheter, and the venous 
patient line of the EC circuit is connected to the distal 
lumen of the catheter. This connection should be covered 
with gauze soaked in antiseptic to minimize contamina-
tion during the treatment. The patient lines are anchored 
to the patient in some manner (attached to harness or 
thoracic limb) to prevent excess pressure directly on the 
dialysis catheter.

As the blood is removed from the patient through  
the arterial EC circuit line, the priming solution is 
infused into the patient through the venous EC circuit 
line. The blood is removed slowly to try to prevent a 
sudden drop in blood pressure. The blood will fill more 
and more of the EC circuit and eventually fill the dia-
lyzer. A key is pressed to start the dialysis treatment 
when blood has filled the dialyzer. When this key is 
selected, treatment time begins to count down, heparin 
infusion begins, programmed fluid removal begins, and 
any other programs that run during the dialysis treat-
ment will begin.

Ending treatment
The dialysis machine alerts the operator when the speci-
fied treatment time is finished. The operator can elect to 
end the treatment early, usually in emergency situations. 
Generally about 10 minutes before the end of treatment, 
the catheter is prepared for disconnection by uncovering 

and tubing.20 During recirculation, the blood pump 
is running quickly, so saline flow through the EC circuit 
is rapid. This aids in propelling any remaining air 
bubbles from the dialyzer fibers or the sides of the  
blood tubing into the pressure chambers, which also act 
as air traps. The recirculation phase usually takes from 
15 to 30 minutes. With most machines, there is no one 
specific point during setup at which the treatment 
parameters (treatment time, fluid to be removed, dialy-
sate concentration, anticoagulant protocol) must be set. 
Each hemodialysis unit, though, should have an estab-
lished protocol that defines when these parameters are 
set to ensure that they are set appropriately for each 
treatment.

When the recirculation phase is complete, the saline 
in the tubing and dialyzer is flushed out by the priming 
solution. The priming solution is the fluid given to the 
patient to replace the volume of blood removed when 
the dialysis treatment begins. The blood pump is used 
to flush the EC circuit with twice the priming volume, 
using the desired priming solution (e.g., 0.9% NaCl, 
hetastarch solution). At this point, some machines are 
ready to start a treatment. Other machines need to run 
through another set of internal tests before they are 
ready.

Patient preparation
Patient preparation includes an assessment of a standard 
set of pretreatment parameters as well as preparation  
of the hemodialysis catheter. Parameters to be assessed 
prior to each dialysis treatment should include a blood 
pressure, heart rate, packed cell volume (PCV), total 
protein (TP), body weight, temperature, activated  
clotting time (ACT) or other measure of coagulation, 
and the patient’s attitude, mentation, and hydration 
status. If the systemic arterial blood pressure is less than 
80 mm Hg systolic, we generally recommend use of 
pressor agents to increase blood pressure before initiat-
ing hemodialysis. If the blood pressure cannot be  
maintained above 80 mm Hg, the patient can experience 
life-threatening hypotension when the dialysis treat-
ment is started. In our experience, if the PCV is not at 
least 20% in dogs or 18% in cats, a blood transfusion 
will likely benefit the patient. The body weight and  
TP will help assess the patient’s hydration, and the 
weight pre- and posttreatment will aid in assessing  
fluid balance during the dialysis treatment because  
any weight changes in that short a period of time are 
due to fluid gain or loss. Finally, the ACT will help to 
determine how much heparin to give the patient ini-
tially, and how much to infuse during the dialysis 
treatment.
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blood to the dialysis membrane, rapid ultrafiltration, 
excessive ultrafiltration, and bleeding from excessive anti-
coagulation or uremic thrombocytopathy. The patient’s 
underlying disease can also lead to hypotension.

The frequency of blood pressure monitoring depends 
on the circumstances, and certainly patients with unsta-
ble or marginal blood pressure measurements or those 
developing clinical signs of hypotension should be mon-
itored frequently. In our dialysis unit, blood pressure 
measurements generally are taken 15 and 30 minutes 
after starting the dialysis treatment and then every 30 
minutes thereafter.

Coagulation
When blood is removed from the patient and circulated 
through the extracorporeal tubing and dialyzer, it usually 
clots within an hour in the absence of an anticoagulant. 
The vast majority of intermittent hemodialysis treat-
ments are performed using heparin as the anticoagulant. 
The ACT is generally used to monitor heparin therapy. 
As previously mentioned, the ACT is assessed prior to 
starting treatment, and this value is used to determine 
the initial heparin dose. The ACT should be checked 30 
minutes after starting dialysis to determine if a dose 
adjustment is necessary.21 The normal range for ACT is 
80 to 100 seconds in dogs and 100 seconds in cats 
(Poeppel and Bogue, unpublished data, Animal Medical 
Center, 1998). The target ACT during a dialysis treat-
ment is 1.6 to 2 times normal.4 If the ACT is in the target 
range and no dose adjustments are needed, it is moni-
tored hourly thereafter. The ACT is measured 30 minutes 
after any dose adjustment. Although partial thrombo-
plastin time evaluates the arm of the coagulation cascade 
affected by heparin, it has not been used clinically to 
monitor heparin therapy in dialysis patients.

For patients where systemic anticoagulation is contra-
indicated, regional citrate anticoagulation can be used. 
This involves infusing citrate into the blood as it is 
removed from the patient and simultaneously infusing 
calcium into the patient at a rate calculated to exactly 
chelate the citrate as it is returned to the patient. This 
process is more labor intensive than heparin anticoagu-
lation and the infusion rates are not as clearly defined 
for veterinary patients as they are for heparin therapy, 
so citrate anticoagulation is not recommended for inter-
mittent hemodialysis treatments unless necessary.

Regional citrate anticoagulation may become the pre-
ferred method of anticoagulation in continuous thera-
pies because continuous systemic anticoagulation is 
more problematic than intermittent. Citrate anticoagu-
lation is contraindicated in patients with severe liver 
failure due to their inability to metabolize citrate.4

and scrubbing the connection site. The procedure is the 
same as for opening the catheter. When treatment time 
is complete, blood for posttreatment lab work is drawn. 
The exact time of sampling (i.e., immediately, 2 minutes 
after treatment ends) and site of sampling (i.e., EC 
circuit, dialysis catheter) may vary between different 
dialysis units but should be consistent within a unit. 
Then the patient’s blood is returned in a procedure 
called rinseback. Most commonly the arterial patient 
line is attached to saline. The blood pump is started, and 
the saline is drawn in so that it flushes the blood from 
the EC circuit back into the patient. In specially moni-
tored situations, the arterial line can be left open to the 
air without attaching the saline bag, if there is a concern 
about volume overload in the patient, but this risks cre-
ating a massive air embolus for the patient. When rinse-
back is complete, the locking solution is infused into 
both lumens of the dialysis catheter and the catheter is 
wrapped. Finally, posttreatment patient parameters, 
which are the same as pretreatment parameters, are 
assessed and recorded.

Monitoring during the hemodialysis treatment

There are a number of patient and machine parameters 
that should be monitored throughout the hemodialysis 
treatment (Box 34.3). The following is a summary of the 
parameters that are routinely measured; additional 
parameters may need to be assessed in individual 
patients. These parameters are recorded in the patient 
chart.

Blood pressure
Blood pressure may decrease for a variety of reasons, 
including acute decrease in effective circulating blood 
volume associated with filling the EC circuit with blood, 
inflammatory reactions associated with exposure of 

Box 34.3 Parameters to monitor during dialysis

Recommended Optional*

Blood pressure Blood volume
Heart rate Hematocrit (inline)
Ultrafiltration rate Temperature
Blood flow/Access pressures Oxygen saturation
Heparin rate
Activated clotting time
Adequacy

*Based on patient status.
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also. Presuming that the red blood cell mass remains 
constant (i.e., there is no ongoing bleeding or blood 
administration), any changes in the hematocrit reflect 
changes in plasma volume. An increase in hematocrit 
concentration indicates plasma volume removal (via 
ultrafiltration), whereas a decrease in hematocrit con-
centration would be expected if fluid is being adminis-
tered at a rate exceeding fluid removal via ultrafiltration. 
A rapid decrease in intravascular volume may precipi-
tate symptomatic hypotension. Generally it is not advis-
able to have more than a 10% decrease in blood volume 
within an hour.3,4 Some of the newest dialysis machines 
include an integrated hematocrit monitor so that an 
external monitor is not necessary.

Oxygenation
It is not always necessary to measure oxygen saturation 
in a stable patient undergoing hemodialysis, but it is 
generally part of the overall treatment plan in the  
unstable patient or the patient with respiratory or car-
diovascular compromise. It can be useful to measure 
oxygenation in patients receiving aggressive ultrafiltra-
tion because a decrease in oxygen saturation is often a 
precursor to a decrease in blood pressure.3 An inline 
hematocrit monitor measures the oxygen saturation of 
the blood in the extracorporeal circuit, which in veteri-
nary patients is central venous blood. This is an effective 
method of measuring changes in oxygen saturation that 
can adversely affect the patient’s blood pressure. The 
inline monitor is convenient because the sensor is 
attached to the tubing and thus is not dislodged by 
patient movement.

Adequacy
The adequacy of dialysis treatments, meaning the 
amount of waste product that has been cleared from the 
patient, should be measured, if not for every dialysis 
treatment then on a routine basis (i.e., weekly). By track-
ing adequacy, the dialysis team is assured that the patient 
is receiving the prescribed dose of dialysis. A complete 
discussion of dialysis adequacy is beyond the scope of 
this chapter, so only the two most commonly used 
methods are briefly discussed here. More detailed dis-
cussions have been published for IHD.3,22,23

The most straightforward method of measuring ade-
quacy is by calculating the urea reduction ratio (URR), 
which is calculated by subtracting the posttreatment 
blood urea nitrogen (BUN) from the pretreatment BUN 
and then dividing that value by the pretreatment BUN. 
The URR typically exceeds 90% except during the initial 
few dialysis treatments for each patient.

Access pressure and blood flows
The pressure transducers that attach to the blood car-
tridge allow the dialysis machines to determine pressure 
in the arterial and venous tubing segments. The dialysis 
technician should monitor these pressures throughout 
the treatment. The arterial access pressure is negative 
when the blood pump is running. The access pressure 
will be excessively negative if the arterial lumen of the 
dialysis catheter is functioning poorly. Causes of poor 
function include kinking, being lodged against the vessel 
wall, or partial occlusion by a thrombus. Venous access 
pressure is positive when the blood pump is running. 
This access pressure will be excessively positive if there 
is an obstruction to the return of blood to the patient. 
High venous access pressure could be due to kinking or 
thrombosis of the venous lumen of the dialysis catheter 
or a clot obstructing the filter in the venous chamber.

In addition, two specific values are routinely mea-
sured for each dialysis treatment. One is the maximum 
blood flow maintained during the treatment. If this 
value decreases over time, it may indicate impending 
catheter malfunction. The other value is the blood flow 
at a certain arterial access pressure, for example at 
−200 mm Hg. If the blood flow at this same pressure 
decreases over time, it may also indicate an impending 
problem with the catheter. Blood flow can be affected by 
other factors, such as the patient’s blood pressure and 
intravascular volume, which must be taken into account 
when blood flows are being evaluated. These factors 
have usually stabilize within the first week of dialytic 
therapy.

Hematocrit
The patient’s hematocrit is measured at the beginning 
and end of every dialysis treatment. An inline hemato-
crit monitor (Crit-Line, HemaMetrics, Kaysville, UT) 
records real-time hematocrit throughout the dialysis 
treatment. This information, although not essential, is 
very helpful in some cases. The hematocrit tends to drop 
at the beginning of the treatment because the patient’s 
blood volume is diluted with the priming solution. 
Blood transfusions are sometimes administered during 
a dialysis treatment, so an inline monitor immediately 
displays the efficacy of the transfusion. Finally, if  
fluid therapy is required to maintain blood pressure 
during the dialysis treatment, the inline monitor pro-
vides information that helps the clinician avoid severe 
hemodilution.

Blood volume
Changes in blood volume during a dialysis treatment 
can be measured using the inline hematocrit monitor 
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Technical complications
Technical complications due to machine errors or mal-
functions are rare because of the number of redundant 
monitors and alarms built into modern hemodialysis 
machines. When they occur, they may range from mild 
to devastating problems. Complications related to the 
water treatment system include chemical or infectious 
contamination.8,10 It is therefore essential to maintain 
and monitor the function of both the dialysis machine 
and the water treatment system to achieve peak perfor-
mance. The operator must also have superb knowledge 
of the machines so as to be able to troubleshoot quickly 
during a dialysis treatment to prevent minor problems 
from escalating. The hemodialysis technician is gener-
ally responsible for maintaining the dialysis equipment 
and monitoring dialysis treatments.

Operator errors can also occur, and the number and 
severity depend on a variety of factors, including the 
training and experience of the operator, the work envi-
ronment, and some patient factors. Again, it is impor-
tant to have highly trained personnel to minimize these 
errors and their consequences.

Hypotension
A decrease in blood pressure is common at the start of 
a hemodialysis treatment.13 The volume of blood 
required to fill the extracorporeal circuit in relationship 
to the patient’s total blood volume can be considerable, 
up to 40% in smaller cats (Table 34.1). Priming the 
extracorporeal circuit with a colloid (i.e., 3% Dextran-
70, or a 50:50 mixture of 0.9% NaCl and hetastarch) 
helps mitigate the drop in blood pressure in cats and 
small dogs but is not generally necessary for medium to 
large dogs (in which a saline prime suffices). Most 
patients are able to autoregulate and return blood pres-
sure to almost baseline values within 30 to 60 minutes 
of the start of dialysis, but some cannot. These patients 
may require intervention if the blood pressure drops too 
low. The blood pressure generally returns to predialysis 
values when all of the patient’s blood is returned at the 
end of the dialysis treatment.

Exposure of the blood to a bioincompatible dialyzer 
membrane can activate the complement and coagula-
tion cascades, releasing several mediators that may  
cause hypotension.25,26 Use of synthetic membranes 
can minimize this problem. Rapid ultrafiltration may 
lead to hypotension, if the rate of removal from the 
vascular compartment exceeds the capacity for refilling 
from the interstitial compartment. Monitoring blood 
volume (e.g., with an inline hematocrit monitor)  
may predict symptomatic hypotension, allowing inter-
vention before hypotension occurs.3,4 If hypotension 

The most common measure of dialysis dose in  
human hemodialysis is Kt/V, in which K is a clearance 
constant of the dialyzer, t is time on dialysis, and V is 
volume of distribution.24 The constant K for each dia-
lyzer is calculated in vitro under specific conditions and 
is published on the package insert. The actual K during 
the treatment can be calculated using the blood flow and 
the simultaneous BUN of blood flowing into and out  
of the dialyzer. Most newer dialysis machines have a 
program that measures a treatment Kt/V, so this may 
become the most common measure of adequacy in vet-
erinary medicine as well.

Other parameters
Any patient parameters that are monitored in the inten-
sive care unit or patient ward should also be monitored 
during hemodialysis. Examples are continuous electro-
cardiogram or temperature monitoring, pulse oximetry 
for arterial oxygen saturation, and urine output.

Recordkeeping

Recordkeeping for a hemodialysis treatment should be 
thorough and descriptive. This entails documenting the 
dialysis prescription itself, a summary of what was 
accomplished during the treatment, patient or machine 
complications, all values obtained while monitoring the 
patient, and any medical treatments done on the patient 
during dialysis. As with any monitoring record, the best 
way to assure all parameters are recorded is to have a 
template for recording. This template can be a pre-
printed form or a computer database. It is essential that 
the dialysis technician performing the treatment main-
tain meticulous records to keep track of what parame-
ters work best for a particular patient and to aid in 
troubleshooting if problems should arise.

Complications and special considerations

Patients with kidney failure severe enough to require 
hemodialysis are complex patients, and case manage-
ment is rarely straightforward. Patients exhibit the usual 
manifestations of uremia commonly encountered in 
uremic patients managed with traditional medical ther-
apies. Hemodialysis patients may also develop complica-
tions directly related to the dialytic therapy. Finally, the 
clinician may encounter long-term complications of 
uremia that are rarely seen because of limited patient 
survival time with traditional medical therapy of the 
end-stage renal failure patient. This section focuses 
mainly on complications directly related to dialysis 
therapy.
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ments. Methods of accomplishing this goal include 
slowing blood flows, shortening treatment times, revers-
ing the dialysate lines so dialysate flows concurrent to 
blood, and reversing the arterial and venous ports on the 
catheter to increase recirculation. Continuous therapies, 
with slower dialysate flow rates and generally slower 
blood flow rates, theoretically have a lower risk of induc-
ing DDS.

Hemorrhage
Anticoagulation is necessary during hemodialysis, so a 
risk of hemorrhage is present. Mild forms may involve 
bleeding from the skin exit site of the dialysis catheter 
or other insertion sites. Internal bleeding, including 
bleeding from gastric ulceration, central nervous system 
hemorrhage, or massive pulmonary hemorrhage, have 
been encountered.28 Discontinuation of the anticoagu-
lant (usually heparin), administration of a reversal agent 
(i.e., protamine sulfate for heparin), and red cell or 
plasma transfusion may be required. Bleeding problems 
can be minimized by careful control of anticoagulation 
and minimizing sources of bleeding. It is best not to do 
any procedures, place catheters, or even pierce the skin 
in any manner immediately before or after a dialysis 
treatment.

To prevent or minimize hemorrhage after the hemo-
dialysis treatment, heparin is stopped 30 minutes before 
the end of treatment. The patient should receive no 
needle sticks for 8 hours after the treatment. Even 
removal of a catheter can lead to excessive bleeding in a 
heparinized patient. All procedures such as thoracocen-
tesis or feeding tube placement should be performed at 
least 8 hours after the dialysis treatment. Surgeries or 
more invasive procedures are best scheduled on nondi-
alysis days. If the patient requires a treatment or proce-
dure that could cause bleeding within the 8-hour period, 
a reversal agent (such as protamine sulfate) should be 
used.

Respiratory complications
Mild to severe hypoxemia is common during dialysis 
both in human and animal patients. Contact of blood 
with the dialyzer membrane activates the alternate com-
plement pathway. This causes leukocyte and platelet 
aggregation in the pulmonary microvasculature that 
interferes with oxygen diffusion.29 The maximal effect of 
this is seen within 30 to 60 minutes of the start of dialysis 
and resolves within 120 minutes after discontinuation of 
dialysis. Therefore, oxygen therapy that began during a 
dialysis treatment may need to be continued for a few 
hours after the treatment, but improvement is expected. 
Some patients come to dialysis with respiratory compro-

develops, decreasing or stopping ultrafiltration (tempo-
rarily or for the duration of the treatment), small boluses 
of crystalloid or colloidal solutions, or use of pressor 
drugs may be used to correct the blood pressure.

Dialysis disequilibrium syndrome
Dialysis disequilibrium syndrome (DDS) is a syndrome 
induced by rapid, or highly efficient, dialysis in severely 
azotemic patients. The cause of this syndrome is not well 
described, but it results secondary to the development 
of cerebral edema induced by rapid changes in the 
osmolality of the blood.3,4,27 It is most likely to occur 
during the first few dialysis treatments when uremia is 
more severe. However, DDS can occur at any time, even 
with chronic dialysis.

Clinical signs of DDS include agitation, disorienta-
tion, seizures, vomiting, coma, and death. Dogs usually 
have premonitory signs such as restlessness in a previ-
ously quiet dog. Cats frequently have no noticeable pre-
monitory signs and may rapidly go from a normal 
appearance to a coma-like state. Dialysis disequilibrium 
syndrome may occur at any time during dialysis or up 
to 24 to 48 hours after dialysis.3 Therefore, it is essential 
that patients be monitored for signs of DDS continually 
for a full day after each of the first few dialysis treat-
ments. The signs of DDS may reverse entirely within a 
few hours, particularly if the signs are mild or treatment 
for DDS was started early. More severe signs may persist 
for up to 24 hours. Some patients do not regain con-
sciousness or die acutely.

Treatment of DDS involves dissipating the blood-
brain osmotic gradient by infusing osmoles into the 
bloodstream. Mannitol is the most commonly used 
treatment in veterinary hemodialysis.3 Hypertonic saline 
has the same short-term effect as mannitol but creates 
an undesirable sodium load. Some dialysis machines 
have the capacity to increase the sodium concentration 
of the dialysate quickly, to cause rapid diffusion of 
sodium from dialysate into the bloodstream, having the 
same effect as an IV bolus of hypertonic saline.

Prevention of DDS is clearly desirable. Mannitol may 
be given prophylactically in high-risk patients such as 
severely uremic patients (BUN >150 mg/dL), small 
patients (<5 kg), or those with preexisting central 
nervous system disease. The dose is administered 30 to 
45 minutes after the start of dialysis for the first one to 
three treatments.3,15 Sodium profiling, in which the dial-
ysate sodium is initially higher and gradually decreases 
during the treatment, is another preventive measure. 
Sodium profiling is a specific program set on the dialysis 
machine when prescribed.

Other preventive measures include decreasing the 
efficiency of hemodialysis during the first few treat-
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nation of the new catheter if the exit site or tunnel are 
infected, and they are more likely to result in loss of  
the vessel. If the catheter cannot be replaced due to 
technical issues or other factors, a new catheter may be 
placed in the opposite jugular vein. Extraluminal throm-
bosis can be even more troublesome. A thrombus  
may be attached to the outside of the catheter, but it can 
act as a flap or ball valve that occludes catheter flow. 
Aggressive flushing may remove the thrombus if the 
attachment is weak. Thrombolytic therapy may not be 
very effective because it is hard to direct this therapy to 
an extraluminal thrombus. Systemic thrombolytic 
therapy can lead to uncontrollable hemorrhage.5 
Replacement of the affected catheter is the last option, 
which carries with it the risk that the thrombus will be 
stripped off the catheter during removal and enter the 
patient’s circulation.

Systemic

Patients who have hemodialysis catheters in place for 
more than 2 weeks are at risk of developing a right atrial 
thrombus. Pulmonary thromboembolism from platelet 
aggregation or thrombus formation induced by the 
catheter can cause acute onset of mild to severe dyspnea 
during or between dialysis treatments.4,13

Prevention

Patients with indwelling hemodialysis catheters rou-
tinely receive low-dose aspirin therapy to prevent sys-
temic thrombus formation. As previously mentioned, 
the catheter lumens are filled with an anticoagulant lock 
between dialysis treatments to prevent intraluminal 
thrombosis.

Infection
There are multiple potential sites of infection in the 
hemodialysis patient. Uremia decreases immune func-
tion, and indwelling catheters (vascular or urinary) and 
feeding tubes are potential portals of entry for bacte-
ria.33,34 Other open sites, such as surgical incisions or 
pressure sores, are possible entry sites for bacteria as 
well. Finally, the dialysis catheter and the extracorporeal 
circuit are potentially large sources of bacteria. If bacte-
ria from any site enters the vascular system, they can 
then reach the dialysis catheter and adhere to it. Once 
bacteria adhere to the dialysis catheter, they can produce 
a biofilm that adheres to the walls of the catheter and 
protects the bacteria from removal or destruction. Then 
the only way to eliminate all bacteria is to remove the 
dialysis catheter.5,14

For this reason extra vigilance is required to prevent 
infections from developing in hemodialysis patients. All 

mise from pulmonary edema or pleural effusion result-
ing from volume overload. Pulmonary hemorrhage is 
common in dogs with leptospirosis.30

Gastrointestinal complications
Anorexia, nausea, and vomiting are common complica-
tions of renal failure but also may be seen at the start of 
hemodialysis secondary to diversion of blood flow from 
the gastrointestinal tract caused by hypotension, bioin-
compatibility reactions to the membrane, or contami-
nants in the dialysate. Dialysis disequilibrium can also 
cause centrally mediated nausea and vomiting.31 Using 
slow blood flow rates at the beginning of dialysis treat-
ments with a gradual increase to the prescribed rate 
minimizes these signs and patient discomfort. It is not 
standard to fast a patient the morning of a hemodialysis 
treatment, but it is advisable to allow at least an hour 
between feeding and initiation of dialysis in case one of 
these complications arise. If the patient routinely vomits 
at the start of dialysis regardless of preventive measures, 
a morning fast may be considered.

Thrombosis
Catheter

Catheter thrombosis may be intraluminal or extralumi-
nal. It can occur at any time but is uncommon within 
the first week after catheter placement unless there have 
been major problems with anticoagulation in that time 
period.14 Intraluminal thrombosis can affect catheter 
flow when severe enough. Treatment options for intra-
luminal thrombosis are limited. Aggressive flushing of 
the affected lumen may restore blood flow but usually 
does not remove all remnants of thrombi. Mechanical 
disruption of thrombi by feeding a stylet into the lumen 
may be slightly more effective. Despite the ever-present 
risk of inducing significant or fatal thromboembolic 
complications with these maneuvers, rarely have we 
encountered clinically detected problems. A thrombo-
lytic agent such as tissue plasminogen activator can be 
instilled in the catheter for a period of time. This seems 
to be effective in the short term, but treatment frequently 
needs to be repeated within a week (unpublished data, 
K. Poeppel, Animal Medical Center, 2008). Thrombo-
lytic therapy should be initiated as soon as aggressive 
flushing is not effective so that thrombi do not continue 
to grow and completely obstruct the catheter. If these 
measures are unsuccessful, the affected catheter can be 
replaced as a last resort. A percutaneous catheter is rela-
tively easy to replace over a guidewire with no or minimal 
sedation.12,32 Replacement of a tunneled catheter requires 
heavy sedation or general anesthesia and is technically 
more difficult. Both techniques carry a risk of contami-



446  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

Aluminum toxicity
Aluminum is used in many municipal water treatment 
plants as one stage of the water purification process. If 
the hemodialysis water treatment process is not suffi-
cient, trace amounts of aluminum can appear in the 
dialysate. Aluminum-containing phosphate binders 
provide an additional and greater source of aluminum. 
Acute aluminum toxicity can occur if water treatment is 
inadequate, but it is generally encountered only after 
long-term exposure with chronic dialysis. Aluminum 
accumulation can lead to a microcytic, hypochromic 
anemia. Clinical signs associated with aluminum toxic-
ity include neurologic or neuromuscular signs including 
mild weakness, paresis, dullness, obtundation, or coma. 
There have been two cases of hemodialysis-related alu-
minum toxicity reported in veterinary medicine.38

Anemia
Small amounts of blood are lost with each dialysis treat-
ment, and this combined with any gastrointestinal losses 
and iron deficiency leads to anemia in almost all dialysis 
patients.39 Patients receiving dialysis treatment for more 
than 2 to 3 weeks generally require iron supplementa-
tion and some erythropoietin hormone replacement 
therapy such as darbepoetin (Aranesp, Amgen, Thou-
sand Oaks, CA).

Medication dosing
It is often necessary to adjust the dose and timing  
of medications given to a patient receiving hemodialysis. 
Many drugs are removed from the blood during dialysis, 
some to a significant degree.40 For this reason, it is 
best to give all once-a-day medications in the evening. 
It also may be necessary to withhold a medication until 
after dialysis or to supplement the dose when dialysis is 
complete.41 This may be particularly important when 
administering antibiotics, pain medications, cardiac 
medications, or antiseizure medications.

Patient care
The typical IHD treatment lasts from 4 to 5 hours, which 
means an animal is away from the patient care ward for 
a significant period of time. In addition to feedings and 
medication, therapies such as peripheral catheter care, 
wound management, turning, bathing, and physical 
therapy may be indicated during this time. Consider-
ations must be made to determine if these therapies  
are safe to perform while the patient is undergoing 
hemodialysis.

During an IHD treatment, patients are essentially 
tethered to the hemodialysis machine because the blood 
lines of the EC circuit are attached to the dialysis cath-

drugs and flushes given through any catheter should be 
freshly prepared (we prefer less than 24 hours old). 
Aseptic technique must be maintained for catheter 
placement, feeding tube placement, and other proce-
dures. Urinary catheters are typically removed once 
hemodialysis has been initiated. Examination gloves are 
worn when setting up the dialysis machine, and exami-
nation gloves and a surgical mask are worn when access-
ing the dialysis catheter. Finally, as mentioned previously, 
only trained personnel should handle the dialysis 
catheter.

Edema
Volume overload may manifest as pulmonary edema, 
pleural effusion, ascites, and generalized peripheral 
edema. Ultrafiltration during dialysis and careful atten-
tion to fluid balance can help minimize this problem.3,12 
The problem may persist longer in anuric or oliguric 
patients than nonoliguric or polyuric patients. Facial, 
intermandibular, and forelimb edema may occur in dogs 
over time and can be severe. Edema in these specific 
locations may be an indication of partial cranial vena 
caval occlusion by the catheter itself or thrombosis or 
stenosis induced by the catheter.5 In many dogs, hypo-
albuminemia is a concurrent problem due to ongoing 
renal albumin loss, loss in the extracorporeal circuit, 
gastrointestinal loss, and suppressed synthesis due to 
systemic inflammation. Hypoalbuminemia can exacer-
bate edema formation.

Malnutrition
Malnutrition is common in uremic patients due to 
uremia-induced gastrointestinal complications and high 
metabolic needs associated with acute renal failure and 
other critical illness. Early and aggressive nutritional 
support is prudent. It is unclear how to determine the 
exact protein requirements of the acute renal failure 
patient.35,36 Certain amino acids are lost during the dial-
ysis treatment, particularly taurine and carnitine, so 
patients on long-term dialysis therapy should receive 
taurine and carnitine supplementation.37

Nausea, vomiting, and the dialysis treatments them-
selves can interfere with feedings, which adds to the 
problem of malnutrition. A feeding tube is often placed 
at the time of dialysis catheter placement to allow early 
nutritional support. Nausea and/or vomiting can often 
be alleviated by medications and control of uremia via 
hemodialysis. Patients do not need to be fasted before 
dialysis treatments, and feedings scheduled during dial-
ysis should not be skipped unless necessary. If feedings 
have to be missed during a treatment, they can be sup-
plemented when dialysis is complete.
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account for the remaining patient deaths. As with 
patients treated medically, approximately half of hemo-
dialysis patients regain normal renal function (defined 
by normal serum creatinine concentration) and half 
have persistent chronic kidney disease.4

Summary

Box 34.4 provides a summary of the chapter. Intermit-
tent hemodialysis is a highly advanced therapy used  
primarily to treat patients with kidney disease. For 
patients with acute kidney injury, IHD is initiated when 
medical management fails, and it is a means of stabiliz-
ing the patient long enough to allow for renal repair. For 
patients with chronic kidney failure, IHD is a method of 
extending the animal’s life. Intermittent hemodialysis 
can also be used to remove excess fluids or electrolytes, 
restore acid-base balance, or treat toxicities and drug 
overdoses.

Overall survival rate of animals undergoing IHD for 
acute kidney failure is 40%–60%. The patient popula-
tion in this case generally has a prognosis of 0% survival 
without some type of renal replacement therapy. Hemo-
dialysis is therefore a viable alternative to euthanasia for 
veterinary patients.
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Box 34.4 Summary

• Hemodialysis is a method of clearing the blood of uremic 
toxins when the kidneys are not functioning properly.

• Patients with acute renal injury, chronic renal disease, 
toxicities, and fluid or electrolyte imbalances are 
candidates for hemodialysis.

• Hemodialysis requires equipment that must be maintained 
and operated by highly trained personnel.

• Patients receiving hemodialysis can experience 
complications directly related to treatment in addition to 
complications related to their disease.

• Overall survival of hemodialysis patients is 40%–60%.
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35
Peritoneal evaluation

Linda Barton and Amanda Adams

Dogs and cats with abnormalities of the peritoneal 
cavity, often characterized by abdominal pain, represent 
a common emergency presentation. In general, abdomi
nal pain is caused by capsular stretch of solid organs or 
distention, traction, or forceful contractions of hollow 
organs. Additionally, inflammation and ischemia cause 
the production of proteinases and other vasoactive sub
stances that can stimulate abdominal nerve endings. 
Specific disorders that commonly present as an “acute 
abdomen” are listed in Table 35.1.

Diagnostic procedures used to evaluate the peritoneal 
cavity include physical examination with thorough 
abdominal palpation, abdominal imaging (radiographs, 
ultrasound, computed tomography), and evaluation of 
peritoneal fluid obtained by abdominocentesis, diag
nostic peritoneal lavage, or from a previously placed 
abdominal drain. Additionally, intraabdominal pres
sure can be monitored in patients at risk for the develop
ment of intraabdominal hypertension.

Physical examination

Physical examination with an emphasis on careful 
abdominal palpation is the initial step in evaluation of 
the peritoneal cavity. The abdomen should be examined 
systematically starting with the spinal column and 
abdominal wall before evaluation of the deeper struc
tures. Direct palpation of the spine and body wall will 
aid in the differentiation of back and/or muscle pain 
from conditions affecting the peritoneal structures. The 
integrity of the abdominal wall should be carefully eval
uated to rule out penetrating injuries. Abnormalities in 
the contour of the abdomen suggest distention and/or 

enlargement of intraabdominal structures or accumu
lation of fluid and/or air in the peritoneal cavity.

Gentle persistent digital pressure should be used to 
evaluate the size and position of organs and for the pres
ence of abdominal masses. Pain should be noted and 
localized. Pain localized to the upper right quadrant 
suggests a pancreatic, duodenal, or pyloric abnormality. 
Caudal abdominal pain is associated with prostatic 
disease, pyometra, uterine torsion, cryptorchid testicle 
torsion, and abnormalities of the urinary bladder and 
urethra. Diffuse abdominal pain suggests peritonitis or 
involvement of a significant portion of the intestinal 
tract.

Percussion, striking the body wall with short sharp 
blows and noting the tone of the resultant sound, aids 
in the detection of a fluid wave or gas accumulation with 
the peritoneal cavity or within a distended hollow viscus. 
Abdominal auscultation has been recommended to 
detect hypermotility or ileus but lacks reliability.

A rectal examination should be done to evaluate for 
the presence of abnormal stool, especially melena or 
frank blood. In male dogs, the prostate gland should be 
assessed for size, symmetry, and presence or absence of 
pain.

Abdominal imaging

Survey abdominal radiographs should be obtained in 
any patient presenting with abdominal pain. The 
abdominal and extraabdominal structures should be 
evaluated in a systematic fashion. Deviation from normal 
density, shape, size, and/or location of abdominal organs 
may provide clues to abnormalities in the peritoneal 
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cavity. Radiographs are most valuable in detecting dis
tention of a hollow viscus and are less useful in detecting 
solid organ injury or dysfunction. The retroperitoneal 
space should also be carefully evaluated. Decreased visu
alization of the kidneys, distention, or a streaky appear
ance of the retroperitoneal space is seen with abnormal 
fluid accumulation (urine, blood) or a spaceoccupying 
mass in the retroperitoneum. Differentials for decreased 
detail in the peritoneal space include free abdominal 
fluid, lack of abdominal fat, and carcinomatosis.

Intestinal gas patterns should be evaluated. Ileus, 
resulting in the accumulation of fluid and gas within the 
intestine, may be seen with a number of conditions. 
Segmental ileus supports a diagnosis of intestinal 
obstruction. In dogs, bowel obstruction is considered 
likely if the internal diameter of a small bowel segment 
is four times or more the width of a rib, two times or 
more the width of a vertebral body, or if the ratio of the 
diameter of the bowel to the height of the narrowest 
point of the body of L5 is >1.6.1 In cats, a ratio of the 
maximum diameter of small intestine to the height of 
the cranial endplate of the second lumbar vertebra ≥2.5 
was most often associated with intestinal obstruction.2 
Additionally, all small bowel loops should be of a similar 
diameter. The presence of “two populations” of small 
bowel, where one segment is 50% larger than the other 
segment of small bowel, strongly suggests bowel obstruc
tion secondary to a foreign body, neoplasia, or intus
susception. Generalized small bowel distention can be 
associated with a distal bowel obstruction or with a 
number of nonobstructive conditions that cause gener
alized ileus. An upper gastrointestinal (GI) positive con
trast study may be needed to make a definitive diagnosis 
of GI obstruction in a patient with generalized ileus. 
Barium sulfate provides the highest diagnostic quality 
contrast study, but because of its propensity to cause 
severe intraperitoneal inflammation and granuloma 
formation if leakage occurs, its use is controversial when 
gastric or intestinal perforation is suspected or surgery 
is anticipated.3 Iodinebased contrast media (Hypaque 
[sodium diatrizoate, Nycomed, Princeton, NJ], Gastro
grafin [meglumine diatrizoate, Bracco Diagnostics, 
Princeton, NJ]) can be used; however, the quality of the 
study is reduced. When performing a contrast study, it 
is important to use an adequate amount of the contrast 
agent. Lowvolume administration causes inadequate 
filling and a nondiagnostic study. The recommended 
dose of barium (60% wt/wt) is 5–10 mL/kg for large 
dogs and 10–12 mL/kg for small dogs and cats given per 
os or by orogastric tube.1

The radiograph should be examined for the presence 
of free gas in the peritoneal cavity. In the standard lateral 
view, free gas can be most easily detected between the 

Table 35.1. Differential diagnosis for acute abdomen

Digestive system
 Gastric dilatation +/− volvulus
 Gastrointestinal perforation (secondary to foreign body, 

neoplasia, or dehiscence)
 Gastroenteritis (dietary indiscretion, viral, toxic, bacterial)
 Intestinal obstruction (secondary to foreign body, 

intussusception, neoplasia)
 Gastrointestinal ulceration
 Constipation/obstipation
 Pancreatitis +/− pancreatic abscess

Hepatobiliary System
 Acute hepatitis (toxic, infectious)
 Cholangiohepatitis
 Cholecystitis
 Hepatic abscess
 Biliary obstruction

Genitourinary System
 Pyometra
 Metritis
 Uterine torsion
 Ovarian cyst
 Ovarian neoplasia
 Prostatitis/prostatic abscess
 Prostatic cyst
 Prostatic neoplasia
 Testicular torsion
 Acute nephrosis
 Acute nephritis-pyelonephritis
 Urinary calculi (renal, ureteral, cystic, urethral)
 Ureteral obstruction (neoplasia, stricture, calculi)
 Urethral obstruction (neoplasia, stricture, calculi)
 Renal neoplasia

Hematopoietic System
 Splenic torsion
 Splenic mass
 Splenic rupture (trauma, neoplasia)

Peritoneum, Mesentery, and Abdominal Wall
 Peritonitis (septic, chemical secondary to urine or bile 

leakage)
 Mesenteric lymphadenopathy/lymphadenitis
 Mesenteric volvulus
 Adhesions with organ entrapment
 Strangulated abdominal wall hernias

Extra-abdominal
 Intervertebral disk disease
 Discospondylitis
 Myositis
 Steatitis
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simple and specific but not sensitive. It has been esti
mated that 5–6 mL of fluid per kilogram body weight 
within the abdominal cavity is required to obtain fluid 
by blind centesis.5 Ultrasound guidance increases the 
sensitivity of the procedure by allowing the clinician to 
view and aspirate small accumulations of fluid.

Diagnostic peritoneal lavage
If no fluid can be obtained by abdominocentesis and 
abdominal pathology is highly suspected, diagnostic 
peritoneal lavage (DPL) can be performed to obtain 
abdominal fluid samples for evaluation. The technique 
is described in Protocol 35.2. The procedure is per
formed with local anesthesia with or without sedation. 
General anesthesia should be avoided; turgid abdominal 
musculature will facilitate catheter placement. There  
are a number of different commercially available  
multifenestrated catheters that can be used including 
peritoneal dialysis catheters, chest tubes, or abdominal 
drainage catheters. Alternatively, readily available over
theneedle catheters, red rubber catheters, or large 
singlelumen intravenous catheters can be used if addi
tional fenestrations are added. Figure 35.1 illustrates the 
technique for creating additional fenestrations.

Generally diagnostic peritoneal lavage is reserved for 
patients where free abdominal fluid is strongly suspected 
but cannot be recovered by other methods. In our expe
rience this technique is seldom required in patients that 
have been adequately fluid resuscitated if ultrasound is 
available to enhance the detection of small fluid pockets. 
The patient’s urinary bladder should be emptied either 
by voiding or manual expression to avoid accidental 
puncture. Other complications include omental obstruc
tion of the DPL, catheter fenestrations, and incomplete 
fluid retrieval. Contraindications for DPL include preg
nancy, marked organomegaly, cardiovascular or respira
tory compromise that can be exacerbated by largevolume 
lavage, diaphragmatic hernia, previous celiotomy, or 
patients suspected to have abdominal adhesions.

Fluid analysis/evaluation

Gross, cytologic, and biochemical evaluation of perito
neal fluid collected either by centesis or peritoneal lavage 
can provide important diagnostic clues in the patient 
with abdominal pain, especially if peritonitis is sus
pected. Evaluated parameters and their clinical associa
tions are summarized in Table 35.2.

The peritoneal fluid sample should be separated into 
one tube containing ethylenediaminetetraacetic acid 
(EDTA) to prevent clotting and another tube containing 
no additives. The additivefree tube will be used for 

stomach or liver and the diaphragm. The sensitivity for 
detecting free gas can be increased by positioning the 
patient in left lateral recumbency and taking a horizon
tal beam radiograph focused at the least dependent area 
of the abdomen. The presence of free peritoneal gas in 
a patient with no previous open abdominocentesis or 
recent abdominal surgery indicates a penetrating injury 
of the abdominal wall, rupture of a hollow viscus, or the 
presence of gasproducing microorganisms in the peri
toneal cavity and is considered a surgical emergency.

Abdominal ultrasound
Abdominal ultrasound can be used to further evaluate 
the peritoneal structures. Ultrasound provides valuable 
information about the abdominal viscera, lymph nodes, 
and vascular structures. Ultrasound is superior to radi
ography to evaluate solid organ structure and abnor
malities in blood flow to organs (for instance, as seen 
with splenic torsion). In the emergency setting, abdomi
nal ultrasound is often most useful to aid in the detec
tion and collection of small volumes of free abdominal 
fluid. It is important to remember that diagnostic accu
racy is operator dependent. However, it has been shown 
that clinicians with limited ultrasonographic experience 
can reliably detect free abdominal fluid using a simple 
protocol involving assessment at four defined sites in the 
abdomen.4

Abdominal fluid analysis

The detection, collection, and analysis of free abdominal 
fluid are extremely useful in peritoneal evaluation.

Abdominocentesis
Blind abdominocentesis, also known as abdominal para
centesis, is a simple way to obtain an abdominal fluid 
sample for evaluation. The procedure is performed with 
manual restraint, eliminating the need for sedation or 
anesthesia. The veterinary team should prepare for the 
procedure and have all necessary equipment in place 
before attempting abdominocentesis. The procedure is 
detailed in Protocol 35.1. Either a closed needle or open 
needle technique can be used. The open needle tech
nique reduces the chance of omentum or viscera occlud
ing the needle, but it may introduce free air into the 
abdominal cavity. Ideally an open abdominocentesis 
should be performed after abdominal radiographs have 
been obtained to prevent misinterpretation of iatrogeni
cally introduced abdominal free air. There are minimal 
associated risks, but risks may be increased in patients 
with a coagulopathy, or with marked organomegaly or 
distention of an abdominal viscus. The procedure is 
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Protocol 35.1 Abdominocentesis

Items Required
• Clippers
• Surgical scrub, alcohol, and gauze sponges for skin preparation
• Sterile gloves
• Blood tube with EDTA additive (lavender-top tube)
• Blood tube with no additive (red-top tube)
• Needles: 20 or 22 gauge, 1.5–2 inches long. Needle size should be based on the patient’s size and body wall thickness. 

Alternately, an over-the-needle catheter of similar size may be used.
• Several ≥3 cc syringes for aspiration of sample
• Ultrasound for guidance: optional

Procedure
1. Gather supplies.
2. Place patient in left lateral recumbency or in a standing position. Positioning in left lateral recumbency may be most effective 

to avoid inadvertent puncture of the spleen
3. Clip and scrub the ventral abdomen.
4. Perform hand hygiene and done sterile gloves.
5. Insert the needle or catheter just cranial or caudal to the umbilicus 1–2 cm to the right of midline.

a. Closed technique: The needle or catheter is attached to a syringe before penetration into the abdominal cavity.
b. Open technique: An unattached needle or catheter is inserted into the abdominal cavity.

6. Once the bevel of the needle has been advanced through the skin and body wall (depth of needle insertion is relative 
to patient size), pull back on the plunger of the syringe to apply suction if using the closed technique. If using the open 
technique, observe for a flash of fluid in the hub of the needle.
a. If using an over-the-needle catheter, after the catheter is inserted into the abdominal cavity, remove the stylet and collect 

the sample.
7. If blood is aspirated, the needle should be removed from the abdomen and the sample placed in a red-top tube and observed 

for clot formation.
a. Blood from inadvertent laceration of a vessel or organ will clot.
b. Hemorrhagic free abdominal fluid will not clot.

8. Allow fluid to drip into sterile collection tubes or apply gentle suction with a syringe to collect sample. The fluid should be 
collected into sterile tubes for further analysis.

9. If no fluid is retrieved:
a. Gently twist the needle within the abdomen and if needed advance the needle.
b. Consider four quadrant centesis, ultrasound guidance, or diagnostic peritoneal lavage.

Four Quadrant Centesis Technique:
1. Place patient in left lateral recumbency.
2. Clip and scrub the ventral abdomen 4 inches cranially and caudally from the umbilicus and laterally to the mammary chain on 

either side. Perform hand hygiene and don sterile gloves
3. Using the umbilicus as a center point, divide the abdomen into four quadrants and sample the right cranial, left cranial, right 

caudal, and left caudal quadrants as directed in the abdominocentesis protocol.
a. Use caution to avoid superficial and deep epigastric vessels that lie parallel and in the vicinity of the mammary chain.

4. Continue collection of sample as described in the Abdominocentesis protocol.

biochemistries and cultures because EDTA is bacterio
static. To prevent contamination by sample handling, 
any microbial cultures should be performed aseptically, 
immediately after fluid sampling. Slides should be made 
soon after fluid collection to prevent degeneration of 
cells in the fluid.

Color and clarity should be noted before additional 
sample handling occurs. Peritoneal fluid color can range 
from colorless to red tinged, red, white, yellow, brown, 

and anything in between. Fluid color is not specific for, 
but could indicate an organ system as the primary cause 
for the effusion. Redcolored fluid suggests intra
abdominal hemorrhage. Greentinged fluid is seen with 
bile leakage. Clarity of the fluid is noted as clear to 
slightly turbid or turbid. The degree of turbidity indi
cates the presence of cellular material and other particu
late matter. Foulsmelling fluid is associated with 
anaerobic infection.
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Protocol 35.2 Diagnostic peritoneal lavage

Items Required
• Clippers
• Surgical scrub, alcohol, and gauze sponges for skin preparation
• Sterile gloves
• Sterile drape
• 2% lidocaine
• No. 11 scalpel blade
• Sterile 10- to 14-gauge catheter for abdominal drainage

 Various “tubes” can be used including multifenestrated peritoneal dialysis catheters, chest tubes, or abdominal drainage 
catheters. Alternatively, over-the-needle catheters, red rubber catheters, or large single-lumen intravenous catheters can be 
used if additional fenestrations are added. See Figure 35.1.

• Warm, sterile 0.9% sodium chloride fluid (attached to intravenous [IV] drip set)
• Sterile collection system (IV drip set, three-way stopcock, collection bag)

Procedure
1. Gather supplies.
2. Ensure that the urinary bladder is empty (manual expression or catheterization).
3. Place patient in left lateral recumbency.
4. Clip and surgically prepare a wide area around the umbilicus.
5. Place drape fenestration centered at the umbilicus.
6. Instill local anesthetic in the skin and down to the peritoneum.
7. Catheter placement will vary depending on the type of drainage catheter used.

a. Trochar type catheter (or over-the-needle catheter):
i. Create a small stab incision (no larger than the diameter of the catheter) in the skin 2–3 cm caudal to the umbilicus 

and 1–2 cm lateral to midline.
ii. Introduce the trochar and catheter through the body wall at a 45° angle directed caudal dorsally (toward the 

coxofemoral joint).
iii. Advance the catheter off the trochar ensuring that all of the fenestrations are within the peritoneal cavity.

b. Catheters may also be introduced by the Seldinger and peel-away methods (See Chapter 4, Catheterization of the Venous 
Compartment, for more information).

8. If no fluid is obtained when the catheter is placed, the abdomen is lavaged by instillation of 20 mL/kg of warm 0.9% sodium 
chloride through the catheter and into the peritoneal cavity.
a. While the fluid is being infused, the patient should be monitored carefully for signs of respiratory distress and/or 

discomfort.
9. Clamp the infusion set.

10. The patient’s abdomen should be gently agitated to assure movement of the saline within the cavity.
11. After several minutes, open the infusion set and allow the fluid to drain through the catheter by gravity into a sterile 

collection bag. Collect samples in sterile empty and EDTA-containing tubes for evaluation.
12. If the catheter is being used for continuous abdominal drainage (such as may be the case for a uroabdomen), the catheter 

should be sutured in place and covered with a sterile dressing. See Chapter 55, Care of Indwelling Device Insertion Sites, for 
more information.

Peritoneal fluid packed cell volume (PCV) and total 
protein should be measured. A PCV >5% in centesis 
fluid is suspicious for abdominal hemorrhage. Follow
ing peritoneal lavage, the amount of blood in the 
abdomen can be estimated by the following formula5:

x L V/P L= × − ,  (35.1)

where x = amount of blood in the abdominal cavity; 
L = PCV of the returned lavage fluid; V = volume of 

lavage fluid infused into the abdominal cavity; and 
P = PCV of the peripheral blood before intravenous 
infusion of fluids.

Normal peritoneal total protein should be <2.5 g/dL.
Total nucleated cell counts can be estimated by 

running the sample through the inhouse complete 
blood count machine, or estimated microscopically  
by trained personnel. See Chapter 52, Cytology, for  
more information. Samples that are clear or slightly 
turbid may have a low cellularity and thus may require 
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septic effusions will assist with empirical selection of 
antibiotics.

Based on the patient’s physical examination, history, 
and suspected disease, specific chemistry analysis on the 
sample may be indicated. In most cases, the peritoneal 
chemistries are compared with a simultaneously col
lected peripheral blood sample. Abdominal fluid biliru
bin higher than the bilirubin in the peripheral blood is 
diagnostic for bile peritonitis.6 The gold standard for 
differentiating septic peritoneal effusions from inflam
matory nonseptic processes such as pancreatitis is the 
identification of intracellular bacteria in the fluid. Intra
cellular bacteria are not always seen in patients with 
septic peritonitis, especially if the patient has been 

centrifugation before microscopic evaluation. Normal 
abdominal fluid contains <1000 nucleated cells/mm3. 
Cytology includes evaluation for degenerate or toxic 
neutrophils, intracellular bacteria, neoplastic cells, bile 
stain or crystals and any other abnormalities. An ele
vated white blood cell (WBC) count (>5000 nucleated 
cells/mm3) indicates an inflammatory process. Increased 
numbers of neutrophils and degenerate neutrophils 
support a diagnosis of peritonitis. Intracellular bacteria 
can be seen with septic peritonitis. Leukocyte morphol
ogy and the presence of bacteria are more important 
than absolute leukocyte numbers. Identification of a 
large number of bacteria with no WBC is seen with 
inadvertent aspiration of the GI tract. Gram staining of  

Table 35.2. Abdominal fluid analysis

Parameter Interpretation

PCV (free fluid) >5% Significant intra-abdominal hemorrhage
WBC >5000/mm3, neutrophils Peritoneal inflammation
Intracellular bacteria Bacterial peritonitis
Degenerative neutrophils Suppurative peritonitis
Plant/vegetable fibers Gastrointestinal leakage
Neoplastic cells Intra-abdominal neoplasia
Creatinine Fluid: serum ratio >2:1 indicates uroabdomen
Potassium Fluid: serum ratio >1.4:1 indicates uroabdomen
Bilirubin More than peripheral blood indicates bile peritonitis
Amylase More than peripheral blood indicates pancreatitis
Glucose ≥20 mg/dL lower than in peripheral blood suggests septic peritonitis
Lactate ≥2.5 mmol/L higher than in peripheral blood suggests septic peritonitis in dogs

Figure 35.1 How to create additional fenestrations in a silicone or rubber tube. (A) Pick the appropriate tube size for your patient 
(10–14 gauge for DPL). Obtain a sterile 2- or 4-mm biopsy punch. (B) Lay the tube flat on a sterile field and press the punch firmly 
onto the very edge of the tube. Roll the tube a third turn, and make another fenestration at least ¾ inches above the last fenestration. 
(C) The DPL catheter following the addition of the fenestrations. 

In the authors’ experience, tube integrity becomes compromised (kinking, breaking) when fenestrations are larger than a third of 
the circumference of the tube or if the fenestrations are made too close together. Personnel should practice this technique prior to the 
procedure or have an additional tube available in the event a mistake is made.

(a) (b) (c)
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Figure 35.2 Measurement of intra-abdominal pressure in a cat. 
Reprinted from the Journal of Veterinary Emergency and Critical 
Care 2011;20(4); p. 388.

0.9% NaCl

Water Manometer

20-mL syringe

Protocol 35.3 Abdominal pressure measurement

Items Required
• Sterile gloves
• Foley urethral catheter
• Sterile urine collection system
• Two three-way stopcocks
• Water manometer
• 35- to 60-mL syringe
• Sterile saline
• Intravenous (IV) administration set

Procedure
1. Gather supplies.
2. Perform hand hygiene and don sterile gloves.
3. A Foley catheter should be aseptically placed with 

the catheter tip located just inside the trigone of 
the urinary bladder and connected to a sterile urine 
collection system, with two three-way stopcocks 
incorporated into the collection system.

4. Attach a water manometer to the first upright stopcock.
5. Attach the syringe and IV fluid bag to the second 

stopcock for filling the manometer and infusion of the 
bladder.

6. Place the patient in lateral or sternal recumbency.
7. Empty the urinary bladder.
8. Instill 0.5–1.0 mL/kg of sterile saline into the urinary 

bladder.
9. The manometer should be zeroed to the patient’s 

midline and filled with sterile saline.
10. Close the stopcock to the fluid source to allow the 

meniscus in the manometer to equilibrate to the 
pressure within the urinary bladder.

11. The measurement should be taken 30–60 seconds after 
instillation of the saline into the bladder to allow for 
detrusor muscle relaxation and in the absence of active 
abdominal contractions.

receiving antibiotic therapy or there is a walledoff 
process such as a hepatic abscess. Comparison of blood 
glucose in the peripheral blood and abdominal effusion 
can be helpful in differentiating septic for nonseptic 
effusions. Peripheral blood glucose ≥20 mg/dL higher 
than peritoneal fluid glucose has been shown to be 
highly predictive of septic peritonitis in dogs and cats.7

Similarly, lactate concentrations greater in abdominal 
fluid than in peripheral blood (bloodtoperitoneal fluid 
lactate concentration difference less than −2.0 mmol/L) 
is predictive of septic peritonitis in the dog, but not in 
the cat.7,8

Intra-abdominal 
pressure monitoring

Abdominal pressure can be measured in patients at risk 
of intraabdominal hypertension (IAH). Elevated pres
sure in the abdomen is referred to as IAH, whereas 
pathologic derangements that occur as a result of IAH 
are referred to as the abdominal compartment syndrome 
(ACS). IAH is caused by tissue edema or free fluid col
lecting in the abdominal cavity. Elevated pressure in the 
closed abdominal space can compromise perfusion to 
the abdominal organs and adversely affect outcome.

IAP is most commonly measured in veterinary 
patients via a catheter placed in the urinary bladder (Fig. 
35.2). The technique is relatively easily and described in 
Protocol 35.3. Measurements can be taken in either 
lateral or sternal recumbency, but the position should be 
consistent with serial measurements as IAP is affected 
by body position. The measured value has also shown to 
be affected by the volume of saline instilled into the 
urinary bladder, body condition, and by the presence of 
abdominal wall or detrusor muscle contractions.

Reported normal intraabdominal pressure in dogs is 
0–7.5 cm H2O.9 Rader and Johnson reported a median 
IAP in healthy cats of 7 cm H2O but showed that patient 
struggling significantly increased the measured value.10 
Severe elevations in IAP can result in decreased renal 
blood flow, decrease in celiac and portal blood flow, 
diminished ventilatory function, and decreased cardiac 
output and stroke volume. In humans, consensus  
guidelines for management of IAH and ACS have been 
developed. Similar recommendations do not exist for 
veterinary patients.

Summary

Abnormalities of the peritoneal cavity and intra
abdominal structures are common in veterinary patients. 
Physical examination, abdominal imaging, evaluation of 
peritoneal fluid, and monitoring of intraabdominal 
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pressure are essential components of peritoneal 
evaluation.
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36
Specialized gastrointestinal techniques

Lisa Smart

Gastric intubation

The two basic goals for intubation of the gastrointestinal 
tract are removing the contents or administering medi-
cations. Although many of these techniques are used 
routinely in veterinary emergency medicine, all of these 
procedures have the potential for complication, and the 
veterinarian should always ask if the benefits of the pro-
cedure outweigh the risks.

Orogastric intubation
Orogastric intubation involves inserting a tube through 
the oral cavity down to the stomach.

Indications

The indications for orogastric intubation include 
decompression of gastric dilation, removal of ingested 
toxins, and administration of medications. Possible 
complications include damage to, or perforation of, the 
esophagus or gastric wall, regurgitation and aspiration 
of gastric contents, and complications related to seda-
tion or general anesthesia. The risk of complications 
related to sedation or anesthesia may be increased if the 
animal is showing clinical signs of intoxication. Although 
in my experience, these complications are uncommon if 
the correct technique is followed, the true incidence of 
these complications has not been reported in the veteri-
nary literature.

Technique

Determine if the patient is an appropriate candidate for 
decompression and whether sedation or anesthesia is 

required for that particular patient. Choose a single-
lumen orogastric tube (OGT) with the largest diameter 
that will reasonably fit within the patient’s esophagus 
(see Fig. 36.1). Measure the length of tube that will be 
required to pass into the stomach, which is the distance 
from the nares to the last rib (see Fig. 36.2). Mark the 
tube with either tape or black marker.

Unroll approximately 30 cm from a roll of adhesive 
bandage material, such as Elastoplast (Beiersdorf, 
Hamburg, Germany), and leave this attached to the roll. 
With someone restraining the dog’s head from behind, 
place the roll of bandage into the dog’s mouth so that 
the hole in the roll faces the pharynx, hold the mouth 
closed, then wrap the free end of the bandage around 
the dog’s muzzle to hold the roll in place. If the dog starts 
to regurgitate or vomit, the roll can be removed quickly 
out of the mouth rostrally without the need to unwrap 
the bandage from around the muzzle. Lubricate the end 
of the OGT and slowly feed the tube through the hole 
in the middle of the bandage roll (see Fig. 36.3). Aim to 
push the tube through the animal’s left dorsal aspect of 
the pharynx to avoid intubating the larynx. Try to 
advance the tube when the dog swallows. Leave the other 
(distal) end of the tube below the level of the animal in 
a collection container, so that any fluid within the tube 
will start draining by gravity. Location of the tube within 
the esophagus must be confirmed by one or more of the 
techniques described (see Box 36.1). If there remains any 
doubt as to whether the tube is in the trachea as opposed 
to the esophagus, remove the tube and start again.

Once the location of the tube within the esophagus is 
confirmed, advance the tube gently up to the mark pre-
viously made on the tube (see Fig. 36.4). In the case of 
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gastric dilation and volvulus (GDV), if there is resis-
tance, apply gentle pressure with a twisting motion to 
aid entry through the cardia. If there is still resistance, 
sterile gauze may be placed over the end of the tube, to 
protect the operator’s mouth from contamination, and 
a small amount of air blown into the tube while gently 

Figure 36.1 Various tubes used in gastrointestinal techniques. 
Large black tube: Simple orogastric tube stained with activated 
charcoal. Large white tube: Double-lumen orogastric tube used 
for gastric lavage. Small bottom tube: Orogastric tube with fen-
estrations and intraluminal side port for flushing; suitable for 
smaller patients or for enemas. Clear tube with blue bulb: Enema 
tube with insufflation bulb to aid flushing.

Figure 36.3 Advancement of an orogastric tube through the 
middle of a bandage roll. The bandage roll serves as a mouth 
gag and allows gastric intubation in a conscious dog.

Figure 36.2 Measurement of the length of tube needed for 
orogastric intubation in this dog. Note the distal end of the tube 
is measured to the final rib.

Figure 36.4 Orogastric intubation. Once the tube has been 
advanced to the mark made on the tube (white tape), the person 
is then listening for gas escaping from the tube to indicate that 
it is in the stomach.

advancing it. If the tube still cannot be passed into the 
stomach in a patient with GDV, then the stomach should 
be trocarized percutaneously to relieve tension on the 
fundus (see later for technique); the tube will often then 
pass more easily. If there is no flow into the collection 
container below the level of the patient, gentle ballotte-
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Box 36.1 Techniques to distinguish between intubation of 
the esophagus/stomach and trachea

Indications that the tube is within the esophagus or 
stomach:
• Seeing the presence of esophageal fluid or gastric reflux 

fluid in the tube. The fluid should look like saliva as well 
as any other substances such as ingesta, bile pigment, or 
blood.

• Palpation of the tube on the left side of the neck, 
separate from the trachea, confirms its placement in the 
esophagus.

• Either a rush of gas or gastric fluid will confirm its 
location in the stomach. Air blown into the tube by the 
operator with simultaneous stethoscope auscultation 
of borborygmus within the stomach also confirms its 
location.

Indications that the tube is within the trachea:
• If humidified air is seen within the tube during each 

exhalation, the tube may be within the trachea.
• Coughing, although the absence of coughing does not 

confirm placement within the esophagus.
• The tracheal rings may be felt as vibrations along the tube 

if the tube is passed down the trachea.
• A capnometer may be placed at the end of the tube; the 

presence of an increase in carbon dioxide while the dog 
exhales confirms its location in the trachea.

• If placing a nasogastric tube, intubation of the trachea is 
likely if a copious amount of air is aspirated via syringe 
from the end of the tube.

ment of the abdomen may help to dislodge an obstruc-
tion. If there is still no flow, 10–60 mL of water can be 
infused into the tube to flush any obstruction (see 
Gastric Lavage technique).

Before removing the tube, tightly kink the tube 10–
15 cm from the operator’s end. Hold the tube firmly in 
this kinked position while removing the tube to prevent 
fluid leaking out as it is removed from the esophagus 
and pharynx. The technique used for orogastric intuba-
tion is also described in Protocol 36.1.

Nasogastric intubation for gastric 
decompression
Nasogastric intubation involves placing a tube through 
the nasal cavity down into the stomach.

Indications

Nasogastric intubation may be useful in patients that  
are experiencing significant discomfort due to gastric 
dilation (GD), secondary to either aerophagia or gastric 
fluid accumulation. This technique is not appropriate 

Protocol 36.1 Orogastric intubation

Items Required
• Sedation or general anesthetic supplies with appropriate 

monitors, as indicated
• OGT appropriate for patient size
• Adhesive medical tape or dark marking pen
• Roll of adhesive bandaging material
• One tube of aqueous lubricant
• Collection container for gastric material
• Trocarization materials, if GDV
• Assistants: at least one

Procedure
1. Collect necessary supplies.
2. Measure the length of tube from the nares to the last 

rib. Mark the tube with either tape or black marker.
3. Unroll approximately 30 cm from a roll of adhesive 

bandage material and leave this attached to the roll.
4. Assistant restrains the dog’s head from behind. 

Decompressor places the bandage roll into the  
dog’s mouth so that the hole in the roll faces the 
pharynx.

5. Hold the mouth closed around the bandage roll and 
wrap the free end of the bandage around the muzzle.

6. If the dog starts to regurgitate or vomit, remove the roll 
quickly from the mouth rostrally.

7. Lubricate the OGT end and slowly feed the tube 
through the hole in the middle of the bandage roll. 
Advance the tube through the animal’s left dorsal 
pharynx to avoid the larynx. Try to advance the tube 
when the dog swallows. Leave the other (distal) end of 
the tube below the level of the animal in a collection 
container.

8. Confirm location of the tube within the esophagus. If 
there remains any doubt as to whether the tube is in 
the trachea, remove the tube and start again.

9. Once the location of the tube within the esophagus 
is confirmed, advance the tube gently to the mark 
previously made on the tube. In the case of GDV, 
if there is resistance, apply gentle pressure with a 
twisting motion to aid entry through the cardia.

10. If the tube still cannot be passed into the stomach 
in a patient with GDV, consider percutaneous gastric 
trocarization to relieve tension on the fundus; the 
tube will often then pass more easily. If there is no 
flow into the collection container below the level of 
the patient, gentle ballottement of the abdomen may 
help to dislodge an obstruction. If there is still no flow, 
10–60 mL of water can be infused into the tube to flush 
any obstruction.

11. Before removing the tube, tightly kink the tube 
10–15 cm from the operator’s end. Hold the tube 
firmly in this kinked position while removing the tube 
to minimize fluid leakage into the airways as it is 
removed.
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Box 36.2 Nasogastric intubation for gastric decompression

Indications

Gastric dilation caused by aerophagia or gastric stasis 
and one of the following:
• Increased work of breathing
• Frequent regurgitation
• Signs of nausea, such as hypersalivation and frequent 

swallowing
• Signs of abdominal pain on palpation
• Intra-abdominal pressure >20 cm H2O with no other 

underlying cause

Contraindications
• Respiratory distress, whereby the stress of placing an NGT 

may worsen the patient’s condition
• Cats with aerophagia
• Coagulopathy
• Thrombocytopenia (<50,000/µL)

for the management of engorgement (see later). Place-
ment of a nasogastric tube (NGT) in cats for aerophagia 
is not recommended because stress will usually exacer-
bate the cause of aerophagia. However, if an NGT is 
already in place for enteral nutrition, it may be  
used for gas evacuation in the cat. Discretion should  
be used as to whether or not the patient will benefit  
from NGT placement for the purpose of gastric decom-
pression, and the procedure should be aborted if the 
patient shows signs of respiratory distress during the 
procedure. See Box 36.2 for a list of indications and 
contraindications.

For the patient with GD secondary to gastric stasis, 
intermittent emptying of stomach contents every 6–8 
hours via a NGT may decrease the incidence of vomiting 
and abdominal discomfort. Gastric pH may also be 
monitored by this procedure to evaluate the efficacy of 
antacid therapy, and the NGT may be used for enteral 
feeding (see Chapter 40, Assisted Enteral Feeding). 
Removal of large amounts of gastric fluid may contrib-
ute to fluid and electrolyte losses; therefore monitoring 
of serum electrolytes and acid base status is recom-
mended in these patients. It is unknown whether the 
presence of a NGT through the lower esophageal  
sphincter promotes reflux of gastric contents into the 
esophagus.

Technique

The technique for placing an NGT has been covered 
elsewhere (see Chapter 40, Assisted Enteral Feeding). 
The NGT can be used in conscious animals; however, 

sedation should be used in most cases of gaseous GD 
because placement of the NGT can be stressful and exac-
erbate aerophagia. Once the NGT is in place, gentle 
suction should be applied to evacuate air or fluid until 
negative pressure is reached. Blockages of the NGT with 
food material or thick saliva may impede evacuation; 
therefore, intermittent flushing of the NGT with 3–5 mL 
of water or air may be necessary. Record volumes of fluid 
removed so that fluid balance of the patient can be 
monitored.

Considerations for the GDV patient
Risk factors for, presentation of and management of 
shock in the patient with GDV have been reviewed else-
where.1,2 Diagnosis of GDV may be confirmed by the 
presence of a dorsally displaced pylorus on a right lateral 
abdominal radiograph.3

Analgesia/sedation

Moderate to severe vasoconstrictive shock in animals 
with GDV is due to lack of venous return from the 
caudal half of the body, leading to decreased cardiac 
output and organ ischemia, including the myocardium. 
Therefore shock fluid therapy is a priority in these 
patients. Analgesia should also be given as soon as  
possible, not only for the patient’s well-being but also  
to aid orogastric intubation by providing sedation.  
Suitable analgesics to give during the fluid resuscitation 
and decompression phase of managing GDV include 
pure µ-opioid agonists such as morphine, oxymor-
phone, hydromorphone, and methadone. Partial µ-
agonists, such as buprenorphine, may also be used but 
may not provide adequate analgesia. Nonsteroidal  
anti-inflammatory drugs and corticosteroids should  
not be used in GDV patients due to adverse effects  
such as decreased gastric perfusion and decreased renal 
blood flow.

To facilitate orogastric intubation, additional sedation 
may be given, although it is usually not needed. A com-
bination of opioids and benzodiazepines, such as diaz-
epam or midazolam, usually suffices. Indicators of 
perfusion, such as heart rate, capillary refill time, mucous 
membrane color and femoral pulse quality, should be 
monitored during sedation and procedures that follow. 
There is an increased risk of ventricular arrhythmias due 
to decreased myocardial perfusion;4,5 therefore, an 
electrocardiogram should be performed if an irregular 
heart rhythm is detected. Although these dysrhythmias 
do not usually require treatment, presurgical ventricular 
arrhythmias are associated with gastric necrosis and 
increased mortality.6,7 However, most dysrhythmias in 
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Conservative management of GDV

There is a low chance of a good long-term outcome after 
decompression only for a GDV patient. Funquist and 
Garmer12 first described conservative therapy as a means 
of spontaneous repositioning of GDV. Their protocol 
consisted of initial decompression, including trocariza-
tion and orogastric intubation. The dog was hospitalized 
for a minimum of 12 hours, and decompression was 
performed every 1–2 hours. Using this protocol, 10 of 
14 dogs survived. Of these 10 dogs, 4 had surgery within 
16 days, 3 had a repeat GDV in 3 months, and 3 were 
symptom free at 3–4 months. In a subsequent study,13 
spontaneous repositioning occurred in 11 of 21 dogs 
that received decompression (orogastric intubation and 
trocarization). Two different sized gastric tubes, one 
reinforced with a guidewire, were used simultaneously 
to fully evacuate the stomach. Of the 11 dogs, 3 died 
within 3 days, all with evidence of gastric necrosis on 
necropsy. Follow-up was available for 6 of the 8 dogs 
that survived the initial GDV; 4 of these dogs had repeat 
GDV within 7 months. The same author also described 
a technique for active nonsurgical repositioning using a 
stomach tube with an inflatable balloon on the end and 
fluoroscopy. Reposition was possible in all animals but 
outcome was unavailable.

A retrospective study from 1985 to 1989 included 103 
GDV cases that received decompression only.14 Sixty-six 
percent survived initial treatment, and 99% of these 
dogs had recurrence within 1 year. A more recent study11 
included 134 cases of GDV, of which 33 received con-
servative management only, as spontaneous reposition-
ing after decompression was confirmed by abdominal 

GDV patients occur after surgery, and one study showed 
that the presence of arrhythmias during hospitalization 
was not associated with outcome.8 The patient’s stomach 
should be decompressed by either orogastric intubation 
or trocarization (see later) before general anesthesia is 
induced.

Trocarization

Gastric trocarization, also referred to as gastrocentesis 
or gastric needle decompression, is often required in the 
patient with GDV because orogastric intubation is dif-
ficult or impossible in the presence of severe gastric 
distention (see technique for orogastric intubation). 
Gastric trocarization often decreases the time to gastric 
decompression and therefore may decrease the risk of 
gastric necrosis. The risk of gastric perforation due to 
trocarization is small, and studies that include trocariza-
tion as a part of the gastric decompression protocol  
do not report the presence of gastric perforation on 
exploratory laparotomy.7–11 One study used trocariza-
tion alone for presurgical decompression, without oro-
gastric intubation, and reported a low overall mortality 
rate of 10%.7

Technique for trocarization

Choose a tympanic area on the lateral abdomen, which 
is usually the left dorsolateral abdomen just caudal to 
the last rib. Clip the area and prepare aseptically. Perform 
hand hygiene and don sterile gloves. Insert a 16-gauge 
over-the-needle catheter at a right angle to the abdomi-
nal wall, with the bevel facing up, into the abdomen. 
Once gas flow is heard or gastric fluid is seen in the hub, 
advance the catheter off the stylet into the abdomen up 
to the hub of the catheter. Remove the stylet. Hold the 
catheter in place with a sterile hand and allow the gas to 
passively escape until the abdomen becomes flaccid or 
noticeably reduced in size (see Fig. 36.5). If the catheter 
becomes occluded, it may be withdrawn slowly from the 
abdomen until gas flow resumes or the catheter comes 
out. Never advance the catheter back into the abdomen. 
Do not ballot the abdomen with catheters in place 
because it may dislodge them from the stomach and 
contaminate the abdomen. If the flow of gas from the 
first catheter is insufficient, a second catheter may be 
placed near the first using the same technique. Once the 
abdomen has reduced in size, orogastric intubation may 
be attempted again in a gentle manner to fully evacuate 
the stomach. Any catheters used for trocarization should 
be removed before repeat orogastric intubation. Detailed 
instructions for gastric trocarization are also available in 
Protocol 36.2.

Figure 36.5 Trocarization in a dog with gastric dilation and 
volvulus. An 18-gauge catheter (note green hub) has been placed 
in the region of most tympany and is facilitating gas escape from 
the stomach.
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Considerations for engorgement
Engorgement with subsequent GD is a normal occur-
rence for carnivores because they are designed to eat 
large amounts in one sitting. However, cases of engorge-
ment associated with clinical signs are usually secondary 
to ingestion of large amounts of dry commercial dog 
food, which absorbs fluid and slowly expands in the 
stomach, leading to gross distension of the stomach and 
considerable abdominal pain. A diagnosis of engorge-
ment is confirmed by evidence of a dilated ingesta-filled 
stomach in its correct anatomic position on a right 
lateral abdominal radiograph. There have been no 
studies published assessing the efficacies of various 
treatment options for engorgement; therefore the fol-
lowing recommendation is based on my clinical experi-
ence. Cases of engorgement that do not have signs of 
obstructive shock can be treated with intravenous fluid 
therapy to maintain hydration and analgesia. Tachycar-
dia is usually present in these patients, which resolves 
with analgesia. The risk of gastric rupture with this 
method of conservative management is low. Gastric 
lavage is rarely successful because the OGT becomes 
obstructed with food material, and the patient has an 
increased risk of complications, such as aspiration, if 
sedation is performed. Emesis is not indicated, as gastric 
contraction against the bulk of dry food may lead to 
gastric mucosal tear. Aspiration is also a risk after emesis. 
If the animal does have signs of obstructive shock (poor 
venous return to the right side of the heart due to com-
pression of the abdominal veins as a result of gastric 
dilation), then aggressive shock fluid therapy should be 
followed by either gentle gastric lavage (see later) or 
gastrotomy. Gastrotomy is also indicated if the dog has 
ingested a substance that has solidified, such as polyure-
thane adhesive (Gorilla Glue, Gorilla Glue Inc., Ohio), 
which does not have a chance of passing through the 
intestinal tract.

Gastrointestinal decontamination

Gastrointestinal decontamination (GID) for ingested 
toxins includes emesis, gastric lavage, whole bowel irri-
gation (WBI), enema, and activated charcoal adminis-
tration. In human medicine, the routine use of GID has 
become controversial due to a lack of evidence that GID 
has a significant impact on patient outcome, except for 
specific indications addressed later.15–17 Often the time 
between ingestion and GID being performed in human 
emergency departments is beyond the time at which 
GID may be useful. Despite the American Academy of 
Clinical Toxicology concluding that no method of GID 
should be performed routinely in the management of 
the poisoned patient, its widespread use has continued 

radiography. Within an 8-month period, 25 dogs had  
a recurrent GDV (2 died and 6 had recurrent GDV 
within 2 days of the first GDV event), giving a  
recurrence rate of 81.8%. Given this information, 
although repositioning of the torsed stomach is possible 
with decompression only, recurrence is likely if gastro-
pexy is not performed. Also, if there is gastric necrosis 
present and only conservative therapy is provided, the 
patient is likely to suffer a painful demise. Conservative 
treatment should only be undertaken for GD in the 
absence of volvulus; however, gastropexy should still be 
considered in breeds at high risk of subsequent GDV. 
Immediate surgical intervention of GDV after decom-
pression is recommended to improve the chance of 
survival.

Protocol 36.2 Gastric trocarization

Items Required
• Clippers with clean blade
• Surgical scrub
• Long 16-gauge over-the-needle catheter
• Sterile gloves

Procedure
1. Collect necessary supplies.
2. Choose a tympanic area on the lateral abdomen, which 

is usually the left dorsolateral abdomen just caudal to 
the last rib.

3. Clip the area and prepare aseptically.
4. Perform hand hygiene and don sterile gloves.
5. Insert a 16-gauge over-the-needle catheter at a right 

angle to the abdominal wall, with the bevel facing up, 
into the abdomen. Once gas flow is heard or gastric fluid 
is seen in the hub, advance the catheter off the stylet up 
to the hub of the catheter. Remove the stylet.

6. Hold the catheter in place with a sterile hand and allow 
the gas to passively escape until the abdomen becomes 
flaccid or noticeably reduced in size.

7. If the catheter becomes occluded, it may be withdrawn 
slowly from the abdomen until gas flow resumes  
or the catheter comes out. Never advance the  
catheter back into the abdomen. Do not ballot the 
abdomen with catheters in place because it may 
dislodge them from the stomach and contaminate the 
abdomen.

8. If the flow of gas from the first catheter is insufficient, a 
second catheter may be placed near the first using the 
same technique.

9. Once the abdomen has reduced in size, orogastric 
intubation may be attempted again. Any catheters 
used for trocarization should be removed before repeat 
orogastric intubation.
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subsequent esophageal damage and aspiration. These 
patients also have an increased risk of esophageal and 
gastric perforation.

If the animal has ingested a small volume of toxin, 
such as a small number of tablets or capsules, then GL 
is unlikely to be rewarding, and activated charcoal 
administration alone should be considered instead.

Technique

Refer to the protocol for orogastric intubation for inser-
tion and removal of the OGT. The patient must always 
be orotracheally intubated with an appropriately inflated 
cuff and placed in lateral recumbency before lavage is 
performed. With the OGT in place, use room tempera-
ture water to lavage the stomach by use of a siphon or 
stomach pump. Although it is stated as common 
practice18–20 to use approximately 5–10 mL/kg of water 
for each cycle, more is usually needed to lavage the 
stomach adequately, and I commonly use up to 20–
30 mL/kg per cycle to achieve mild gastric distension on 
abdominal palpation. After instilling a volume of water, 
allow the effluent to passively drain, aided by gentle bal-
lottement of the abdomen. A double-lumen tube can 
also be used to aid continuous drainage of the stomach 

at the hospital level.15 No studies in veterinary medicine 
have been conducted to assess whether or not GID 
changes patient outcome for routine poisoning cases; 
however, it still remains as the current recommendation 
for ingested toxins within certain guidelines.18–20 Veteri-
nary poisoning cases differ from human cases in that 
there may be a large volume of toxin within the gastro-
intestinal tract, and the time to presentation may be 
shorter; therefore there still remains a role for GID in 
veterinary medicine, despite the lack of scientific evi-
dence that it has an impact on outcome. Clinicians 
should ask themselves these three questions before per-
forming GID, according to the “gastrointestinal decon-
tamination triangle” published by Bailey21:

1. Is the ingested toxin likely to cause significant 
effects?

2. Is GID likely to change outcome?
3. Do the risks of GID outweigh the potential benefits 

in this particular patient?

Indications and technique for emesis have been covered 
elsewhere18–20 and are not addressed in this textbook.

Gastric lavage
Gastric lavage (GL) involves orogastric intubation and 
removal of gastric contents. In clinical studies in human 
medicine, GL has shown no clear benefit over activated 
charcoal administration alone.15,16 However, there still 
remain some indications for this procedure in veterinary 
medicine.

Indications

GL is indicated for intoxication cases where the amount 
of toxin ingested is potentially harmful, it was ingested 
within 1 hour of performing GL, and emesis cannot be 
achieved due to altered mentation or other neurologic 
signs (see Box 36.3). If the patient has already vomited 
after ingestion of the toxin, GL is unlikely to recover a 
significant amount of toxin. One exception is where 
there has been a large amount ingested, such as in snail 
pellet ingestion.

The risks of GL include those associated with general 
anesthesia, aspiration, and gastrointestinal tract trauma. 
The incidence of esophageal or gastric perforation sec-
ondary to GL is unknown in veterinary medicine but 
rarely occurs in human medicine,16 and the same is likely 
true for veterinary patients. It is not necessary to perform 
GL in a case of food engorgement (see Considerations 
for Engorgement). It is also contraindicated to perform 
GL for animals that have ingested caustic or volatile 
substances, due to the risk of esophageal reflux, and 

Box 36.3 Gastric decontamination procedures

Gastric lavage

Indications:
• Toxin ingested within 1–2 hours and emesis 

contraindicated
• Large volume of ingested toxin, such as snail bait pellets

Contraindications:
• Food engorgement
• Ingestion of caustic or volatile substances
• Ingestion of a small number of tablets or capsules

Nasogastric intubation

Indications:
• Large volume of liquid toxin
• Ingestion of caustic substances (in conjunction with 

endoscopy)

Contraindications:
• Respiratory distress, whereby the stress of placing an NGT 

may worsen the patient’s condition
• Cats with aerophagia
• Coagulopathy
• Thrombocytopenia (<50,000/µL)
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is present. The NGT can then be used for activated char-
coal administration (see later).

In humans with caustic substance ingestion, endos-
copy for identification of perforations and placement  
of an NGT is a part of routine management because  
the NGT reduces the incidence of esophageal stricture 

while flushing (see Figs. 36.1, 36.6, 36.7, and 36.8). Never 
attach a hose to the tube to instill water or attach suction 
to the end to empty the stomach. This may cause trauma 
to the gastric wall. It is useful to record the volume of 
the effluent water to monitor the degree of water inges-
tion and avoid hyponatremia. Check that the cuff of the 
endotracheal tube is still adequately inflated, and then 
shift the patient into the other lateral recumbency. Again 
check the endotracheal tube position and cuff inflation. 
Repeat the lavage as above.

If activated charcoal administration is indicated, it 
may be instilled in the stomach before removal of the 
tube; however, be careful not to significantly distend the 
stomach because this leads to increased risk of aspira-
tion during anesthetic recovery. It seems reasonable to 
limit the dose of activated charcoal to 2–3 mL/kg while 
under anesthesia. Kink the tube when removing. Keep 
the patient tracheally intubated with an inflated cuff 
until it is able to maintain sternal recumbency and is 
swallowing. This may reduce the risk of aspiration. It is 
not advised to delay extubation in cats due to risk of 
laryngospasm; therefore, activated charcoal should 
either not be given after lavage or the dose reduced. The 
technique for gastric lavage is described in detail in Pro-
tocol 36.3.

Nasogastric intubation for decontamination
Nasogastric intubation (NGI) may be useful for removal 
of large volumes of liquid toxin in which emesis is con-
traindicated (see Box 36.3). It will only be useful within 
30 minutes of ingestion unless delayed gastric emptying 

Figure 36.7 Insertion of a double-bore orogastric tube for 
gastric lavage.

Figure 36.8 Gastric lavage for snail pellet ingestion. A double-
bore tube is being used. A funnel (black) is attached to the ingress 
tube while water flows out of the stomach through the egress 
tube into a receptacle (white).

Figure 36.6 A double-bore tube used for gastric lavage, with 
ingress (smaller bore) and egress (larger bore) ports. The tube is 
being measured to the last rib to determine the length needed 
for gastric intubation.
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Activated charcoal administration
Indications

The indications for activated charcoal administration 
have been covered elsewhere.20 The absorption of many 
ingested toxins is decreased by activated charcoal if the 
charcoal is given within 2 hours of toxin ingestion. Acti-
vated charcoal may be beneficial greater than 2 hours 
postingestion for toxins that undergo enterohepatic 
recirculation or for delayed release capsules.

Contraindications of activated charcoal administration 
include oral administration in patients with abnormal 
mentation, hydrocarbon ingestion, and gastrointestinal 
tract perforation.

Techniques

Voluntary consumption

Some dogs, especially puppies, will drink activated char-
coal suspension if it is mixed with canned commercial 
food or water. Often, though, they will not consume the 
required dose and one of the other techniques here may 
need to be used.

Syringe feeding

Animals may be restrained and force-fed activated char-
coal with a syringe. The risks include undue stress and 
aspiration, especially if the solution is administered with 
pressure. The solution is given by dribbling small 
amounts in the commissure of the animal’s mouth and 
allowing them time to swallow. Gloves and gowns will 
need to be worn as it becomes quite messy. Another 
technique for larger dogs is to place the sleeve of a dis-
posable gown over the dog’s head, allowing only the 
nose and mouth to protrude, leaving the eyes covered 
(see Fig. 36.9). The person can then stand behind the 

Protocol 36.3 Gastric lavage

Items Required
• All equipment for orogastric intubation
• Siphon or stomach pump
• Room temperature water
• Cuffed endotracheal tube of appropriate size
• Examination gloves and other supplies to keep operator 

clean
• All anesthetic supplies, including appropriate monitoring 

tools

Procedure
1. Collect necessary supplies.
2. Anesthetize and orotracheally intubate the patient with 

an appropriately inflated cuff. Place patient in lateral 
recumbency before lavage is performed.

3. Please refer to Protocol 36.1 for orogastric intubation 
for instructions on insertion and removal of the OGT.

4. With the OGT in place, use room temperature water  
to lavage the stomach by use of a siphon or  
stomach pump. Use a minimum of 5–10 mL/kg of water 
for each cycle, up to 20–30 mL/kg per cycle, to achieve 
mild gastric distention on abdominal palpation.

5. After instilling a volume of water, allow effluent to 
passively drain, aided by gentle ballottement of the 
abdomen.

6. Record the volume of infused and effluent water to 
monitor the degree of water ingestion and avoid 
hyponatremia.

7. Check that the cuff of the endotracheal tube is still 
adequately inflated, and then shift the patient into the 
other lateral recumbency.

8. Recheck the endotracheal tube position and cuff seal.
9. Repeat the lavage as above.

10. If activated charcoal administration is indicated, 
instill before removal of the tube, taking care not to 
significantly distend the stomach.

11. Kink the tube when removing.
12. Keep the patient tracheally intubated with an inflated 

cuff until it is able to maintain sternal recumbency and 
is swallowing.

development and allows enteral nutrition.22,23 The pres-
ence of an NGT through the lower esophageal sphincter 
does not appear to increase complications related to 
esophageal ulceration in humans, likely due to the small 
bore of the tube. The NGT may also aid in dilutional 
therapy of the caustic substance if the animal will not 
drink water or milk, by instilling small amounts down 
the NGT. This is in contrast to gastric lavage, which, as 
stated previously, is contraindicated in caustic substance 
ingestion.

Figure 36.9 Administration of activated charcoal by syringe 
feeding. The disposable gown over the head prevents the dog 
from seeing the advancing syringe and keeps the animal clean.
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rectum may help passage. Alternatively, commercially 
available micro-enemas, containing osmotically active 
substances and lubricant, may be used to relieve mild 
cases of constipation. If there is gross distension of the 
colon with hard feces, then a complete enema will need 
to be performed. The animal, in some cases, will need 
to be sedated. Rehydration fluid therapy should also be 
included in the treatment plan.

To perform an enema, pass a lubricated soft red 
rubber catheter or similar tube (see Fig. 36.1) to the level 
of the midabdomen and gently infuse 5–10 mL/kg of 
warm water into the colon and allow time for the animal 
to defecate voluntarily.24 Other substances can be added 
to the enema solution, such as lubricant, lactulose (5–
10 mL), or mineral oil (5–10 mL) to aid the removal of 
feces. The enema can be repeated if the colon is not 
emptied by voluntary defecation.

If the performance of a simple enema is not successful 
in relieving the patient’s constipation, manual fecal 
extraction may be needed. The dog or cat should be 
anaesthetized and orotracheally intubated to avoid pain 
and stress, and to reduce the risk of aspiration because 
manipulation of the colon may induce vomiting. Repeat 
the enema as above and gently palpate the colon via 
external abdominal palpation to help break up the feces 
and move them into the rectum, where they can be 
removed digitally. Be careful with the use of instruments 
to aid extraction, such as sponge forceps, because they 
can cause perforation of the colon.

Enema for GID

Colonic enemas can be useful in the management of 
ingestion of large amounts of toxin. In particular, 
enemas using colonic lavage techniques are useful for 
removing snail pellets from the colon. The technique  
is similar as described earlier; however, the animal is 
anaesthetized and the cycle repeated until the effluent is 
clear. It is usually performed at the same time as GL. To 
perform an enema for GID, lubricate a tube of similar 
size to an OGT and feed up through the rectum to the 
level of the transcending colon (midabdomen) (see Fig. 
36.10). If there is resistance during passage of the tube, 
do not force the tube any further into the colon. Siphon 
water by gravity feed into the colon, allowing the efflu-
ent to pass around the tube. This cycle is repeated until 
the effluent is clear.

Whole bowel irrigation

WBI, also known as a through-and-through enema, 
involves oral administration of large quantities of an 
iso-osmotic polyethylene glycol electrolyte solution to 
irrigate the entire gastrointestinal tract to prevent 

dog, gently restraining the head, and dribble the solution 
in the corner of the dog’s mouth slowly and patiently. 
Because the eyes are covered, the dog does not try to get 
away from the syringe and often just accepts administra-
tion of the suspension. Also, the gown keeps the rest of 
the dog clean.

Nasogastric tube

NGTs can be useful for slow activated charcoal admin-
istration. The technique of placing an NGT has already 
been covered.

Orogastric tube

In some poisoning cases, an OGT has been placed for 
GL. Activated charcoal may be administered into the 
stomach via an OGT at the end of a procedure. However, 
be aware that as the animal recovers from sedation or 
anesthesia, there is a significant risk of aspiration. There-
fore only small volumes (2–3 mL/kg) should be instilled 
into the stomach at this point in time. Prelavage admin-
istration of activated charcoal, to decrease intestinal 
absorption of toxin that may be pushed into the duode-
num during lavage, has shown no benefit over postla-
vage administration in preliminary clinical studies in 
human medicine.16

Catharsis
Catharsis involves the use of an orally administered, 
osmotically active, nonabsorbed substance to speed 
transition of a toxin through the gastrointestinal tract. 
Cathartics such as sorbitol are often combined with acti-
vated charcoal in commercially available suspensions. 
There is little evidence in human and veterinary litera-
ture for the benefit of catharsis as a part of GID.19 
However, a single dose is often used with few side effects. 
Multiple doses are not recommended because cathartics 
may contribute to excessive fluid and electrolyte losses.

Enemas

Indications
Enemas are used to relieve constipation and for GID. 
They can also be used in the treatment of hepatic 
encephalopathy.

Techniques
Constipation

An enema is required if there is distension of the colon 
with hard, dry feces and the animal is straining to def-
ecate. If there are hard feces in the rectum only, a small 
amount of lubricant administered by syringe into the 
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Retention enema

Retention enemas use substances such as lactulose that 
are not absorbed by the colon. Hence they are retained 
in the colon and may encourage water movement into 
the colon by osmosis. This method is most commonly 
used for treatment of hepatic encephalopathy. Lactulose 
reduces absorption of ammonia from the colon by low-
ering colonic pH and by osmotic catharsis.30

The most common technique is to instill 5–10 mL/kg 
of a 30% lactulose solution into the colon, leave for 
20–30 minutes, and then flush out using warm water.  
A routine enema (such as that described for consti-
pation) may also suffice for treatment of hepatic 
encephalopathy.

Use of rectal catheters

Recumbent patients with liquid diarrhea pose many 
nursing challenges in terms of cleanliness and preven-
tion of wound infection. Each institution has its own 
technique of keeping patients and bedding clean, includ-
ing absorbent products, skin barrier creams, and fre-
quent washing of the rear end. It remains difficult, 
though, to keep the area clean and prevent contamina-
tion of surgical wounds. These patients also inevitably 
develop perineal dermatitis and ulceration due to fecal 
scalding and frequent abrasive cleaning.

In human medicine, rectal Foley catheters, or rectal 
tubes, are used to collect feces over a short-term period.31 
These are wide-bore tubes, with or without an inflatable 
balloon on the distal end, connected to a collection 
system similar to a closed urinary collection system. See 
Protocol 36.4 for a detailed description of rectal catheter 
placement. The risks of using these tubes include colonic 
or rectal ulceration, pressure necrosis of the bowel wall, 
or obstruction of the tube leading to colonic distension 
and possibly perforation.31 Humans can also develop 
temporary or permanent anal sphincter incompetence 
with prolonged use. For these reasons, use of these tubes 
is falling out of favor in human medicine despite the low 
rate of complication in short-term use. Rectal tubes are 
now being replaced with fecal or bowel management 
systems such as the Flexi-seal Fecal Management System 
(ConvaTec, NJ) and the Zassi Bowel Management 
System (Zassi Medical Evolutions, Florida) that can be 
used for up to 29 days.32 These tubes have a collapsible 
neck proximal to the inflation balloon, the transsphinc-
teric zone, which allows the anal sphincter to maintain 
tone. They also contain multiple lumens, which allow 
irrigation of the colon, and a retention cuff to allow 
retention enemas. Bowel management systems are still 
relatively invasive, however, and sporadic reports of 
rectal trauma associated with these devices are now 

absorption of a toxin. It is also used to prepare the colon 
for colonoscopy and surgery, at a dose of up to 100 mL/
kg in divided doses, several hours apart.25,26 The tech-
nique for GID in human pediatric medicine is to admin-
ister the solution via a nasogastric tube at approximately 
100–500 mL/hour until the rectal effluent is clear.27 This 
method is rarely used in human and veterinary medi-
cine for GID but may be considered for large ingestions 
of sustained-release drugs or iron tablets, or packets of 
illicit drugs, which would be a rare scenario for veteri-
nary medicine. Although one study in dogs showed 
improved evacuation of paraquat with WBI compared 
with no GID,28 there is little evidence in the literature 
supporting its clinical efficacy in removing toxins or 
improving outcome. Benefits exceeding that of activated 
charcoal alone are questionable, even in ingestion of 
sustained-release drugs.29

Contraindications include gastrointestinal perfora-
tion or gross hemorrhage, ileus, intractable vomiting, or 
cardiovascular instability. Risks include electrolyte and 
fluid losses, abdominal pain, vomiting, and aspiration. 
Major complications have been reported in the veteri-
nary literature associated with the use of polyethylene 
glycol preparations for colonoscopy, which included 
fatal aspiration and gastrointestinal hemorrhage.26

Figure 36.10 Colonic lavage of a patient that had ingested snail 
pellets. The green pellets can be seen around the perianal area. 
The enema tube (green) is being inserted into the rectum. Note 
the use of a gravity feed for flushing (metal container) and the 
orange bulb within the tubing, which can be used to increase 
pressure during flushing.
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36.4 for more information). The balloon can then be 
used to pull the foreign body out of the rectum. Although 
rectal foreign bodies are rarely seen in veterinary medi-
cine, they may present as a result of animal abuse.
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37
Postoperative peritoneal drainage techniques

Margo Mehl

There are numerous indications for abdominal drain-
age, some of which include peritonitis, uroperitoneum, 
increased abdominal pressure, and peritoneal dialysis. 
The type of peritoneal drainage chosen by the oversee-
ing clinician depends on the primary disease process. 
The techniques for postoperative peritoneal drainage 
discussed in this chapter include maintaining an open 
abdomen, closed-suction abdominal drains, and inter-
mittent drainage using a percutaneous catheter. Several 
types of passive drains, such as Penrose drains or dialysis 
catheters, have been described for use in abdominal 
drainage. These passive drains rely on gravity and are 
less effective and associated with higher complication 
rates compared with other abdominal drainage tech-
niques. I do not recommend their use for abdominal 
drainage.

Open abdominal drainage suture

The underlying cause of contamination must be deter-
mined and controlled, the abdominal cavity copiously 
lavaged, and then open peritoneal drainage techniques 
can be used.1 In all patients with open abdominal drain-
age it is ideal to have an indwelling urinary catheter to 
prevent urine soiling the abdominal bandages and to 
allow for the measurement of urine output. The tech-
nique for open abdominal drainage involves leaving a 
gap in the midline abdominal wall closure. This is 
accomplished by loosely suturing the ventral rectus 
sheath in close proximity while not pulling the suture 
tight. The span of the gap in the midline abdominal 
closure depends on the size of the patient but generally 
ranges from 1 to 4 cm (Fig. 37.1A). This space or gap in 

the abdominal wall closure allows for fluid to drain 
easily out of the peritoneal cavity. Ideally, the suture 
chosen is monofilament and suture bites are close 
together to prevent bowel or organ strangulation. A 
detailed description of the surgical technique for per-
forming open abdominal drainage is outside the scope 
of this chapter but has been described in several surgical 
textbooks such as Slatter’s Textbook of Small Animal 
Surgery, 3rd edition, or Fossum’s Small Animal Surgery 
Textbook, 3rd edition.

After the abdominal wall is loosely closed, a sterile 
nonadherent dressing is applied over the incision. The 
second layer (Fig. 37.1B) is a thicker and more absorbent 
sterile layer, and the third layer is usually one or more 
sterile towels. The bandage is then secured in place with 
a stretchy bandage material that wraps around the 
patient’s body. There are many good material choices for 
the external bandage layers, some of which include 3M 
Vetrap, cling gauze, and Elastikon elastic tape. Addition-
ally, per the clinician’s request, a water barrier layer (Fig. 
37.1C) may be incorporated into the bandage layers 
before the final layer is placed (Fig. 37.1D). The bandage 
should extend far enough cranially and caudally to 
assure coverage of the incision even with bandage migra-
tion. The abdominal bandage should be changed once 
or twice a day depending on fluid production and strik-
ethrough of the bandage. It is important to remember 
that a patient with open peritoneal drainage does not 
require an increased level of analgesics. Certainly, most 
patients managed with open peritoneal drainage have 
significant systemic disease and have recently undergone 
a laparotomy; these conditions are indications for pain 
medications, but the technique of leaving the abdominal 
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be reweighed. The weight of the wet bandages minus the 
weight of the dry bandage will give you the fluid weight. 
One gram of fluid is equivalent to 1 mL in volume, and 
this quantity should be recorded as a fluid loss in the 
patient’s daily record. Changing the bandages involves 
the following steps (Protocol 37.1): First, the patient 
often requires sedation, the choice of which depends on 
the cardiovascular status of the patient. Second, any 
person handling the bandages should wear sterile gloves 
and use aseptic technique. The patient may have the 
bandage changed either while in a standing position 
with support or while in dorsal or lateral recumbency. 
Each layer is carefully removed, and then the midline 

wall slightly open does not increase the patient’s level  
of pain.

Changing the abdominal bandages
In a patient with open abdominal drainage, the ban-
dages should be monitored for strikethrough and 
changed one or two times per 24 hours. The bandages 
should be weighed before and after removal to estimate 
ongoing fluid loss, which should be taken into account 
when calculating a patient’s fluid requirement. When 
weighing the bandages and converting weight into 
volume, the bandages should first be weighed prior to 
placement and then when removed the bandages should 

Figure 37.1 (a) Open abdominal drainage. Note the gap in the midline abdominal wall closure. This is accomplished by loosely 
suturing the ventral rectus sheath in close proximity. The span of the gap in the midline abdominal closure generally ranges from 1 to 
4 cm. (b) The second layer, a thicker and more absorbent sterile layer (laparotomy pads) is applied. To secure the pads, sutures are 
preplaced along the length and on each side of the incision. The pads are held in placed with umbilical tape tied through the stay 
sutures. (c) An infant diaper is used as a water barrier layer and is incorporated into the bandage layers before the final layer is placed.  
(d) An elastic bandage wrap is applied as the final layer.

(a) (b)

(c) (d)



472  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

wicking from the environment into the patient’s perito-
neal cavity.

When the volume of fluid produced within the 
abdominal cavity has significantly decreased and the 
cytologic characteristics of that fluid indicate the abdo-
minal cavity is free of infection (i.e., nontoxic neutro-
phils, no intracellular bacteria), the overseeing clinician 
will recommend closure of the abdominal wall.

The patient undergoes an anesthetic procedure for 
closure of the abdominal incision. At the time of closure, 
I recommend reexploring the abdominal cavity, copi-
ously lavaging the abdominal cavity, and obtaining 
aerobic and anaerobic cultures.

Complications of open abdominal drainage predomi-
nantly include hospital-acquired infections and loss of 
plasma proteins.1,2 The risk of hospital-acquired infec-
tions can be reduced if aseptic techniques are always 
instituted for bandage changes and during abdominal 
wall closure. The clinician should expect loss of plasma 
proteins such as albumin that maintain oncotic pres-
sure; fluid therapy that supports oncotic pressure should 
be used as needed. Additionally, these patients with 
ongoing protein loss may benefit from enteral feeding 
and thus may have an esophageal or nasogastric feeding 
tube in place.

Closed-suction drains

The use of closed-suction drains allows the clinician to 
close the abdominal cavity and may be associated with 
less protein loss than open abdominal drainage. Closed-
suction drains may still be associated with hospital-
acquired infections, although potentially to a lesser 
degree than with open peritoneal drainage.3 The disad-
vantage of the closed-suction drains technique is it does 
not allow the clinician to reexplore or reevaluate the 
abdominal cavity. Closed-suction drains permit mea-
surement of fluid production in the peritoneal cavity 
and also allow for cytologic evaluation. The presence of 
a drain in a body cavity will stimulate fluid produc-
tion; therefore waiting for cessation of fluid production 
before drain removal is unnecessary. The time at which 
to remove the abdominal drains is guided by when the 
cytology demonstrates the abdominal cavity is free of 
infection and when the fluid production has decreased 
to <2.2–5 mL/kg/day.4,5

A number of closed-suction drains are available. All 
of these drains aim to increase the surface area for drain-
age and reduce the incidence of drain obstruction with 
omentum, other tissue, or cellular debris. Closed-suction 
drains can be placed in a closed manner (see later), but 
I advocate placing the drains surgically. Placing the 
drains surgically allows for evaluation of the abdominal 

incision is visually evaluated to make sure no bowel loop 
or intra-abdominal structure is outside of the peritoneal 
cavity. Then the bandage is replaced in the same order 
as previously described: (1) sterile nonadherent bandage 
material over the incision (i.e., Kendall Telfa dressing 
pad, (2) sterile, thicker more absorbent layer (i.e., Curity 
laparotomy sponges), (3) sterile surgery towels, and (4) 
outer nonsterile layers including gauze and 3M Scotch-
cast dry cast padding and elastic tape (Johnson & 
Johnson Elastikon elastic tape) or 3M Vetrap to secure 
the bandage around the patient. Some clinicians advo-
cate including a water-impermeable barrier in the 
bandage, such as 3M Ioban drapes, potty training pads, 
or infant diapers, which would decrease contamination 
wicking from the exterior into the peritoneal cavity. 
Ideally, the bandage is changed before strikethrough 
occurs; however, if the situation arises in which the 
bandage cannot be changed that often, then a water-
impermeable barrier incorporated into the bandaging 
layers will assist in preventing outer contamination 

Protocol 37.1 Open abdominal drainage: changing the 
bandages

Items Required
• Sterile gloves
• Sterile nonadherent bandage material(Kendall Telfa 

dressing pad)
• Sterile absorbent layer (Curity laparotomy sponges)
• Sterile surgery towels
• Outer nonsterile gauze (dry cast padding)
•  Elastic tape (Johnson & Johnson Elastikon elastic tape or 

3M Vetrap)
• Optional: water-impermeable barrier in the bandage 

(Ioban drapes, potty training pads, or infant diapers)

Procedure
1. Sedate and position the patient.
2. Perform hand hygiene.
3. Don sterile gloves using aseptic technique.
4. Carefully remove bandages and weigh them.
5. Visually evaluate midline incision to make sure no 

bowel loop or intra-abdominal structure is outside of 
the peritoneal cavity.

6. Place sterile nonadherent bandage material over the 
incision.

7. Place second layer of sterile thicker more absorbent 
bandages material.

8. Place sterile surgery towels.
9. Incorporate water impermeable layer as needed.

10. Use outer nonsterile layers to secure the bandage to 
patient.
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Therefore, it is recommended to empty the drain  
reservoir when it is approximately two-thirds or more 
full. Wear examination gloves when handling the drains. 
The reservoir bulb is disconnected from the drain 
tubing, and both openings/surfaces are wiped with iso-
propyl alcohol prior to collecting or emptying fluid. All 
fluid collected is measured and cytology is performed 
every 24–48 hours. The drain exit sites from the abdomi-
nal cavity should be evaluated for infection or fluid 
accumulation and addressed as indicated. These drain 
exit sites should also be cleaned daily with an antimicro-
bial scrub, wiped with sterile saline, and rebandaged 
with new clean dressings (Protocol 37.2). As previously 
stated, all drains produce some amount of fluid; there-
fore the drains are removed when the patient’s clinical 
status improves, the fluid production decreases to an 
acceptable level, and the cytology of the fluid collected 
shows no evidence of infection. The patient does not 
often require additional analgesics for drain removal. 
The drains are gently pulled from the abdominal  
cavity and the exit holes are evaluated; if no evidence of 
infection is seen, the holes can be covered with a sterile 
dressing.

Percutaneous catheter drainage

Abdominal drainage can be achieved by percutaneous 
drain placement. This technique can be used to assist 
with abdominal fluid collection, rapid decompression of 
large abdominal effusions, or to stabilize a patient prior 
to surgical intervention such as in the case of a uroabdo-
men. Peritoneal dialysis catheters can also be placed in 
this manner. This therapy is described in Chapter 33, 
Peritoneal Dialysis. Percutaneous catheter drainage is 

cavity and treatment of the primary disease. Also, closed 
placement of abdominal drains can cause damage to 
intra-abdominal organs. After the abdominal cavity has 
been explored and the cause of contamination con-
trolled, the drains are placed away from the midline 
incision, either laterally or cranial or caudal to the inci-
sion. The drains should never exit through the midline 
abdominal incision. The size of the drain and the 
number of drains placed is determined by the weight of 
the patient. I advocate using two drains in a cat or small 
dog (<10 kg) and three to four drains in larger patients. 
Once the drains are placed and exiting through the 
abdominal cavity, they are secured with am anchoring 
suture and a finger trap pattern (Fig. 37.2) up the tubing 
of the drain, not so tight as to occlude the drain. Once 
the abdominal cavity is closed, the drain tubing should 
be attached to a vacuum-assisted chamber that has an 
antireflux valve, to collect fluid and reduce the risk of 
ascending infection (Fig. 37.3). In the absence of a com-
mercial product, an active drainage system can be con-
structed by connecting the intra-abdominal drain to an 
extension set with a needle attached, or a butterfly 
needle, which is then inserted into a large vacuum blood 
collection tube to generate negative drain pressure. This 
technique is further described in O’Dwyer’s Wound 
Management in Small Animals: A Practical Guide for Vet-
erinary Nurses and Technicians. Once drains are secured 
in place, the drain exit holes are covered with a sterile 
bandage and an abdominal bandage to reduce hospital 
contamination.

Managing the closed-suction drains
The vacuum created by the reservoir does not pull as 
effectively once the drain reservoir expands with fluid. 

Figure 37.2 Once the drains are placed and exiting through the 
abdominal cavity, they are secured with a anchoring suture 
pattern, such as a finger trap pattern.

Figure 37.3 Jackson Pratt drains, a closed drainage system, is 
used in a cat following abdominal surgery.
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guidance. In the absence of ultrasound the catheter is 
usually placed caudal to the umbilicus in an effort to 
minimize the chance of puncturing the liver or spleen. 
A mini laparotomy technique can also be used for place-
ment of catheters, and it allows use of catheters without 
a trocar, such as a red rubber tube. The mini laparotomy 
technique requires strict asepsis, and a small incision is 
made on the ventral midline. Through the skin incision 
the linea alba is accessed, and a stab incision is made 
through a tented portion of the linea alba. The catheter 
is introduced through a separate skin opening and asso-
ciated subcutaneous tunnel and then passed into the 
previously made stab incision through the linea alba. 
The small midline approach incision is closed, and then 
the skin incision is closed in a routine manner. The 
catheter is secured with a purse-string suture and finger 
trap suture pattern, making sure it is not occluding the 
catheter lumen. Lastly, a sterile dressing is applied over 
the catheter exit site.

Managing a fenestrated catheter
The management of a percutaneously placed catheter is 
similar to those techniques previously described. Inter-
mittent or continuous drainage can be utilized, and the 
person handling the catheter should always wear exami-
nation gloves and use aseptic techniques. Wipe the 
opening to the catheter with isopropyl alcohol before 
aspirating and use sterile syringes and tubing.

Conclusion

Managing peritoneal drainage is a key step in treating 
patients with abdominal disease. Effective nursing care 
with abdominal drainage techniques will maximize the 
therapeutic benefits of abdominal drainage and mini-
mize complications.
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not indicated for treatment of septic peritonitis because 
ongoing contamination of the abdomen would not be 
controlled. There are a number of catheters available on 
the market that could be placed in a closed manner or 
via a mini laparotomy. A fenestrated catheter is likely to 
be more effective than a nonfenestrated catheter because 
it is less likely to be occluded by omentum or other 
tissue. There are commercially available fenestrated 
catheters (Cook peritoneal dialysis catheters), or alter-
natively a regular over-the-needle catheter or red rubber 
tube can be fenestrated for this purpose. It is essential 
to be very careful when fenestrating these catheters to 
avoid weakening the integrity of the catheter and main-
taining sterility. Fenestrations are made with a scalpel 
blade and should be staggered and each hole less than 
the diameter of the catheter.

A closed method of placement can be used with any 
over-the-needle type catheter, and local anesthetic can 
be infused into the site prior to placement. The catheter 
is placed through the abdominal wall, with careful tech-
nique to avoid damage to intra-abdominal structures. 
The site of placement is best identified with ultrasound 

Protocol 37.2 Closed suction drain management

Items Required
• Closed suction drain (Jackson-Pratt)
• Examination gloves
• Alcohol-soaked gauze pad
• Laboratory specimen tubes and culturette (optional)
• Graduated cylinder
• Surgical scrub
• Sterile saline
• Materials for light dressing

Procedure
1. Gather materials.
2. Empty drain reservoir when the bulb is two-thirds full.
3. Perform hand hygiene and don examination gloves 

when handling the drains.
4. Disconnect the reservoir bulb from drain tubing and 

wipe both openings with isopropyl alcohol prior to 
emptying or collecting fluid.

5. Measure all fluid collected; cytology may be performed.
6. Evaluate drain exit sites from the abdominal cavity.
7. Clean drain exit sites daily with an antimicrobial scrub, 

wiped with sterile saline, and keep bandaged with light 
clean dressings.

8. When closed suction drains are no longer needed, drains 
can be removed by gently pulling drain tubing from the 
abdominal cavity.

9. Once drains are removed, evaluate exit holes and apply 
dressings as needed.
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38
Nutritional requirements in critical illness

Daniel L. Chan

Basic physiology of malnutrition in  
critical illness

Appropriate nutritional support has long been consid-
ered essential for the recovery of critically ill human 
patients. Although there is convincing evidence of the 
deleterious effects of malnutrition in people, the optimal 
nutritional strategies for critically ill animals remain 
controversial and largely unknown. Despite the lack of 
definitive answers, it must be emphasized that recom-
mendations for nutritional support of critically ill 
animals are based on having a good understanding 
about the disease processes involved and the limited 
information available. The fact that there is limited 
information available should not discourage the imple-
mentation of nutritional support for critically ill animals. 
In fact, with proper patient selection, sound nutritional 
planning, and careful monitoring, nutritional support 
can be an integral part in the successful recovery of 
many critically ill animals.

The metabolic responses to illness or severe injury are 
complex and place critically ill animals at high risk for 
malnutrition and its deleterious effects. These effects, 
which are likely to have a negative impact on overall 
survival, include alterations in energy and substrate 
metabolism, compromised immune function, and 
impaired wound healing.1–3 Although generalizations 
tend to oversimplify complex systems, the concept of 
“ebb/flow” offers a basic description of the metabolic 
response to critical illness or severe injury. According to 
this model, there is an initial hypometabolic response 
(“ebb phase”), followed by a period of a more prolonged 
course of hypermetabolism (“flow phase”). The ebb 
phase refers to a period of hemodynamic instability 
associated with decreased energy expenditure, hypo-

thermia, mild protein catabolism, decreased cardiac 
output, and poor tissue perfusion. Without interven-
tion, this instability may progress to a state of refractory 
or irreversible shock characterized by severe lactic aci-
dosis, decreased tissue perfusion, multiple organ failure, 
and death. Nutritional intervention during the ebb 
phase is associated with a high risk for complications 
such as electrolyte abnormalities, which may result  
in further detrimental effects to some critically ill 
animals.4–7 Following successful resuscitation, patients 
enter the flow phase, during which profound metabolic 
alterations occur. Increases in energy expenditure, 
glucose production, insulin and glucagon concentra-
tions, cardiac output, and profound protein catabolism 
are the hallmarks of this response.1,4,8 Provision of 
nutritional support during this stage of illness can atten-
uate and sometimes reverse the detrimental effects of 
malnutrition.9

One of the major metabolic alterations associated 
with critical illness involves body protein catabolism, in 
which protein turnover rates may become markedly 
elevated. Whereas healthy animals primarily lose fat 
when deprived of sufficient calories (simple starvation), 
sick or traumatized patients catabolize lean body mass 
when they are not provided with sufficient calories 
(stressed starvation).8,9 During the initial stages of 
fasting in the healthy state, glycogen stores are used as 
the primary source of energy. Within days, a metabolic 
shift occurs toward the preferential use of fat deposits, 
sparing catabolic effects on lean muscle tissue. In  
diseased states, the inflammatory response triggers  
alterations in cytokines and hormone concentrations, 
which rapidly shifts metabolism toward a catabolic state. 
Glycogen stores are quickly depleted, especially in strict 
carnivores such as the cat, and this leads to an early 
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cat with inadequate food intake for more than 3 days.15 
The need to implement a nutritional intervention 
becomes more urgent when a dog or cat has not eaten 
for more than 5 days because by this time there are 
detectable changes in metabolism and immune function 
directly related to prolonged period of poor food 
intake.14,15

However, even in patients with severe malnutrition, 
the immediate therapy of critically ill patients should 
focus on resuscitation, stabilization, and identification 
of the primary disease process. As steps are made to 
address the primary disease, formulation of a nutri-
tional plan should strive to prevent (or correct) overt 
nutritional deficiencies and imbalances. By providing 
adequate energy substrates, protein, essential fatty acids, 
and micronutrients, the body can support wound 
healing, immune function, and tissue repair. A major 
goal of nutritional support is to minimize metabolic 
derangements and catabolism of lean body tissue. 
During hospitalization, repletion of body weight is not 
the top priority because regaining body weight is best 
achieved once the animal has recovered from the primary 
disease. Therefore, there is little justification to feed 
excessive amounts of calories to critically ill animals.

Nutritional assessment

The formal assessment of patients in terms of their 
nutritional needs and what precautions need to be con-
sidered in formulating a plan is referred to as “nutri-
tional assessment.” Because all nutritional support 
techniques carry some risk of complications, appropri-
ate patient selection is crucial in ensuring the full ben-
efits of nutritional support. Careful patient selection is 
the first step in performing nutritional assessment. This 
subjective clinical assessment process remains the pre-
dominant method of identifying malnourished patients 
that require immediate nutritional support as well as 
identifying patients that are not currently malnourished 
but where nutritional support is aimed at preventing the 
development of malnutrition.16,17 The next step in nutri-
tional assessment involves assessing how urgently nutri-
tional support is required. This involves taking into 
account obvious indicators of malnutrition including 
unexpected weight loss more than 10% body weight, 
poor hair coat quality, muscle wasting, signs of inade-
quate wound healing, hypoalbuminemia, lymphopenia, 
and coagulopathy.17 However, these abnormalities are 
not specific to malnutrition and often do not occur early 
in the process. In addition, fluid shifts may mask weight 
loss in critically ill patients, highlighting the need to 
assess body condition as well. For example, fluid reten-
tion in the form of peripheral edema or ascites increases 

mobilization of amino acids from muscle stores. Because 
cats undergo continuous gluconeogenesis, the mobiliza-
tion of amino acids from muscles is more pronounced 
than that observed in other species. In both cats and 
dogs, continued inadequate food intake leads to further 
changes in metabolism where the predominant energy 
source is derived from accelerated proteolysis, which in 
itself is an energy-consuming process. Muscle catabo-
lism that occurs during stress provides the liver with 
glucogenic precursors and other amino acids for glucose 
and acute-phase protein production.8,9 The resultant 
negative nitrogen balance or net protein loss has been 
documented in critically ill dogs and cats.10,11 One study 
in particular estimated that 73% of hospitalized dogs 
across four different veterinary referral centers were 
deemed to be in a negative energy balance.12 The conse-
quences of continued lean body mass losses include 
negative effects on wound healing, immune function, 
strength (both skeletal and respiratory), and ultimately 
on overall prognosis.9,13

It is becoming increasingly more evident that the 
metabolic consequences of critical illness are part of an 
integrated response to the initial insult, driven in part 
by cytokines and counterregulatory hormones.6,8 These 
mediators may result in changes in energy expenditure, 
substrate metabolism, and body composition. The most 
well-known cytokine to affect metabolism is perhaps 
tumor necrosis factor-α, which is responsible for 
increased energy expenditure, hepatic gluconeogenesis, 
protein breakdown, activation of the hypothalamic-
pituitary-adrenal axis, lipolysis, and peripheral insulin 
resistance.6

Due to the metabolic alterations associated with criti-
cal illness, and in part due to an inability or reluctance 
of many critically ill dogs and cats to ingest sufficient 
calories, this patient population is at increased risk for 
rapid development of malnutrition. Given the serious 
sequelae of malnutrition, preservation of lean body 
mass or reversal of deteriorating nutritional status via 
nutritional support is paramount.

Rationale for providing nutrition in  
critical illness

Identification of overt malnutrition in animals can be 
challenging because there are no established criteria of 
malnutrition in companion animals. In dogs, a period 
as short as 3 days of anorexia has been documented to 
produce metabolic changes consistent with starvation in 
people.14 In cats, detectable impairment of immune 
function can be demonstrated in healthy individuals 
subjected to acute starvation by day 4, and therefore, 
nutritional support should be also considered in any ill 



Nutritional Requirements in Critical Illness  479

mia, or comorbid illnesses (e.g., renal or hepatic disease) 
that should lead to alterations of the composition of the 
diet used. In summary, nutritional assessment involves 
performing a risk assessment of a patient in terms of its 
nutritional status and the considerations required in 
providing safe and effective nutritional support. An 
outline of the nutritional assessment process is listed in 
Box 38-1.

Nutritional plan

The key to successful nutritional management of criti-
cally ill patients lies in the proper diagnosis and treat-
ment of the underlying disease. Another crucial factor 

overall body weight, despite continued lean muscle mass 
losses. Given the limitations of performing nutritional 
assessment, the expeditious identification of risk factors 
that may predispose patients to malnutrition is crucial. 
These risk factors include anorexia lasting longer than 3 
days, serious underlying disease (e.g., trauma, sepsis, 
peritonitis, or pancreatitis), and large protein losses 
(e.g., protracted vomiting, diarrhea, protein-losing 
nephropathies, protein-losing enteropathies, draining 
wounds, or burns).

Nutritional assessment also allows identification of 
factors that can have an impact on the nutritional plan, 
such as the identification of electrolyte abnormalities, 
hyperglycemia, hypertriglyceridemia, or hyperammone-

Box 38.1  Nutritional assessment

•  Does the patient show clinical signs consistent with overt malnutrition?
Evidence such as >10% loss in body weight in past month, loss of lean body mass, poor hair coat quality, and nonhealing 

wounds are consistent but not specific to malnutrition. It is also important to note current body weight and perform 
assessment of body condition.

•  Does the patient have risk factors for development of malnutrition?
Anorexia >3 days, presence of serious inflammatory condition (e.g., sepsis, pancreatitis), structural impediments for 

voluntary eating (e.g., severe injury to mouth or jaw, megaesophagus), intestinal dysfunction (vomiting, regurgitation, gastric 
paresis, ileus, diarrhea), presence of condition known to increase metabolic rate (e.g., burns).

•  Is the patient cardiovascularly stable, properly hydrated, and with acid-base and electrolyte disturbances addressed?
Feeding patients before addressing these disturbances puts them an increased risk for complications.

•  Which route of nutrition is the most appropriate?
Patients should be carefully evaluated for the ability to tolerate enteral nutrition. This involves considering the oral, 

esophageal, gastric, and enteric feeding depending where abnormalities are noted. Only when it is not feasible to feed via 
some segment of the gastrointestinal tract should parenteral nutrition be considered. For patients being considered for 
parenteral nutrition, feasibility for placing central venous catheters safely and making note of obvious contraindications for 
feeding parenterally (e.g., providing high dextrose to patient with uncontrolled diabetes, high lipid concentration to patients 
with severe hypertriglyceridemia, high protein infusion to encephalopathic patients).

•  How can nutritional support be safely initiated?
After devising a plan to meet the patient’s nutritional needs, provision of nutrition should have the initial target of meeting 

100% of the patient’s calculated resting energy requirement (RER) within 48–72 hours. During first day of nutritional support, 
aim to start with 30%–50% RER and increase by 10%–20% in each subsequent day as long as the patient shows no 
complication related to feeding.

•  How patients with nutritional support be monitored?
Basic monitoring includes daily checks in body weight, vital signs, the appearance of all sites relating to catheters and 

feeding tubes, bandaging of catheters and tubes. In patients with previous metabolic disturbances, daily checks of 
electrolytes and biochemical profiles may be indicated. Body condition should be checked weekly, and patients with 
continued decline in body condition should be fed greater amounts of calories, provided they tolerate the increase in feeding. 
Patients that do not tolerate increases in feeding should be evaluated for other interventions (e.g., use of prokinetics). 
Patients with metabolic abnormalities such as hyperglycemia or hyperlipidemia following initiation of nutritional support 
should be evaluated for either reformulation in composition of diet provided or treated with insulin or heparin, respectively.

•  What should be looked for when reassessing patients?
Basic considerations include whether patient continues to require nutritional support or if the animal can consume 

approximately 70% of RER voluntarily. Animals eating voluntarily can be transitioned from assisted feeding to voluntarily oral 
feeding.

Other considerations involve how much to feed: Patients with continuing signs of lean body mass loses should be fed 
more (increase calories provided by 20% if tolerated), and animals that have recovered the weight lost can be transitioned to 
their normal feeding regimen.
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potential for severe metabolic derangements such as 
refeeding syndrome whereby a sudden spike in insulin 
concentrations leads to life-threatening electrolyte 
abnormalities.

Nutritional requirements

Whereas the protein requirements of critically ill people 
have been determined based on nitrogen balance studies, 
this information is not readily available in critically ill 
animals. One method of estimating the extent of amino 
acid catabolism is to measure urinary urea nitrogen 
content. Although measurement of urinary urea nitro-
gen in critically ill dogs has been shown to be a feasible 
tool in assessing nitrogen balance in an experimental 
setting, further studies are warranted to better charac-
terize the protein requirements of critically ill animals 
seen in practice.10,11 A recent study23 demonstrated sig-
nificant changes in amino acid status in critically ill 
dogs; however, further studies are required to determine 
if correction of these amino acid changes is beneficial.

Currently, it is generally accepted that hospitalized 
dogs should be supported with 4–6 g of protein/100 kcal 
(15%–25% of total energy requirements); cats are 
usually supported with 6–8 g of protein/100 kcal (25%–
35% of total energy requirements).24 Patients with 
protein intolerance (e.g., hepatic encephalopathy,  
severe azotemia) should receive reduced amounts of 
protein. Similarly, patients with hyperglycemia or hyper-
lipidemia may require decreased amounts of these 
nutrients. Other nutritional requirements depend on 
the patient’s underlying disease, clinical signs, and labo-
ratory parameters.

When an animal is unable to synthesize adequate 
amounts of a nutrient and must rely on dietary sources, 
that nutrient is qualified as essential. However, during 
certain conditions including critical illness, nutrients 
usually considered nonessential become in short supply 
due to increased demands. These nutrients have been 
termed conditionally essential, and glutamine is one such 
example. A number of recent human studies have evalu-
ated the modulation of disease with these so-called non-
essential nutrients such as such as glutamine, arginine, 
omega-3 fatty acids, and nucleotides.7,10,25–29 Although 
study results have been mixed, glutamine supplementa-
tion has been associated with the most beneficial 
results.7,25,26,28–30 Glutamine is the primary energy source 
for enterocytes and cells of the immune system, and its 
supplementation may attenuate gastrointestinal perme-
ability and improve overall immune function.26,27,29 In 
select populations of critically ill people, supplementa-
tion with either enteral or parenteral glutamine has been 
shown to reduce infectious complications and improve 

is the selection of the appropriate route for nutritional 
support. Providing nutrition via a functional digestive 
system is the preferred route of feeding, and so particu-
lar care should be taken to evaluate whether the patient 
can tolerate enteral feedings. Even if the patient can only 
tolerate small amounts of enteral nutrition, this route of 
feeding should be pursued and supplemented with par-
enteral nutrition as necessary to meet the patient’s nutri-
tional needs. In some circumstances feeding patients 
enterally may seem to be contraindicated (e.g., animal 
anesthetized for mechanical ventilation, animals with 
upper airway dysfunction; however, there is a strong 
argument that in such a situation there should be some 
consideration for feeding enterally but that the compro-
mised area is avoided). Ventilated human patients are 
commonly fed via nasogastric tubes, and there is no 
reason a similar approach could not be pursued in com-
panion animals receiving mechanical ventilation. 
Patients with severe laryngeal or esophageal dysfunction 
could be fed via gastrostomy or enteric feeding tubes. 
On the basis of the nutritional assessment, the antici-
pated duration of nutritional support, and the appropri-
ate route of delivery (i.e., enteral or parenteral), a 
nutritional plan is formulated to meet the patient’s 
nutritional needs.

The first steps of instituting nutritional support 
include achieving hemodynamic stability, restoring 
proper hydration status, and correction of electrolyte or 
acid-base disturbances.17 Beginning nutritional support 
before these abnormalities are addressed can increase 
the risk of complications (e.g., regurgitation, vomiting, 
hypotension) and, in some cases, further compromise 
the patient.4–7 For example, feeding leads to mesenteric 
vasodilation, which could compromise systematic mean 
arterial pressure in some patients. It should be empha-
sized that this strategy is not counter to the concept of 
“early nutritional support,” which has been documented 
to result in positive effects in several animal and human 
studies.18–22 Early nutritional support advocates feeding 
as soon as possible after achieving hemodynamic stabil-
ity rather than delaying nutritional intervention for 
several days.19,20 Implementation of the nutritional plan 
should be gradual, with the goal of reaching target level 
of nutrient delivery in 48 to 72 hours. Rapid feeding has 
several potential complications. First, animals that have 
not eaten for several days have significant delays in 
gastric emptying and compromised overall intestinal 
motility. In some patients, this situation leads to signifi-
cant ileus. Feeding these patients rapidly leads to 
abdominal pain, distension, and potentially vomiting 
and regurgitation. Second, because of various hormonal 
disturbances associated with poor food intake (e.g.,  
low insulin, high glucagon, high cortisol), there is a 
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Results of indirect calorimetry studies in dogs support 
the recent trend of formulating nutritional support to 
meet resting energy requirements (RER) as a starting 
point, rather than more generous illness energy require-
ments, which require multiplying resting or even main-
tenance energy requirements by an illness factor.35 RER 
is defined as the number of calories required for main-
taining homeostasis at rest in a thermoneutral environ-
ment while the animal is in a postabsorptive state.36,37 
Although several formulas are proposed to calculate the 
RER, a widely used allometric formula can be applied to 
both dogs and cats of all weights. For animals weighing 
between 2 and 30 kg, there is also a linear formula that 
provides reasonable estimation of RER (See Box 38.2).

Until recently, it was recommended to multiply the 
RER by an illness factor between 1.0 and 2.0 to yield an 
Illness Energy Requirement (IER), to account for 
increases in metabolism associated with different dis-
eases and injuries. However, less emphasis is now being 
placed on such subjective and extrapolated factors, and 
the current recommendation is to use more conservative 
energy estimates (i.e., start with the animal’s RER) to 
avoid overfeeding. Overfeeding can result in metabolic 
and gastrointestinal complications, hepatic dysfunction, 
and increased carbon dioxide production.4,7

It should be emphasized that these general guidelines 
should be used as starting points, and animals receiving 
nutritional support should be closely monitored for tol-
erance of nutritional interventions (see the section on 
complications of providing nutrition in the critically ill). 
Continual decline in body weight or body condition 
should prompt the clinician to reassess and perhaps 
modify the nutritional plan (e.g., increasing the number 
of calories provided by 25%).

Nutritional requirements in special cases

Much remains unclear regarding the nutritional require-
ments of critically ill animals in general. In certain cir-
cumstances assumptions are made that nutritional 
requirements in animals are similar to people afflicted 
with similar diseases. However, it is important to recog-
nize that there may be significant species and disease 

survival.28,29 Studies in dogs and cats have failed to dem-
onstrate clear benefits of glutamine supplementation.30,31 
Nevertheless, it is increasingly evident that the require-
ments of specific nutrients during critical illness may be 
considerably different than those in health. Future 
studies are warranted to evaluate whether “critical care 
diets” designed for dogs and cats should be enriched 
with these conditionally essential nutrients.

Calculation of nutritional requirements

Ideally, nutritional support should provide ample sub-
strates for gluconeogenesis, protein synthesis, and ade-
nosine triphosphate (ATP) production necessary to 
maintain homeostasis. Ensuring that enough calories 
are being provided to sustain critical physiologic pro-
cesses such as immune function, wound repair, and cell 
division and growth would necessitate the actual mea-
surement of the patient’s total energy expenditure. 
However, precise measurements of energy expenditure 
(i.e., calorimetry) in clinical veterinary patients are still 
in the developmental phases. The basic premise of calo-
rimetry is to measure the total heat lost by an animal, as 
a reflection of total energy produced by metabolism. 
With direct calorimetry, the animal is placed in an air-
tight insulated chamber, and precise thermal measure-
ments are made of the chamber. This method is only 
suitable for experimental models because clinical cases 
would not be able to be managed in this environment. 
Indirect calorimetry, in contrast, is more commonly 
used in human hospitals and by veterinary clinical 
researchers to extrapolate energy requirements. This 
method provides a noninvasive means of estimating 
energy expenditure by measuring the rate of oxygen 
consumption and the rate of carbon dioxide production 
and applying the obtained values to a mathematical 
equation known as the Weir formula.32,33 Because con-
sumption of oxygen and production of carbon dioxide 
can directly be related to glucose, protein, and fat metab-
olism, energy expenditure can be calculated from the 
measured variables. However, indirect calorimetry also 
requires specialized equipment, so-called metabolic 
carts, making the technique available only in a few select 
sites. Oxygen and carbon dioxide exchange is measured 
with a hood, canopy, or expiratory collection device. 
These systems are portable and easier to use in clinical 
situations than previous calorimetry units where the 
patient needed to be confined within the divide. A few 
studies have used indirect calorimetry to estimate energy 
expenditure in select populations of clinical veterinary 
patients, but the use of mathematical formulas currently 
remains the most practical means of estimating a 
patient’s energy requirement33,34(see Box 38.2).

Box 38.2  Estimating total daily energy requirements in 
dogs and cats

RER kcal/day current body weight in kg( ) ( ) .= ×70 0 75

For animals weighing between and kg RER kcal/day
cur

2 30
30

: ( )
(

=
× rrent body weight in kg) + 70
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feeding at RER with 35% of total calories derived from 
protein, 40% from fats, and 25% from carbohydrates.24 
Further studies are warranted to determine if these rec-
ommendations are optimal for clinical veterinary 
patients with sepsis.

Complications of providing nutrition in the 
critically ill

Body weights should be monitored daily in critically ill 
animals. However, the clinician should take into account 
fluid shifts in evaluating changes in body weight. For this 
reason, assessing body condition scores is very impor-
tant. The use of the RER as the patient’s caloric require-
ment is merely a starting point; however, there is growing 
evidence that this conservative approach or even feeding 
less than RER may be preferable in the critically ill 
patient.43 The number of calories provided may need to 
be increased to keep up with the patient’s changing 
needs, typically by 25% if well tolerated. In patients 
unable to tolerate the prescribed amounts (i.e., start to 
vomit), the clinician should consider reducing amounts 
of enteral feedings and supplementing the nutritional 
plan with some form of parenteral nutrition.

Possible complications of enteral nutrition include 
mechanical complications such as clogging of the feeding 
tube or premature tube removal by the patient. Meta-
bolic complications of enteral or parenteral feeding 
include electrolyte disturbances, hyperglycemia, fluid 
volume overload, and gastrointestinal signs (eg, vomit-
ing, diarrhea, cramping, bloating).

In rare instances, a condition known as refeeding syn-
drome may develop. This syndrome occurs when severely 
malnourished patients are fed perhaps too aggressively, 
and the sudden increase in insulin concentrations results 
in severe hypophosphatemia, hypokalemia, and hyper-
glycemia. During prolonged fasting, cells become meta-
bolic inactive, and sudden reintroduction of substrates 
leads to rapid synthesis of ATP, leading to consumption 
of phosphate, leading to severe hypophosphatemia. 
Other electrolytes such as potassium and magnesium 
also translocate intracellularly in response to insulin. 
Recommendations for reducing the risk for the develop-
ing refeeding syndrome include gradually introducing 
feeding and decreasing the proportion of calories derived 
from carbohydrates.

In critically ill patients receiving enteral nutritional 
support, the clinician must also be vigilant for the devel-
opment of aspiration pneumonia. Monitoring parame-
ters recommended for patients receiving enteral 
nutrition include daily checks on body weight, serum 
electrolytes, feeding tube patency, the appearance of 
feeding tube stoma site, gastrointestinal signs (eg, vom-

differences that make direct comparisons or extrapola-
tions less applicable. For example, pancreatitis in people 
is often related to gallstones or alcoholism. Because pan-
creatitis in animals is often related to high-fat diets or is 
idiopathic, the nutritional requirements for the treat-
ment of this disease in each species are likely different.

Burns
Experimental data suggest dramatic changes in energy 
requirements in animals with thermal burns; however, 
there are virtually no clinical data to support this notion. 
In experimental models, dogs with thermal burns expe-
rienced increased energy requirements, accelerated glu-
coneogenesis, glucose oxidation, lipolysis, and increased 
amino acid oxidation.38,39 In the absence of definitive 
data to suggest otherwise, current recommendations are 
to start nutritional support as soon as it is deemed safe 
and initially target RER but to continually reassess the 
patient as energy requirements may exceed 2 × RER. 
The goal of aggressive nutritional support is to optimize 
protein synthesis and preserve lean body mass. Feeding 
at least 6–7 g protein per 100 kcal (25%–35% of total 
energy) may be necessary. It is unknown whether nutri-
ents such as glutamine and arginine would provide extra 
benefits in this patient population.

Tetanus
Another population that may merit more vigilant atten-
tion to energy requirements is dogs with tetanus. A 
recent study demonstrated that despite feeding a median 
of 1.4 × RER, dogs lost a median of 5% body weight 
during the course of hospitalization.40 It is proposed that 
increased muscle activity in this disorder increased 
energy requirements despite the fact that dogs were 
mostly recumbent and had limited physical activity.

Sepsis
Animals with sepsis are perhaps another population 
whereby nutritional requirements may be altered. The 
intense inflammatory response, coupled with changes in 
substrate handling, likely alters the metabolic rate and 
nutrient requirements. Experimental data in dogs 
suggest that during the early phase of sepsis, energy 
expenditure may increase by 25%, which appears to be 
accompanied by an increase in oxidation of free fatty 
acids and triglycerides.41 However, it is also recognized 
that energy expenditure can be quite variable in sepsis 
and may even decrease in septic shock.42 Depending on 
the etiology of sepsis (e.g., septic peritonitis, pyothorax), 
protein requirements may also dramatically increase, 
and therefore general nutritional recommendations for 
animals with septic peritonitis may involve initially 
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• Monitoring of patients receiving nutritional support 
is extremely important because this population is 
prone to various metabolic complications.

• Upon reassessment, nutritional support may be 
increased, decreased, or discontinued depending on 
patient response and disease progression.

• With appropriate patient selection, accurate nutri-
tional assessment, and careful execution of the  
nutritional plan, nutrition can play an instrumental 
role in the successful recovery of many critically ill 
patients.
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Enteral diets for critically ill patients

Sally C. Perea

When selecting an enteral diet, there are a variety of 
factors to consider, including route of delivery, nutri-
tional status, and underlying disease. Veterinary prod-
ucts designed for enteral feeding of critically ill patients 
are limited, but using options such as blended canned 
slurries, home-cooked formulations, and human enteral 
products can help to tailor the diet to the patient’s indi-
vidual needs.

Nutrient considerations for critical care diets

Energy
The goal of nutrition support in critically ill patients is 
to provide an appropriate level of energy to limit the loss 
of lean body mass and sustain critical physiologic pro-
cesses such as immune function and wound healing. 
Because individual energy needs vary, the ideal method 
to determine energy expenditure in hospitalized patients 
is by indirect calorimetry.1 However, indirect calorime-
try is costly and unavailable in most veterinary hospitals; 
therefore, calculated requirements remain the most 
practical tool to estimate energy needs. During hospital-
ization, patients’ energy needs are estimated to be equiv-
alent to their calculated resting energy requirement 
(RER). Multiple RER equations have been recom-
mended, but exponential equations using the patient’s 
metabolic body weight are the most accurate:

RER body weight in kg= ×70 0 75.

The use of illness energy factors is no longer recom-
mended because multiplying RER by these factors gen-

erally results in overestimation of true energy needs in 
hospitalized patients and may lead to complications 
associated with overfeeding.2

Protein
Similar to energy needs, protein needs in critically ill 
patients should be focused on minimizing muscle catab-
olism and maintaining lean body mass. A healthy animal 
under conditions of starvation adapts by decreasing 
muscle breakdown and converting to the use of fatty 
acids and ketones for energy. However, in critically ill 
patients, muscle catabolism is not appropriately down-
regulated, and elevations in endogenous corticosteroids, 
catecholamines, and inflammatory cytokines promote a 
hypercatabolic state.3 In critically ill dogs, urinary nitro-
gen excretion has been shown to be two to six times the 
obligatory nitrogen excretion reported in healthy dogs, 
demonstrating the significant protein catabolism occur-
ring in these patients.4 Furthermore, the amino acids 
generated from muscle breakdown are primarily used 
for gluconeogenesis and production of acute-phase pro-
teins, whereas synthesis of other selected proteins (such 
as albumin, transferrin, prealbumin, retinol-binding 
protein, and fibronectin) is actually decreased.5

Standard dog and cat foods meeting average protein 
needs generally provide between 20% and 30% and 
30%–35% protein on a metabolizable energy (ME) 
basis, respectively. Foods that provide protein levels near 
the higher end of this range are generally preferred for 
most critically ill patients; however, the appropriate level 
of dietary protein also depends on individual patient 
needs and underlying disease. Animals with renal disease 
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significantly lower insulin concentrations when com-
pared with controls.10 These findings are consistent with 
those from human studies, showing higher concentra-
tions of counterregulatory hormones and insulin resis-
tance in critically ill patients.11,12 Further research in this 
area is needed to determine the most appropriate  
management strategies for hyperglycemic veterinary 
patients. However, maintaining tighter glycemic control 
in patients receiving nutritional support may help to 
improve patient outcome.

Amino acids
Many critical care foods are enriched with selected 
amino acids, such as branched chain amino acids, argi-
nine, and glutamine.

The branched chain amino acids valine, leucine, and 
isoleucine are metabolized by skeletal muscle, whereas 
other amino acids are metabolized by the liver.13 For this 
reason, some foods designed for critically ill patients are 
supplemented with branched chain amino acids to 
supply energy for lean body tissue and help maintain 
lean body mass. A recent study in critically ill dogs 
showed that concentrations of branched chain amino 
acids were significantly higher in survivors compared 
with nonsurvivors.14 Similarly, the ratio of branched 
chain amino acids to aromatic amino acids was also 
significantly higher in surviving dogs. This study sup-
ports the nutritional philosophy of supplementing with 
branched chain amino acids in critically ill patients; 
however, no studies have been conducted to date evalu-
ating the efficacy of supplementation and its impact on 
patient outcome.

Because branched chain amino acids are not metabo-
lized in the liver, they also have a theoretical benefit in 
patients with liver disease and hepatic encephalopathy. 
Similar to the study in critically ill dogs, it is known that 
the ratio of plasma branched chain amino acids to aro-
matic amino acids is decreased with declining liver func-
tion.15 However, although branched chain amino acids 
have many theoretical benefits, studies evaluating their 
use in dogs with hepatic encephalopathy have failed to 
demonstrate measurable benefits.16

Glutamine is another amino acid commonly incorpo-
rated into critical care diets. Glutamine is preferentially 
used by enterocytes as an energy source, and it may help 
to promote the health of the small intestine and reduce 
the risk of bacterial translocation. In addition, gluta-
mine is also used as a fuel source by immune cells and 
may aid in improving the patient’s immune response. 
Despite the numerous theoretical benefits of glutamine 
supplementation, clinical studies evaluating its impact 
on outcome have been mixed.

or hepatic encephalopathy should be provided with 
reduced protein levels, whereas growing animals and 
patients with significant protein losses (i.e., patients suf-
fering from burns) may require increased protein levels.

Fat
Foods designed for critically ill patients are generally 
higher in fat to promote an increased energy density. 
Because problems with volume intolerance can arise 
when initiating enteral feeding, higher fat levels are used 
to help maximize energy delivery while limiting the 
required volume.

Average adult dog and cat dry foods generally range 
from 20% to 35% fat ME; critical care enteral foods 
range from 45% to 68% fat ME. Animals that have been 
without food for more than 3 days are using primarily 
endogenous fat for energy, making the transition to a 
higher fat food a fairly smooth transition for most 
patients. However, because of the high fat content of 
critical care diets, caution should be used when  
refeeding a patient with a condition associated with fat 
intolerance, such as hyperlipidemia, pancreatitis, or 
lymphangectasia. For patients such as these, a lower  
fat canned food slurry or home-cooked diet slurry can 
be used.

Carbohydrates
Dietary carbohydrates help to provide needed energy 
and spare the use of protein for gluconeogenesis. Car-
bohydrates also help to reduce the proportion of calories 
coming from fat, which can be helpful in patients with 
fat intolerance. However, carbohydrates are not a 
required nutrient, and for some patients, a lower carbo-
hydrate diet may provide some benefits.

Patients experiencing hyperglycemia is one example 
where limiting dietary carbohydrates may be helpful. 
Hyperglycemia has been a topic of interest in both human 
and veterinary patients in recent years, with studies 
showing increased risk of mortality in human, canine, 
and feline critically ill patients with hyperglycemia.6–8 
Although hyperglycemia is more commonly seen as a 
metabolic complication in patients receiving parenteral 
nutrition, hyperglycemia has been reported in a feline 
patient with pancreatitis following implementation of 
enteral nutrition.9

Hyperglycemia in critically ill cats is also commonly 
seen prior to nutritional intervention; therefore,  
careful monitoring and adjustment of treatment proto-
cols is recommended as nutrition support is imple-
mented in these patients. Critically ill cats have been 
shown to have significantly higher glucose, lactate, cor-
tisol, glucagon, and norepinephrine concentrations, and 
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Enteral diets

Liquid enteral diets
Liquid enteral diets are required when feeding through 
a nasoesophageal or jejunostomy feeding tube. Liquid 
enteral diets can be categorized as polymeric or elemen-
tal formulations. Polymeric formulations are composed 
of proteins, carbohydrates, and fats in a high molecular 
weight form. Technically, a true “elemental” formulation 
would be comprised of free amino acids, monosaccha-
rides, and fatty acids; however, true elemental formula-
tions are rare, and many human formulations are more 
often “semi-elemental,” containing hydrolyzed proteins, 
di- and tripeptides, disaccharides, oligosaccharides, and/
or dextrin. Elemental diets have the advantage of requir-
ing little to no digestion, which is ideal for patients with 
severe gastrointestinal disease, short bowel syndrome, or 
those being fed at the level of the jejunum. The potential 
disadvantage of elemental formulations is that some 
may have a higher osmolality when compared with 
polymeric formulations.

Studies in human patients with pancreatitis receiving 
jejunal enteral nutrition have shown that both poly-
meric and semi-elemental formulations are well toler-
ated; however, some advantages were seen with 
semi-elemental formulations including reduced length 
of hospital stay and less marked weight loss.26 Currently 
available liquid canine and feline enteral foods are 
limited to polymeric formulations; therefore, if an ele-
mental formulation is desired, a human product would 
be required (Table 39.1).

Although the selection of liquid enteral foods designed 
for dogs and cats is limited, available liquid commercial 
diets generally meet the needs of most hospitalized 
patients. For those patients that may require a lower fat 
content, or semi-elemental or hydrolyzed ingredients, a 
human liquid diet or enteral formulation may be used. 
It should be noted that human liquid products often 
contain vitamins and minerals but are not necessarily 
complete and balanced to meet the nutrient needs of 
dogs and cats. This is especially true in cats, in which 
protein and amino acid supplementation is generally 
required to meet protein and essential amino acid needs.

Canned enteral diets
Canned foods for critical care veterinary patients are 
designed to be highly digestible, energy dense, and 
provide a moderate to high protein content. Diets may 
be enriched with additional nutrients such as antioxi-
dants, specific amino acids (arginine, glutamine, 
branched chain amino acids), omega-3 fatty acids, pre-
biotics, and soluble or insoluble fibers. These canned 
diets are also designed with a smooth consistency that 

Studies evaluating the use of glutamine-supplemented 
enteral diets in veterinary patients are limited. One study 
evaluating a glutamine-enriched enteral diet for cats with 
experimentally induced gastrointestinal disease did not 
find a significant clinical benefit.17 Another experimental 
study evaluating radiation injury in dogs also failed to 
show a benefit of glutamine supplementation.18

Recent studies in experimental animals have demon-
strated that glutamine supplementation helps to main-
tain mucosal barrier function, but other studies 
evaluating hospitalized surgery and trauma patients 
have failed to demonstrate a benefit on outcome.19,20 
Human studies evaluating free glutamine versus 
glutamine-rich protein supplementation have shown 
that feeding glutamine from complete protein sources is 
more efficacious in increasing mucosal glutamine con-
centrations.21 Further studies are needed to determine 
how to most effectively use glutamine in enteral diets for 
critical care patients.

Arginine is another amino acid that may provide ben-
efits in critically ill patients. Arginine is an essential 
amino acid for dogs and cats but is not normally essen-
tial in humans. In recent years arginine has gained atten-
tion in human medicine as “conditionally essential” 
during periods of stress due to its important roles  
in wound healing, immune function, and nitric oxide 
synthesis.22 Recent studies in humans and rodents 
have demonstrated that arginine-supplemented enteral 
support can help to improve wound healing, decrease 
length of hospital stay, and change cytokine expression 
from a pro- to an anti-inflammatory profile.23,24 Argi-
nine supplementation has not been evaluated in veteri-
nary critical care patients, but studies showing lower 
plasma arginine levels in critically ill dogs and dogs with 
early chronic valvular disease suggest that arginine sup-
plementation may be beneficial.14,25

Other nutrients
Like supplemental amino acids, many of the other 
enhanced nutrients in critical care diets have theoretical 
benefits but have not been evaluated in critically ill dogs 
or cats. Antioxidants may benefit by counteracting the 
generation of free radicals associated with inflammation 
or reperfusion injury. Increased levels of long-chain 
omega-3 polyunsaturated fatty acids (PUFAs) can aid in 
modulating inflammatory reactions associated with 
underlying inflammatory processes. Finally, the addition 
of prebiotics, such as fermentable fibers and oligopoly-
saccharides, may be beneficial in critically ill animals 
that have a compromised gastrointestinal tract by pro-
moting production of short-chain fatty acids and energy 
for colonocytes.
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Guidelines for the amounts of water needed to create 
blended slurries of common canned foods, and their 
resulting energy density and moisture levels, are out-
lined in Table 39.2. These guidelines were determined by 
testing the minimum amount of water needed to add to 
each canned food for delivery through a 12F feeding 
tube for feline foods and a 14F feeding tube for canine 
foods. Water was slowly added to the canned diet until 
a smooth texture was achieved, and the final mixture 
was allowed to blend for up to 5 minutes to ensure that 
all particles were finely blended and distributed. The 
final slurry should be tested through a feeding tube of 
the same size being used in the patient to ensure that the 
slurry can be easily delivered and does not require addi-
tional dilution (see Fig. 39.1).

Home-cooked diet blended slurries
Home-cooked (or hospital-cooked) blended slurry  
formulations can be helpful when commercially avail-
able products do not meet the needs of the patient  
(Fig. 39.2). Dietary fat intolerance is one of the most 
common complications that leads to the need for a 
home-cooked formulation. Highly digestible/low-fat, 

facilitates syringe feeding through a feeding tube. These 
products can generally be delivered through a 12–14F 
feeding tube without additional water dilution; however, 
they generally need to be slightly warmed and mixed 
well to facilitate delivery. Current commercially available 
canned enteral foods for dogs and cats are outlined in 
Table 39.1.

Canned food blended slurries
Blended canned foods can be used when feeding through 
an esophagostomy or gastrostomy tube. Food provision 
through feeding tubes is discussed in detail in Chapter 
40, Assisted Enteral Feeding. The use of blended canned 
slurries helps immensely to expand the dietary options 
and allows the diet to be more easily tailored to the pet’s 
specific dietary needs. To achieve the highest possible 
energy density, it is recommended to slowly add water 
to the slurry while blending until a smooth consistency 
that can be delivered through the tube is achieved.  
Once an appropriate consistency has been achieved, the 
energy density and moisture level of the slurry can  
be determined, and feeding volumes can be calculated 
(Box 39.1).

Table 39.1 Liquid and canned enteral foods*

Caloric Distribution Energy Density Osmolality

Protein 
% 

Fat
%

Carbohydrates
%

kcal/oz or mL mOsm/kg H2O

Canine/Feline Critical Care Canned Formulas
Hill’s Prescription Diet a/d 33 55 12 32.7 –
Iams Maximum-Calorie 29 68 3 55.5 –
Royal Canin Recovery RS 40.7 57.5 1.8 32.9 –

Liquid Veterinary Foods
CliniCare Canine/Feline Liquid Dieta 30 45 25 1.0 315
CliniCare RFa 22 57 21 1.0 235
PetAg EnteralCare HLP Liquidb 34 45 21 1.2 312
PetAg EnteralCare MLP Liquidb 27 52 21 1.2 256

Liquid Human Foods
Ensurea 14.4 21.6 64 1.06 620
Ensure High Proteina 21.2 23.9 54.9 0.97 610
Nestlé Impactc 22 53 25 1.0 375

Human Semi-Elemental Foods
Vital HNa 16.7 9.5 73.8 1.0 500
TwoCal HNa 16.7 40.1 43.2 2.0 725

*Nutrient and caloric composition of products as of March 2010.
aAbbot Laboratories, Abbot Park, IL.
bPetAg, Hampshire, IL.
cNestlé HealthCare Nutrition, Minnetonka, MI.
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Box 39.1 Enteral feeding worksheet

Step 1: Calculate patient’s resting energy requirement
Resting energy requirement RER body weight in kg

k

0.75( ) = ×
=

70
ccal/day

Step 2: Calculate energy density of blended slurry
Energy provided by of canned food kcal

Volume of final slu
( )

rrry mL
=

kcal
mL( )

Step 3: Calculate feeding daily volume
RER kcal/day

Energy density of slurry kcal/mL
=mL slurry/d

( )
( )

aay

Day total mL slurry/day total day volume mL1 25 33 1= − × =% ( )

Day total mL slurry/day total day volume mL2 50 66 2= − × =% ( )

Day total mL slurry/day total day volume mL)3 75 99 3= − × =% (

Day total mL slurry/day total day volume mL4 100 4= × =% ( )

Step 4: Calculate water contribution from blended 
slurry
% ( )moisture of canned food g/can water from food mL× =

water from food mL water added to slurry mL
total water 

( ) ( )+
= vvolume mL( )

total water volume mL
slurry volume mL

moisture of final
( )

( )
%=   slurry

mL slurry fed daily  moisture of final slurry
total water

×
=

%
  delivered daily mL( )

Step 5: Calculate additional water needs
Patient s water requirement mL minus water delivered from
b

’ ( )
llended slurry mL additional water needed daily mL( ) ( )=

uncommon ingredient/low-fat, and renal disease/low-
fat canine and feline formulations are outlined in Tables 
39.3 to 39.8. The ingredients in these formulations are 
designed to be simple, and require minimal preparation 
in a hospital setting.

When preparing these slurries, the water should be 
slowly added to the mixture during the blending step 
because adding the water all in the beginning step can 
result in a soupy blend, leaving fragments of rice or 
other ingredients that are not well blended. A slightly 
longer blending time than required for the canned food 
slurries is also recommended for the home-cooked for-
mulations (minimum of 5 minutes). Allowing ample 
time for blending helps ensure that the ingredients are 
broken down and smoothly distributed throughout the 
mixture.

Preparation instructions for blended slurries
Measure out the ingredient amounts and add to a 
blender. Add a fourth of the recommended water 
amount and beginning to blend the mixture, adding an 
additional fourth of water every 30 seconds until the full 
amount has been added. Blend the mixture for an addi-
tional 4–5 minutes, and test the final slurry to ensure 
that it can easily be delivered through the appropriate 
feeding tube size. If needed, additional water can be 
added to create a more dilute mixture for easier delivery. 
If additional water is added, slurry energy density and 
moisture content should be recalculated to reflect the 
new slurry volume. Unused slurry may be stored in the 
refrigerator for a later feeding; however, the slurry may 
require reblending and heating to room temperature to 
regain a smooth and fluid consistency prior to feeding. 
Tightly covered slurry should be discarded after 3 days 
to prevent spoilage.

Supplements
When using a supplement, it is important to consider 
the impact on the overall balance of the diet. When 
adding more than 10% of the total calories from a sup-
plemental ingredient, additional nutrients such as vita-
mins and/or minerals may be required to ensure that 
minimum nutrient requirements are met. For short-
term in-hospital management (less than 1–2 weeks), 
adding additional vitamins and minerals to create a 
complete and balanced formulation may not be neces-
sary. However, for patients that require long-term enteral 
nutrition support, a consultation with a board-certified 
veterinary nutritionist is recommended to ensure that 
the diet formulation is complete and balanced (Table 
39.9) for long-term feeding.

Fat supplements

Oils can be added to solutions to increase fat and energy 
density, as well as provide specific fatty acids of interest. 
Vegetable oils, such as corn and canola oil, can be used 
to increase both total dietary fat and linoleic acid levels 
of the diet; fish oils can be used to provide long-chain 
omega-3 polyunsaturated fatty acids.

Carbohydrate supplements

Light corn syrup is an energy-dense, highly digestible 
carbohydrate ingredient that can be added to formula-
tions to boost energy density without increasing the  
fat level. The addition of light corn syrup can be  
very helpful to boost calories for canine formulations 
but are not recommended for feline formulations due  
to the fructose content. As an alternative, glucose or 
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dextrose powders or solutions could be used in cat 
formulations.

Considerations for specific underlying 
conditions

When providing assisted enteral feeding to patients with 
underlying conditions, the nutrient modifications and 
recommendations mirror those of oral diets. Therefore, 
efforts should be made to select a food that first addresses 
the patient’s underlying illness, and then consider how 
to prepare the food for enteral delivery.

Gastrointestinal disease
Highly digestible diets are recommended for patients 
with underlying gastrointestinal diseases. There are a 

variety of highly digestible veterinary diets available that 
serve as excellent choices for blended canned food slur-
ries (Table 39.2). These highly digestible foods general 
provide moderate protein and fat levels, also making 
them good choices when looking for a more equally 
distributed caloric distribution of protein, fat, and car-
bohydrates compared with some of the critical care 
formulas.

Adverse reactions to food
For patients with adverse reactions to food such as food 
allergy dermatitis or inflammatory bowel disease, an 
uncommon ingredient canned food may be used to 
create a blended slurry for esophagostomy or gastros-
tomy feedings. Some energy-dense uncommon ingredi-
ent formulas are outlined in Table 39.2. In addition to 

Table 39.2 Canned foods and blended slurry guidelines*,†

Caloric Distribution Energy 
Density

Can 
Size

Water 
Needed

Energy 
Density

Final 
Moisture

Protein 
% 

Fat
%

Carbohydrate 
% 

kcal/oz oz mL kcal/mL %

Canine Gastrointestinal Formulas
Hill’s Prescription Diet i/da 22.0 32.0 46.0 37.3 13.0 170 0.92 84.5
Iams Low-Resisueb 28.0 38.0 34.0 29.6 14.0 120 0.83 85.8
Purina Gastroenteric ENc 27.0 29.6 43.3 33.9 12.5 180 0.83 86.7
Royal Canin Digestive Low Fat LFd 30.1 15.3 54.6 28.3 13.6 120 0.77 84.1
Royal Canin Intestinal HEd 26.5 30.1 43.4 28.3 14.0 200 0.66 84.8

Feline Gastrointestinal Formulas
Hill’s Prescription Diet i/da 29.0 48.0 23.0 29.3 5.5 25 0.92 85.6
Iams Low-Resisueb 35.0 34.0 31.0 28.2 6.0 55 0.75 83.4
Purina Dietetic Management DMc 46.3 47.1 6.6 35.3 5.5 35 1.08 86.2
Purina Gastroenteric ENc 35.0 51.8 13.2 32.5 5.5 30 0.90 75.8

Energy Dense Uncommon 
Ingredient Formulas
EVO 95% Duck Canine & Feline 
Formulasd

25.8 69.6 4.5 39.4 5.5 15 1.35 85.4

EVO 95% Venison Canine & Feline 
Formulasd

29.7 64.5 5.8 39.6 5.5 30 1.09 75.8

California Natural Salmon & Sweet 
Potato Canine Formulad

34.6 58.1 7.3 42.0 13.2 100 1.23 87.0

*Nutrient and caloric composition of products as of March 2010. Please confirm that nutrient and caloric data is current prior to using 
these guidelines.
†Guidelines developed by Dr. Sally Perea, Davis, CA.
aHill’s Pet Nutrition, Inc., Topeka, KS.
bThe Iams Company, Dayton, OH.
cNestlé Purina, St. Louis, MO.
dRoyal Canin USA, Inc., St. Charles, MO.
eNatura Pet Products, Inc., Davis, CA.
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Figure 39.1 Canned food slurries can be used for esophagostomy and gastrostomy enteral feedings. Slowly add water to the canned 
food slurry and blend mixture for 4–5 minutes until a smooth texture is achieved. For blenders that do not provide volume designa-
tions, volumes guidelines can be premeasured and marked on the side of the blender using known volumes of water. Once the slurry 
has been adequately blended, measure the final slurry volume for energy density calculations. Test the final slurry to ensure that it 
can be easily delivered through the appropriate feeding tube size.

Figure 39.2 Highly digestible low-fat ingredients can be used 
to create low-fat recipes, and supplemental ingredients can be 
used to improve energy density of the diet.

these, a variety of veterinary therapeutic uncommon 
ingredient canned formulations are available. If the 
patient is currently being managed on an uncommon 
ingredient food, then a canned food with the same 
ingredients should be select. For patients recently diag-

nosed with food allergies, or with suspected food aller-
gies, a food with ingredients that the pet has not 
previously been exposed to should be selected.

Fat intolerance
It should be noted that although canned diets designed 
for intestinal disease and food allergies generally provide 
less fat than those designed for critical care, many are 
still relatively high in fat, especially when compared with 
their dry food equivalent. For patients with disease con-
ditions related to dietary fat, such as hyperlipidemia, 
pancreatitis, and lymphangectasia, a lower fat formula-
tion should be selected. Patients with decreased gastro-
intestinal mobility and cylothorax may also benefit from 
a low-fat diet.

Because commercial canned foods generally run 
higher in fat, there are a limited number of low-fat 
canned food options available for use in a blended slurry. 
Low-fat home-cooked recipes provided in this chapter 
can serve as low-fat dietary options when commercial 
options are unavailable.
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Table 39.4 Feline low-fat uncommon ingredient recipe*

Ingredient Grams Amount

Bumble Beea canned 
crab meat

120 1 6-oz can drained

Betty Crockerb Potato 
Buds, dried potatoes

23 1/3 cup dry amount mixed 
with equal parts hot 
water

Canola oil 3.4 ¾ teaspoon
Balance ITc feline 2.6 5 white scoops

Water (mL) 80

Total recipe (kcal) 202
Total slurry volume (mL) 280
Total slurry moisture 82
Energy Density of 
Slurry (kcal/mL)

0.72

Caloric Distribution
Protein % ME 40.6
Fat % ME 20.11
Carbohydrate % ME 39.28

*Guidelines developed by Dr. Sally Perea, Davis, CA.
aBumble Bee Foods, LLC, San Diego, CA.
bGeneral Mills, Inc., Minneapolis, MN.
cDavis Veterinary Medical Consulting, Inc., Davis, CA.

Table 39.3 Feline low-fat recipe*

Ingredient Grams Amount

Hormela Canned Chicken Breast 
in water, no salt added

142 1 can (not 
drained)

White rice, long grain, regular, 
cooked

118.5 ¾ cup

Canola oil 3.4 ¾ teaspoon
Nordic Naturalsb Pet Cod Liver Oil 1.2 ¼ teaspoon
Balance ITc feline 3.2 6 white scoops

Water (mL) 150

Total recipe kcal 329
Total slurry volume (mL) 400
Total slurry moisture (%) 82
Energy Density of Slurry 
(kcal/mL)

0.82

Caloric Distribution
Protein % ME 37.58
Fat % ME 20.25
Carbohydrate % ME 42.17

*Guidelines developed by Dr. Sally Perea, Davis, CA.
aHormel Foods Corporation, Austin, MN.
bNordic Naturals, Inc., Watsonville, CA.
cDavis Veterinary Medical Consulting, Inc., Davis, CA.

Renal disease
For patients with renal disease, a canned renal food can 
be used to create a blended slurry for esophagostomy 
and gastrostomy feedings. If a liquid food is required, 
CliniCare RF is available for feline patients, but options 
are limited for canine patients. Some human liquid diets, 
such as Ensure, are lower in protein but are not phos-
phorus restricted, making them less than ideal for longer 
term management.

Liver disease
For patients with hepatic encephalopathy, a canned 
protein-restricted liver disease food can be used to  
create a blended slurry for esophagostomy and gastros-
tomy feedings. Currently available commercially canned 
veterinary therapeutic foods for the management of 
hepatic encephalopathy are limited to Hill’s Prescription 
Diet l/d (canine and feline varieties). Although renal 
failure canned foods are also protein restricted, they 
generally contain ingredients, such as liver, which are 
less ideal protein sources for patients with hepatic 
encephalopathy.

For liver disease patients that are not suffering from 
hepatic encephalopathy, protein restriction is not neces-
sary or recommended. A standard critical care diet or a 
highly digestible canned food blended slurry are both 
acceptable options for these patients.

Initiating nutrition support

Patients should be slowly weaned onto full energy needs, 
starting at approximately 25%–33% of RER, followed by 
25%–33% increases every 12–24 hours until full RER is 
reached.27,28 Patients that have been without food for an 
extended period of time are at an increased risk of devel-
oping hyperglycemia or electrolyte abnormalities upon 
refeeding (i.e., hypokalemia, hypophosphatemia, and 
hypomagnesemia as well as low thiamin) and may 
require a slower weaning and increased frequency of 
monitoring. Once full RER is reached, the patient may 
be reassessed to determine if increased caloric levels are 
needed to maintain body weight.

Enteral formulas can be fed via continuous infusion 
or via intermittent bolus feeding. Esophagostomy and 
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ties. Feeding boluses should be given slowly to allow for 
gastric expansion. The patients should be monitored for 
signs of nausea such as salivating, gulping, or retching 
during the feeding. If any of these signs develop, the 
feeding should be temporarily discontinued or stopped. 
Further details and guidelines for enteral feeding are 
provided in Chapter 40.

Monitoring

Patients receiving enteral nutrition should be monitored 
daily for potential complications and to ensure that the 
nutritional plan is continuing to meet the patient’s 
needs. Daily physical examinations should include 
assessment of body condition and measurement of body 
weight. Because of the risk of aspiration and fluid over-
load, care should be taken to assess respiratory param-
eters, and thoracic radiographs should be taken if 
respiratory distress or fever develops at any time during 
administration. The stoma site of enteral feeding tubes 

gastrostomy feedings are generally given by intermittent 
bolus feedings. One clinical study evaluating continuous 
versus intermittent bolus feedings in dogs with gastros-
tomy tubes showed no differences in weight mainte-
nance, gastrointestinal-adverse effects, glucose tolerance, 
nitrogen balance, or feed digestibility.29 Continuous 
infusions may be better tolerated for nasoesophageal 
feedings if large volumes of liquid formulas are required 
to meet daily energy needs, and they are recommended 
for jejunal feedings to help minimize malabsorption and 
diarrhea associated with feeding large volumes of nutri-
ents directly into the jejunum.

If a continuous infusion is not available, bolus feeding 
may be used. In general, four or more feedings per day 
are required. The amount fed per feeding should not 
exceed 5–10 mL/kg of body weight during initial intro-
duction of feedings.30 Maximum gastric capacities for 
dogs and cats are reported as high as 45–90 mL/kg body 
weight.28 However, meeting the patient’s RER should be 
achievable at volumes far below these maximum capaci-

Table 39.5 Feline low-fat renal recipe*

Ingredient Grams Amount

Hormela Canned Chicken Breast 
in water, no salt added

71 ½ can (not 
drained)

White Rice, long grain, regular, 
cooked

118.5 ¾ cup

Canola oil 3.4 ¾ teaspoon
Nordic Naturalsb Pet Cod Liver Oil 1.2 ¼ teaspoon
Balance ITc feline-K 4.6 1 yellow and 2 

white scoops

Water (mL) 170

Total Recipe (kcal) 262
Total slurry volume (ml) 315
Total slurry moisture (%) 83
Energy Density of Slurry 
(kcal/mL)

0.83

Caloric Distribution
Protein % ME 25.93
Fat % ME 21.08
Carbohydrate % ME 52.98

*Guidelines developed by Dr. Sally Perea, Davis, CA.
aHormel Foods Corporation, Austin, MN.
bNordic Naturals, Inc., Watsonville, CA.
cDavis Veterinary Medical Consulting, Inc., Davis, CA.

Table 39.6 Canine low-fat recipe*

Ingredient Grams Amount

Cottage cheese, 2% milk fat 339 1½ cup
White rice, long grain, 
regular, cooked

158 1 cup

Light corn syrup 85.2 4 tablespoons
Corn oil 4.5 1 teaspoon
Nordic Naturalsa Pet Cod 
Liver Oil

1.2 ¼ teaspoon

Balance ITb canine 11.9 1 black and 7 white

Water (mL) 20

Total recipe (kcal) 801
Total slurry volume (mL) 525
Total slurry moisture (%) 67
Energy Density of Slurry 
(kcal/mL)

1.53

Caloric Distribution
Protein % ME 26.86
Fat % ME 14.01
Carbohydrate % ME 59.13

*Guidelines developed by Dr. Sally Perea, Davis, CA.
aNordic Naturals, Inc., Watsonville, CA.
bDavis Veterinary Medical Consulting, Inc., Davis, CA.
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Table 39.7 Canine low-fat uncommon ingredient recipe*

Ingredient Grams Amount

Bumble Beea canned crab meat 120 1 6-oz can drained
Betty Crockerb Potato Buds, 
dried potatoes

51.8 ¾ cup dry amount

Canola oil 4.5 1 teaspoon
Balance ITc canine 4.4 1 black

Water (mL) 150

Total recipe (kcal) 219
Total slurry volume (mL) 460
Total slurry moisture (%) 83
Energy Density of Slurry 
(kcal/mL)

0.48

Caloric Distribution
Protein % ME 27.77
Fat % ME 16.26
Carbohydrate % ME 55.96

*Guidelines developed by Dr. Sally Perea, Davis, CA.
aBumble Bee Foods, LLC, San Diego, CA.
bGeneral Mills, Inc., Minneapolis, MN.
cDavis Veterinary Medical Consulting, Inc., Davis, CA.

Table 39.8 Canine low-fat renal recipe*

Ingredient Grams Amount

Hormela Canned Chicken Breast 
in water, no salt added

71 ½ can (not 
drained)

White rice, long grain, regular, 
cooked

237 1½ cup

Light corn syrup 63.9 3 tablespoons
Corn oil 6.8 1½ teaspoons
Nordic Naturalsb Pet Cod Liver Oil 2.5 ½ teaspoon
Balance ITc canine-K 7.1 2 blue and 1 

white scoops

Water (mL) 250

Total recipe (kcal) 638
Total slurry volume (mL) 550
Total slurry moisture (%) 77
Energy Density of Slurry 
(kcal/mL)

1.16

Caloric Distribution
Protein % ME 12.57
Fat % ME 15.54
Carbohydrate % ME 71.89

*Guidelines developed by Dr. Sally Perea, Davis, CA.
aHormel Foods Corporation, Austin, MN.
bNordic Naturals, Inc., Watsonville, CA.
cDavis Veterinary Medical Consulting Inc., Davis, CA.

Table 39.9 Nutritionally complete canine formulation*,†

Ensure ProModa Balance ITb Canine Total kcal Protein ME (%) Fat ME (%) % Carbohydrate ME (%)

1 8-oz bottle ¼ cup (16 g) 1 black scoop (4.4 g) 322 26.1 20.9 53.0
1 8-oz bottle 1/3 cup (22 g) 1 black scoop (4.4 g) 347 29.4 20.7 49.9

*Ensure can be supplemented with ProMod protein supplement and Balance IT canine vitamin and mineral supplement to provide a 
nutritionally complete canine formulation.
†Guidelines developed by Dr. Sally Perea, Davis, CA.
aAbbot Laboratories, Ross Products Division, Columbus, OH.
bDavis Veterinary Medical Consulting, Inc., Davis, CA.

should be cleaned with dilute antiseptic (e.g., chlorhexi-
dine or povidone-iodine) and carefully examined daily 
for signs of infection.

Serum potassium, magnesium, and phosphorus con-
centrations should be measured within 12–24 hours of 
starting enteral nutrition. Daily monitoring of electro-
lytes should be continued during the weaning on period, 

and no less than once every other day once at goal rate 
of infusion for 24 hours for critically ill hospitalized 
patients. A complete blood count (CBC) and chemistry 
panel should be measured within 24 hours of instituting 
enteral nutrition. Continued monitoring of a CBC and 
chemistry panel every 2–3 days is recommended for 
critically ill patients.
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40
Assisted enteral feeding

Scott Campbell and Natalie Harvey

Introduction

Adequate nutritional intake is required to support the 
immune system, wound healing, and intestinal structure 
and function. As such, animals that have inadequate 
nutritional intake are at higher risk of infection, wound 
breakdown, and intestinal villous atrophy.1

Enteral nutrition, as opposed to parenteral nutrition, 
has been associated with improved gut barrier function, 
a lower incidence of infectious complications, and 
shorter recovery times in humans.2 Maintenance of gut 
barrier function and faster recovery times have also been 
demonstrated with early enteral nutrition, when com-
pared with nil per os, in dogs with parvoviral enteritis.3 
Early enteral nutrition is recommended as the first 
choice where possible for these reasons,2,3 which has 
given rise to the adage “if the gut works, use it!”4

Deciding when to implement nutritional support can 
be difficult because the ideal time to begin differs for 
each animal. Indications for nutritional support previ-
ously reported in the literature include 3 days of 
anorexia/withheld food (sooner for puppies, kittens, 
and overweight cats), body condition score (BCS) of 2 
or less on a 5-point scale, 3 or less for dogs and 4 or less 
for cats on a-9 point scale, weight loss of 10% or greater, 
and/or hypoalbuminemia.4

A thorough diet history (see Box 40.1) is required to 
accurately assess nutritional adequacy of an animal’s 
diet and whether assisted nutritional support is indi-
cated.5 Accurately monitoring nutrition during hospi-
talization will also assist in identification of animals 
requiring assisted enteral nutrition. This includes 
recording an initial BCS, the full diet name of the food 

to be fed in the hospital, the amount offered and con-
sumed per meal, and body weight daily (considered in 
relation to hydration status).6

The goal for daily caloric intake is the calculated 
resting energy requirement (RER) while in the hospital 
(shown below in Box 40.9). The RER has been multi-
plied by illness energy factors in the past that were 
extrapolated from human recommendations. Studies by 
Walton et al7 and O’Toole et al8 indicate that the energy 
requirements of critical care patients are more closely 
represented by RER. These calculations are a reasonable 
starting point, and ongoing assessment of the nutri-
tional status of the patient and adjustments to nutri-
tional intake should be performed as required.

Animals that have been anorexic for extended periods 
are at greater risk of refeeding syndrome. Refeeding syn-
drome refers to the rapid electrolyte shifts that occur 
during realimentation, especially with rapidly digestible 
and absorbable carbohydrates, which can cause muscle 
weakness and tremors, cardiac arrhythmias, neurologic 
signs, intravascular hemolysis, and death.9,10 Initiating 
feeding slowly at quarters of RER over 4 days (see refeed-
ing schedule below in Box 40.9) with daily monitoring 
of serum biochemistry can help to detect refeeding syn-
drome before it becomes critical (see Chapter 38, Nutri-
tional Requirements in Critical Illness, for more details).

A number of factors should be considered when 
deciding which form of nutritional support to use  
to meet caloric requirements. These include the 
following11:

• Disease or condition being treated

• Cost

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.
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where possible.14 A list of medications that may cause 
anorexia, nausea, or vomiting in cats is shown in Box 
40.2.

Some animals may also experience anorexia second-
ary to fear and anxiety while in the hospital. Helping a 

• Availability of intensive care facilities
• Dietary requirements of the individual animal (e.g., 

growth, pregnancy, lactation status)

• Anticipated length of feeding assistance needed

Enticing voluntary eating
Measures aimed at improving palatability of the diet 
and/or offering a variety of different foods are com-
monly used as the first step in the hope that the animal 
will consume adequate calories voluntarily. This practice 
may increase the risk of developing learned taste aver-
sion to multiple foods,12,13 making it more difficult to 
feed the animal when it has recovered or to introduce a 
therapeutic diet to help manage disease states. A more 
strategic approach to enticing voluntary consumption 
using a single diet initially and utilizing assisted enteral 
and parenteral techniques where required is recom-
mended (see Fig. 40.1).

Partial or complete anorexia can have several causes. 
Pain or nausea can reduce appetite and may be caused 
by chronic or acute disease, trauma, or medication.14 
Animals should be stabilized first and made as comfort-
able as possible by treating pain prior to initiating 
feeding. If the medication used is suspected of causing 
nausea, an alternative medication should be sought 

Box 40.1  Core diet history questions

•  Is your pet housed indoors, outdoors, or both?
•  Please describe your pet’s activity level including type, 

duration, and frequency.
•  Do you have other pets?
•  Is food left out for your pet during the day or taken away 

after the meal?
•  Does your pet have access to other unmonitored food 

sources (e.g., from neighbor, other animals, etc.)?
•  Who typically feeds your pet?
•  How do you store your pet’s food?
•  Does your pet have confirmed food allergies or difficulty 

chewing or swallowing?
•  Please indicate if your pet has experienced any of 

the following before today’s visit: recent involuntary 
or unintended weight gain or weight loss, vomiting, 
diarrhea.

•  Have you observed any changes in urination, defecation, 
drinking, or appetite?

•  Please list the brand and product names of all foods, 
snacks, and treats your pet currently eats.

•  Please list other diets and treats your pet has received in 
the past.

•  Please list the name of each additional supplement your 
pet receives.

Figure 40.1 Pathway for ensuring adequate nutritional intake.

Partial or complete
anorexia 

Investigate and treat
cause

Disease, pain, nausea, stress  

Reduce environmental
stressors

Improve the palatability
of the diet

Consider other means
of increasing intake

Force
Feeding

Enteral Nutritional
Support 

Appetite
Stimulants 

Monitor response and revisit if
desired outcome not achieved

Consider parenteral nutritional support if
not able to ensure adequate enteral intake

Box 40.2  Medications that may cause anorexia, nausea and/
or vomiting in dogs and cats15,16

•  Amoxicillin
•  Amoxicillin/clavulanate
•  Cardiac glycosides
•  Cephalexin
•  Chloramphenicol
•  Erythromycin
•  Most chemotherapeutic agents
•  Most narcotic analgesics
•  Nonsteroidal anti-inflammatory drugs
•  Tetracyclines
•  Trimethoprim/sulphadiazine

Adapted from: Michel15
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Obstacles that may impede an animal from consum-
ing food should be removed or managed where possible. 
Some animals are unwilling to eat while wearing an 
e-collar. Where these are removed, the animal will need 
to be supervised while eating.14 Animals that have com-
promised mobility or spinal pain may need the food 
bowls raised or positioned carefully to ensure the animal 
can reach the food. Where this is not possible, hand 
feeding may need to be instituted.14

At this point, if the animal still does not consume 
sufficient calories, the palatability of the diet may be 
improved. Several factors can affect the palatability of 
the diet to an animal, including moisture, fat, protein, 
salt, sugar and other, more intangible, factors of the diet.

Increasing the moisture content of a diet may increase 
its palatability, although cats raised on a dry diet often 
develop a learned texture preference for dry foods,14 in 
which case increasing food moisture will not help. An 
effective means of increasing moisture content is to use 
a canned diet because canned diets typically contain 
between 70% and 85% moisture on an “as-fed” basis, 
whereas dry diets typically contain between 7% and 10% 
moisture on an “as-fed” basis. Canned diets are often 
higher in protein and fat, and thus should not be used 
when increasing these nutrients is contraindicated.14 
There can be significant differences between the dry and 
canned versions of the same therapeutic diet, so even 
within the same therapeutic food, changing from a dry 
to a canned formulation should be done with caution. 
Dry kibble can be soaked to increase the moisture 
content, but this will not raise the moisture content to 
the same extent as changing to a canned diet.14

Amino acid receptors are the most common taste 
receptors in cats and dogs. These receptors are particu-
larly responsive to the amino acids L-proline and 
L-cysteine.18,19 Beagles have also been shown to select 
foods with a higher protein level.20 Increasing the protein 
content may therefore improve the palatability of the 
diet. Higher protein content is contraindicated in 
animals with renal failure or hepatic encephalopathy.14

Increasing the fat content of the diet may improve its 
palatability.14 This also has the advantage of increasing 
the energy density of the diet, so less volume of the diet 
is required to meet energy needs. Many of the therapeu-
tic canned diets are higher in fat content for these 
reasons. Increasing the fat content is contraindicated in 
canines with pancreatitis and animals with impaired 
gastrointestinal motility.14

Dogs show a preference for sugars, such as lactose, 
sucrose, and fructose,20,21 and adding sugars or syrups to 
the food to add a sweet flavor can increase the palat-
ability of foods for dogs. Cats do not have sweet recep-
tors and are indifferent to sweetened foods.18,22 Any 

pet to feel less stressed in the hospital typically involves 
attempting to mimic the feeding circumstances of the 
pet at home.14 A diet history (see Box 40.1) can provide 
this information for the hospital staff. A quick reference 
guide for identifying environmental stressors that may 
affect appetite is provided in Box 40.3.

Loud noises are common in emergency and critical 
care wards and should be minimized when offering food 
to animals. Where this is not practical, moving the 
animal to a quieter room or place within the hospital 
during feeding may be beneficial.14

Other animals in the immediate environment may 
also cause stress that affects appetite. Placing a towel, or 
other sight barrier, over the cage door can help anxious 
animals, especially cats, to feel less threatened. Moving 
the animal to another area during feeding may help in 
this situation as well.

Environmental cues, such as light-dark cycles, may be 
linked to consumption patterns for some animals. 
Keeping lighting cycles where animals are housed as 
normal as possible and keeping feeding times similar to 
regular feeding times for the individual may help main-
tain these cues for food consumption.14,17

Food acceptance may be decreased by the proximity 
of the food bowl to areas of defecation or urination, 
such as litter boxes; thus cages should be cleaned prior 
to feeding and food bowls placed as far away as possible 
from litter trays.14

Who presents the food and how they present it may 
also affect food acceptance. People associated with less 
negative experiences, such as those not required to 
restrain the animal or give it injections, may have more 
success encouraging animals to eat.14 The owner may be 
encouraged to feed inappetent animals, but they should 
be instructed on which food or foods to offer and should 
ideally be monitored while doing so. The type of food 
receptacle may also be important to the individual; for 
example, the animal may prefer to consume food from 
a ceramic plate as opposed to a stainless steel bowl.

Box 40.3  Environmental stressors that may affect appetite

•  Loud noises
•  Other animals
•  Irregular lighting cycles
•  Food bowl near soiled area
•  Unfamiliar people/people associated with negative 

experience(s)
•  Unfamiliar food receptacle
•  Obstacles to reaching the food
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If the previously discussed means of increasing food 
intake have failed, tube feeding may be indicated. 
Assisted enteral feeding may be considered when the 
animal is unable or unwilling to consume sufficient 
calories to maintain weight but has the capability to 
digest and absorb solutions delivered into the gastroin-
testinal tract.5,29

Tube route selection
The indications, concerns, and contraindications for 
each assisted enteral feeding tube route are shown in 
Table 40.1, which can be used to determine which tech-
nique to use.

If the tube is likely to be required long term, polyure-
thane or silicone tubes should be selected, in preference 
to the red polyvinyl chloride (PVC) tubes, because they 
do not become brittle or disintegrate in situ when 

sugar or syrup added to the diet should not constitute 
more than 10% of the total calories to avoid the risk of 
unbalancing the base diet.14 Sweetening foods with 
sugars and other rapidly digestible and absorbable car-
bohydrates should be avoided in diabetic patients. Arti-
ficial sweeteners, such as xylitol, should be avoided 
because they can cause a hypoglycemic crisis in dogs.23

Cats and dogs do not have salt receptors; however, the 
amino acid receptors are stimulated by high concentra-
tions of sodium chloride.18 Salt may also increase taste 
responses to sugar in dogs.19 Therefore, adding salt or 
using diets with higher sodium content may improve 
palatability. Increasing the sodium content of the diet 
may be detrimental to patients with renal disease or 
heart disease, particularly those with hypertension, 
ascites, or edema.14

Other intangibles, for example, texture of the diet, 
mouth feel, and temperature preference, and their influ-
ence on food preference is recognized but has not been 
studied to the same degree as flavor preference. Cats 
prefer foods near body temperature (38.5°C [101.5°F]), 
and warming food can increase its olfactory stimulus.14,24 
The mouth feel of the food is also important for cats, 
and they may reject foods with a powdery or greasy 
texture or a different kibble shape.15,24

If the voluntary enteral daily caloric intake of the 
animal still does not meet the desired goal, then other 
means of increasing intake should be considered. Appe-
tite stimulants have limited success in completely ano-
rectic animals but may increase food intake in partially 
anorectic animals.25 Because they are less expensive and 
invasive than tube feeding, appetite stimulants are often 
tried first where owners are initially unwilling to con-
sider other options. Most of the appetite stimulant med-
ications currently available are short acting. Mirtazapine 
has become popular recently as an appetite stimulant in 
cats and dogs because it has a longer duration of action 
of 24 hours in dogs and 72 hours in cats.26 If the animal 
is not consuming enough food to meet its RER with the 
use of appetite stimulants within 2 days, more aggressive 
nutritional support is recommended.25 A list of appetite 
stimulants currently used and their potential side effects 
are provided in Box 40.4.

Force feeding, including syringe feeding or placing 
small boluses of food in the mouth, may be attempted 
to overcome reduced voluntary intake. Animals that are 
recumbent must be placed in sternal recumbency before 
offering food voluntarily or for forced feeding. Many 
animals find this procedure stressful and may as a con-
sequence develop learned taste aversions. Force feeding 
is contraindicated in animals that lack a gag reflex and 
should be discontinued in animals that become frac-
tious or refuse to swallow.24

Box 40.4  Appetite stimulant medications for dogs and cats

Drug Drug Class Potential Side Effects

Diazepam Benzodiazepine Nonpurposeful eating, 
sedation, exacerbation 
of hepatic 
encephalopathy, 
idiosyncratic hepatic 
necrosis

Oxazepam Benzodiazepine As for diazepam

Flurazepam Benzodiazepine As for diazepam

Cyproheptadine Antihistamine Excitability, aggression, 
vomiting

Cyanocobalamin Vitamin Not reported

Boldenone Anabolic steroid Delayed onset of 
activity, muscle pain at 
injection site

Stanozolol Anabolic steroid Delayed onset of 
activity

Nandrolone Parenteral anabolic 
steroid

Uncommon

Prednisolone Corticosteroid Polyuria/polydipsia, 
impaired wound 
healing

Mirtazapine Tetracyclic 
antidepressant

Uncommon

Source:  References 16, 27,and 28.
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the animal has been sedated.29 Only liquid enteral diets 
can be used for NE and NG feeding due to the small 
diameter of these tubes.5,25 The amount of the chosen 
diet to be administered can be calculated using the 
worksheet below in Box 40.9.

The tube may be flushed with warm water before 
feeding (3–10 mL) to ensure the tube is patent prior to 
feeding, and flushing the tube with 5–10 mL of warm 
water after each meal is essential to prevent a blockage.33 
It is advisable to monitor total fluid intake in renal 
patients because excessive water administration may 
lead to electrolyte imbalances. The minimum amount 
of water required to sufficiently flush the tube differs 
between the tube size, tube material (smaller lumen for 
PVC tubes), and the length of tube used. The amount 
of water needed to flush the tube is not typically printed 
on product packaging. An identical tube to the one 
chosen to be placed in the patient can be used to deter-
mine the smallest volume of water needed to flush the 
tube if required.

Food should be warmed to between room tem-
perature and body temperature (20–38°C) prior to 
feeding. Instill food slowly, up to 3 mL per minute in our 

exposed to digestive juices.31 The internal diameter of 
the polyurethane tubes is slightly larger than the silicone 
tubes of the same French size because they are stronger 
with thinner walls. A French (F) unit is equivalent to 
0.33 mm and measures the external diameter of the 
tube.31

Nasoesophageal and nasogastric tubes

Placement
Placement equipment and technique for nasoesophageal 
(NE) and nasogastric (NG) tubes is described in Proto-
col 40.1 and shown in Figure 40.2.

Correct placement of NG and NE tubes should be 
verified either with a lateral thoracic radiograph (Fig. 
40.2k) or by injecting 3–15 mL of sterile water and 
assessing for coughing. Injecting 5–10 mL of air and aus-
cultating the cranial abdomen for borborygmus can also 
be used for NG tubes.5,11,29

Feeding
Initiating feeding through NE and NG tubes may begin 
as soon as the tube position has been confirmed, unless 

Table 40.1 Indications, concerns, and contraindications of each tube route

Tube Type Indications Concerns Contraindications

NE/NG Short-term tube feeding (1–10 days)
Functional nasal cavity, pharynx, 
esophagus, stomach, and intestines
High anaesthesia risk

Unable to evaluate gastric 
residual volumes with NE tube
Liquid diets only due to tube 
size

Vomiting
Comatose/Laterally recumbent
Respiratory disease
Lack of gag reflex
Facial trauma involving nose/nasal cavity

E Medium-term feeding (1–20 wk)
Oral trauma/surgery/cancer

Unable to evaluate gastric 
residual volumes
Light anaesthesia required

Vomiting
Respiratory disease
Megaesophagus
Esophageal stricture
Impaired wound healinga

G Long-term feeding (months to years)
Esophageal disorders
Oral surgery/trauma
Pancreatitis without vomiting
Hepatic lipidosis
Specific dietary need

Complications from early 
inadvertent removal of tube
Cost

Anaesthesia risk
Impaired wound healinga

Persistent vomiting

J Long-term feeding (weeks to months)
Resting upper gastrointestinal tract 
(pancreatitis, recent gastric surgery)
Intestinal anastomosis
Coma

Cost
Limited diet selection
Complications from early 
inadvertent removal of tube
Can only use in hospital

Anaesthesia risk
Impaired wound healinga

aSkin and alimentary tract incisions are required to place these tube types.
Sources:  References 5, 11, 25, 29, and 30.
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Protocol 40.1  NG and NE tube placement5,11,24,29,32

Items Required
•  5–8F, 22- to 43-inch tube for dogs <15 kg and cats
•  8–10F, 43-inch tube for dogs >15 kg
•  2% lidocaine or 0.5% proparacaine
•  Water-soluble lubricant or 5% lidocaine ointment
•  Superglue or nylon suture material
•  Luer slip catheter plug
•  Elizabethan collar
•  Tape or marker

Procedure
•  Gather the equipment needed for placement (see Fig. 40.2a).
•  Measure the tube from the nasal meatus to the last rib (region of the stomach) for NG tubes and three-quarters of this distance 

for NE tubes (see Fig. 40.2b).
•  Mark the tube at the measured point with tape or an indelible marker (see Fig. 40.2c).
•  Drip a few drops of local anaesthetic into the nostril and allow time for the anaesthetic to take effect (see Fig. 40.2d).
•  Generously lubricate the tube (see Fig. 40.2e).

Figure 40.2 (b) Measuring the length of tube required.

(b)

Figure 40.2 (a) Equipment gathered for NE tube placement.

(a)

Figure 40.2 (c) Marking the tube at the premeasured length.

(c)

(Continued )
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Figure 40.2 (e) Generously lubricating the tube.

(e)

Figure 40.2 (f)  Inserting the tube in a caudoventral medial 
direction into the ventromedial aspect of the nasal cavity.

(f)

Figure 40.2 (g) Pushing the nares dorsally in the dog.

(g)

•  With the animal’s head held in a normal static position, insert the tube in a caudoventral medial direction into the ventromedial 
aspect of the nasal cavity (see Fig. 40.2f).
  In dogs the external nares are pushed dorsally after the tube has been introduced into the nose (approximately 2.0–3.0 cm) to 

open the ventral meatus and aid the tube’s passage into the oropharynx (see Fig. 40.2g).
•  Brace the introducing hand against the animal and introduce the tube in short, well-controlled insertions up to the premeasured 

mark (see arrow in Fig. 40.2h).
•  Secure the tube lateral to the eye or medial to the eye and to the top of the head using superglue or sutures (see Fig. 40.2i).
•  Place an Elizabethan collar to prevent removal of the tube by the animal (see Fig. 40.2j).
•  Check correct placement by either:

  Injecting 3–15 mL of sterile water and assessing for coughing
  Injecting 5–10 mL of air and auscultating the cranial abdomen for borborygmus (NG tubes only)
  A lateral thoracic radiograph looking for the outline of the feeding tube from the radiopaque strip or contrast media (see Fig. 40.2k)

  A nasogastric tube should end in the fundus of the stomach
  A nasoesophageal tube should end in the distal third of the esophagus

Figure 40.2 (d) Placing a few drops of local anaesthetic.

(d)
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Figure 40.2 (j) An Elizabethan collar placed to prevent removal 
of the tube by the animal.

(j)

Figure 40.2 (k)  Radiograph  showing  correct  placement  of  a 
nasogastric  tube.  (Courtesy  University  of  Queensland  Small 
Animal Clinic Radiology Department.)

(k)

Figure 40.2 (h)  The  tube  inserted  up  to  the  premeasured 
mark.

(h)

Figure 40.2 (i) Super gluing the tube in place.

(i)

experience, to allow gastric expansion, and watch for 
salivating, retching, or vomiting. If these signs occur, 
stop feeding. When feeding is resumed, infuse a smaller 
amount at a slower rate.24 After feeding, flush the tube 
as previously described, and close the port at the end of 
the tube to prevent ingestion of air, which could cause 
distension and discomfort of the stomach.33

Complications and troubleshooting
Placement of the tube in the trachea can be a life-
threatening complication. It is advisable to confirm 
correct placement before initiating feeding.5 A lateral 
thoracic radiograph should show a NE tube ending past 
the heart in the distal third of the esophagus and a NG 
tube ending in the fundus (see Figure 40.2K).29

Epistaxis may occur during tube placement, and the 
tube can be dislodged by vomiting or sneezing.5,29 If the 
technician or veterinarian witnesses the animal vomit-
ing, the position of the tube should be checked. The tube 
may be visible inside the mouth or protruding from the 
mouth if it has been dislodged. The mark made during 
placement should also be checked, or another radio-
graph may be taken. If the tube has been dislodged, 
removal and replacement is indicated.

Animals may also develop rhinitis or sinusitis.5,29 The 
tube may damage some of the small capillaries in the 
nasal cavity when being placed, so alternative means of 
nutritional support should be considered in animals 
with coagulopathies.

If the animal coughs, vomits, or shows discomfort 
during flushing, before feeding, or during feeding, 
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Box 40.5  Methods for unblocking feeding tubes

Studies Method Outcome

Metheny et al35

Wilson and 
Haynes-Johnson36

Marcuard and 
Perkins37

Water
Cranberry 
juice

Water was more successful  
at maintaining tube patency. 
The acidic pH of cranberry 
juice may precipitate proteins 
in the feeding formula.

Marcuard and 
Stegall34

Marcuard et al38

Water
Carbonated 
beverage
Pancreatic 
enzyme 
solution

The pancreatic enzyme 
solution was significantly 
better at clearing an 
obstruction than water or the 
carbonated beverages.

Esophagostomy tubes

Placement
The equipment and placement technique of an esopha-
gostomy tube are shown in Protocol 40.2. A photo-
graphic sequence demonstrating placement technique is 
shown in Figure 40.3A–K.

Feeding
Feeding may be initiated when the position of the tube 
has been confirmed and the animal has recovered from 
the anaesthetic. The larger diameter of these tubes com-
pared with the NE or NG tubes allows the use of blended 
or liquid diets.29,30 The amount of water that needs to be 
added to the diet will depend on the tube size and the 
initial composition of the diet; however, enough water 
should be added to achieve a consistency that allows 
passage through a syringe tip.4 See Box 40.9 below for 
calculating feeding amounts.

Flushing the tube before and after feeding with 5–10 mL 
of warm water to prevent blockage should be performed, 
with care in renal patients as previously mentioned for 
NE and NG tubes.33 Similar to NE tube feeding, warm the 
food to between room temperature and body tempera-
ture (20–38°C) prior to feeding and infuse slowly. Close 
the port at the end of the tube after feeding and flushing 
the tube to prevent ingestion of air that may cause disten-
sion and discomfort of the stomach.33

Stoma site care
The stoma site should be kept as clean and dry as pos-
sible at all times.33 Checking the stoma site for redness, 
swelling, heat, and discharge at least daily is recom-
mended. If the site requires cleaning, a sterile saline or 
a weak chlorhexidine solution may be used. The site 
should be thoroughly dried after cleaning. For more 
information on the care of the stoma site, see Chapter 
55, Care of Indwelling Device Insertion Sites. A light 
bandage (e.g., a conforming bandage) may be placed 
taking care not to occlude the airway.33

Complications and troubleshooting
Inadvertent placement in the trachea or periesophageal 
space may occur, so tube placement should always be 
confirmed with radiographs (Fig. 40.3H).29

Complications include tube displacement from vomit-
ing or removal by the animal.30 Marking the skin exit point 
of a tube with a permanent marker when the position is 
initially radiographed can help to detect subsequent move-
ment of the tube.42 If the patient is witnessed vomiting, 
check inside the mouth to visualize if the tube is still  

feeding should be stopped and tube position should be 
checked, ideally with a radiograph.29 Once the proper 
tube position is confirmed, feeding can then be restarted 
at a smaller volume and slower rate of infusion.24

Using the correct diet and flushing after each meal 
will reduce the risk of tube blockage. Using a syringe 
pump to ensure continuous flow may also help to 
decrease the risk of the tube becoming blocked.30 If a 
tube has become blocked, a solution of 1 crushed tablet 
of a pancreatic enzyme product (9000 USP units lipase, 
57,000 USP units protease, 64,000 USP units amylase), 
1 crushed tablet (324 mg or ¼ teaspoon) of sodium 
bicarbonate and 5 mL of warm water can be injected 
into the tube with a little pressure and left in the tube 
for a minimum of 5 minutes and up to 2 hours before 
attempting further flushing.34 Other methods that have 
been used for unblocking feeding tubes are shown in 
Box 40.5. Alternatively, the blocked tube can be removed 
and replaced with a new tube if continued assisted 
feeding is required.

Other authors have indicated that the risk of gastro-
esophageal reflux is increased with the use of NG tubes, 
which may subsequently increase the risk of esophageal 
strictures.24,30 There were no reports of this complication 
in previous studies of the use of NG tubes.32,39,40 NG 
tubes are often used where decompression of the 
stomach is required, and NE tubes are used more rou-
tinely for feeding.

Tube removal by the animal is common if appropriate 
steps are not taken, and it may be prevented by the place-
ment of an Elizabethan collar.25 Animals may not volun-
tarily eat with an Elizabethan collar on and need it 
removed under supervision to encourage voluntary 
consumption.29

Small bowel diarrhea may result from the consistency 
and/or composition of the diets that can be fed via NE 
and NG tubes.29
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Protocol 40.2  E tube placement5,41,29,11

Items Required
•  8–14F tube in cats and small dogs
•  14–20F tube in medium to large dogs
•  Right-angled/ curved forceps (Carmalt, Mixter, Schnidt, or Kantrowitz)
•  #10 or 11 scalpel blade
•  Nylon/polypropylene suture material
•  Marker
•  Luer slip catheter plug
•  Conforming bandage/light bandage material

Procedure
•  Anesthetize, endotracheally intubate, and position the animal in right lateral recumbency. Measure the tube from the center of 

the neck to the eighth to ninth intercostal space and mark with a permanent marker. Clip the left side of the neck and aseptically 
prepare the area (see Fig. 40.3a)

•  Insert the curved forceps (shown in Fig. 40.3b) into the esophagus until the midpoint in the cervical esophagus, and then push 
outward to tent the skin. Make an incision through the skin over the tip of the forceps and extend the incision through the 

(a)

Figure 40.3 (a)  Animal  in  right  lateral  recumbency  with  the 
left side of the neck clipped and aseptically prepared.

Figure 40.3 (b) Curved Carmalt forceps.

(b)

Figure 40.3 (c) The forceps inserted into the esophagus then 
pushed outward to tent the skin. An incision is made through 
the skin over the tip of the forceps.

(c)

(d)

Figure 40.3 (d)  The  distal  end  of  the  tube  grasped  in  the 
forceps.

(Continued )
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Figure 40.3 (g) The proximal end of the tube has flipped from 
caudal to cranial. A packaged tube can be used to measure how 
much of the tube has been inserted.

(g)

Figure 40.3 (h) Radiograph showing correct placement of an 
esophagostomy tube. (Courtesy University of Queensland Small 
Animal Clinic Radiology Department.)

(h)

subcutaneous connective tissues and wall of the esophagus. The incision should only be large enough to allow the tips of the 
forceps to be pushed through (see Fig. 40.3c).

•  Grasp the distal end of the tube in the forceps, taking care not to catch the tissues in the mouth in the hinge of the forceps (see 
Fig. 40.3d).

•  Pull the distal end of the tube grasped in the forceps rostrally out through the mouth (see Fig. 40.3e).
•  Unclamp the distal end of the tube and gently push the distal end caudally. The forceps can be used to direct the tube into the 

esophagus. The proximal end of the tube can be manipulated to facilitate the progression of the distal end of the tube into the 
esophagus to prevent the tube from forming hard kinks that could remain during tube advancement (see Fig. 40.3f).

•  Once the tube is in place, the proximal end will flip from caudal to cranial. Check that enough of the tube has been inserted to 
reach the eighth to ninth intercostal space or to the premeasured mark (see Fig. 40.3g).

•  Confirm correct tube placement by radiographs. The outline of the tube should be visible and show the tube ending in the distal 
third of the esophagus (see Fig. 40.3h).

•  Place a loose purse-string suture around the tube entrance site (see Fig. 40.3i).
•  Place a finger trap suture around the base of the tube where it enters the skin to secure it in place (see Fig. 40.3j, k).

Figure 40.3 (e) The distal end of the tube pulled rostrally out 
through the mouth.

(e)

Figure 40.3 (f)  The  distal  end  of  the  tube  being  pushed 
caudally while manipulating the proximal end.

(f)
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Figure 40.3 (i)  A  loose  purse-string  suture  around  the  tube 
entrance site.

(i)

Figure 40.3 (j) Starting the finger trap suture where the tube 
enters the skin.

(j)

Figure 40.3 (k) Finishing the finger trap suture.

(k)

positioned in the esophagus, or alternatively take another 
lateral thoracic radiograph. If the tube has been dislodged, 
it should be removed and another placed.

If the patient vomits, salivates, or shows discomfort 
during feeding, feeding should be stopped. When feeding 
is resumed, feed a smaller amount at a slower rate and 
ensure food is freshly prepared and warmed prior to 
feeding.

Tube blockage can be prevented by using a diet with 
an appropriate consistency and by flushing with water 
as mentioned earlier. Only liquid medications should be 
delivered through the tube where possible. Where tablets 
are required, these should be crushed to a fine powder, 
where possible, before mixing with water.42 Then if a 
blockage does occur, a solution of 1 crushed tablet of a 

pancreatic enzyme product (9000 USP units lipase, 
57,000 USP units protease, 64,000 USP units amylase), 
1 crushed tablet (324 mg or ¼ teaspoon) of sodium 
bicarbonate and 5 mL of warm water can be injected 
into the tube with a little pressure and left in the tube 
for a minimum of 5 minutes and up to 2 hours before 
attempting further flushing.34 Other methods used for 
unblocking feeding tubes are shown in Box 40.5.

Skin infection or abscessation can occur around the 
stoma site.14,29 Any bandages should be removed daily to 
examine the tube site and appropriate site care admin-
istered (see Chapter 55, Care of Indwelling Device Inser-
tion Sites, for more details). Changing the tube from a 
red PVC tube to a silicone or polyurethane tube can 
reduce inflammation.31
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G tubes may be placed surgically or percutaneously. 
Percutaneous placement can be performed blindly  
or with the use of an endoscope.27,30 PEG tube place-
ment and blind placement of a G tube is described  
in Han29 and Marks.31 Percutaneous endoscopic place-
ment is routinely performed in many clinics as endo-
scopes have become more available. The equipment 
required for percutaneous endoscopic placement is 
shown in Box 40.7. Surgical placement of a G tube  
is often used when the animal is undergoing abdominal 
surgery for another reason and is described in Fossum 
et al.47

Box 40.6  Positives and negatives of standard-length and 
low-profile gastrostomy devices43

Standard Length Low Profile

Positives Lower initial cost
Lower cost for 
short-term use
Well tolerated
Readily available in 
most clinics

Less frequent replacement and 
reduced overall cost for 
long-term use
More aesthetically pleasing to 
owners
Fewer complications 
(blockage, inadvertent 
removal)

Negatives Higher risk of 
blockage and 
inadvertent removal

Higher initial cost

Gastrostomy tubes

Placement
The standard length gastrostomy (G) tubes, which have 
a length of tubing extending from the skin when placed, 
are routinely used in veterinary hospitals (Fig. 40.4). 
Where a G tube is likely to be required long term, a sili-
cone or polyurethane tube should be selected because 
they do not become brittle or disintegrate in situ when 
exposed to digestive juices and require less frequent 
replacement.31 Low-profile gastrostomy devices are also 
available, which are designed to sit flush with the skin 
(see Fig. 40.5).

Some of the positives and negatives of using standard 
length versus low-profile G tubes are shown in Box 40.6. 
A full discussion of tube type selection is beyond the 
scope of this chapter.

A low-profile device can be used to replace a standard 
percutaneous endoscopic gastrostomy (PEG) tube after 
3 months when a permanent stoma has formed.44,45 
Insertion of a one-step low-profile gastrostomy device 
as the initial G tube was also reported by Campbell  
et al.43 and Ferguson et al.46 Initial placement of a low-
profile gastrostomy device may result in lower cost for 
the owner in the long term because they require only  
a single anaesthetic and do not require frequent 
replacement.43

Figure 40.4 Feeding  via  a  gastrostomy  tube.  (Courtesy  Scott 
Campbell.)

Figure 40.5 Low-profile gastrostomy device. (Courtesy UC Davis 
Nutrition Support Service.)
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Box 40.7  PEG tube placement equipment5,11

•  20–24F tube
•  Endoscope
•  Endoscope grasping instrument
•  Scalpel blade
•  14- to 16-gauge needle or catheter
•  2-0 nylon suture material
•  Catheter guide
•  Sterile lubricant
•  Luer slip catheter plug

Ultrasound or contrast radiography may be used to 
confirm displacement of the tube. If inadvertent removal 
or dislodgement occurs before a stoma has formed, sur-
gical intervention is advised.

Tube obstruction may occur, although it is less likely 
in larger diameter tubes, and it can be prevented by 
flushing before and after feeding, blending the diet with 
sufficient water, only using elixir medications, or thor-
oughly crushing a mixing medications and flushing well 
after administration. Antacids and sucralfate have been 
reported to cause obstruction when administered with 
enteral formulas because they precipitate.31 Where a 
tube has become obstructed, a solution of 1 crushed 
tablet of a pancreatic enzyme product (9000 USP units 
lipase, 57,000 USP units protease, 64,000 USP units 
amylase), 1 crushed tablet (324 mg or ¼ teaspoon) of 
sodium bicarbonate and 5 mL of warm water can be 
injected into the tube with a little pressure and left in 
the tube for a minimum of 5 minutes and up to 2 hours 
before attempting further flushing.34 Other methods 
that have been used for unblocking feeding tubes are 
shown in Box 40.5.

Infection of the stoma site can be treated by cleaning 
with a dilute chlorhexidine or Betadine solution and 
applying an antibacterial cream. More frequent bandage 
changes should also be considered.31 Checking the stoma 
site daily can help to detect infection early.

Jejunostomy tubes

Placement
Jejunostomy (J) tubes are most commonly placed surgi-
cally, often in animals that are identified as requiring 
jejunal feeding and require surgery for other reasons. 
Surgical placement of J tubes is described in Heuter48 
and Slatter.49 The equipment used for surgical place-
ment of J tubes is shown in Box 40.8.

Laparoscopic-assisted placement of J tubes has also 
been used and is an option for J tube placement when 

Feeding
Water may be given within 6–12 hours of tube place-
ment, but feeding should not be initiated until 12–24 
hours after placement to allow formation of a fibrin seal 
at the stoma.5,29 A permanent stoma will form in 7–14 
days at the gastrocutaneous junction,29,30 after which 
time the tube may be removed.6

Diets of gruel consistency can often be fed through 
PEG tubes.29 To calculate the feeding amount, see Box 
40.9 below. Warm food before feeding, infuse food 
slowly, and flush with 5–10 mL warm water before and 
after feeding,33 with consideration of the possibility of 
excessive fluid administration in renal patients as previ-
ously mentioned. Close the port at the end of the tube 
after feeding.33

Stoma site care
G tube stoma site care is the same as E tube stoma site 
care, described earlier.

Complications and troubleshooting
Complications that may occur during placement include 
gastric hemorrhage, splenic laceration, and pneumo-
peritoneum.5,30 Complications that may occur after tube 
placement include vomiting, aspiration pneumonia, 
inadvertent tube removal, peritonitis, gastric pressure 
necrosis, tube migration, and infection of the tube 
site.29,30

Pressure necrosis can be prevented by ensuring that 
the tube can be rotated after it has been placed, with a 
5-mm space between the skin and the external flange.31 
Marking the tube at the level of the skin on initial place-
ment with a pen or tape can help to detect subsequent 
movement of the tube.31 An Elizabethan collar can be 
placed to help prevent tube removal by the patient. 
Where the tube is being removed by another pet in the 
household, a low-profile device should be considered. 

Box 40.8  J tube surgical placement equipment11,48

•  3.5F for <4-kg animals
•  5F for 4- to 10-kg animals
•  8F for >10-kg animals
•  #11 scalpel blade
•  4-0 absorbable suture material
•  2-0 nonabsorbable suture material
•  Hemostat
•  Luer slip catheter plug
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the animal does not require a celiotomy for another 
purpose.50 A third option is percutaneous endoscopic 
gastrojejunal (PEG-J) tube placement. This method 
involves the placement of a PEG tube, through which a 
J tube is inserted through the pylorus into the proximal 
jejunum.48 The advantage of the PEG-J tube is that the 
J tube can be removed and the animal can be easily 
transitioned to PEG tube feeding.51 PEG-J placement is 
described in Heuter48 and Jergens et al.51

Low-profile jejunostomy devices are also available 
and may be a feasible option for long-term nutritional 
support.52

J tubes are recommended to be left in place for at  
least 7–10 days to allow for adhesions to form around 
the tube site, which help prevent leakage into the 
abdomen.30

Feeding
Feeding may be initiated 12–24 hours after tube place-
ment.48,27 Due to the small diameter of these feeding 
tubes, only a liquid enteral diet can be used. A constant 
rate infusion (CRI) is recommended because bolus 
feeding may cause cramping and diarrhea.27 See 
Box 40.9 to calculate the feeding amount to be provided 
each day (step 3), and then divide this amount by 24 
(hours/day) to get the amount to be infused each hour 
as a CRI.

Tube and site care
Flush the tube with water every 4 hours and after any 
disruption in CRI feeding.42 The syringe and tubing (or 
other delivery equipment) through which the diet is 

Box 40.9  Calculating feeding amounts worksheet

1.  Calculate resting energy requirement (RER)
RER (kcal/day) = 70(BWkg)0.75

Where BWkg = the animal’s current body weight in kilograms

Calculating on a standard calculator:  ( )BW*BW*BW *( ) 70

Alternative formula for animals weighing between 2 and 45 kg = 30(BWkg) + 70
2.  Calculate energy density of the diet

Energy density kcal/mL
Total kcal diet

Total mL diet wate
( )

( )
(

=
+ rr added)

3.  Calculate amount to feed per day (in hospital–increase to MER/DER* at home)

Amount to feed mL/day
RER kcal/day

Energy density kcal/mL
( )

( )
(

=
))

Refeeding schedule:

4.  Calculate amount to feed per meal

Amount to feed per meal
Amount per day

Number of meals per 
=

dday

NOTE: For constant rate infusion feeding, divide the amount per day by the number of hours that the food will be administered 
over to establish mL/hour.
5.  Consider when to start offering food orally

*MER and DER calculations in Hand et al.24

Day 1 Day 2 Day 3 Day 4

Fraction of RER or 1/3 2/3 RER
1/4 1/2 3/4 RER
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• Ensure that an appropriate diet consistency is used to 
reduce the risk of tube blockage.

• Always warm food prior to feeding and administer 
slowly.

• Delivery of medications through E tubes and G tubes 
should be done with caution.

• Unblocking of tubes may be achieved with warm 
water or a pancreatic enzyme solution.
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delivered should be replaced every 24 hours.30 J tube exit 
site care is the same as for E tubes, described earlier.

Complications and troubleshooting
Vomiting and osmotic diarrhea are common complica-
tions of J tubes, which may be alleviated by decreasing 
the administration rate or by adding fiber to the liquid 
diet for diarrhea.25

Bacterial growth may occur in the delivery equip-
ment, which can be prevented by replacing this equip-
ment every 24 hours.30 Blockage of the tube is another 
common complication, which can be minimized by 
using suitable diets and flushing the tube well every 4 
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Summary
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immune system, wound healing, and intestinal struc-
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• Tubes should be flushed with enough warm water to 
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feeding to maintain tube patency.
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41
Parenteral nutrition

Jennifer Larsen

Introduction

Malnutrition in hospitalized patients is a problem in 
veterinary medicine as well as in human medicine. One 
study showed that positive energy balance (provision of 
adequate calories to meet >95% of calculated require-
ments) was only achieved 27% of the time in 276 hos-
pitalized dogs over a total of 821 days.1 It is known that 
people whose nutritional needs are not met during a 
hospital stay suffer from adverse effects, especially a 
higher complication rate.2 Despite a paucity of research, 
inadequate nutritional support for veterinary patients 
can also be expected to result in poor outcomes.3 One 
study showed that hospitalized dogs and cats that 
received less than a third of their target energy require-
ments had a higher rate of poor outcomes.4 In addition, 
illness and other physiologic stressors are associated 
with a hypermetabolic state characterized by increases 
in circulating cytokines, catecholamines, and other stress 
mediators.5 These ultimately result in an inflammatory 
response with undesirable effects including increased 
protein catabolism and impaired healing ability.6,7 This 
preferential catabolism of lean body mass over glycogen 
and fat stores in animals that are critically ill has a pro-
foundly negative impact on healing, immune function, 
and recovery from disease and trauma. As such, inter-
vention and provision of appropriate and adequate 
nutritional support is necessary to promote positive 
outcomes in veterinary patients.

Indications for parenteral nutrition

Feeding by the enteral route is the preferred method of 
providing energy and nutrients to maintain the func-

tional integrity of the gastrointestinal tract and prevent 
dysfunction of the immune barrier.8–10 The evidence 
from the human medical literature shows improved out-
comes, greater cost effectiveness, and fewer complica-
tions when patients are fed enterally.11–13 However, in 
many cases enteral feeding is not possible, in particular 
for patients with an increased risk of aspiration or that 
are not candidates for feeding tube placement. In some 
cases bleeding disorders or anesthetic risks preclude the 
use of most enteral feeding devices.

Careful consideration should be given to the route of 
nutritional support for any patient that cannot protect 
its airway. Contraindications of gastrointestinal feeding 
include protracted vomiting, decreased consciousness, 
and a decreased or absent gag reflex. Likewise, many 
patients with severe head trauma, those that need 
ventilator-assisted respiratory support, those requiring 
medications that impair consciousness, or those with 
severe pancreatic or malabsorptive gastrointestinal dis-
eases cannot safely be fed enterally; however, nutritional 
support is still required. In these patients, parenteral 
nutrition (PN) is the only way to administer calories and 
nutrients.

When to initiate support

The ideal time to initiate nutritional support varies by 
individual and depends on the disease process, progno-
sis for voluntary intake, when the patient last consumed 
adequate energy and nutrients, and the animal’s body 
condition. A validated body condition scoring system is 
well established.14,15 Such assessment tools should be 
used routinely in the clinic for monitoring of healthy 
pets as well as hospitalized patients. For acutely ill or 
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injured patients in good condition, consideration  
for providing nutritional support should occur within 
3–5 days of anorexia. Longer periods of starvation  
are certainly of no benefit and carry the risk of  
negatively impacting immune function, healing, and 
overall condition.16 For patients that are more debili-
tated, are growing, have inadequate muscle mass or 
adipose stores, have recent or ongoing weight loss, or 
that are not expected to consume food voluntarily 
within 2 or 3 days, intervention should be more imme-
diate. Feline patients, which are at risk of hepatic lipido-
sis from inadequate energy consumption, should also 
have their nutritional needs addressed within a shorter 
time frame of 3 days. For all hospitalized cases, the initial 
medical management plan as well as the owner’s cost 
estimate should consider the need for nutritional 
support.

How much to feed

For all hospitalized patients, regardless of feeding 
method, the caloric goal is the provision of resting 
energy requirement (RER) calculated for the current 
weight regardless of body condition. RER is the amount 
of energy needed by a resting, awake animal that is lying 
down in a thermoneutral environment. The RER is esti-
mated by this equation (see Box 41.1):

70 0 75× body weight in kg .

This amount is adequate to maintain weight in a 
majority of hospitalized patients but may vary in patients 
that are hypercatabolic or those with high or low body 

Box 41.1  Examples of calculations for meeting energy 
requirements with parenteral nutrition

•  Equation for resting energy requirement (RER):
  70 × (body weight in kg)0.75 = RER in kcal per day

•  For a 35-pound (15.9 kg) canine patient, calculate RER:
  70 × 15.9 kg3/4 = 557 kcal per day

•  Using a calculator without an exponent function:
  Multiply the weight in kilograms by itself three times:
  15.9 × 15.9 × 15.9 = 4019.68
  Square root twice = 7.96
  Multiply by 70 = 557 kcal per day

•  If the parenteral solution provides 1.15 kcal/mL, the 
patient needs approximately 484 mL/day or 20 mL/hour.
557 kcal per day/1.15 kcal per mL = 484 mL per day
484 mL per day/24 hours = 20 mL per hour

Box 41.2  Gradually increase to goal rate of parenteral 
nutrition infusion

•  When increasing the infusion rate up to full RER, start 
with 25%–33% of the rate, and increase by 25%–33% 
increments every 4–24 hours if tolerated, with blood 
glucose within target ranges (between 100 and  
250 mg/dL).32

•  Assess blood lipids, phosphorus, potassium, and 
magnesium, HCT within 24 hours of initiation of PN.

•  After full infusion rate is achieved, assess at least once 
daily:
  Body weight
  Catheter insertion site
  Plasma lipemia index
  Glucose
  Magnesium
  Thoracic auscultation
  Body temperature
  HCT

•  Assess at least every other day:
  Phosphorus
  Potassium
  BUN
  Albumin

condition scores. Regardless, overfeeding has risks and 
should be avoided. As such, adjustments based on the 
individual patient’s response are necessary.

Overfeeding can result in hyperglycemia and hyper-
lipidemia, which are also the most commonly recog-
nized adverse effects in parenterally fed veterinary 
patients.17–21 Hyperglycemia has been identified as a risk 
factor for poor outcome in both human and feline 
patients,20,22 and insulin therapy is routinely used in the 
human intensive care unit to control blood glucose ele-
vation.23 It is a frequent clinical observation that eleva-
tions in blood glucose normalize within 24 hours of 
beginning the PN infusion without intervention; this 
has also been reported in the literature.18 This likely 
reflects metabolic adaptation to the glucose infusion and 
underscores the importance of adjusting the rate to the 
individual patient’s tolerance.

I currently recommend that the rate of parenteral 
administration should initially be 25% of RER. If the 
formula and feeding rate are well tolerated, the rate 
should be increased in 25% increments every 4–12 
hours depending on patient response, until full RER is 
successfully reached (Box 41.2). Body weight should be 
assessed at least once daily, and if PN is used for a pro-
longed period without complications and weight loss is 
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solutions have a higher fat concentration than CPN. Fat 
contributes more calories per milliliter than protein and 
carbohydrate, but the osmolarity of the solution is much 
lower. As such, to achieve appropriately low osmolarity 
for PPN while maintaining a reasonable caloric density, 
the proportion of calories from fat must be high 
(approximately 70%). CPN solutions are typically lower 
in fat (approximately 50% on a calorie basis).

Composition of the solution

PN solutions are composed primarily of three base ele-
ments: amino acid solution, fat emulsion solution, and 
dextrose solution. The most commonly used amino acid 
solutions have a concentration of 8.5% and include all 
amino acids required by dogs and cats except for taurine. 
Lipid emulsion products are primarily composed of 
long chain polyunsaturated fatty acids from plant oils. 
This ingredient is iso-osmolar and can be used in high 
concentrations in PN while contributing little to the 
osmolarity of the overall solution. Dextrose solutions 
are 5% or 50% concentration products typically found 
in veterinary pharmacies.

In most cases additives providing electrolytes, B vita-
mins, and trace minerals are also included in the PN 
formulation. The inclusion of B vitamins in particular 
is important. With the exception of a small amount of 
vitamin B12 (cobalamin) in the liver, there is no storage 
of B vitamins in the body. These are important nutrients 
for metabolism and efficient use of energy, protein, fat, 
and glucose. Further, B vitamins can be lost in the urine 
due to their water-soluble nature; this is an important 
consideration for patients with polyuria secondary to 
their underlying disease or due to parenteral fluid 
administration. Other micronutrients are also critical, 
and some amino acid solutions include electrolytes; 
however, many clinicians prefer to adjust these more 
precisely for individual patients by using additives such 
as potassium phosphate, potassium chloride, magne-
sium sulfate, and sodium chloride. Any of these can be 
added to the PN solution or to a crystalloid fluid solu-
tion. Other components and additives such as medica-
tions should not be introduced into the PN solution 
unless compatibility can be assured to avoid adverse 
effects; appropriate resources should be carefully 
consulted.24

Formulations can also be customized in other ways, 
with modification of the energy distribution of the solu-
tion the most common. Specific patient needs can  
be accommodated by adjusting the proportions of calo-
ries coming from protein, fat, and carbohydrate. For 
example, low-carbohydrate solutions may be useful for 
patients with compromised pulmonary function and 

noted, slowly increasing the rate by 10%–20% incre-
ments is reasonable.

Central and peripheral nutrition

Parenteral nutrition is often called “total” (“TPN”) or 
“partial” (“PPN”). The terms TPN and PPN refer to the 
completeness of the diet with respect to required nutri-
ents or calories. In human medicine, PN is often used 
for prolonged periods, and the solutions include all 
required nutrients, including trace elements. In contrast, 
in veterinary patients, PN is most often used on a short-
term basis as a bridge to enteral feeding or voluntary 
intake. The average length of PN administration in vet-
erinary patients is between 3 and 5 days.17–20 Further, 
parenteral veterinary formulations do not typically 
include the full complement of required nutrients. As 
such, the nomenclature is more accurate in reference to 
the route of administration, with central parenteral 
nutrition (CPN) being administered through catheters 
that terminate in the caudal or cranial vena cava, and 
peripheral parenteral nutrition (PPN) being adminis-
tered through standard short catheters that terminate in 
peripheral vessels.

Both types of PN are appropriate for delivery of full 
caloric requirements, despite differences in maximum 
osmolarity (Box 41.3). Peripherally administered solu-
tions such as PPN should not exceed a maximum of 
750 mOsm/L to reduce the risk of phlebitis; however, 
other characteristics of the formula and its administra-
tion (especially pH and flow rate) as well as patient 
factors contribute to phlebitis risk as well. In contrast, 
CPN formulas should not exceed 1400 mOsm/L because 
delivery into a large high-volume and high-flow vessel 
results in rapid dilution of the solution. Full caloric 
requirements may be delivered using PPN because PPN 

Box 41.3  General characteristics of central and peripheral 
PN

Central PN Peripheral PN

Catheter termination In vena cava In peripheral vessel

Osmolarity <1400/L <750/L

Energy density 1.0–1.4 kcal/mL 0.7–1.0 kcal/mL

Fat content ∼50% of calories ∼70% of calories

Delivery of energy 
requirement

Yes Yes
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deliver a quality product, the solution must remain both 
stable and sterile. Because several ingredient compo-
nents are added to the solution, multiple needlesticks are 
used, and contamination is possible. Further, the solu-
tion itself is a good medium for bacterial growth. The 
stability of the solution may be impacted not only by 
microbial contamination but also by storage or trans-
port conditions. Many nutrients are sensitive to tem-
perature, light, and oxygen (see Box 41.4). Degradation 
or destruction of the solution constituents is possible, in 
addition to modification of nutrients, as in the case of 
fatty acid oxidation.

Solution stability may also be impacted due to mixing 
procedures. Some components of PN solutions may 
interact with others, or react with additives, which may 
result in instability of the product. For example, the 
dextrose and amino acid components should be mixed 
to allow for pH equilibrium and dilution of cations 
prior to adding the lipid solution. Alternatively, all  
three components can be added simultaneously, with 
gentle agitation to ensure proper homogeneity of the 
solution. Care should be taken to avoid the mixing of 

hypercapnia, and low-protein solutions are used for 
patients with hepatic encephalopathy or renal disease. 
For some patients with severe hepatic disease, fat may 
be poorly tolerated. Provided that blood lipid clearance 
is normal, parenteral fat infusions are generally safe for 
patients with pancreatitis because exocrine pancreatic 
stimulation results from nutrients in the small intestine. 
To some extent, the osmolarity and energy density of the 
solution can also be adjusted to address issues such as 
phlebitis or volume intolerance.

Compounding PN solutions

Aseptic procedures (see Fig. 41.1) are required for safe 
compounding of PN solutions (Protocol 41.1). To 

Protocol 41.1  Protocol for building PN

Items Required
•  Isolation chamber or laminar-flow hood (see Fig. 41.1)
•  Empty intravenous (IV) solution bags with attached 

transfer tubing set and tubing clamps
•  Alcohol swabs for cleansing injection ports
•  Needles and syringes for additives
•  Amino acid solution, lipid emulsion solution, dextrose 

solution, vitamin B complex, electrolyte additives 
(potassium chloride or potassium phosphate, magnesium 
sulfate)

•  Sterile gloves

Procedure
1.  Gather supplies.
2.  Always use sterile technique.
3.  Perform hand hygiene and don sterile gloves.
4.  Assemble all necessary components and supplies in the 

chamber or hood (see Fig. 41.4).
5.  Hang the dextrose and amino acid solutions, swab the 

ports, and connect the tubing from the empty IV bag to 
each container.

6.  Open the tubing to mix the specified volumes of 
dextrose and amino acid solution in the empty bag, 
and then add the lipid emulsion (or add all three 
simultaneously with gentle agitation to ensure 
thorough mixing; do not mix dextrose and lipid 
together).

7.  Clamp and remove the transfer tubing from the IV 
solution bag.

8.  Add any desired additives (potassium phosphate or 
potassium chloride, B vitamin complex).

9.  Limit needlesticks as much as possible.
10.  If solution will not be used immediately, omit the 

additives for refrigerated storage and add them just 
prior to use.

Box 41.4  Sensitivity factors associated with PN solutions

•  Microbial contamination
•  Temperature
•  pH
•  Light
•  Oxygen exposure
•  Continuous agitation of solution
•  Lipid emulsion stability

Figure 41.1 To avoid contamination, parenteral nutrition solu-
tions should be mixed in a sterile environment such as an isola-
tion chamber or laminar-flow hood.
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erinary practices, the feasibility of compliance is chal-
lenging if not impossible. As such, options for in-house 
preparation are limited. Large practices or academic 
institutions typically use isolation chambers or laminar-
flow hoods for hand mixing or automatic compounding 
machines to mix parenteral solutions. Automatic com-
pounders reduce human error, increase efficiency, and 
improve accuracy of the measurements of each compo-
nent, but these are not cost effective for most veterinary 
practices. However, many human home health care 
pharmacies and hospitals can provide parenteral mix-
tures for use in almost any veterinary practice. A pre-
scription can be submitted that specifies the type and 
amounts of lipid solution, amino acid solution, dextrose 
solution, and vitamins and/or electrolytes to be used to 
create an appropriate parenteral solution. The product 
can be sent the same day or overnight to the veterinary 
practice, making this option economical and practical in 
most settings.

Maintenance of the infusion and catheter

Peripherally inserted central catheters (PICC lines) are 
often used in veterinary patients for the administration 
of CPN; these are inserted in the limbs but are long 
enough to terminate in the caudal or cranial vena cava. 
PICC lines in the limbs of veterinary patients may be 
more difficult to keep clean compared with those in 
other locations, especially if the bandaging is likely to be 
exposed to urine, diarrhea, or vomit. Shorter CPN cath-
eters inserted into the jugular vein and that terminate in 
the cranial vena cava are also common; these typically 
have multiple lumens so that a dedicated line is possible. 
Dedicated lines are recommended for PN administra-
tion to avoid incompatibility issues with other infused 
substances, minimize contamination, and maintain line 
integrity.

Catheters intended for PN infusion use should be 
placed aseptically, using standard techniques for skin 
preparation including shaving and proper cleansing. 
Procedures should also include the use of appropriate 
barriers (drapes, gloves) as well as proper handling of  
all equipment (see Chapter 4 for information regarding 
proper techniques for catheterization of the venous 
compartment). Catheter maintenance during the  
infusion period should follow accepted protocols for 
cleansing and bandaging to avoid contamination and 
infection (see Chapter 55 for information about care of 
indwelling device insertion sites). The insertion site 
should be visually inspected for signs of inflammation 
and cleansed every 12–24 hours. Catheter removal may 
be necessary if swelling, redness, or discharge is present, 

dextrose and lipid solutions together. The amino acid 
solution will buffer the low pH of the dextrose solution 
and protect the lipid component, which is sensitive  
to excessive acidity as well as higher concentrations  
of reactive cations such as ionized calcium and 
magnesium.

PN solutions without electrolyte or micronutrient 
additives can be premade and stored in the refrigerator 
for convenience, with the addition of a vitamin B 
complex injection to the solution just before beginning 
the infusion. Premade bags without additives may be 
stable for up to 28 days when stored at refrigerated tem-
perature.25 If the lipid becomes unstable (referred to as 
“breaking” or “oiling out”), visible separation, yellow 
streaking, and/or precipitation of particulate matter can 
be noted in the solution. PN solutions should always be 
visually examined prior to infusion and at regular inter-
vals thereafter to assess for breaking and other stability 
problems. If signs of instability (see Box 41.5) are noted, 
the animal is at risk of adverse events related to lipid 
emboli, and the solution should be discontinued and 
discarded.

There are currently no formal practice guidelines 
regarding the use of PN from the American Veterinary 
Medical Association or many state veterinary medical 
boards. However, as of 2004 the United States Pharma-
copeia (USP) Chapter 797 is enforceable by the U.S. 
Food and Drug Administration and has been adopted 
by most state pharmacy boards.26 This statute describes 
the procedures and requirements for compounding 
sterile preparations and applies to all settings, veterinary 
or otherwise. The stringency of enforcement may vary; 
however, these procedures and guidelines should be fol-
lowed in all veterinary practices and pharmacies to 
ensure patient safety.

Among other restrictions and guidelines, USP Chapter 
797 guidelines specify the use of a clean room or isola-
tion chamber (such as a laminar-flow hood) to prepare 
sterile parenteral products (see Fig. 41.1). For most vet-

Box 41.5  Signs of lipid instability indicating an unsafe PN 
solution

•  Any change in visual texture
•  Any change in color of solution
•  Yellow steaks in solution
•  Visible oil layer in solution
•  Appearance of particulate matter in solution
•  Any loss of appearance of homogeneity of solution
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and the catheter tip should be cultured whenever infec-
tion is suspected.

Due to the sensitivity of some nutrients to ultraviolet 
light, the solution bag and infusion lines should be kept 
covered (Fig. 41.2). Amino acids and B vitamins are 
most susceptible to such degradation. In fact, PN  
solutions without electrolyte or micronutrient additives 
can be premade and stored in the refrigerator for  
convenience, and they may be stable for up to 28 days.25 
After the addition of B vitamins and gentle mixing of 
the solution, the solution is stable at room temperature 
during the infusion period for at least 48 hours; continu-
ous agitation is not recommended.27 The bag should be 
labeled with the date and time it was hung to ensure that 
it is discarded after 48 hours along with the entire infu-
sion tubing set (Fig. 41.3). Once the infusion has started, 
any disconnection of the line should be prevented to 
maintain sterility. In all cases this means that the bag and 
line must accompany the patient on walks outside, trips 
to undergo diagnostic procedures, and to visits with 
owners. If the line is disconnected anywhere between the 
bag and the patient’s intravenous catheter, the adminis-
tration set and solution are no longer considered sterile 
and must be discarded.

Contraindications and Complications

PN should be used cautiously in patients that are volume 
intolerant. The energy density of the solution is the 
primary determinant in the infusion rate; if the rate 
must be decreased to address volume intolerance, full 
RER may not be delivered. Regardless, the provision of 
partial energy requirements is preferable to none. 
Patients with vasculitis or that are septic or hypercoagu-

Figure 41.2 The infusion line for parenteral nutrition solutions 
should be covered to avoid light exposure and potential degrada-
tion of nutrients.

Figure 41.3 Parenteral  nutrition  solutions  should  be  labeled 
with the date they are mixed.

Figure 41.4 Assemble all needed supplies prior  to mixing  the 
parenteral nutrition solution.

lable are not ideal candidates for PN. If PN is instituted 
is such a patient, additional monitoring and precautions 
may be necessary to reduce complications. All patients 
should be monitored for metabolic, mechanical, and 
septic complications (Box 41.6).



Parenteral Nutrition  519

volume and specifications of the individual compo-
nents. Once the composition of the solution has been 
confirmed, measures can be taken to reduce adverse 
effects. In all cases the infusion rate should be decreased 
or the infusion discontinued if the adverse effect is 
severe. In some cases, insulin can be used to control 
hyperglycemia, and heparin can be used to induce lipo-
protein lipase, which increases peripheral uptake of 
lipids to address hyperlipidemia.

Refeeding Syndrome

Another potential metabolic complication is refeeding 
syndrome, which can be seen in any animal fed enterally 
or parenterally after a period of reduced food intake. 
The syndrome is characterized by hypophosphatemia, 
hypokalemia, hypomagnesemia, thiamin deficiency, and 
fluid imbalances (Box 41.8). These aberrations occur as 
a result of insulin release in response to parenterally or 
enterally administered calories. During starvation and 
critical illness, reserves of metabolically important com-
pounds are depleted, and the main energy sources are 
fatty acids, ketone bodies, and amino acids. Despite 
normal serum concentrations, the whole-body pool of 
nutrients such as phosphorus, potassium, magnesium, 
and thiamin is significantly reduced. When calories are 
delivered by any route, especially in the form of glucose, 
the pancreas responds by releasing insulin, and there  
is a subsequent sudden shift in the substrates used  
for energy production as glucose becomes abruptly 
available.

Metabolic Complications

Commonly Reported Metabolic Complications

Metabolic complications are commonly recognized in 
veterinary patients, amounting up to 70% of total 
recorded complications associated with PN in dogs in 
one study.18 Hyperglycemia is a common metabolic 
abnormality in dogs and cats receiving PN.17–20,28 This 
has been associated with poor outcome in cats in one 
study,20 but no association with mortality in either dogs 
or cats has been found in other studies.19,28 Critically ill 
cats show abnormalities in carbohydrate metabolism 
associated with hyperglycemia, hyperlactatemia, and 
hypoinsulinemia,29 which may contribute to intolerance 
of dextrose-containing infusions of PN. Indeed, one 
study documented hyperglycemia in a significant 
number of critically ill cats (55%) and dogs (26%) prior 
to PN administration.28 Despite the consistently high 
incidence of hyperglycemia reported in veterinary 
patients both prior to and during PN infusion, the 
importance of this remains unclear.

Intolerance of PN

Patients that do not appear to tolerate PN (Box 41.7)due 
to hyperlipidemia, hyperglycemia, or hyperammonemia 
should be assessed for new or progressing underlying 
conditions; however, the first steps should include con-
firmation of proper formulation and mixing of the solu-
tion because any errors may result in a drastically 
different nutritional profile than intended. The formula-
tion calculations should be rechecked, as well as the 

Box 41.6  Examples of complications associated with PN 
administration

•  Mechanical
  Catheter dysfunction (dislodgement, occlusion, kinking)
  Disconnection or leakage of the infusion line
  Inadvertent removal by the patient
  Equipment failure (pump dysfunction, etc)

•  Septic
  Inflamed catheter insertion site
  Fever
  Elevated white blood cell count
  Positive culture of blood or catheter

•  Metabolic
  Abnormalities in serum biochemical values 

(hyperglycemia, hyperbicarbonatemia, etc.)
  Lipemic serum (or elevated serum triglyceride 

concentration)
  Refeeding syndrome

Box 41.7  Signs of parenteral nutrition intolerance

•  Hyperglycemia
•  Hyperammonemia
•  Hyperlipidemia
•  Fluid overload

Box 41.8  Signs of refeeding syndrome

•  Hypophosphatemia
•  Hypokalemia
•  Hypomagnesemia
•  Thiamin deficiency
•  Fluid imbalance
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Mechanical Complications
Mechanical complications include catheter dysfunction 
(dislodgement, occlusion, kinking), disconnections in 
the infusion line, and inadvertent catheter removal by 
the patient. Such situations occur in patients receiving 
PN from 9% to 26% of the time.18–20 Preventing patient 
access to the catheter site, maintaining appropriate ban-
daging, and instituting procedures to maintain line 
integrity during patient care can help reduce the inci-
dence of mechanical complications. Although infusion 
line obstructions are not commonly encountered, 
administration sets are available that include inline 
filters. Occlusions may be due to coalescing fat globules 
that would indicate an unstable or broken solution. The 
PN solution should be carefully inspected in the event 
of an occlusion because significant adverse effects may 
occur if a broken lipid solution is used.

Septic Complications
Due to the nature of the parenteral solution and the 
need for direct intravenous access, patients receiving  
PN are at higher risk of infectious complications. 
However, septic complication rates in clinical canine and 
feline patients receiving PN solutions range from 0% to  
8%.17–20,28 These rates are lower than reported in human 
medicine30–31 and may be due to attention to proper 
catheter placement and maintenance and sterile solu-
tion preparation as well as the short duration of most 
infusions. All patients receiving PN solutions should be 
monitored for catheter insertion site infection, fever, and 
leukogram abnormalities. If catheter-related sepsis is 
suspected, the catheter should be removed and cultured 
to institute appropriate antimicrobial therapy.

Conclusion

PN can be a useful modality for providing nutritional 
support to critically ill patients unable to tolerate enteral 
feeding. Proper formulation, compounding, adminis-
tration, and patient monitoring are necessary to ensure 
the delivery of a safe and effective product. Metabolic 
complications are the most frequently documented 
adverse effects; septic complications are uncommon. PN 
nutrition can be safely and effectively used in most 24-
hour veterinary practice settings (Box 41.9).

Summary

• Critically ill patients are often malnourished or are 
consuming inadequate diets.

The subsequent binding of insulin to receptors in 
peripheral tissues causes a phosphorylation cascade to 
occur intracellularly. This in addition to the upregula-
tion of glycolysis and subsequent production of adenos-
ine triphosphate (ATP; the main energy source for 
cellular functions) creates a sink such that phosphorus 
moves intracellularly, depleting the extracellular 
(plasma) compartment, which can result in clinical signs 
of phosphorus deficiency, including hemolysis and 
anemia.

Insulin also promotes a dramatic influx of potassium 
from the extracellular to the intracellular compart-
ment. This can result in clinically significant hypo-
kalemia manifested by hypotension, neuromuscular 
dysfunction including weakness and intestinal ileus, 
cardiac arrhythmias, and arrest. Likewise, magnesium  
is an important cofactor for the first steps in glycolysis, 
so that when glucose is being used to produce ATP,  
there is a sink for magnesium in the intracellular  
space. Deficiency results in cardiac arrhythmias and 
neuromuscular signs and can be documented as a 
decrease in serum ionized magnesium concentration. 
Hypokalemia may be refractory to treatment with  
parenteral supplementation unless adequate magne-
sium concentrations are restored because magnesium 
closes passive potassium channels in cellular mem-
branes. Lastly, thiamin is important for the metabo-
lism and use of carbohydrates for energy, and many 
patients may have suboptimal thiamin status from 
decreased intake and/or increased loss. When demand 
increases during refeeding, subclinical or clinical  
thiamin deficiency may result, including severe neuro-
logic abnormalities.

Unlike in humans, refeeding syndrome appears to  
be uncommon in dogs and cats, and it causes mild to 
moderate adverse events in veterinary patients. Regard-
less, in some cases the problem can result in catastrophic 
complications. Monitoring for such occurrences is cost 
effective and easily accomplished. Patients with preexist-
ing metabolic derangements such as diabetic ketoacido-
sis or those with a prolonged history of malnourishment 
may be at higher risk and should be assessed closely for 
clinical signs of refeeding syndrome. In such cases, rein-
troduction of either enteral or parenteral nutrition 
should be done conservatively, with very gradual 
increases in the amount provided to assess tolerance and 
address any potential problems very early (no more than 
25% of RER for at least 6–8 hours, in my opinion). Cor-
rection of these issues is not costly or difficult, and it 
undoubtedly improves outcome and reduces morbidity 
and mortality associated with a useful treatment 
modality.
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• When enteral feeding is impossible or impractical, 
provision of nutritional support via the parenteral 
route is indicated.

• Parenteral feeding is an excellent option for providing 
adequate amounts of energy to patients with a wide 
range of needs.

• Parenteral feeding can be easily utilized in most 
practice settings, assuming 24-hour monitoring is 
available.
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Box 41.9  Summary

•  Critically ill patients are often malnourished or are 
consuming inadequate diets.

•  When enteral feeding is impossible or impractical, 
provision of nutritional support via the parenteral route is 
indicated.

•  Parenteral feeding is an excellent option for providing 
adequate amounts of energy to patients with a wide 
range of needs.
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42
Pain recognition and management

Chiara Valtolina and Robert Goggs

Accurate recognition and effective management of pain 
are vital to veterinary critical care. Optimal pain control 
depends on a sound understanding of the physiology of 
nociception, an ability to recognize pain behaviors, dili-
gent and thorough pain assessment, and an understand-
ing of the principles of multimodal therapy. We must 
also be cognizant of potential analgesic-related adverse 
effects in order to recognize and manage them 
appropriately.

Nociceptive physiology

The International Association for the Study of Pain 
(IASP) defines pain as an unpleasant sensory and emo-
tional experience associated with actual or potential 
tissue damage or described in terms of such damage (see 
Table 42.1).1 By contrast, nociception refers to the 
unconscious activity induced by a noxious stimulus in 
specialized receptors, peripheral nerves, and the central 
nervous system and must not be confused with pain, 
which is a conscious experience. Nociception typically 
but not universally causes pain, and pain can occur 
without nociception.

Pain may be classified as physiologic or pathologic. 
Nociceptive or physiologic pain arises from noxious 
stimuli associated with the risk of tissue injury. Physi-
ologic pain is proportional to stimulus intensity, tran-
sient, and characterized by a high stimulus threshold 
and narrow localization. Physiologic pain is protective 
because it induces withdrawal reflexes and avoidance 
responses but is rare in a clinical setting.2

In the clinic, noxious stimuli are persistent and per-
petuated by inflammation (inflammatory pain) or nerve 
injury (neuropathic pain). This type of pain is patho-
logic and implies tissue damage has already occurred. 

Pathologic pain is characterized by a low stimulus 
threshold and an exaggerated pain response to noxious 
stimuli (hyperalgesia). Pathologic pain is felt at sites of 
injury (primary hyperalgesia) and in surrounding areas 
(secondary hyperalgesia or extraterritorial pain).3

Pain may also be classified as adaptive or maladap-
tive.4 Adaptive pain encompasses nociceptive and 
inflammatory pain, and it is a normal response to tissue 
damage and confers tissue protection. Inadequate man-
agement of adaptive pain may alter brain and spinal 
cord function leading to maladaptive pain, which does 
not have protective properties and is challenging to 
control. The longer the duration of pain, the more likely 
this switch to maladaptive pain.4 Intense or prolonged 
noxious stimuli can alter nervous system function 
peripherally by decreasing the threshold of nociceptors 
or centrally by increasing the spinal neuron responsive-
ness through altered neuronal gene expression.5

Pathologic pain is pain that ceases to serve a protec-
tive function and becomes maladaptive, degrading 
health and functional capabilities. Pathologic pain may 
be acute or chronic. Acute pain is typified by postopera-
tive pain and that associated with inflammatory disease 
such as pancreatitis. In a study evaluating pain in canine 
and feline emergency admissions to a teaching hospital, 
inflammation was identified as the cause in 70% of 
patients.6 By contrast, chronic pain persists beyond the 
time frame expected for a given disease or injury and 
has been arbitrarily defined as persisting for more than 
3–6 months.1 Chronic pain may arise from sustained 
noxious stimuli due to ongoing inflammation or may be 
independent of tissue injury. More than 200 clinical syn-
dromes are associated with chronic pain including 
cancer, osteoarthritis, and postamputation “phantom 
limb” syndrome.1,2
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Table 42.1 Pain definitions

Type of Pain Definition

Adaptive pain (inflammatory) Spontaneous pain and hypersensitivity to pain in response to tissue damage and 
inflammation. Occurs with tissue trauma, injury, surgery. Causes suffering. Responds to 
treatment.

Adaptive pain (nociceptive) Transient pain in response to a noxious stimulus. Small aches and pains that are relatively 
innocuous and that protect the body from the environment.

Allodynia Pain caused by a stimulus that does not normally result in pain.

Analgesia Absence of pain in response to stimulation that would normally be painful.

Anesthesia Medically induced insensitivity to pain. The procedure may render the patient unconscious 
(general anesthesia) or merely numb a body part (local anesthesia).

Causalgia A syndrome of sustained burning pain, allodynia, and hyperpathia after a traumatic nerve 
lesion, often combined with vasomotor and sudomotor dysfunction and later trophic 
changes.

Distress Acute anxiety or pain.

Dysphoria A state of anxiety or restlessness, often accompanied by vocalization.

Hyperalgesia An increased response to a stimulus that is normally painful.

Hypoalgesia Diminished pain in response to a normally painful stimulus.

Hyperesthesia Increased sensitivity to stimulation, excluding the special senses.

Hyperpathia Painful syndrome characterized by an abnormally painful reaction to a stimulus and an 
increased threshold.

Maladaptive pain (functional) Hypersensitivity to pain resulting from abnormal processing of normal input.

Maladaptive pain (central) Pain initiated or caused by a primary lesion or dysfunction in the CNS. Often called “central 
pain.”

Maladaptive pain (neuropathic) Spontaneous pain and hypersensitivity to pain in association with damage to or a lesion of 
the nervous system.

Multimodal analgesia Use of more than one drug with different actions to produce optimal analgesia.

Neurogenic pain Pain initiated or caused by a primary lesion, dysfunction, or transitory perturbation in the 
peripheral or central nervous system.

Neuropathic pain Pain initiated or caused by a primary lesion or dysfunction in the peripheral or central 
nervous system.

Nociceptor A receptor preferentially sensitive to a noxious stimulus or to a stimulus that would become 
noxious if prolonged.

Nociception Physiologic component of pain consisting of the processes of transduction, transmission, 
and modulation of neural signals generated in response to an external noxious  
stimulus.

Noxious stimulus A noxious stimulus is one that is damaging to normal tissues.

Paresthesia An abnormal sensation, whether spontaneous or evoked.

Pain An unpleasant sensory and emotional experience associated with actual or potential tissue 
damage.

Preemptive analgesia Administration of an analgesic before painful stimulation.

Wind-up pain Heightened sensitivity that results in altered pain thresholds both peripherally  
and centrally.
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Nociception

Nociception involves perception of noxious stimuli at 
the site of injury, transduction into electrical signals, 
transmission of that signal to the spinal cord, signal 
modulation by amplification or inhibition, and finally 
supraspinal conduction and central integration to 
produce a pain experience unique to the individual (see 
Fig. 42.1). This multiple component system of transmis-
sion and integration also permits modulation of noci-
ceptive information. The gate-control theory of pain 
modulation caused a revolution when published in 
1965.7,8 This theory suggests that nociceptive signals 
from the body are modulated by concurrent somatic 
afferent inputs as well as by descending influences from 

Figure 42.1 Schematic diagram of the pathways of physiologic pain sensation. Minimal or non–tissue-damaging stimuli are trans-
duced by thermal, mechanical, and chemical peripheral nociceptors and transmitted to the dorsal horn of the spinal cord by Aδ and C 
fibers that release glutamate, activating dorsal horn neuron receptors that mediate reflex responses and transient pain. The pathways 
of nociception then involve stimulus transduction, transmission, modulation, projection, and perception. Adapted with permission from 
Muir WW 3rd, Woolf CJ. Mechanisms of pain and their therapeutic implications. J Am Vet Med Assoc 2001;219(10):1346–1356.
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the brain. The gate-control theory, although simplistic, 
helps to explain how nociceptive signal propagation 
dependent on multiple synaptic gates can be modulated, 
and it illustrates how the brain may exert descending 
inhibition or facilitation of nociceptive signals.

Peripheral nociception begins with specialized free 
nerve endings (nociceptors) of primary afferent fibers 
located in cutaneous tissues, muscle, and viscera. These 
nociceptors transduce high-threshold stimuli into electri-
cal activity and transmit this information to the spinal 
cord.9,10 Nociceptors encode the localization, intensity, 
and duration of noxious stimuli. Most nociceptors are 
nonselective ion channels gated by temperature, chemical 
ligands, or mechanical shearing forces.4 Once activated, 
the channels permit Na+ and Ca2+ ion influx, producing 
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receptive fields and respond to noxious, mechanical, and 
thermal stimuli via Aδ and C fibers. Wide dynamic range 
and NS fibers define the spatial and temporal qualities 
of pain. NS neurons may be persistently sensitized by 
repetitive noxious stimuli. Wide dynamic range neurons 
exhibit prolonged after-response generated by primary 
afferent input, intensifying and continuing nociceptive 
transmission.9 Wide dynamic range and NS neurons 
project to the reticular formation and thalamus via mul-
tiple parallel pathways, including the spinothalamic 
(STT) and spinocervicothalamic (SCT) tracts and the 
dorsal column.2

Transmission and modulation

Interneuronal transmission in the dorsal horn occurs via 
excitatory and inhibitory amino acid-mediated signal-
ling.12 Glutamate is the principal excitatory synaptic 
neurotransmitter in both the spinal cord and brain. Two 
types of glutamate receptors exist: metabotropic, which 
are G-protein coupled receptors and ionotropic, which 
are ligand-gated ion channels. Three types of ionotropic 
receptor are described: kainate, α-amino-3-hydroxy-5-
methylisoxazole-4-proprionate (AMPA), and N-methyl-
D-aspartate (NMDA) receptors. Glutamate initially 
binds to AMPA receptors inducing ligand-gated sodium 
and calcium channel activation and rapid depolariza-
tion, which then activates NMDA receptors. Normally 
NMDA receptors are blocked by Mg2+ ions, but intense 
stimuli may remove this blockade. This in turns  
allows generation of a greater postsynaptic depolarizing 
response causing pain to remain after the stimulus has 
disappeared. C fibers also release various neuropeptides, 
particularly those of the tachykinin family including 
substance P and the neurokinins. Because these neuro-
peptides are the mediators of pathologic pain, the devel-
opment of neuropeptide antagonists offers the hope of 
improved therapies for chronic pain states.

Nociceptive pathways permeate the medulla, pons, 
mesencephalon, diencephalon, and cerebrum. Modula-
tion of pain responses occurs on four levels: spinal cord 
dorsal horn, the rostroventral medulla (RVM) of the 
brainstem, the periaqueductal grey matter (PAG) in the 
midbrain, and the thalamocortex. The thalamocortical 
system produces both the sensory, discriminative aspects 
of pain and the motivational, behavioral aspects of the 
pain experience. The thalamus integrates the pain expe-
rience with other brain centers. Relay nuclei exist 
between the thalamus; the limbic system (involved in 
behavior and emotion), which includes the amygdala 
(conditioned fear and anxiety); the prefrontal cortex; the 
hypothalamus (sympathetic autonomic activity); and 
the PAG (fight-or-flight behavior, stress-induced analge-
sia).3 The PAG is a key structure in the endogenous 

an inward depolarizing current, which if of sufficient 
magnitude, activates voltage-gated Na+ channels, further 
depolarizing the membrane and initiating bursts of action 
potentials. These are conducted from the periphery to the 
central nervous system (CNS) along primary afferent 
nociceptive fibers.11 Nociceptors, by virtue of their speci-
ficity and threshold, constitute the first and most impor-
tant filter in nociceptive processing.10

Sensory nerve fibers are divided into three groups (see 
Fig. 42.1). Ab fibers are large myelinated sensory fibers 
activated by low-intensity stimuli; these fibers normally 
conduct nonnoxious information (touch, vibration, 
pressure, and rapid movement). Aδ and C fibers are the 
principal nociceptive primary afferents responsible for 
fast and slow pain.9

Aδ fibers are small (1–5 µm in diameter), myelinated, 
rapidly conducting (5–30 ms–1) fibers responsible for the 
sensation of physiologic pain, fast pain, or “first pain,” 
which is sharp, localized, and transient. Aδ fibers have 
small receptive fields and specific high-threshold ion 
channels activated by noxious thermal or mechanical 
input.9 C fibers constitute most of the cutaneous noci-
ceptive innervations, but they are also found extensively 
in muscle and viscera. They are small (0.25–1.5 µm in 
diameter) and unmyelinated with conduction velocities 
of only 0.5–2 ms. Their receptive fields are large com-
pared with those of Aδ fibers. These characteristics con-
tribute to the nature of pathologic pain, slow pain, or 
“second pain,” which is a poorly localized, dull, aching, 
or burning sensation that persists despite termination of 
the noxious stimulus. C fibers are considered polymodal 
because they can be activated by thermal, mechanical, 
or chemical stimuli.

Afferent sensory nerve fibers enter the spinal cord via 
the dorsal nerve root and then separate to innervate 
second-order neurons within the gray matter. Aδ fibers 
terminate in laminae I, II, and IIa, whereas C fibers ter-
minate in laminae II, IIa, and V. Sensory fibers synapse 
first at the level of the dorsal horn of the spinal cord 
where initial integration and modulation of nociceptive 
input occurs. Three principal paths are possible. Primary 
afferents may synapse with local interneurons (excit-
atory or inhibitory) causing modulation, with neurons 
involved in segmental spinal reflexes or with neurons 
that project to supraspinal structures.

Three types of nociceptive neurons project from the 
dorsal horn to supraspinal centers.2 Wide dynamic 
range (WDR) neurons receive innocuous input from 
low-threshold Aβ fibers in addition to nociceptive input 
from Aδ and C fibers. Wide dynamic range neurons 
respond in a graded manner over large receptive fields 
and often receive convergent inputs from visceral and 
nociceptive-specific (NS) neurons. NS neurons involved 
in stimulus localization and discrimination have small 
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in proinflammatory mediator production, which con-
tributes to central sensitization. Furthermore, these cells 
may also play a role in reducing opioid efficacy.15

Importance of pain control

The word pain derives from Greek and Latin words 
meaning punishment or penalty.16 Numerous defini-
tions of pain exist in the human literature where terms 
such as distress, suffering, and stress have been associated 
with pain.17 Distress is an aversive state in which the 
animal is unable to cope effectively and engages in mal-
adaptive behaviors. Suffering is an extremely unpleasant 
enduring emotional response usually associated with 
pain, distress, or helplessness.18 When left untreated, 
pain may have consequences beyond unnecessary  
suffering.19 Pain increases sympathetic tone and causes 
catecholamine release, resulting in tachycardia, vasocon-
striction, decreased gastrointestinal blood flow, and the 
potential for gastrointestinal ulceration, decreased 
bladder tone, and increased muscle tone.2 Pain-induced 
anxiety and fear enhance sympathetic outflow and  
may increase blood viscosity, prolong clotting times,  
and induce fibrinolysis and platelet aggregation.  
Intense vasoconstriction may lead to decreased tissue 
oxygen delivery and shock. Pain-induced tachycardia 
causes an increase in myocardial work and oxygen 
demand, and high levels of catecholamines predispose 
to arrhythmias.

Pain activates the renin-angiotensin-aldosterone system 
and induces the secretion of cortisol, glucagon, antidi-
uretic hormone, growth hormone, and interleukin-1; it 
decreases insulin secretion.2 Increased counterregula-
tory hormone levels generate a catabolic state character-
ized by hyperglycemia, proteolysis, lipolysis, sodium and 
water retention, and decreased glomerular filtration. 
Such catabolism may have direct consequences for the 
immune system, decreasing wound healing and reduc-
ing an individual’s capacity to respond to infection.20 
Pain also reduces appetite, mobility, and leads to post-
operative weight loss. Immobility promotes urine and 
fecal retention.21

An important addition to the definition of pain states 
that “the inability to communicate in no way negates the 
possibility that an individual is experiencing pain and is 
in need of appropriate pain relieving treatment.”22 As 
caregivers we have two important reasons to address 
pain: a moral and ethical obligation toward animals that 
are suffering and cannot speak for themselves, and a 
medical duty to reduce the morbidity and mortality 
associated with pain. The American College of Veteri-
nary Anesthesiologists (ACVA) states that the preven-
tion and treatment of pain is a central guiding principle 
of practice,23 a position embraced by the American 

analgesia system consisting of endorphin- and 
encephalin-containing neurons. Excitatory and inhibi-
tory projections extend from the PAG to the brainstem. 
The RVM integrates and processes ascending nociceptive 
information and modulates descending output. Within 
the RVM, there are unique populations of cells referred 
to as facilitative and inhibitory or on and off cells involved 
in transmission of nociceptive stimuli, nociceptive 
reflexes, and behavioral responses. These cells are critical 
in producing hyperalgesia after peripheral tissue injury 
by maintaining central sensitization. At the level of the 
spinal cord, high concentrations of gamma-aminobutyric 
acid (GABA), glycine, serotonin, and the endogenous 
opioid peptides (encephalin, endorphin) produce inhi-
bition of nociceptive stimulus transmission.

Allodynia

Tissue inflammation may lead to an exaggerated 
response to noxious stimuli (hyperalgesia) or a reduc-
tion in the intensity of the stimulus necessary to induce 
pain (allodynia).3 This sensitization is caused by changes 
in the chemical environment of nociceptor peripheral 
terminals following release of adenosine triphosphate 
(ATP) and H+ and K+ ions from damaged cells at the site 
of injury. Proteases, cyclooxygenase-2, and nitric oxide 
synthase induced by inflammation, together with cyto-
kines, chemokines, serotonin, and histamine produced 
by recruited inflammatory cells, act synergistically to 
lower the threshold for Aδ and C-fiber activation.13 This 
threshold reduction recruits silent nociceptors produc-
ing allodynia.

Central sensitization/”wind-up”

Hypersensitivity also occurs due to dynamic modifica-
tion of the receptive field properties of dorsal horn 
neurons in the spinal cord. Temporal summation and 
cumulative depolarization of dorsal horn neurons causes 
“wind-up,” which is due to NMDA receptor disinhibi-
tion. NMDA stimulation leads to intracellular Ca2+ 
mobilization increasing responsiveness to glutamate.4 
Wind-up increases dorsal horn neuron excitability, 
which in conjunction with decreased spinal cord neuron 
inhibition creates central sensitization. Peripheral sensi-
tization involves sensitized Aδ and C fibers while central 
sensitization allows low-threshold Aβ fibers to induce 
pain by increasing spinal neuron excitability and alter-
ing spinal cord sensory processing.

Glial cells, particularly those in the spinal cord, previ-
ously thought only to provide neuronal support and 
nutrition, are now considered key players in the creation 
and maintenance of pathologic pain states.14 Glial cell 
activation due to nerve trauma or inflammation results 
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ing increased epinephrine, norepinephrine, and cortisol 
concentrations. These physiologic alterations are also 
induced by disease processes other than pain, however, 
making them nonspecific and of limited discriminant 
value.25,33 Physiologic parameters may be of use if inte-
grated into a multifaceted scoring system but have 
limited applicability when used alone.34 In a study com-
paring the use of physiological variables and a subjective 
pain scale to assess pain in dogs after cruciate repair, 
physiologic variables correlated poorly with the subjec-
tive measures of pain.35 Such limited correlations have 
led authors to question the validity of incorporating 
physiologic data into pain scoring systems for veterinary 
patients.35,36

Observational evaluation of animal behavior is an 
essential part of the assessment of pain but is subject to 
limitations. Observers must be familiar with the typical 
behavioral changes associated with pain (see Table 42.2 
and Fig. 42.2). Animals undergoing veterinary examina-
tion in a strange environment may display altered 
behaviors that mask signs of pain. It is essential to gain 
as much information as possible from the primary care-
giver regarding the animal’s normal behavior prior to 
attempting pain assessment because an animal’s charac-
ter and temperament influences its response to pain.37 
Changes in behavior secondary to pain may be difficult 
to distinguish from that due to anxiety. Dogs especially 
may vocalize, whimper, or become agitated when 
anxious, and these signs are not pain specific.37 Attempts 
to assess pain responses are complicated by the high 
degree of variation across species, between patients, and 
within individual patients themselves.

Veterinary Medical Association in 2001.24 “The AVMA 
believes that animal pain and suffering are clinically 
important conditions that adversely affect an animal’s 
quality of life. Drugs, techniques, or husbandry methods 
used to prevent and control pain must be tailored to 
individual animals and should be based, in part, on the 
species, breed, age, procedure performed, degree of 
tissue trauma, individual behavioral characteristics, 
degree of pain and health status.”

Pain recognition

Effective pain management can only be achieved if pain 
can be accurately and consistently assessed to enable 
evaluation of therapeutic response. Pain is considered an 
individual experience, and the way this experience trans-
lates into observable and measurable behavior depends 
on numerous factors. Animals are unable to describe 
their pain as humans do, so the potential for observer 
bias is inherent in any attempt to measure pain in 
animals.25

The assessment and treatment of pain is greatly influ-
enced by knowledge of the specific animal’s normal 
behavior, of normal species behavior, and the caregiver’s 
observational skills and attitude toward pain.25 It is 
widely recognized that differences in attitude toward 
pain and analgesia exist within the veterinary 
profession.26–29 These differences appear primarily due 
to gender and age, with female veterinarians and those 
recently graduated being more proactive in the evalua-
tion and management of pain.27

The difficulties inherent in assessing pain in animals 
may result in analgesia being withheld inappropriately. 
Patients may not demonstrate expected signs of pain, or 
assessment may fail to identify these signs. Such prob-
lems have been cited by various studies as a major cause 
of veterinarians withholding analgesia.30,31 Conversely, 
analgesia may be administered unnecessarily based on 
an anthropomorphic evaluation of the animal’s condi-
tion, a scenario that increases the likelihood of adverse 
drug reactions.

In human medicine, despite most patients being able 
to report their pain verbally, the ideal method of pain 
assessment remains unidentified. Recently the Joint 
Commission on Accreditation of Healthcare Organiza-
tions (JCAHO) adopted pain as the fifth vital sign (after 
heart rate, respiratory rate, temperature, and blood pres-
sure), which should be assessed by all clinicians.32 In 
veterinary medicine, in which our patients are unable to 
report pain verbally, physiologic and behavioral 
responses form the basis for pain scoring scales.

Physiologic responses to pain include tachycardia, 
tachypnea, hypertension, pyrexia, and mydriasis, reflect-

Figure 42.2 A young canine patient in the ICU at Utrecht Uni-
versity with abdominal pain demonstrating a characteristic 
“prayer” position. This abnormal posture is far more common in 
dogs than in cats, which tend to adopt a hunched posture or 
become recumbent and reluctant to move.
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Table 42.2 General and species-specific behavioral manifestations of pain

Aspect of Behavior General

Temperament A change in temperament becoming aggressive or withdrawn. Aggression in response 
to forceful movement of painful area. Insomnia.

Vocalization Vocalization in response to palpation or movement of painful area.

Posture, locomotion Guarding of the painful area. Severe abdominal pain may result in hunched posture, 
prayer position, falling and/or rolling. Reluctance to lie down. Trembling; increased 
muscle tension.

Facial expression Dull eyes, “staring into space,” drooping ears.

Grooming Decrease of normal grooming, unkempt hair coat. Piloerection. Licking, kicking, biting, 
or scratching painful area. Self-mutilation if pain is severe.

Activity level Restlessness or overall decrease in activity level. Failure to use litter box; increased or 
decreased urination.

Food and water consumption Decreased.

Aspect of Behavior Species Specific

Cats Vocalization is rare. Hissing or growling when approached or handled. Tendency to hide 
in enclosed space. Tendency to hide painful body parts. Decreased activity, lack of 
grooming, hunched posture, dissociation from the environment and lack of interaction 
with severe pain. Aggression if approached or when painful area is manipulated.

Dogs Attention seeking, whimpering, whining, and howling. Vocalization often stops when animal 
is comforted. Hunched or “prayer” posture with abdominal pain. Shivering, panting.

Critically ill animals may be unable to display classical 
signs of pain (see Table 42.2) despite being painful. Crit-
ically ill animals may be obtunded, stuporous, or immo-
bile and unable to shift position in response to noxious 
stimuli. They may not vocalize as otherwise healthy 
animals would.21 Caregivers must be aware of the poten-
tial for underrecognition of pain causing inadequate 
analgesia provision in our sickest patients who may be 
in greatest need. The absence of perceptible behavioral 
displays associated with trauma or illness may be a 
factor in undertreatment.

Numerous pain assessment scales have been devel-
oped for humans, including the simple descriptive scale 
(SDS), visual analog scale (VAS), numerical ratings scale 
(NRS), and the multifactorial pain scale. All have been 
used and adapted for veterinary patients with variable 
clinical utility. The number and diversity of pain scales 
in use demonstrates there are deficiencies in each and 
suggests that none has been universally adopted. In 
addition, scales used to evaluate pain in the acute setting 
may be less useful in the assessment of chronic pain.

The simple descriptive scale consists of a number of 
written statements describing various levels of pain. Each 
expression is assigned a pain score value. Such scales have 
been used both for people and for veterinary patients. 

Although simple to use, these scales lack sensitivity 
because of the small number of categories involved.33

The visual analog scale is a continuous scale designed 
to allow observers to make a subjective overall judgment 
about an individual’s pain, and because of their simplic-
ity, they can be used for any species. The VAS consists of 
a 100-mm line, anchored by the descriptor No pain at 
one end with Unbearable pain, Excruciating pain, or 
Worst pain possible at the opposite end, and it is often 
combined with concurrent visual analog sedation score 
(see Fig. 42.3). After watching the animal for a period of 
time, the observer marks the line according to his or her 
perception of the degree of pain. The distance in milli-
meters from 0 to the point of intersection is the VAS pain 
score. The VAS avoids the need for descriptive terms or 

Figure 42.3 Visual analog scales (VAS) for pain and sedation. 
Observers mark the lines according to their perception of the 
degree of pain and sedation. The distance in millimeters from 0 
to the point of intersection is the VAS score.

Worst pain
possible

Comatose

No
pain

Alert
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Teaching Hospital Pain Score for Cats and Dogs is 
based on eight categories of behavioral and physiologic 
signs.42 Comfort, movement, appearance, unprovoked 
behavior, interactive behavior, vocalization, heart rate, 
and respiratory rate are assessed. Each category is 
assigned a score of 0–4 according to predefined criteria. 
The total score is the sum of the category scores. Unfor-
tunately, the detailed rationale for the selection of these 
categories is obscure, which has limited its use by other 
researchers working in this field.

The Glasgow Composite Measure Pain Scale 
(GCMPS) designed using psychometric principles (reli-
ability, validity, standardization, freedom from bias) has 
recently been validated for assessing acute pain in 
dogs.43–45 The GCMPS is a behavior-based system based 
on a structured questionnaire that includes clinical 
observation, assessment of spontaneous and evoked 
behavior, and animal–observer interaction. The ques-
tionnaire is structured around seven categories: posture, 
activity, vocalization, attention to wound/painful area, 
demeanor, mobility, and response to touch. To standard-
ize scoring by multiple observers, each category contains 
descriptors from which those best matching the dog’s 
behavior are selected (see Table 42.3). Recently a rapid, 
easy-to-use short form (GCMPS-SF) was developed to 
facilitate use in a busy clinical setting (see Fig. 42.4).46

Assessment of pain in cats can be extremely challenging 
because behavioral manifestations may be subtle or non-
existent.47,48 Optimal assessment of pain in cats will 
require development and validation of behavior-based 
multidimensional pain measurement tools. Observation 
of behavior remains the best means of assessing the degree 
of pain in feline patients (see Fig. 42.5).49 A VAS that 
includes physical interaction called the dynamic and 
interactive visual analogue scale (DIVAS) has been used 
in cats by several groups to improve sensitivity.50,51 Most 
information can be acquired if the animal is observed first 
from a distance, its response to a person’s approach 
assessed, and finally its response to physical interactions 
such as stroking or palpation evaluated. Wound sensitiv-
ity and response to palpation correlates well with VAS 
scoring in cats. Manipulation of the affected area appears 
to be of value in feline pain evaluation.48

Future directions in the field of pain assessment may 
involve computerized behavior and activity monitoring.41 
Such systems have not been clinically validated, however. 
For now a combination of systems may provide the best 
all-round pain assessment method for clinical use.

Multimodal analgesia

Multimodal analgesia is an approach to pain relief pro-
vision that involves the use of multiple drug types or 

for pain to be directly assigned a number. In people, pain 
scores produced by VAS when used by competent and 
trained personnel are both reproducible and sensitive. 
The limitations of the VAS are inherent in the subjective 
nature of this type of system producing significant 
interobserver variability.38 Independent assessors may 
interpret the upper delimiter differently, and VAS scores 
may be excessively influenced by easily detectible signs 
of pain. VAS sensitivity may be increased by using Worst 
pain possible for this condition/procedure as the upper 
delimiter, but this requires clinical judgment and a 
degree of anthropomorphism.35,39

Numerical rating scales consist of multiple categories 
with numerical scores used to evaluate patient behavior. 
Physiologic parameters, typically changes in heart rate, 
respiratory rate, or temperature by 120% of baseline 
values, may be included. NRS assume that a change of 
score from 1 to 2 is equivalent to a change from 2 to 3 
and that this correlates with a more painful experience. 
The categories themselves are not weighted and are 
assigned equal importance to the overall score, which may 
be inaccurate. NRS descriptors also lack specificity.39

Unfortunately, SDS, VAS, and NRS may all be unreli-
able in assessing acute pain in dogs in a hospital setting 
because they are all unidimensional: They measure only 
the intensity of pain rather than also encompassing its 
sensory and affective (behavioral) qualities. Pain may be 
aching, burning, stabbing or stinging—all sensory quali-
ties that affect the way pain is perceived and are inde-
pendent of intensity. Similarly, pain has affective or 
behavioral qualities because it is often accompanied by 
desires to terminate, reduce, or escape its presence. Pain 
is unpleasant and typically causes behavioral changes 
designed to ameliorate the experience.

Attempts have been made to overcome this unidimen-
sional limitation by refining the assessed behavioral char-
acteristics and including more objective physiologic data. 
The Melbourne Pain Scale (MPS) developed in the late 
1990s consists of six broad categories divided into levels 
with associated scores.40 The maximum possible score 
using this scale is 27. The MPS represents a refinement of 
the scales previously described but also has limitations. 
Again, significant interobserver variability occurs and the 
MPS is insensitive to nonovert behavioral displays as 
demonstrated by the example of a quiet, depressed, 
immobile, inappetent amputee suggested by Hansen.41

The need to assess the intensity, sensory, and motiva-
tional or behavioral aspects of pain formed the basis for 
the development of multifactorial pain scales (MFPS) 
or composite measure pain scales (CMPS), which 
provide better interobserver repeatability. Two compos-
ite pain scales have been described in veterinary medi-
cine. The Colorado State University Veterinary 



Table 42.3 Descriptive terms for the Glasgow Pain Scale

Category Descriptor Definition

Posture Normal
Tense

Hunched

Rigid

Animal may be in any position, appears comfortable, muscles relaxed.
Animal appears frightened or reluctant to move, overall impression of tight 
muscles; animal can be in any body position.
When animal is standing, its back forms a convex shape with abdomen 
tucked up, or, back in a concave shape with shoulders and front legs lower 
than hips.
Animal lying in lateral recumbency, legs extended or partially extended in a 
fixed position.

Activity Comfortable

Restless

Animal resting and relaxed, no avoidance or abnormal body position 
evident, or settled, remains in same body position, at ease.
Moving bodily position, circling, pacing, shifting body parts, unsettled.

Vocalization Whimpering
Crying
Groaning
Screaming

Often quiet, short, high-pitched sound, frequently closed mouth (whining).
Extension of the whimpering noise, louder and with open mouth.
Low moaning or grunting deep sound, intermittent.
Continual high pitched noise, inconsolable, mouth wide open.

Attention to 
wound area

Ignoring
Rubbing
Looking
Licking
Chewing

Paying no attention to wound area.
Using paw or kennel to stroke wound area.
Turning head in direction of area of wound.
Using tongue to stroke area of wound.
Using mouth and teeth on wound area, pulling stitches.

Demeanor Bouncy
Content

Quiet
Nervous
Anxious
Fearful
Indifferent
Disinterested
Depressed
Aggressive

Tail wagging, jumping in kennel, often vocalizing with a happy and excited noise.
Interested in surroundings, positive interaction with observer, responsive 
and alert.
Sitting or lying still, no noise; will look when spoken to but not respond.
Eyes in continual movement, often head and body movement, jumpy.
Worried expression, eyes wide with white showing, wrinkled forehead.
Cowering away, guarding body and head.
Not responsive to surroundings or observer.
Cannot be stimulated to wag tail or interact with observer.
Dull demeanor, not responsive, shows reluctance to interact.
Mouth open or lip curled showing teeth, snarling, growling, snapping, or 
barking.

Mobility Normal
Lame
Reluctant to rise or sit
Slow to rise or sit
Stiff

Gets up and lies down with no alteration from normal.
Irregular gait, uneven weightbearing when walking.
Needs encouragement to get up or sit down.
Slow to get up or sit down but not stilted in movement.
Stilted gait, slow to rise or sit, may be reluctant to move.

Response to 
touch

None
Guard

Growl
Snap
Flinch

Cry

Accepts firm pressure on wound with no reaction.
Pulls painful area away from stimulus or tenses local muscles in order to 
protect from stimulus.
Emits a low prolonged warning sound before or in response to touch.
Tries to bite observer before or in response to touch.
Painful area is quickly moved away from stimulus either before or in 
response to touch.
A short vocal response; looks at area and opens mouth, emits a brief sound.

Source: Modified with permission from Holton L, Reid J, Scott E, Pawson P, Nolan A. Development of a behaviour-based scale to 
measure acute pain in dogs. Vet Rec 2001;148(17): 525–531.
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using opioids in combination with nonsteroidal agents 
or with acetaminophen.

Timing of analgesic administration

The optimum definition of preemptive analgesia is dis-
puted, although the pathophysiologic premise is straight-
forward and theoretically attractive. Preemptive analgesia 
is an analgesic intervention begun before the onset of 
noxious stimuli in order to block peripheral and central 
nociception, thereby preventing postoperative pain 
amplification.57 It is hypothesized that inflammation 
leads to persistent pain elicited by a variety of C fiber–
dependent neuropeptides, excitatory amino acids, and 
mediators including cytokines and prostaglandins. 
Ongoing nociceptive input modulates the CNS through 
activation-dependent plasticity resulting in peripheral 
sensitization, allodynia, and hyperalgesia. Peripheral 
sensitization paves the way for modulation of central 
nociceptive pathways by further nociceptive stimulation 
and sensitization of higher structures. Sensitization 
causes increased spontaneous activity and afferent 
responsiveness, reduced threshold, and prolonged dis-
charge after repeated stimulation (“wind-up”). Neuro-
nal plasticity induces “pain memory” allowing a more 
rapid response from the CNS following future similar 
stimuli. Maladaptive plasticity thereby leads to central 
sensitization.58 NMDA receptors are thought to play a 
significant role in this process, leading to exploration of 
the ability of NMDA receptor antagonists such as ket-
amine to attenuate central sensitization.

techniques with complementary mechanisms and sites 
of action within the peripheral and central nervous 
systems. Some authors have used the term solely in ref-
erence to systemic administration of multiple drugs 
with different mechanisms of action,52 whereas others 
refer to systemic drug administration combined with 
regional anesthesia.53 The term was introduced in 1991 
to describe the combined use of local anesthesia tech-
niques, opioids, and systemic nonsteroidal analgesics to 
manage pain following colorectal surgery in humans.54 
The aim of this approach is to target different points in 
the nociceptive pathways so more complete analgesia 
can be provided while minimizing side effects. One of 
the driving forces for this approach has been the increase 
in outpatient surgical intervention in humans, which 
limits the utility of more conventional opioid and epi-
dural analgesic approaches. Although in-patient surgical 
procedures are currently the norm in veterinary patients, 
our patients can still benefit from advances made by our 
medical colleagues. The multimodal approach uses the 
additive or synergistic analgesic effects of multiple drug 
classes, maximizing patient comfort and allowing lower 
doses of individual analgesic agents to be used, reducing  
the potential for adverse drug reactions.55 Effective 
implementation of multimodal analgesia requires an 
understanding of physiology and pathophysiology so 
that complementary drugs and methods can be selected. 
This approach has been adopted by the medical and 
veterinary medical professions53 and was well reviewed 
in 2008.56 Limited data are available examining the com-
bined use of opioids with regional anesthesia; however, 
multiple positive studies in people have been performed 

Figure 42.4 Observation of posture and behavior are key components of pain assessment in cats. (a) A feline patient recovering 
following a thoracotomy. The cat is laterally recumbent, inactive, and disinterested in the environment. (b) The same cat following pain 
assessment and augmentation of the analgesic plan. The cat appears more comfortable and is seen adopting a more typically feline 
curled-up pose. Images courtesy of Dr. J. H. Robben (ICU, Utrecht University).

(a) (b)
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Figure 42.5 Short form of the Glasgow Composite Measure Pain Scale. Copyright 2008 University of Glasgow. Permission granted to 
reproduce for personal and educational use only. Commercial copying, hiring, lending is prohibited. The short form composite measure 
pain score (CMPS-SF) can be applied quickly and reliably in a clinical setting and has been designed as a clinical decision-making tool 
that was developed for dogs in acute pain. It includes 30 descriptor options within 6 behavioral categories, including mobility. Within 
each category, the descriptors are ranked numerically according to their associated pain severity, and the person carrying out the 
assessment chooses the descriptor within each category that best fits the dog’s behavior/condition. It is important to carry out the 
assessment procedure as described on the questionnaire, following the protocol closely. The pain score is the sum of the rank scores. 
The maximum score for the 6 categories is 24, or 20 if mobility is impossible to assess. The total CMPS-SF score has been shown to 
be a useful indicator of analgesic requirement, and the recommended analgesic intervention level is 6/24 or 5/20.

SHORT FORM OF THE GLASGOW COMPOSITE PAIN SCALE

Dog’s name
Hospital Number

Procedure or condition

A. Look at dog in Kennel

B. Put lead on dog and lead out of the kennel.

D. Overall

Total Score (i+ii+iii+iv+v+vi) =

C. If it has a wound or painful area
including abdomen, apply gentle pressure 2
inches round the site.

Date

In the sections below please circle the appropriate score in each list and sum these to give the total score.

Is the dog?

When the dog rises/walks is it?
Does it?

Time/ /

Surgery Yes/No (delete as appropriate)

(i)
Quiet
Crying or whimpering
Groaning
Screaming

Is the dog? Is the dog?

(v)
Happy and content or happy and bouncy
Quiet
Indifferent or non-responsive to surroundings
Nervous or anxious or fearful
Depressed or non-responsive to stimulation

© University of Glasgow

In the case of spinal, pelvic or multiple limb fractures, or where assistance is
required to aid locomotion do not carry out section B and proceed to C
Please tick if this is the case      then proceed to C.

(ii)
Ignoring any wound or painful area
Looking at wound or painful area
Licking wound or painful area
Rubbing wound or painful area
Chewing wound or painful area

0
1
2
3
4

(iii)
Normal
Lame
Slow or reluctant
Stiff
It refuses to move

0
1
2
3
4

0
1
2
3
4

0
1
2
3
4

(iv)
Do nothing
Look round
Flinch
Growl or guard area
Snap
Cry

(vi)
Comfortable
Unsettled
Restless
Hunched or tense
Rigid

0
1
2
3
4
5

0
1
2
3

Kissin in 1994 proposed that preemptive should mean 
“preventive” rather than simply “before” because ineffective 
afferent blockade cannot be preemptive even if adminis-
tered before the noxious stimulus of surgery.58 Thus the 
goals of preemptive analgesia are to decrease acute pain 

after tissue injury, to prevent pain-induced altered sensory 
processing, and to inhibit the persistence of postoperative 
pain. The blockade of nociceptive pathways must therefore 
be maintained from the preoperative stage, throughout 
surgery, and into the postoperative period.
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thesiologists now favor use of a multimodal approach to 
therapy with less concern about the timing of their 
interventions.65 Others believe that for a preemptive 
technique to be effective, it must be multimodal and 
active before, during, and after surgery.77,78

Contraindications and complications of pain 
management

Recent shifts in veterinarian attitudes toward pain man-
agement and the use of the multimodal approach have 
greatly increased the frequency and diversity of analgesic 
prescribing. Although concerns about the potential for 
adverse reactions associated with analgesic administra-
tion have been reported,28,79,80 it is likely these have been 
overemphasized.33,81 Despite improvements in our 
understanding of feline drug disposition, such concerns 
have slowed progress in provision of pain relief to 
cats.49,79,82,83 There is no longer a rationale for withhold-
ing analgesics from cats because previously held miscon-
ceptions about complications associated with analgesics 
in the species have been largely discredited.84,85 But we 
must remain vigilant for adverse effects in order to 
manage them correctly.

An adverse drug reaction (ADR) is defined as any 
unexpected, undesirable, or harmful consequence asso-
ciated with the administration of a medication. ADRs 
may be common, mild, and reversible or rare, severe, 
and permanent.86 As with any medications, analgesic 
agents have the potential to cause such negative side 
effects. Indeed in human hospitals analgesics are associ-
ated with a large number of adverse effects87 that can 
lead to an increase in the duration of stay in the intensive 
care unit (ICU) or potentially be fatal.88,89 A prospective 
study of analgesic prescribing in a veterinary ICU sug-
gested that adverse drug reactions or concerns about 
side effects affect the prescribing of analgesic medication 
for small animals.90 This study observed 272 dogs and 
79 cats in a single center over a 2-month period. The 
authors identified that although 64% of analgesic medi-
cation was administered as prescribed, 23% of pre-
scribed doses were reduced or not administered. Dose 
reductions were primarily due to concerns about levels 
of sedation, hypotension, and hypothermia associated 
with analgesic administration.

Although we must consider the potential for ADRs, 
such concerns should not prevent us from improving 
efforts to control pain in our patients. A study evaluating 
a quality control program of analgesic provision to 
human trauma patients showed that training physicians 
to monitor and treat ADRs led to an increase in the 
frequency and appropriateness of drug administration,91 
likely due to increased confidence in analgesic use. It 

Multiple nociceptive models in animals confirm the 
existence of peripheral and central sensitization,59,60 and 
there is convincing evidence to support the use of pre-
emptive analgesia in animal models, a subject well 
reviewed by Woolf and Chong.61 Agents used within 
these studies include opioids, local anesthetics, and 
NMDA receptor antagonists given by a variety of routes. 
Multiple randomized controlled trials have been con-
ducted in humans with the hope of translating experi-
mental efficacy into clinical benefit. Results of clinical 
studies assessing preemptive analgesia in people are con-
tradictory, however, and the subject has become 
controversial.62

Since 1995, six notable systematic reviews of preemp-
tive analgesic trials have been published with conflicting 
results.63–68 Conflicting results may relate to variations in 
definition of preemptive analgesia on which the studies 
were based because this fundamentally affects the 
methods used.69 Other potential causes of discrepancy 
include insufficiency of preemptive analgesic techniques, 
surgical and anesthetic problems, difficulties assessing 
outcome and other patient-related factors.70 Although 
the systematic review published by Moiniche et al.66 drew 
a negative conclusion, publications relating to this study 
suggest equipoise among anesthesiologists.71,72

Clinical veterinary publications describing the use 
and efficacy of preemptive analgesia are limited and gen-
erally involve small sample sizes. Limited information 
about the efficacy of preemptive analgesia can be gained 
from these because they too appear to produce conflict-
ing results. A study in cats suggested that meloxicam 
given preoperatively provides adequate perioperative 
analgesia for onychectomy.73 Cats receiving oral or sub-
cutaneous meloxicam preoperatively had significantly 
fewer signs of pain following ovariohysterectomy, com-
pared with cats receiving oral buprenorphine.74 However, 
this study identified no significant difference in VAS 
scores between groups, only differences in pain scoring 
that involved an interaction. In addition no difference 
could be detected when the opioid was administered 
subcutaneously. A study comparing preemptive extra-
dural morphine with or without bupivacaine involving 
265 dogs and cats suggested this technique provided 
long-lasting analgesia and may be superior to postop-
erative pain management with opioids and nonsteroidal 
anti-inflammatory drugs (NSAIDs).75 A later study of 
dogs receiving extradural bupivacaine and morphine 
found that this strategy reduced the neuroendocrine 
stress response but did not reduce the acute phase 
response to orthopedic surgery.76

Whether preemptive analgesic interventions are more 
effective than conventional regimens in managing acute 
postoperative pain remains controversial. Some anes-
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2nd ed. Seattle, WA: International Association for the Study of 
Pain; 1994.

23. American College of Veterinary Anesthesiologists’ position paper 
on the treatment of pain in animals. J Am Vet Med Assoc 
1998;213:628–630.

24. AVMA adopts position regarding animal pain. J Am Vet Med 
Assoc 2001;218:1694.

25. Hardie EM. Recognition of pain behaviour in animals. In: Hel-
lebrekers LJ, ed. Animal Pain: A Practice-Oriented Approach to 
an Effective Pain Control in Animals. Ames, IA: Wiley-Blackwell; 
2000:51–70.

26. Coleman DL, Slingsby LS. Attitudes of veterinary nurses to the 
assessment of pain and the use of pain scales. Vet Rec 2007;160: 
541–544.

27. Hugonnard M, Leblond A, Keroack S, et al. Attitudes and con-
cerns of French veterinarians towards pain and analgesia in dogs 
and cats. Vet Anaesth Analg 2004;31:154–163.

28. Lascelles BDX, Capner CA, Waterman-Pearson AE. Current 
British veterinary attitudes to perioperative analgesia for cats and 
small mammals. Vet Rec 1999;145:601–604.

29. Raekallio M, Heinonen KM, Kuussaari J, et al. Pain alleviation in 
animals: attitudes and practices of Finnish veterinarians. Vet J 
2003;165:131–135.

30. Capner CA, Lascelles BDX, Waterman-Pearson AE. Current 
British veterinary attitudes to perioperative analgesia for dogs. 
Vet Rec 1999;145:95–99.

31. Williams VM, Lascelles BDX, Robson MC. Current attitudes to, 
and use of, perioperative analgesia in dogs and cats by veterinar-
ians in New Zealand. N Z Vet J 2005;53:193–202.

32. Phillips DM. JCAHO pain management standards are unveiled. 
Joint Commission on Accreditation of Healthcare Organizations. 
JAMA 2000;284:428–429.

33. Mathews KA. Pain assessment and general approach to  
management. Vet Clin North Am Small Anim Pract 2000;30: 
729–755.

34. Flecknell P. Recognition and assessment of pain in animals. In: 
Lord Soulsby and Morton D, eds. Pain: Its Nature and Manage-
ment in Man and Animals. London, UK: Royal Society of Medi-
cine Press; 2001;63–68.

35. Holton LL, Scott EM, Nolan AM, et al. Relationship  
between physiological factors and clinical pain in dogs scored 
using a numerical rating scale. J Small Anim Pract 1998;39: 
469–474.

36. Conzemius MG, Hill CM, Sammarco JL, et al. Correlation 
between subjective and objective measures used to determine 
severity of postoperative pain in dogs. J Am Vet Med Assoc 
1997;210:1619–1622.

37. Dobromylsky P, Flecknell PA, Lascelles BDX, et al. Pain recogni-
tion and pain assessment. In: Flecknell P, Waterman-Pearson AE, 
eds. Pain Management in Animals. Philadelphia, PA: W.B. Saun-
ders; 2000:53–79.

38. Holton LL, Scott EM, Nolan AM, et al. Comparison of three 
methods used for assessment of pain in dogs. J Am Vet Med Assoc 
1998;212:61–66.

39. Perkowski SZ. Pain and sedation assessment. In: Silverstein DC, 
Hopper K, eds. Small Animal Critical Care Medicine. St. Louis, 
MO: Saunders/Elsevier; 2009:696–699.

40. Firth AM, Haldane SL. Development of a scale to evaluate post-
operative pain in dogs. J Am Vet Med Assoc 1999;214:651–659.

41. Hansen BD. Assessment of pain in dogs: veterinary clinical 
studies. ILAR J 2003;44:197–205.

42. Hellyer PW, Gaynor JS. Acute postsurgical pain in dogs and cats. 
Comp Contin Edu Pract Vet 1998;20:140–153.

should also be remembered that the risk of analgesic-
related complications is reduced in painful patients. We 
should be vigilant for signs of adverse reactions but 
proactive in our provision of pain relief because pain 
itself reduces the likelihood of a successful outcome for 
our patients.
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43
Systemic analgesia

Sarah L. Haldane and Michelle Storay

Pain can occur in small animal critical care patients as 
a result of trauma, disease, or surgery. The detrimental 
effects of pain include tachycardia, altered respiration, 
aggravation of the sympathoadrenal response, and alter-
ations in mental status. These effects are of particular 
concern in patients with circulatory shock or critical 
illness because essential body systems can be further 
compromised by effects of pain. Pain can lead to altera-
tions in glucose metabolism, increase protein catabo-
lism, impair wound healing, and severely compromise 
the ability of a patient to recover from severe illness or 
trauma.1

Although analgesia is an essential component of 
therapy for many patients, we must remember that every 
analgesic medication has both beneficial and adverse 
effects. The object of a balanced analgesic regime is to 
combine medications so as to provide the best pain relief 
with the least complications. To choose the most appro-
priate medications to give an individual patient, a basic 
knowledge of their effects on essential organ systems is 
required.

Opioids

Opioids are generally the drugs of first choice for pain 
relief in critical patients. Box 43.1 provides a glossary. 
They can be used for mild to severe pain, and the range 
of medications within this class of drugs allows for flex-
ibility in route and frequency of administration. Opioids 
exert their analgesic effects by activating opioid recep-
tors that are located within the brain, spinal cord, and 
peripheral neurons. There are three main categories of 
opioid receptors. They are known as mu (µ), kappa (κ), 

and delta (δ), and each has differing clinical effects when 
activated (Table 43.1). Because every opioid activates 
each of the receptors to a different degree, the activity 
of each of the opioids can vary in terms of strength of 
analgesia, degree of sedation, and adverse effects (see 
Box 43.2). Opioids can be generally classified into (1) 
pure µ receptor agonists, (2) partial µ receptor agonists, 
(3) mixed agonist-antagonist drugs and (4) opioid 
antagonists.

The pure µ receptor agonists include morphine, fen-
tanyl, oxymorphone, hydromorphone, and methadone 
(Table 43.2). These drugs have strong analgesic effects 
and can be used for patients with moderate to severe 
pain. Analgesia provided by µ agonists is dose related; 
increased dose increases analgesia. Similarly, the inci-
dence of adverse effects increases when higher doses are 
administered.

Buprenorphine is a partial µ agonist opioid with a 
long duration of action. It has a high affinity for the µ 
receptor but only moderate efficacy. It is an antagonist 
at κ receptors. Butorphanol is a mixed agonist-antagonist 
drug because it acts as a κ agonist and µ antagonist. This 
drug has limited analgesic activity and duration, and it 
is used primarily for its sedative effects.3 Opioid antago-
nists include naloxone and naltrexone. They have very 
high affinity for opioid receptors, so they block the 
effects of any of the agonist opioids.

Analgesic effects
Opioids have a central analgesic effect that works within 
the brain and the spinal cord to reduce transmission of 
pain signals. There are also opioid receptors located on 
the presynaptic terminals of the peripheral nociceptors. 
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for the pleasurable sensation associated with opioid 
administration.2

Central nervous system effects
Opioids act in the central nervous system (CNS) to cause 
sedation. They are often used as premedication agents 

When opioid receptors are activated, they inhibit  
the transmission of painful stimuli through these  
fibers. In addition, activation of receptors in the brain 
decreases the amount of the neurotransmitter gamma-
aminobutyric acid (GABA) that is released from neurons. 
GABA is an inhibitory neurotransmitter that reduces the 
production and release of a stimulatory neurotransmit-
ter, dopamine. Therefore, because stimulation of opioid 
receptors causes less GABA to be released, there is an 
increase in available dopamine. Dopamine is responsible 

Box 43.1  Glossary

Afferent: Conducting inward from a given organ (usually 
with regard to nerves or blood vessels)

Antinociceptive: Reduction in the transmission of painful 
stimuli through a nociceptor

Efferent: Conducting outward from a given organ
Neurotransmitter: Any specific chemical that is released by 

a presynaptic neuron and crosses the synapse to 
stimulate or inhibit the postsynaptic cell

Nociceptor: A peripheral nerve that transmits painful 
stimuli

Opiate: Naturally occurring alkaloids such as morphine
Opioid: All substances that act at opiate receptors
Postsynaptic: The distal side of the synapse
Presynaptic: The proximal side of the synapse
Supraspinal: All of the central nervous system above the 

vertebral column
Synapse: The junction between two nerve cells or a nerve 

cell with a muscle, gland, or receptor cell

Box 43.2  How strong is your opioid?

The affinity of an opioid is a measure of how strongly it 
interacts and binds with its receptor.

The efficacy is a measure of the strength of the effect the 
drug has after binding to its receptor.

The potency of a drug is the amount of drug required to 
produce an effect. For example, fentanyl is a more potent 
drug than morphine because a much smaller amount 
(micrograms rather than milligrams) is required to activate its 
receptor.

An agonist opioid binds strongly to the receptor and 
stimulates them to high activity. These drugs are considered 
to have both affinity and efficacy. However, agonist opioids 
with high potency need only a small dose to active the 
receptor, whereas those with low potency need a larger dose 
to exert the same effects.

An antagonist opioid binds to the receptor (has high 
affinity) but does not stimulate the receptor (no efficacy). Its 
antagonist action comes from binding to the receptor as it 
stops other opioids from exerting their effects.

A partial agonist opioid has affinity but less efficacy than 
pure agonists; they bind strongly to opioid receptors but 
have a weaker effect on them.2

Table 43.1 Opioid receptors

Location Analgesic Effects CNS Effects Respiratory 
Effects

Gastrointestinal 
Effects

Mu (µ) Brain (medial thalamus)
Brainstem

Supraspinal analgesia Euphoria, 
sedation, 
dependence

Respiratory 
depression

Decreased 
gastrointestinal 
motility

Kappa (κ) Brain (diencephalon, 
including limbic system)
Brainstem
Spinal cord

Spinal analgesia Sedation, 
dependence, 
dysphoria

Dyspnea, 
respiratory 
depression

Delta (δ) Brain Possible pro-nociceptive 
effects. May be important in 
development of tolerance to 
opioids

Dysphoria

Sigma (σ) No longer considered 
opioid receptors
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Table 43.2 Opioid agonist and antagonist drugs

Opioid Agonist 
Activity

Antagonist 
Activity

Dose in Dogs Dose in Cats Notes

Morphine µ κ δ 0.1–0.5 mg/kg IM, SC 
q4–6h
CRI: 0.1–0.2 mg/kg/h

0.1 mg/kg IV, IM, SC q4–6h Histamine release if given 
IV, leading to vasodilation. 
Panting.

Fentanyl µ 2–5 µg/kg IV, IM, SC 
then CRI 2–10 µg/kg/h

2–5 µg/kg IV, IM, SC then 
CRI 2–10 µg/kg/h

Remifentanil µ 0.1–0.5 µg/kg/min 0.1–0.5 µg/kg/min

Hydromorphone µ (δ) 0.1–0.2 mg/kg IV, IM, SC 
q4–6h

0.1 mg/kg IV, IM, SC q4–6h Panting

Oxymorphone µ 0.1–0.2 mg/kg IV, IM, SC 
q4–6h

0.1 mg/kg IV, IM, SC q4–6h Panting

Methadone µ NMDA 
receptor

0.1–0.5 mg/kg IV, IM, SC 
q4–6h

0.1–0.2 mg/kg IV, IM, SC 
q4–6h

Panting

Buprenorphine µ κ 0.01–0.02 mg/kg IV, IM, 
SC q6–8 h50

0.01–0.02 mg/kg IV, IM, 
SC, oral q6–8h45

Dysphoria, euphoria (cats), 
mydriasis

Butorphanol κ µ 0.1–0.4 mg/kg IV, IM, SC
0.5–1 mg/kg PO q6–8h

0.1–0.4 mg/kg IV,IM, SC Sedative effects much longer 
duration (2–4 h) than 
analgesic effects (30 min)

Codeine µ 0.5–2 mg/kg PO q6–12 h 0.5–2 mg/kg PO q6–12h Care with products that 
contain paracetamol in 
dogs. Do not use these 
products in cats.

Naloxone µ κ δ 0.04 mg/kg IV IM SC 0.04–0.1 mg/kg IV Can be given via 
endotracheal tube during 
cardiopulmonary 
resuscitation

Naltrexone µ κ δ 1–2 mg/kg PO once daily 25–50 mg/kg PO once daily Bitter taste

IV, intravenous; IM, intramuscular; SC, subcutaneous; PO, per os; CRI, intravenous constant rate infusion.

prior to anaesthesia and have an anaesthetic-sparing 
effect in addition to their analgesic activity.4–6 Opioids 
can also be effective in reducing anxiety in stressed 
animals or patients with respiratory compromise.

Chronic administration or high doses of opioids can 
lead to dysphoria and, in some cases, vocalization. These 
side effects usually resolve if the patient is changed to a 
different opioid medication or to a lower dose of the 
same medication.3

Cardiovascular effects
Administration of opioids at therapeutic doses has little 
clinical effect on the cardiovascular system.7 Opioids are 

considered relatively safe drugs in cardiovascularly com-
promised patients. However, if these medications are 
administered at high doses, in combination with seda-
tive drugs or to nonpainful patients, bradycardia can 
develop.3,7 Opioid-induced bradycardia is vagally medi-
ated, so it can be effectively treated with atropine or 
glycopyrrolate. In most cases, the effects of pain coun-
teract the bradycardia, so if a low heart rate is evident, 
it is an indication that the patient’s degree of pain has 
reduced and the opioid dose can usually be decreased.

In feline studies, both morphine and fentanyl have 
been shown to cause pulmonary vasodilation, so opioids 
have been recommended for use as anxiolytic agents in 
patients with congestive heart failure.8,9
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ileus or constipation.3,7,14,15 These events are also medi-
ated through opioid receptors in the CNS.14 Decreased 
intestinal motility, in combination with opioid-induced 
sedation, can contribute to a patient’s lack of appetite, 
which is a common complication of prolonged illness in 
small animal patients.

Hepatic effects
Opioids are primarily metabolized in the liver, although 
some extrahepatic metabolism does occur.10 Animals 
with hepatic insufficiency may require lower doses of 
opioids to achieve adequate analgesia. The sedative 
effects of opioids may be pronounced in patients with 
hepatic dysfunction.

Opioids that do not require hepatic metabolism (e.g., 
remifentanil) or with a short duration of action admin-
istered as a constant rate infusion (e.g., fentanyl, sufen-
tanil, alfentanil) are the most appropriate choice for 
patients in hepatic failure so that the dose administered 
can be titrated to achieve adequate analgesia with 
minimal sedation.

Effects on body temperature
In dogs, µ agonist opioids such as morphine and hydro-
morphone have been shown to reduce body tempera-
ture by altering the central thermoregulatory set point.10 
In cats, opioid administration has been associated with 
postanesthetic hyperthermia. In one retrospective study, 
47% of 125 cats became hyperthermic at least once 
within a 20-hour period after anaesthesia and opioid 
administration. In 2 of 125 cats, palliative therapy did 
not reduce the rectal temperature, and naloxone was 
administered. In both cats, naloxone was effective in 
reducing temperature. The mechanism for opioid-
induced hyperthermia in cats is not known. It does not 
tend to be responsive to the antipyretic effects of non-
steroidal anti-inflammatory drugs.16

Opioid tolerance and addiction
With prolonged administration, opioids become less 
effective as analgesic agents in a phenomenon known as 
opioid tolerance. Doses often need to be increased mark-
edly to maintain analgesia in patients that require 
opioids for more than a few days, and in experimental 
trials, tolerance has been shown to begin after a single 
dose of opioid. The mechanisms associated with devel-
opment of tolerance are complex; tolerance is mediated 
in part by the opioid receptors themselves. With chronic 
activation the µ receptors become less sensitive to opioid 
binding, grow less effective in reducing transmission of 
pain signals, and, in some cases, internalize within the 
cell membrane and become inaccessible to circulating 

Respiratory effects
At high doses, opioids can cause respiratory depression. 
This effect tends to be more marked when patients are 
being treated with concurrent sedative or anaesthetic 
agents. Respiratory depression occurs soon after bolus 
administration of opioid drugs, but tolerance to the 
respiratory effects develops quickly, so that repeated or 
long-term opioid use has little effect on the respiratory 
system.3

Morphine, methadone, oxymorphone, and hydro-
morphone have all been associated with panting in dogs. 
Panting usually starts soon after administration of the 
medications and tends to be transitory.10,11 Panting may 
also contribute to the decrease in body temperature seen 
in dogs after opioid administration because heat loss via 
the respiratory system is a major factor in canine 
thermoregulation.10

Many opioid drugs have a cough suppressant (anti-
tussive) effect, making them useful for bronchial disease 
or tracheitis.12 They also reduce laryngeal sensitivity, 
increasing the ease of tracheal intubation and prolong-
ing a patient’s tolerance of endotracheal intubation after 
anaesthesia.

Renal effects
Administration of µ agonist opioids has been shown to 
cause decreased urine output from the kidneys. The 
exact mechanism for this is unknown.13 Their use has 
also been associated with urinary retention in the 
bladder due to an increase in urethral sphincter smooth 
muscle tone.3

Gastrointestinal effects
Two of the most common and most undesirable effects 
of opioid administration are nausea and vomiting. 
These effects occur due to stimulation of the chemore-
ceptor trigger zone (CRTZ) in the brain. The CRTZ lies 
outside the blood-brain barrier (BBB), so is rapidly pen-
etrated by any drug within the plasma. The vomiting 
center lies inside the BBB. Interestingly, stimulation of 
the opioid receptors in the vomiting centre has an anti-
emetic effect. Because opioids easily cross the BBB, they 
can counteract the initial vomition impulse and have an 
ongoing antiemetic effect. This explains the clinical syn-
drome where patients vomit soon after administration 
of opioids but do not continue to vomit despite the 
ongoing analgesic activity of the drugs.14 Animals are 
also more likely to vomit when higher doses of µ agonist 
opioids are used than when partial agonist or mixed 
agonist-antagonist drugs are administered.

Opioids can cause decreased gastric emptying and 
alter intestinal motility, which may lead to intestinal 
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Recordkeeping requirements

A drug registry must be maintained in a form that shows 
the balance remaining after each dose is administered or 
supplied and cannot be altered without detection. A 
separate page is required for each drug and for each dif-
ferent formulation of the drug. The date, patient’s name, 
owner’s name, amount of the drug dispensed, balance 
and details of the prescribing veterinarian and signature 
are the minimum inclusions required on a drug register. 
Details of incoming stock, date, invoice number, sup-
plier, and the balance of stock are also required. Records 
are to be retained for periods of 2–3 years in most coun-
tries and must be readily available for the regulatory 
authorities should an audit occur.

Disposal

The legal requirements for the disposal of controlled 
drugs varies; however, disposal generally needs to be 
witnessed and cosigned on the drug register along with 
the quantity of drug disposed.

Systemic administration of opioids
Opioids can be administered parenterally via the intra-
venous, intramuscular, and subcutaneous routes.11 In 
general, the route of administration has little effect on 
the incidence of side effects; however, morphine admin-
istered by intravenous bolus to dogs has been associated 
with rapid histamine release, which causes vasodilation 
and potentially hypotension.19,20 Morphine is usually 
administered intramuscularly to dogs or very slowly via 
the intravenous route. Most opioids can be administered 
by either intermittent bolus injections or as a constant 
rate infusion (CRI). Longer acting opioids (such as 
buprenorphine) are rarely given as a CRI, although this 
is the primary method of administration of very short-
acting opioids (such as fentanyl).

Transdermal patches can be used to provide long-
term administration of an opioid at a constant rate. 
Fentanyl is often administered via this route, and 
buprenorphine patches are also available. Onset of 
action can take 12–18 hours for fentanyl patches, and 
duration of action is 2–3 days. Because there is signifi-
cant interindividual variation in the plasma concentra-
tion of fentanyl reached when transdermal patches are 
applied, the patient’s comfort level should continue to 
be monitored while the patches are in place.21,22 Effective 
administration of the drug can be adversely affected by 
the loss of adherence of the patch. Fentanyl from the 
patches can also be absorbed transmucosally, so patients 
should not be allowed to lick or chew the patch.23

Most opioids are relatively ineffective if given  
orally because they are subject to a strong “first-pass” 

opioids. As µ receptors become resistant to opioids, δ 
opioid receptors are upregulated. It has been hypothe-
sized that δ receptors can be coupled to µ receptors and 
that activation of δ receptors actually decreases the 
effectiveness of µ receptor stimulation. N-methyl-D-
aspartate (NMDA) receptor activation also contributes 
to opioid tolerance by increasing production of pro-
nociceptive neurotransmitters.17,18

Similar mechanisms lead to development of opioid 
dependency and withdrawal. Stimulation of δ receptors 
and upregulation of the NMDA receptors lead to 
increased pain sensation, so patients become uncom-
fortable and disoriented if opioid therapy is rapidly 
withdrawn. In human patients the adverse sensation 
when opioids are withdrawn and the pleasurable sensa-
tion (mediated by dopamine) associated with opioid use 
can lead to addiction.2,17,18

Use of a balanced analgesic regime (multimodal anal-
gesia) can be effective in preventing development of 
opioid tolerance in critical care patients. To reduce 
symptoms of opioid withdrawal in veterinary patients, 
abrupt cessation of opioid analgesia should be avoided. 
Instead, weaning the patient from a pure µ agonist drug 
to a partial agonist such as buprenorphine or tramadol 
is recommended.

Regulations involved in clinical use of opioids
The term controlled drugs refers to drugs of addiction or 
high abuse potential that are supplied to registered prac-
titioners for medical use. Opioids are classified as con-
trolled drugs because they have the potential to produce 
addiction in people. Legislative requirements for con-
trolled drugs vary slightly from country to country and 
state to state. An overview of the general legislative 
requirements is provided here; however, reference should 
be made to the specific country or state’s individual 
legislation for full details.

Supply of controlled drugs

Licensed wholesalers or pharmacists must only supply 
drugs to an authorized or licensed person. Details of 
registered practitioners and/or license numbers are 
required to be recorded by the supplier.

Storage requirements

Controlled substances must be stored in a securely 
locked, substantially constructed cabinet or safe, fixed to 
the floor or wall. Controlled drugs should not be stored 
with any items other than other drugs of dependence. 
The receptacle should be kept locked at all times other 
than when in immediate use with access only by autho-
rized personnel.
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tanyl as a CRI is the ability to rapidly change the dose 
and hence the analgesic and sedative effects. Fentanyl 
can be used during anaesthesia to reduce the require-
ment for gaseous anaesthetic agent5 and is often used in 
combination with other sedatives for patients requiring 
mechanical ventilation.

Remifentanil is an ultra-short-acting opioid with a 
half-life of 3–6 minutes. It can be used as an anaesthetic-
sparing agent and analgesic in small animal patients. Its 
primary advantage is that it is broken down by cholin-
esterase enzymes in the bloodstream, so it does not rely 
on hepatic or renal function. Also, with such a short 
half-life, it is very easy to rapidly change the plasma level 
of the drug, which can be of benefit in animals that have 
cardiac or respiratory dysfunction.36–38

Sufentanil and alfentanil are very rapid-acting deriva-
tives of fentanyl. Both have anaesthetic-sparing effects 
and sedative and analgesic efficacy in small animal 
patients, and they both allow rapid recovery from anaes-
thesia. Both drugs can cause bradycardia in dogs but 
have minimal effect on heart rate in cats. In clinical 
trials, alfentanil was associated with hypotension when 
administered with propofol as total intravenous anaes-
thesia, but this effect was not seen when it was admin-
istered with isoflurane.39

Oxymorphone and hydromorphone
Oxymorphone and hydromorphone are semisynthetic µ 
agonist opioids with similar analgesic efficacy to mor-
phine.10,11 Although they can display a similar range of 
adverse effects to morphine, the incidence of occurrence 
is reduced. Histamine release is not associated with 
administration of either of these drugs.19 Hydromor-
phone has a shorter half-life than morphine in dogs, and 
it has been suggested that more frequent dosing (every 
2 hours) or continuous infusion would be required to 
maintain serum levels of this drug.40 However, in both 
canine and feline clinical trials, hydromorphone appears 
to have a similar duration of both sedative and analgesic 
action as oxymorphone (4–6 hours).6,41,42

Methadone
Methadone is a synthetic µ agonist opioid that also has 
antagonist activity at NMDA receptors. Activation of 
NMDA receptors is intrinsic to development of opioid 
tolerance as well as increasing the pain response at the 
level of the spinal cord. NMDA antagonists can decrease 
spinal sensitization (“wind-up”) and prevent tolerance 
to opioids. Methadone has a prolonged duration of 
activity and good oral availability in human patients; the 
oral form is used to treat heroin addiction in people.2 In 
dogs and cats, the duration of action of methadone is 

effect, meaning they are absorbed from the gastrointes-
tinal tract and metabolized in the liver to inactive sub-
strates before ever entering the systemic circulation. 
Opioids that can be used as oral medications in dogs and 
cats include codeine and butorphanol. An oral form of 
morphine is available but has varying absorption in 
dogs and thus is difficult to dose effectively. The doses 
required for oral administration are up to 10 times 
higher than those given parenterally. The main adverse 
effect of orally administered opioids is constipation.

Injectable preparations of buprenorphine are also 
well absorbed through the oral mucosa in cats. This is 
an effective route of administration in this species as 
long as the drug is not swallowed into the digestive tract. 
To prevent this, the buprenorphine should be squirted 
under (rather than on top of) the tongue.

An experimental trial showed that this route is also 
effective for administration of buprenorphine to dogs; 
however, it did cause them to salivate excessively.24,25

Morphine
Morphine is the prototypical µ agonist opioid. It is 
an excellent analgesic and sedative in both dogs and  
cats. Although it has been previously associated with 
hyperexcitability in cats, at currently recommended 
therapeutic doses these effects are rarely, if ever,  
witnessed. It can cause vomiting after bolus administra-
tion and in some cases is used as an emetic agent. Bra-
dycardia, gastrointestinal stasis, constipation, reduced 
urine output, and urinary retention have all been associ-
ated with morphine administration. Morphine is 
metabolized in the liver; codeine and hydromorphone 
are two of the metabolites produced. Intravenous mor-
phine administration can cause histamine release in 
dogs (see the section on systemic administration of 
opioids).2,4,13,14,26–32

Fentanyl, remifentanil, sufentanil,  
and alfentanil
Fentanyl is approximately 80 times more potent than 
morphine and binds very strongly to the µ opioid recep-
tor. It is also an extremely effective sedative. It has a rapid 
onset of action and rarely causes gastrointestinal side 
effects such as vomiting or nausea. Administration can 
lead to bradycardia and decreased temperature. Fentanyl 
can have respiratory depressant effects similar to mor-
phine33 and, although these effects are relatively minor 
at therapeutic doses,34 fentanyl’s rapid onset can result 
in acute onset of hypoventilation.35 Fentanyl’s duration 
of action is very short, and so it is primarily used as a 
CRI or administered in a transdermal patch. Aside from 
decreased nausea, the primary advantage of using fen-
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adverse effect of codeine is constipation, making it a 
difficult drug to use long term. It can also cause vomit-
ing, even at low doses, due to stimulation of the CRTZ.2

Naloxone and naltrexone
These drugs have antagonist activity at µ, κ, and δ recep-
tors. Naloxone has a short duration of action and poor 
oral availability, so is used primarily as a parenteral agent 
for opioid overdose or to rapidly reduce the effects of 
opioids in patients at risk of respiratory or cardiac arrest. 
Naltrexone has good oral availability and a long dura-
tion of action, so it is more frequently used in human 
patients recovering from opioid dependence than in vet-
erinary medicine. It is sometimes effective for behavioral 
disorders such as tail chasing and excessive licking in 
dogs and cats.

Tramadol

Tramadol is a unique centrally acting analgesic that has 
multiple mechanisms of action. It is a codeine analog 
and has some activity at µ opioid receptors. It also has 
a centrally acting GABA inhibiting effect. In addition, 
tramadol has activity at α-2 adrenergic receptors and 
serotonin receptors, preventing norepinephrine and 
serotonin reuptake, respectively.30,51,52

Opioid effects
Tramadol has a weak affinity for µ and δ opioid recep-
tors.51 The mu receptor activation provides some of its 
analgesic activity, as well as mild sedation and respira-
tory depressant effects.51–55 It is metabolized in the liver 
to an active metabolite (O-dimethyl-tramadol) that 
binds to opioid receptors with a higher affinity than the 
parent drug.52 These metabolites are produced in most 
species of animals but in differing amounts. This vari-
ance in production of metabolites, as well as differences 
in elimination half-life and time to maximum plasma 
concentration, is responsible for the species variation in 
duration of action of tramadol.52,54,56

Despite its weak affinity for µ receptors, tramadol has 
not been associated with dependence in people and is 
not scheduled as a controlled drug.

Route of administration
Oral and intravenous forms of tramadol are available, 
although at the time of writing only the oral form was 
available in the United States. Although maximum 
plasma concentration is reached more quickly when the 
drug is given intravenously, the oral form is rapidly 
absorbed from the gastrointestinal tract. The oral medi-
cation comes in tablets, capsules, and liquid form, 

much shorter, similar to that of morphine, and it is used 
primarily as a parenteral analgesic for acute pain in these 
species.

Pethidine (meperidine)
Pethidine is µ agonist opioid that has excellent analgesic 
activity. It has a short duration of action (45–60 minutes) 
and is associated with a relatively high incidence of 
dysphoria.43

Buprenorphine
Buprenorphine is a partial agonist (see Box 43.2) at µ 
receptors and an antagonist at κ receptors. It is effective 
in dogs for mild to moderate pain.2 Buprenorphine 
appears to have better analgesic efficacy in cats than dogs 
and can also cause euphoria and mydriasis in feline 
patients.43–45 It has not been associated with postanes-
thetic hyperthermia in cats unlike the pure µ agonist 
opioids.16

It has a long duration of activity in comparison with 
other opioids and can be used to wean patients from full 
µ agonist opioids because it has a greater affinity for 
the µ receptors. This can be an undesirable effect if 
buprenorphine is given to a patient with severe pain 
because it will blunt the effects of any other opioids that 
are subsequently administered for the duration of its 
activity (6–12 hours).46 Buprenorphine causes minimal 
sedation compared with full µ agonists and has less of 
an inhibitory effect on the gastrointestinal tract, so it 
does not have such an appetite suppressant effect in 
small animal patients.45

Butorphanol
Butorphanol is a κ agonist and provides good sedation 
with minimal cardiovascular or respiratory effects. It is 
a weak analgesic with a short duration of activity. The 
duration of analgesic effect is 1–2 hours; its sedative 
effects last 2–4 hours.46–48 Its analgesic and sedative 
activities have a “ceiling” effect, whereby increasing the 
dose of the medication will not increase the efficacy. It 
can antagonize the effects of pure µ agonist opioids if 
they are used in combination.49

Butorphanol is an excellent antitussive agent, so is 
often used as a short-term agent to control coughing. It 
also has some antiemetic effects. Side effects of butor-
phanol are primarily dysphoria.

Codeine
Codeine has a higher oral availability than any of the 
other opioids. It has weak activity at the µ receptors. 
Codeine is used infrequently in veterinary medicine for 
chronic pain or as an antitussive agent.12 The main 
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COX 1 and COX 2

After a tissue has been damaged, arachidonic acid is 
released from cell membranes, precipitating a chain of 
events known as the arachidonic acid cascade. The 
family of inflammatory mediators derived from arachi-
donic acid are known as eicosanoids. Two enzyme groups 
act to metabolize arachidonic acid: the lipoxygenases 
(LOX) and the cyclo-oxygenases (COX). Products from 
the LOX cascade include leukotrienes and chemotactic 
factors. Products of the COX cascade include prosta-
glandins, prostacyclin, and thromboxanes.

NSAIDs are potent inhibitors of prostaglandin pro-
duction. In some situations, this can have adverse con-
sequences because many prostaglandins have protective 
or homeostatic functions. Some prostaglandins are 
required for normal function of the gastrointestinal 
tract, brain, kidneys, and reproductive system. These 
prostaglandins required for normal homeostasis are 
continuously produced, and so they are known as con-
stitutive prostaglandins. Other prostaglandins are pro-
duced in response to tissue injury, and these are known 
as inducible prostaglandins. Inducible prostaglandins 
act to escalate the inflammatory response and increase 
peripheral nerve sensitization; they also have protective 
actions and play a role in tissue repair.60,61

Prostaglandins are produced by the COX pathway. 
There are two main COX enzymes: COX-1 and COX-2. 
A COX-3 enzyme also exists in the CNS and is discussed 
later (see Box 43.9 below). Initially, COX-1 was thought 
to be responsible for production of all constitutive pros-
taglandins and COX-2 for all the inducible prostaglan-
dins. More recently, it has been determined that both 
COX enzymes produce protective and inflammatory 
prostaglandins.61 COX-1 is important in normal homeo-
static function of the gastrointestinal tract, kidneys, and 
primary hemostasis.60 COX-2 plays an important role in 
gastric mucosal healing and has homeostatic mecha-
nisms in the normal brain, kidney, and reproductive 
systems. COX-2 also catalyzes production of prostacy-
clin, and a balance exists between this anticoagulant 
molecule and the procoagulant thromboxane A2 regu-
lated by COX-1.61–63

NSAIDs are described as nonspecific or dual acting if 
they inhibit both COX-1 and COX-2. Aspirin is the 
classic example of a dual-acting NSAID. Because the 
COX-2 enzyme has been more closely associated with 
the inflammatory response, COX-2-selective drugs (see 
Box 43.3) have been manufactured. The aim of these 
medications is to reduce inflammatory prostaglandin 
production via COX-2 inhibition, with relatively less 
suppression of COX-1. It is important to realize that all 
COX-2 inhibitors will still inhibit COX-1 to some degree. 

making it easy to dose in any size cat or dog. It is  
generally prescribed in an intermediate-release (IR) 
form that can be administered two to three times a day. 
There is also a sustained-release (SR) form that is used 
for once-daily dosing in human patients. Dogs metabo-
lize tramadol rapidly, so SR tablets still need to be given 
twice a day in this species. Additionally, administration 
of the SR tablets to dogs provides a lower maximum 
plasma concentration of tramadol than the IR tablets, 
and it takes more time to achieve maximum plasma 
concentration.51,54 Tramadol has a longer elimination 
half-life in cats than dogs (3.4 hours vs. 1.7 hours); 
however, time to maximum plasma concentration is 
similar.52,54

Clinical efficacy of tramadol
In one study, the analgesic effect of tramadol was com-
pared with morphine after ovariohysterectomy in dogs. 
In this study, tramadol provided similar analgesia with 
less respiratory depression than morphine.30 Epidural 
tramadol has also been evaluated in dogs after tibial 
plateau leveling osteotomy (TPLO). In this study the 
analgesic effects of intravenous tramadol outweighed 
those of epidural administration.57 Tramadol has been 
shown to produce significant analgesic effects in dogs 
and has no detrimental effect on renal perfusion in nor-
motensive animals.58 It also reduces the minimal alveo-
lar concentration (MAC) of sevoflurane in anaesthetized 
cats.59 However, it is less effective than opioid drugs as a 
sedative in dogs.29

There are few side effects noted with clinical use of 
tramadol in dogs and cats. Administration of tablets and 
liquid can cause excessive salivation due to their bitter 
taste. Dispensing the liquid into a gelatin capsule can 
reduce this effect and allow for easier administration; 
however, this needs to be done just prior to giving the 
medication or the liquid will permeate through the 
capsule. Seizures have been associated with the use of 
tramadol in people, but this has not been reported in 
veterinary medicine. Tramadol can be administered to 
both dogs and cats. The dose in dogs is 2–4 mg/kg every 
8–12 hours. In cats, a dose of 1–2 mg/kg every 12 hours 
is used.

Nonsteroidal anti-inflammatory drugs

NSAIDs are a diverse group of medications that act  
to decrease the production of inflammatory mediators 
at the site of tissue injury. Inflammatory mediators 
increase transmission of pain signals by stimulating pre-
viously unaffected nociceptors surrounding the area of 
injury.
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than when being treated with opioid analgesics.43,44,47,65–78 
Individual animals may respond better to one NSAID 
than another, so if analgesia is not adequate with one 
NSAID, it is often worth trialing a different nonsteroidal 
medication. However, different NSAIDs should never be 
used in combination because the risk of adverse effects 
greatly outweighs the potential benefits and a “washout 
period,” where no anti-inflammatory medications are 
administered, of 5–7 days (or 7–10 days for aspirin) is 
recommended if changing from one NSAID to another.79

Adverse effects
In healthy dogs, most new-generation NSAIDs have a 
wide margin of safety. Few NSAIDs are licensed for use 
in cats and none for long-term use. Chronic use or over-
dose of new-generation prescription NSAIDs in small 
animals has been reported to cause adverse effects, but 
the risk is much less than with older generation NSAIDS, 
such as flunixin, indomethacin, ibuprofen, or naproxen. 
However in animals with perfusion deficits, gastroin-
testinal, renal, or hepatic disease or with disorders of 
primary coagulation, NSAID administration can have 
significant detrimental effects.

Gastrointestinal effects
Gastric ulceration is a common side effect of NSAID 
administration with prolonged use, high doses, or 
administration to hypovolemic or inappetent animals.79,80 
COX-1 induced prostaglandins in the gastric mucosa 
have protective effects because they increase gastric 
mucus production and enhance local blood flow. COX-2 
is induced once damage has occurred to the intestinal 
mucosa and produces prostaglandins that play an 
important role in mucosal healing.60,62,80–82 Thus COX-2 
suppression can delay ulcer healing. It has been sug-
gested that NSAIDs may also reduce ulcer healing by 

Veterinary COX-2-selective NSAIDs include carprofen, 
meloxicam, deracoxib, and firocoxib. Dual-acting 
NSAIDs include ketoprofen and tepoxalin, which also 
have LOX-suppressing effects.

Analgesic effects
There is considerable proof of the efficacy of analgesia 
in dogs and cats provided by new-generation NSAIDs. 
NSAIDs provide peripheral analgesia and, unlike 
opioids, are very effective at reducing pain during move-
ment. They also have a mild antagonistic effect at NMDA 
receptors. The analgesic effects of many NSAIDs, includ-
ing carprofen, ketoprofen, meloxicam, deracoxib, tepox-
alin, and firocoxib (Table 43.3), have been favorably 
compared with opioid administration in various studies 
of osteoarthritic and surgical pain.43,44,47,65–72

NSAIDs are nonaddictive and nonsedating, so animals 
often feel better and are more alert on these medications 

Table 43.3 NSAID doses

Dog Cat

Carprofen 2–4 mg/kg/d IV, SC, PO 2–4 mg/kg SC, PO once

Deracoxib 2 mg/kg PO q24h

Firocoxib 5 mg/kg PO q24h

Ketoprofen 1–2 mg/kg IV, SC
then 1 mg/kg PO for no longer than 5 d

1–2 mg/kg IV, SC
then 1 mg/kg PO for no longer than 5 d

Meloxicam 0.1 mg/kg IV, PO then 0.01–0.03 mg/kg PO q24h 0.1 mg/kg IV, PO once, then 0.01–0.03 mg/kg PO every 1–2 d102

Tepoxalin 10 mg/kg PO q24h

Box 43.3  COX-2 drugs and terminology

NSAIDs are often described with reference to their relative 
ability to suppress COX-2 rather than COX-1. This has 
given rise to a number of different terms, including COX-2-
preferential (for drugs with 5–20 times higher selectivity for 
COX-2 than COX-1) or COX-2-specific medications (for drugs 
with 50–100 times higher selectivity for COX-2 than COX-1).

However, because all the COX-2 suppressing drugs still 
have some ability to suppress COX-1, the term COX-2-specific 
is an incorrect description of their action. And as clinical 
trials have shown no difference in adverse effects between 
drugs with a 5-fold selectivity versus those with a 100-
fold selectivity for COX-2, there is no real requirement to 
differentiate between them. Thus the term COX-2 selective is 
now used for this entire class of drugs.64
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NSAIDs can lead to acute renal failure despite normal 
blood volume.79

Hepatic effects
Like most medications, NSAIDs are metabolized in the 
liver. Their use has been associated with an increase in 
liver enzymes and hepatocellular injury in some patients. 
This toxicity is not dependent on dose or duration of 
treatment so is classified as an idiosyncratic reaction. In 
one report describing hepatoxicity secondary to carpro-
fen administration, there was a marked similarity in the 
course of disease in Labrador retrievers, which may indi-
cate a possible underlying genetic basis in this breed. 
However this result may have been biased by the large 
number of Labradors that require NSAID administra-
tion for degenerative joint disease.97 Due to the risk of 
hepatic toxicity, NSAID administration is not recom-
mended for animals with concurrent hepatic disease.

Coagulation effects
Prostacyclin (PGI2) is produced from epithelial cells via 
COX-2 synthesis and acts to inhibit platelet aggregation 
and cause vasodilation. Conversely, COX-1 mediates 
production of thromboxane A2 (TXA2) from platelets, 
and it increases platelet aggregation and causes vasocon-
striction.98 The balance between TXA2 and PGI2 is 
important in maintaining a functional coagulation 
system.

Aspirin is the most effective NSAID at reducing plate-
let aggregation because it binds permanently to platelets 
and decreases TXA2 production for the life of the plate-
let. Conversely, the COX-2 selective coxib class of drugs 
has been associated with increased risk of thrombosis-
related cardiac events in humans.99 This led to the rec-
ommendation that aspirin be used in conjunction with 
coxib drugs, a combination that can cause significant 
gastrointestinal side effects.62,80 In veterinary medicine, 
ketoprofen, carprofen, tepoxalin, meloxicam, and dera-
coxib have been studied to assess their affects on primary 
hemostasis. Ketoprofen and carprofen have been associ-
ated with decreased platelet function and deracoxib with 
potential for increased thrombosis in experimental 
trials; however, there are no published reports of clini-
cally relevant hemostatic complications in dogs or 
cats.84,96,98,100

Drug interactions with NSAIDs
Concurrent administration of an NSAID with cortico-
steroids or other NSAIDs significantly increases the risk 
of gastrointestinal and renal injury.79,90,101 Administra-
tion of COX-2 inhibitors will also delay healing of gas-
trointestinal ulcers.82,83 Concurrent administration of 

methods other than reduction in prostaglandin synthe-
sis.83 Some NSAIDs, such as aspirin, also cause direct 
injury to the gastric mucosa by disruption of surface 
phospholipids.62

Despite their increased safety margin, adverse gastro-
intestinal effects are still the most common side effect of 
COX-2 preferential NSAIDs.72,73,79,80 In one experimental 
study assessing long-term NSAID use, carprofen had the 
lowest incidence of gastrointestinal side effects when 
compared with meloxicam, ketoprofen, flunixin meglu-
mine, and etodolac. Multiple endoscopic and mucosal 
permeability studies have been performed evaluating 
the effects of short-term NSAID use, and no significant 
adverse effects have been found. However, due to the 
nature of these studies, only a few dogs were assessed in 
each, making it difficult to evaluate the importance of 
their findings.83,85–89

Both deracoxib and meloxicam have been associated 
with gastrointestinal perforation in dogs. In most cases 
the drugs were administered at higher than recom-
mended dosages (greater than 2 mg/kg for deracoxib or 
0.1 mg/kg for meloxicam) or were administered concur-
rently with a corticosteroid or another NSAID.90–92

The incidence of these highly undesirable side effects 
means that client education is vitally important if 
patients are discharged with NSAIDs for administration 
at home. The dose and duration of administration 
should be carefully explained, and clients should be 
advised not to administer the medications if their pet is 
not eating, has vomiting or diarrhea, or if they see  
hematochezia or melena. NSAIDs should never be 
administered concurrently with other NSAIDs or with 
corticosteroids.

Renal effects
When perfusion to the kidney declines, glomerular fil-
tration rate (GFR) decreases accordingly. The juxtaglo-
merular apparatus in the kidney releases prostaglandins 
that act to vasodilate the afferent renal arteriole to main-
tain renal blood flow and GFR. This effect is mediated 
by both COX-1 and COX-2 enzymes.93 When NSAIDs 
are administered to hypovolemic or dehydrated patients, 
the prostaglandin-mediated effect of local vasodilation 
is diminished or lost. Significant damage to the kidneys 
can result, and in severe cases, this can lead to acute renal 
failure. COX-2-selective medications may increase the 
relative production of thromboxanes, which have local 
vasoconstrictive effects and can exacerbate renal damage. 
Ketoprofen, carprofen, and tepoxalin at therapeutic 
doses have all been shown to have little effect on renal 
perfusion in healthy anaesthetized dogs.94–96 However, 
overdose or accidental ingestion of large doses of 
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antinociceptive action is complex (see Box 43.4). The 
α-2 adrenoreceptors also interact with opiate receptors 
in a synergistic fashion. The combination of α-2 ago-
nists and opioids has an analgesic effect that can last 
several hours. Unfortunately, the sedative and cardiovas-
cular effects of α-2 agonists limit their general use as 
analgesics, although the sedation induced makes them 
very effective as premedication agents.103–105

Cardiovascular effects
The α-2 agonists have a two-phase effect on the cardio-
vascular system. In the first phase, peripheral vasocon-
striction and bradycardia are seen. Vasoconstriction is 
mediated by activation of postsynaptic adrenoreceptors 
in the peripheral blood vessels. Bradycardia occurs by 
direct and indirect mechanisms. The direct effect is due 
to stimulation of the vagus nerve, slowing impulse con-
duction through the atrioventricular (AV) node in the 
heart, thereby reducing the rate of ventricular contrac-
tion. Indirectly, bradycardia results from the cardiac 
response to increased systemic vascular resistance, which 
is to lower heart rate in order to prevent hypertension. 
During phase two the initial vasoconstrictive response 
declines and a centrally mediated hypotensive phase 
predominates, with ongoing bradycardia as well as 

aspirin with other NSAIDs or corticosteroids increases 
the risk of bleeding and gastrointestinal injury (due to 
both COX inhibition and direct mucosal injury).62,80,101

NSAIDs will displace other highly protein-bound 
drugs from plasma proteins, leading to their enhanced 
bioavailability and possibly toxic plasma concentrations. 
These include other anti-inflammatory agents, warfarin, 
phenytoin, penicillins, and sulfonamide antibiotics. 
NSAIDs may also increase plasma levels of digoxin and 
can decrease the efficacy of furosemide.

Use of NSAIDS with other nephrotoxic drugs (includ-
ing aminoglycoside antibiotics) and diuretics (due to 
risk of hypovolemia) is relatively contraindicated, but 
studies have not been performed to prove a clinical 
interaction. Drugs that induce cytochrome P450 meta-
bolic pathway in the liver (e.g., phenobarbitone) can 
increase NSAID metabolism, reducing their analgesic 
efficacy.

NSAIDS in the critical patient
NSAID use is contraindicated in patients with hypovo-
lemia or dehydration; gastrointestinal, hepatic, or renal 
dysfunction; increased sympathetic stimulation (such as 
in trauma); or cardiac disease (particularly with concur-
rent administration of furosemide or digoxin). When 
this population is further expanded to include patients 
with coagulation disorders, recent history of anti-
inflammatory administration or inappetance, it seems 
that NSAID administration is appropriate in a fairly 
small proportion of critically ill patients. However, 
NSAIDs are highly recommended for use in cardiovas-
cularly stable patients that have a functional gastrointes-
tinal tract and normal renal function. This subset of 
patients would include stable postoperative patients and 
patients with musculoskeletal injuries that are well per-
fused, have an adequate urine output, and are eating or 
receiving enteral nutrition. Their excellent analgesic 
properties make them indispensable in the critical care 
pharmacopeia.

The α-2 agonists

The α-2 agonist drugs stimulate the α-2 adrenorecep-
tors around the body. The most important clinical 
effects of α-2 agonists include profound sedation, cen-
trally mediated analgesia, and hypotension. The clinical 
effects of α-2 agonists can be reversed by administration 
of yohimbine or atipamezole.103–106

Analgesic effects
The analgesic effects of α-2 agonists are mediated within 
both the brain and the spinal cord. Their mechanism of 

Box 43.4  The α-2 adrenoreceptors and noradrenaline

The α adrenergic receptors are classified into type 1 and 
type 2. The type 2 receptors are further subdivided into 2A, 
2B, and 2C. Stimulation of α-2A and B receptors in the brain 
and spinal cord inhibits pain sensation and wakefulness. 2C 
receptors are more often located on peripheral nociceptors, 
and conversely, stimulation of 2C receptors increases the 
transmission of painful stimuli. 2C receptors are upregulated 
after neuronal injury and may have a pro-nociceptive effect 
in inflammatory and neuropathic pain syndromes.115

The α-2 receptors are predominantly stimulated by 
noradrenaline and can be acted on by direct transmission 
of noradrenaline across the synaptic cleft or by circulating 
noradrenaline.115 The α-2 receptors are found in the 
vasculature, liver, pancreas, kidney, platelets, adipose tissue, 
and the eye. They have distinct physiologic function in each 
of these organs.

Receptors are also found in many areas within the CNS, 
including the dorsal horn of the spinal cord, the vagus nerve, 
and the locus coeruleus. The locus coeruleus is a small 
nucleus within the brainstem that contains a large number of 
noradrenergic cells. This nucleus is responsible for controlling 
wakefulness and is also an important mediator of analgesia. 
Activation of α-2 receptors in this area inhibits impulse 
transmission, leading to sedation and analgesia.103
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due to its propensity to cause vomiting as well as severe 
bradycardia and hypotension.

Adjunctive analgesia

Adjunctive analgesics are medications that have syner-
gistic activity with, or potentiate the effects of, the 
primary analgesic (usually opioids or NSAIDs). In many 
cases they have mild analgesic activity on their own, but 
this is greatly outweighed by the benefit they have in 
combination with other medications. Because the pain 
pathway is affected by many different neurotransmitters, 
mediators, and receptors, it is supremely logical that we 
need to use analgesics with differing mechanisms of 
action to treat pain effectively. In addition, a multimodal 
analgesic approach allows lower doses of primary anal-
gesics to be used, reducing the potential for adverse 
effects and complications from these drugs.

Multimodal analgesia in its simplest form would 
combine opioid and NSAID medications because these 
drugs act at different levels of the pain pathway. For 
patients with acute pain, combinations of intravenous 
drugs such as an opioid with ketamine and/or lidocaine 
can be used as CRIs (see Protocol 43.1). Oral adjunctive 
agents can be used for chronic, inflammatory, or neuro-
pathic pain. Examples of these include gabapentin, 
amantadine, and acetaminophen (paracetamol).

Lidocaine
Lidocaine is a sodium channel blocker (see Box 43.5) 
that is primarily used as a local anaesthetic agent. It is 
also an effective antiarrhythmic for ventricular tachyar-
rhythmias because it acts on the fast sodium channels in 
the myocardial cells. Its mechanism of action when 
administered as a systemic analgesic is poorly under-
stood. As a sodium channel blocker, it can reduce dis-
charge from injured nociceptors in peripheral tissues 
and thus decrease the transmission of pain sensation to 
the spinal cord. Intravenous lidocaine has also been 
hypothesized to interact with opioid receptors116 as well 
as having a systemic anti-inflammatory effect by reduc-
ing cytokine production.117,118

Lidocaine has been shown to be effective as an adjunc-
tive treatment for neuropathic pain, cancer pain, and 
postoperative pain in people.119–121 It has also been 
reported as an effective preemptive analgesic in dogs 
during intraocular surgery.122 Administration of intrave-
nous lidocaine can reduce the duration of postoperative 
ileus in people and horses.117,118,120,123,124 This effect may 
be due to reduction in opioid dose, the anti-inflammatory 
effect of lidocaine, or the decrease in sympathetic tone 
that has been associated with lidocaine infusion. Simi-
larly, lidocaine CRI has been associated with a decrease 

peripheral vasodilation due to decreased sympathetic 
stimulation.103

The cardiovascular effects of α-2 agonists occur even 
when the drugs are administered at low doses. In one 
study of medetomidine in dogs, cardiovascular effects 
were near maximal at a dose of 5 µg/kg and were not 
significantly different with doses ranging from 1–20 µg/
kg.107 Therefore, α-2 agonists are not recommended for 
use in patients with an unstable cardiovascular system, 
which would rule them out for use in most critically ill 
patients.

Medetomidine
Medetomidine is a highly selective α-2 agonist that pro-
duces profound dose-dependent sedation and analge-
sia.31,104,105 The analgesic effects occur 20–60 minutes 
after a single injection.31 In combination with an opioid, 
the analgesic efficacy of medetomidine is enhanced, but 
there is little improvement in the cardiovascular 
effects.108 It is an effective sedative, with doses as low as 
1 µg/kg causing a reduction in the amount of induction 
agent required for anaesthesia.109 It has also been used 
as a constant rate infusion for prolonged sedation (doses 
from 1–3 µg/kg/h), but its analgesic efficacy as a CRI has 
not been assessed. Even at these low doses, bradycardia 
and hypotension were noted in patients treated with 
medetomidine.110–112 It has been administered in combi-
nation with opioids via the epidural route but with 
minimal improvement in analgesic activity.113

The most common use of medetomidine is as a seda-
tive or premedication agent. The dose varies with size of 
the animal, but generally a dose from 1–10 µg/kg IV or 
IM is effective in dogs and cats. The low end of the dose 
range is used if medetomidine is administered in com-
bination with an opioid.114

Dexmedetomidine
Medetomidine is a racemic mixture of two compounds: 
dexmedetomidine and levomedetomidine. Most of the 
analgesic and sedative effects are due to dexmedetomi-
dine, and it is thought that levomedetomidine interferes 
with the function of dexmedetomidine. It has been sug-
gested that dexmedetomidine alone will provide more 
consistent sedation and longer lasting analgesia than 
medetomidine, and this compound has recently been 
licensed for use in the United Kingdom, Europe, and the 
United States as a solo agent.103–106

Xylazine
Xylazine is an α-2 agonist medication that is used pri-
marily for sedation in large animal practice. It is no 
longer recommended for use in small animal patients 



552  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

Box 43.5  Sodium channel

Sodium channels are ubiquitous throughout the body within 
cell membranes. Those present in the nerve cell membrane 
of the peripheral nociceptor are involved in depolarization of 
the neuron and transmission of the painful stimulus.

Protocol 43.1  Constant rate infusion recipes

Morphine,* lidocaine, ketamine CRI for syringe pump infusion

Procedure
1.  Make sure each of your components is compatible with the others. Then determine your dose rate for each component.

Example: Morphine 0.1 mg/kg/h, lidocaine 3 mg/kg/h, ketamine 0.6 mg/kg/h
2.  Calculate the dose per hour for each component required for your patient, based on its body weight. Then, using the 

concentration of each drug, calculate the rate in milliliters per hour.

Example: MLK CRI for a dog, body weight 20 kg.
Morphine 0.1 × 20 = 2 mg/h. Using morphine 10 mg/mL, rate is 0.2 mL/h
Lidocaine 3 × 20 = 60 mg/h. Using lidocaine 20 mg/mL, rate is 3 mL/h
Ketamine 0.6 × 20 = 12 mg/h. Using ketamine 100 mg/mL, rate is 0.12 mL/h.

3.  Determine the volume of each component required.

A 12-hour infusion of this mixture would require:
2.4 mL morphine (0.2 mL/h × 12 h)
36 mL lidocaine (3 mL/h × 12 h)
1.5 mL ketamine (0.12 mL/h × 12 h)

4.  Mix components and determine the rate at which the mixture will be infused.

The morphine, lidocaine, and ketamine can be mixed together in a syringe and the rate calculated as the sum of the rates for 
each of the three components.
In this case, the MLK mixture would be administered at 3.3 mL/h.

Morphine,* lidocaine, ketamine CRI for fluid pump infusion
1.  Make sure each of your components is compatible with the others and with the crystalloid fluid you are using for the CRI. In 

most cases, 5% dextrose is the fluid of choice for drug infusions.
2.  Determine the dose of each component

Morphine 0.1 mg/kg/h, lidocaine 2.4 mg/kg/h, ketamine 0.6 mg/kg/h
3.  Draw 65 mL of fluid out of a 500-mL bag of 5% dextrose and discard.
4.  Add 1200 mg (60 mL of 20 mg/mL) lidocaine to the bag.
5.  Add 50 mg of morphine to the bag.
6.  Add 300 mg of ketamine to the bag.

The resulting mixture contains 0.1 mg/mL of morphine, 2.4 mg/mL of lidocaine, and 0.6 mg/mL of ketamine.
7.  The rate of administration (in milliliters per hour) of the mixture is equal to the body weight of the patient in kilograms.

Example: For a 20-kg patient, run this mixture at 20 mL/h.

*Other opioids  (usually µ agonist drugs)  can be used  in place of morphine  in  these  recipes. The appropriate CRI doses  for each 
should be used (Table 43.2).

in length of hospital stay in human patients after 
abdominal surgery.117,118,120 It appears to have no effect 
on thermal pain.116,125

Interestingly, lidocaine can provide enduring analge-
sia far beyond its duration of administration and plasma 

half-life. In one human study, an 80-minute infusion of 
intravenous lidocaine provided sustained analgesia for a 
mean of 8 days.119 This may have been due to the finding 
that lidocaine decays much more slowly in the cerebro-
spinal fluid (CSF) than in plasma.

Bolus dosing or high CRI rates of lidocaine (rates 
higher than 5 mg/kg/h) have been associated with 
drowsiness and light-headedness in people.119 Other 
infrequent side effects include vomiting or nausea  
in humans and in dogs.120 Cats are more prone to neu-
rologic side effects (including seizures) with use of  
lidocaine, so lower doses are used in this species  
(Table 43.4).
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uated as an effective adjunctive postoperative analgesic 
in human patients and for refractory osteoarthritis pain 
in dogs.133,134

Gabapentin
Gabapentin is used primarily as an antiepileptic medica-
tion in human and veterinary patients but has also  
been shown to be very effective in the treatment of 
chronic and neuropathic pain syndromes in people (see 
Box 43.7).135

Gabapentin’s primary mechanism of action as an 
analgesic agent is to block voltage-sensitive calcium 

Ketamine
Ketamine is an NMDA receptor antagonist (see Box 
43.6). It has dissociative properties that make it useful 
as an anaesthetic agent in veterinary medicine, particu-
larly in combination with a sedative agent. The analgesic 
effects of ketamine become apparent at doses far lower 
than those required for anaesthesia.

Ketamine has been shown to be effective as an 
ad junctive analgesic and to reduce opioid requirement 
in human patients after abdominal and orthopedic 
surgeries.126–128 In addition it has been used for end-stage 
cancer pain in pediatric patients.129 The adverse effects 
of ketamine in people include hallucination, dysphoria, 
sleep difficulties, and disorientation.129

Ketamine has also been evaluated for use as a periop-
erative and postoperative analgesic in dogs and has been 
shown to be effective in improving comfort after both 
soft tissue and orthopedic surgery.130,131 Ketamine does 
not slow gastrointestinal motility, so it can be useful in 
dogs with postoperative ileus to reduce the opioid 
requirement.132 Dysphoria has been noted in some dogs 
on ketamine infusions.130,131

Amantadine
Amantadine is an oral antiviral agent that has some 
antagonist activity at NMDA receptors. It has been eval-

Box 43.7  Gabapentin and neuropathic pain

Neuropathic pain is the result of injury to the nervous system 
but tends to persist long after the initial injury has healed. It 
is caused by pathologic changes to the neurons themselves. 
Changes may be due to reversible alterations in neuronal ion 
channels and receptors (called modulation) or due to long-
term modification in the expression of receptors or structure 
of the neuron.143 Neuropathic pain is poorly responsive to 
NSAIDs, and even opioids have reduced efficacy for this type 
of pain.

Gabapentin has been shown to be effective in managing 
neuropathic pain syndromes. It has central actions in both 
the brain and the spinal cord and peripheral activity in the 
nociceptors. Structurally, gabapentin is an analog of GABA; 
however, activation of GABA receptors is not its primary 
mode of action. It also interacts with the VSCC that are 
upregulated during modulation in nociceptors and spinal 
cord neurones (see Box 43.8).115,144 By inhibiting calcium flux 
within the neuron, gabapentin reduces release of excitatory 
neurotransmitters and hence decreases transmission of 
nociceptive impulses. Gabapentin may also have some 
NMDA receptor antagonist activity in the spinal cord that 
can reduce hyperalgesia associated with chronic pain. In 
addition, it has been shown to act in the locus coeruleus 
similarly to α-2 receptor agonists to cause centrally mediated 
analgesia.144

Table 43.4 Doses for adjunctive analgesic agents

Dog Cat

Amantadine 1.25–4 mg/kg PO q12–24 h 3 mg/kg PO q24h

Gabapentin 10 mg/kg PO q12h 10 mg/kg PO q12h

Lidocaine 1.5–3 mg/kg/h (25–50 µg/kg/min) CRI IV (0.75–1.5 mg/kg/h
(12.5–25 µg/kg/min) CRI IV

Ketamine 10–20 µg/kg/min CRI IV 10–20 µg/kg/min CRI IV

Acetaminophen (Paracetamol) 10 mg/kg q12–24h Do not use

Box 43.6  NMDA receptors

N-methyl-D-aspartate (NMDA) receptors are found in the 
dorsal horn of the spinal cord as well as within the brain 
parenchyma. When the NMDA receptors in the dorsal horn 
are activated by peripheral nociceptors, they affect the 
neurons leading to the brain, making them hyperexcitable 
and increasing the sensation of pain. This process is known 
as spinal sensitization, or “wind-up.” NMDA receptor 
activation is also intrinsic to development of hyperalgesia, 
neuropathic pain, and opioid tolerance.129,133
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pain in both cats and dogs is 10 mg/kg twice daily. I have 
used higher doses (up to 30 mg/kg three times a day) 
without causing sedation. The antiepileptic dose is 10–
30 mg/kg every 8 hours.114

Acetaminophen (paracetamol)
Although acetaminophen is loosely classified within the 
NSAID class of drugs, it does not have significant  
anti-inflammatory effects, and its analgesic activity is 
more effective centrally than peripherally. In dogs, acet-
aminophen has been shown to have some COX-
inhibiting effects in the CNS (see Box 43.9), but it has 
also been proposed that there are different mechanisms 
to account for its analgesic and antipyretic effects. One 
such mechanism is as a serotonin antagonist, by inhibit-
ing 5HT-3 receptors in the brain and inhibiting descend-
ing serotonin-dependent pain pathways. Similarly to 
other NSAIDs, acetaminophen has an antagonist effect 
at NMDA receptors.145

Acetaminophen also inhibits the metabolism of ara-
chidonic acid to COX-2. Acetaminophen partially 
reduces a free radical iron cation (Fe4+), thereby making 
it unavailable for use as a cofactor in the metabolism of 
arachidonic acid. Acetaminophen is more effective in 
the brain than in other body tissues due to the relatively 
low amount of COX-2 that is produced in cerebral cells 
and the low iron stores in the brain. In peripheral tissues, 
where the arachidonic acid cascade is initiated in a rapid 
burst of activity and there are far greater stores of iron, 
the effects of acetaminophen are overwhelmed and are 
of little consequence to the production of inflammatory 
mediators.145

Acetaminophen can be used at low doses as an adjunc-
tive analgesic in dogs. Acetaminophen is extremely toxic 
to cats and should not be given under any circumstances.
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channels (see Box 43.8). It has been used in combination 
with opiates and/or NSAIDs for postoperative analgesia 
in human patients and has been shown to be an effective 
analgesic for soft tissue and spinal surgery.136–138 The 
combination of gabapentin and NSAIDs tends to 
provide better analgesia than NSAIDs alone, and use of 
gabapentin in a balanced analgesic regime can also 
decrease the postoperative requirement for opioids.136,137 
The main side effect of administration is mild sedation, 
and this occurred only rarely in clinical trials.

Although gabapentin has been assessed as an antiepi-
leptic agent in dogs, there are no reports of its efficacy 
as an adjunctive analgesic in veterinary medicine. Exper-
imental data and anecdotal evidence suggest that it has 
similar clinical effects in small animal patients as in 
human patients, but further studies need to be per-
formed to determine its effectiveness and optimal dosing 
regime.139 The current dose recommendation for chronic 

Box 43.9  Acetaminophen and COX-3

A COX variant known as COX-3 has been isolated in the 
dog’s brain and has similar inflammatory and pyretic 
effects as COX-1 and COX-2. Acetaminophen has been 
shown to specifically inhibit COX-3, meaning that it has 
anti-inflammatory and anti-pyretic effects in the brain 
itself. However, this is still only part of the story about 
acetaminophen because COX-3 in other species (including 
humans) does not have the same inflammatory effects as in 
dogs.145,146

Box 43.8  Calcium channels

Throughout the body, there are a many different calcium 
channels residing within cell membranes. In pain fibers, 
the voltage-sensitive calcium channels (VSCC) are crucial to 
transmission of pain sensation through the nerves. As the 
nerve depolarizes, the voltage along the cell membrane 
changes and VSCC open, allowing calcium to move into 
the cytoplasm of the cell. Increased intracellular calcium 
stimulates the release of excitatory neurotransmitters from 
the presynaptic terminus. These neurotransmitters then 
activate further nociceptors to depolarize and continue 
transmission of the pain signal.140

A drug can exert analgesic properties by altering the 
function of the VSCC. Specific calcium channel blockers 
including nifedipine and verapamil have been shown to have 
antinociceptive effects. In addition, these channels are often 
situated close to an opioid receptor. When an opioid binds 
to its receptor, the receptor changes shape and can block the 
VSCC so that calcium cannot move into the cell. Similarly, 
modulation of nerve fibers with chronic or neuropathic 
pain can cause α-2 adrenoreceptors in the spinal cord to 
be coupled with the VSCC, so that α-2 agonist medications 
have an extra analgesic effect by blocking calcium influx.

Conversely, pain fiber modulation can also lead to 
alteration of the channels so that activation of opiate 
receptors will no longer affect the transmission of calcium. 
This is one reason that opioids become less effective in the 
treatment of chronic or neuropathic pain.115,140–142

VSCCs are also found in the heart, skeletal muscle, 
kidneys, pancreas, and liver, but there is such significant 
variation within this family of receptors that drugs that work 
on one type of VSCC are unlikely to be able to interact with 
VSCC in other organs, reducing the risk of side effects.
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44
Local analgesia

Vicki L. Campbell and Amy Rodriguez

Indications for local analgesia

Local analgesia is an underused technique that can 
greatly enhance the overall analgesia in a patient, can 
lead to use of less systemic drugs, and may be used in 
situations in which sedation, heavy systemic analgesia, 
or anesthesia is contraindicated.1 Many animals that 
present to the emergency department are in shock, and 
those that are not in decompensated shock may be in 
compensated shock.2 Those in compensated shock are 
able to compensate because their sympathetic nervous 
system is maintaining their blood pressure and helping 
to maintain their oxygen delivery.3 In the intensive care 
unit, critically ill animals are dynamic with potentially 
minute-to-minute changes in cardiac output, blood 
pressure, and oxygen delivery. Almost all sedatives, anal-
gesics, and anesthetics blunt the sympathetic nervous 
system to some extent.4–20 This effect puts animals in 
the emergency department and critical care unit at risk 
for decompensation when receiving systemic drugs for 
analgesia, sedation, or anesthesia. Local analgesic tech-
niques may aid in decreasing systemic drug require-
ments in these patients.1 Although shock patients in 
general are at risk for systemic decompensation with 
systemic sedatives and anesthetics, there are specific 
conditions in which these drugs should be particularly 
avoided or delayed if at all possible. Specific examples 
include head trauma, pulmonary contusions, pneu-
mothorax, myocardial contusions (and subsequent  
arrhythmias), diaphragmatic hernia, liver fractures, 
splenic fractures, urinary tract rupture, severe anemia/
hypoproteinemia, and neurologic abnormalities. Avoid-
ance of anesthesia and sedation in these situations is 
beneficial because anesthetic drugs can worsen/induce 

arrhythmias, positive pressure ventilation may contri-
bute to or worsen pneumothorax, lungs that have  
pulmonary contusions are more prone to atelectasis  
and subsequent hypoxemia, anesthetic drugs can alter 
blood flow to the brain and worsen head trauma/
neurologic status, urinary tract injuries may cause severe 
life-threatening electrolyte disturbances (especially hy-
perkalemia), and liver/spleen fractures may lead to in-
traoperative hemorrhage and hypotension.14,15,17,18 In 
addition, many anesthetic drugs are protein bound and 
become more bioavailable in animals that are acidotic, 
a common consequence of shock and trauma.7,14,15,18 
Avoidance of anesthesia until full assessment and proper 
resuscitation is attained is critical. However, sometimes 
sedation or anesthesia in these patients cannot be avoid-
ed. Use of local analgesic techniques in these life-
threatening situations frequently decreases the need for 
systemic drug use and makes for a safer overall 
procedure.1

Because local anesthetics directly block nerve 
impulses, they decrease pain in an alternative way com-
pared with systemic analgesics.8,21 When used preemp-
tively, this decreases the likelihood of wind-up of the 
pain pathways, ultimately helps prevent hyperalgesia, 
and aids in the multimodal approach to patient 
analgesia.8

Drug choices

Drug selection (see Table 44.1) is an important part of 
the local anesthetic protocol. Local anesthetics work by 
blocking nerve impulses.7,8,21 At a cellular level this 
occurs by blocking sodium channels in the nerve mem-
brane.8 When sodium is blocked, the nerve cannot 
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caine, various forms of lidocaine can also be found: 
dermal patches, oral gels, topical gels, and nasal sprays. 
Lidocaine has an onset of action of 5–10 minutes and 
duration of action of 60–120 minutes.22 Dosing of lido-
caine for local infiltration is generally 1–2 mg/kg in both 
dogs and cats.7 Adverse drugs reactions are uncommon 
when lidocaine is used as a local anesthetic. Most reac-
tions are associated with accidental intravenous (IV) 
injections, so care should be taken to avoid this when 
local effects are the goal. In dogs, intravenous adminis-
tration of lidocaine at a dose of 22 ± 6.7 mg/kg induces 
convulsions and other signs of central nervous system 
(CNS) toxicity, such as salivation and muscle tremors.24 
In cats, intravenous administration of lidocaine at a dose 
of 11.7 ± 4.6 mg/kg induces convulsions.23 Based on 
these results, dogs should not exceed a dose of 12 mg/kg 
IV, whereas cats should not exceed a dose of 6 mg/kg 
IV.23 Lidocaine with epinephrine should not be used in 
distal extremities due to vasoconstriction and potential 
tissue necrosis.25

Bupivacaine
Bupivacaine hydrochloride is a long-acting local anes-
thetic that also belongs to the amino amide group and 
is four times more potent than lidocaine.22 It comes in 
three different concentrations, 0.25%, 0.5%, and 0.75%, 
available with or without epinephrine. Bupivacaine has 
an onset of action of 20–30 minutes and duration of 
action of 180–480 minutes. Dosing of bupivacaine is 
1–2 mg /kg, which is similar to lidocaine even though it 
is four times more potent. Therefore, caution must be 
taken if repeat doses are necessary because the CNS toxic 
dose of bupivicaine is much lower than lidocaine at 
5 mg/kg.24 Bupivacaine is contraindicated for IV regional 
anesthesia (IVRA) because of the potential risk of tour-
niquet failure and systemic absorption of the drug. It 
should be clarified that although bupivicaine has a 
greater arrhythmogenic effect than lidocaine, it has been 
shown to cause less hypotension systemically than lido-
caine in the cat.26 Additionally, on an equipotent basis, 
the seizure threshold is similar for both bupivacaine and 
lidocaine.26 Accidental IV injection of bupivacaine is 
cardiotoxic and may lead to death; therefore, aspiration 
before injection is crucial. Bupivacaine with epinephrine 
should not be used on distal appendages due to its vaso-
constrictive properties and the potential for tissue 
death.25

α-2 adrenergic agonists
The α-2 adrenergic agonists, such as dexmedetomidine, 
are typically used systemically for sedation and analge-

conduct an impulse, and therefore no sensation can be 
transmitted. Local anesthetics cause analgesia but also 
can cause complete loss of motor function depending 
on the properties of the drug, location, myelination of 
the nerve, dose, and size of the nerve fibers.22 Generally, 
local anesthetics cause nerve blockade in a particular 
order by first numbing pain, then warmth, touch, deep 
pressure, and finally motor function.22 However, large 
peripheral nerves are an exception to this and tend to 
have motor blockade before sensory blockade, as well 
cause proximal extremity analgesia prior to distal 
extremity blockade.22 Local anesthetic drugs differ in 
their side effects, onset of action, and duration of action. 
Consideration of these drug factors should influence 
drug selection.23

Lidocaine
Lidocaine is a commonly used local anesthetic that 
belongs to the amino amide group, meaning it is gener-
ally biotransformed by liver microsomal enzymes.22 It is 
available in concentrations of 0.5% to 5% with or 
without epinephrine.22 In addition to the injectable lido-

Table 44.1 Listing of various drug dosages for local anesthetic 
use (for continuous epidural drug protocol, see the section on 
epidural)

Drug Dosage Use

Lidocaine 1–2 mg/kg Short-acting 
analgesia for local 
infiltration, 
intrapleural and 
intraperitoneal 
blocks, and 
occasionally 
epidural use

Bupivicaine 1–2 mg/kg Longer acting 
analgesia for local 
infiltration, 
intrapleural, 
intraperitoneal, 
and epidural use

Dexmedetomidine 0.001–0.005 mg/kg Epidural, 
intraarticular, or 
perineurally

Preservative-free 
morphine

0.1 mg/kg Epidural

Fentanyl 0.01 mg/kg Epidural

Buprenorphine 0.003–0.006 mg/kg Epidural
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Local blocks

Specific local blocks are discussed in the following sec-
tions. There are various ways to approach each tech-
nique, and common sense is important when choosing 
to use a local anesthetic block. Many of the blocks 
require general anesthesia, which may be contraindi-
cated in the emergency patient. Additionally, local anes-
thetics in and of themselves can be painful, so keep this 
in mind when performing the blocks. Some authors rec-
ommend combining sodium bicarbonate with the local 
anesthetic to reduce the pain of injection; however, this 
can decrease the efficacy of the local anesthetic and thus 
is not discussed in this chapter.22 Lastly, it is imperative 
that the patient be monitored for proper analgesia after 
a local block is performed because the block may not 
have worked properly or may not last as long as antici-
pated. The technician and clinician should have a stan-
dardized method of evaluating the patient for pain. 
Most hospitals have a systematic approach for assessing 
pain in their patients. Listed are a few examples that can 
be readily implemented. Palpate or gently apply pressure 
to the affected area, watch for a reaction, such as with-
drawing the limb, whimpering, or vocalization, the 
patient looking at the affected area or seeming con-
cerned. Other signs to observe are increases in heart rate, 
an overall sense of uneasiness, not being able to get 
comfortable, and vocalization of pain. Cats frequently 
exhibit pain by not moving or hiding in the back of a 
cage. Therefore, systemic pain medications are still 
required in these situations, as well as when the local 
anesthetic wears off. It should be noted that subcutane-
ous injection of local anesthetics has a much lower risk 
of toxicity than intrapleural or intraperitoneal injection 
due to differences in systemic absorption. This must  
be kept in mind when total and repeat doses are 
calculated.

Local infiltration, incisional blocks,  
ring blocks
Indications

Local infiltration, incisional blocks, and ring blocks are 
the simplest to perform of all the blocks (Protocols 
44.1–44.3). They are infiltrative blocks at the site of the 
wound/incision and help control the pain associated 
with wound debridement and management. Such blocks 
may reduce the need for heavy sedation when repairing 
a laceration in an animal that is in compensated shock. 
The most common indications for these blocks in the 
emergency setting are lacerations, wounds, incisions,  
toe wounds and amputations, and tail wounds and 
amputations.

sia. However, there are α-2 receptors present in the 
spinal cord (epidurally and intrathecally) that are crucial 
in the pain pathways.8 These can be stimulated by epi-
dural or intrathecal infiltration of α-2 agonists, although 
systemic uptake is always a possibility and must be antic-
ipated.8 The use of α-2 adrenergic receptor agonists (in 
combination with amino amide local anesthetics or 
locally administered opioids) is a useful adjunct in opti-
mizing local anesthetic technique for intra-articular 
pain control.27 The use of these drug combinations pro-
duces a synergistic analgesic effect and is partly due to 
norepinephrine inhibition at the nerve endings.8 The 
α-2 agonists also enhance peripheral nerve blockade 
when combined with amino amide local anesthetics.8 
This enhancement is multifactorial but is mostly due to 
enhanced nerve blockade. Adding α-2 agonists to bra-
chial plexus, intercostal, and dental nerve blocks can 
enhance the analgesia of these procedures.8 Doses 
of dexmedetomidine vary depending on the regional  
block being performed. The doses range from 0.001 to 
0.005 mg/kg.8 Adverse effects should be anticipated 
when using an α-2 adrenoceptor agonist as a local anes-
thetic. Systemic effects to watch for include cardiovas-
cular and respiratory effects, such as bradycardia, 
decreased cardiac output, and decreased respiratory 
rate.6,7

Opioids
Regional anesthesia, affecting a large part of the body or 
blocking many nerves, can be enhanced with adminis-
tration of opioids (preservative-free morphine, fentanyl, 
or buprenorphine) when combined with an amino 
amide local anesthetic.8 Opioid administration alone 
into the epidural or intra-articular space or in combina-
tion with α-2 agonists also are acceptable local analgesia 
techniques.8 The onset of action for most regional blocks 
is 30–60 minutes. The duration of action is approxi-
mately 18 hours when using preservative-free morphine, 
and the duration and extent of analgesia can be extended 
when using drugs in combination.8 Adverse effects of 
opioids when used in this route of administration are 
rarely problematic.28 Urine retention is possible after 
epidural morphine administration, and the bladder may 
need to be manually expressed or catheterized.28 Other 
effects such as sedation, vomiting, defecation, constipa-
tion, and histamine release may be appreciated but are 
uncommon.28 In regard to histamine release, pretreat-
ment with an antihistamine is usually not indicated 
unless mast cell tumors are of concern. If degranulation 
of a mast cell tumor is of concern, pretreatment  
with diphenhydramine at 1–2 mg/kg intramuscularly is 
recommended.
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Protocol 44.2 Ring block

Procedure
1. Clip area distal to affected area, 360°.
2. Aseptically prepare site.
3. Prepare mixture of 2% lidocaine 1–2 mg/kg and 7.5% 

bupivacaine 1–2 mg/kg in a single syringe. Alternatively, 
this block may be performed with single agent lidocaine 
or bupivicaine at the above doses.

4. With the syringe attached to a 25-gauge, ⅝-inch needle, 
insert needle subcutaneously.

5. Aspirate; inject mixture as you remove the needle from 
the skin until a small bleb is formed.

6. Reinsert needle through first bleb, the area of skin that is 
already desensitized, and inject in the neighboring skin.

7. Repeat steps until you have injected around the 
circumference of the affected limb.

Protocol 44.3 Soaker catheters

Procedure
1. Soaker catheters can be placed in the subcutaneous 

tissue for local infiltration when closing an incision for 
repeat or continuous local anesthetic infiltration.

2. Aseptically prepare site.
3. Place soaker catheter in the subcutaneous space.
4. Suture in place using a Chinese finger trap technique.

Figure 44.1 Intrapleural block. A dog receiving an intrapleural 
block through a chest tube.

Protocol 44.1 Local infiltration/line block

Procedure
1. Clip affected area.
2. Aseptically prepare area.
3. In one syringe, prepare mixture of 2% lidocaine 

1–2 mg/kg and 5.0% or 7.5% bupivacaine 1–2 mg/kg 
(bupivacaine with epinephrine is suitable, as long as it 
is not a distal extremity). The volume needed depends 
on the size of the area being blocked. Alternatively, this 
block may be performed with single agent lidocaine or 
bupivicaine at the above doses.

4. With a syringe attached to a 25-gauge, ⅝-inch or a 
22-gauge, 1-inch needle, insert needle subcutaneously, 
aspirate, inject mixture as you withdraw needle, and 
make a small bleb.

5. Repeat this procedure around the target area, in a 
rectangular or circular pattern. Make sure to split the 
dose of your drug equally throughout the area. It is 
always a good idea to anticipate how big of an area you 
will be blocking so that you do not exceed your total 
dose.

6. If your target area is a surgical incision, inject mixture 
along the incision, using either a 25-gauge, ⅝-inch or a 
22-gauge, 1-inch needle (size depends on the size of the 
animal).

7. It is ideal to make these injections before the surgical 
process had begun; however, these blocks are still 
beneficial if done after the surgical procedure.

8. Alternatively, you can use a 22-gauge, 1.5- to 3.0-inch 
spinal needle (length depends on size of incision). Insert 
entirety of spinal needle under the skin, aspirate, and 
inject mixture as you remove the needle from the skin.

Contraindications

There are few contraindications to these simple blocks. 
There is some evidence that local anesthetics can inter-
fere with wound healing, which should be kept in 
mind.29,30 Additionally, if an area is infected, ring blocks 
and local infiltration should probably be avoided.

Complications

Infection, pain on injection, decreased wound healing,29,30 
drug reaction, bleeding, ineffective block, and clogging 
of the catheter if using a soaker catheter are possible 
complications.

Intrapleural blocks
Indications

Intrapleural blocks are usually performed through a 
chest tube (see Fig. 44.1) that has already been placed 
and is the mainstay of intrapleural blocks in veterinary 
medicine (Protocol 44.4). The use of a syringe and 
needle directly through the thoracic wall can be used to 
infiltrate the pleural space. However, this direct tech-
nique is rarely used and not discussed further.
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Protocol 44.4 Intrapleural block

Procedure
1. Aseptically prepare chest tube for injection.
2. Aspirate and remove any fluid or air from the pleural 

space through the chest tube.
3. Slowly inject a combination of 1 mg/kg of lidocaine 

mixed with 1 mg/kg of bupivacaine. Your total dosage 
should not exceed 2 mg/kg. If you prefer to use a 
single agent, inject 2 mg/kg of lidocaine or 1.5 mg/kg 
of bupivicaine.32,33 If bilateral chest tubes are placed, 
simply divide the drug in half and administer one half 
of the drug into each chest tube. The bupivacaine alone 
may sting if it is not given with the lidocaine. Lidocaine 
alone will only last 30–60 minutes, whereas addition of 
bupivacaine will extend the analgesia to 4–6 hours.

4. Follow the injection with 5 mL of sterile saline or air to 
clear the chest tube of the local anesthetic and ensure 
dispersion into the thoracic cavity.

5. The block may be more effective if you lay the animal 
down in lateral recumbency for 10–15 minutes after the 
block, with the affected side down.

Contraindications

Flail chest may be a contraindication because the body 
wall may not be intact and the local anesthetic may leak 
into the subcutaneous space. There is no evidence that 
intrapleural lidocaine or bupivicaine at therapeutic 
doses given to patients with pericardectomy increases 
the risk of dysrhythmias.31

Complications

Complications include pain on injection, incomplete 
block, cardiac toxicity, and pyothorax.

Intercostal nerve blocks
Indications

Intercostal nerve blocks (Protocol 44.5) can be per-
formed on any intercostal nerve and generally block 
structures as far as two rib spaces caudal to the block. 
These can be useful for broken ribs or cranial abdominal 
pain.33

Contraindications

Flail chest and infection are contraindications for this 
procedure.

Complications

Pneumothorax and bleeding are the complications.

Protocol 44.5 Intercostal nerve blocks

Procedure
1. Two adjacent intercostal spaces (see Figs. 44.2 and 

44.3) both cranial and caudal to the incision or area of 
discomfort must be blocked due to the nerve supply 
overlap.33

2. Using a 90° angle, insert a 25-gauge, ⅝-inch or a 
22-gauge, 1-inch needle through the skin caudal to the 
rib near the intervertebral foramen.

3. Aspirate, and if no blood is withdrawn, then inject 
0.5–1.0 mL 7.5% bupivacaine (volume depends on the 
size of the animal) at each site. Your total dosage should 
not exceed 2 mg/kg.

Figure 44.2 Intercostal nerve block. Location of the intercos-
tal nerve on a dog skeleton.

Intercostal n.
Block Location

Figure 44.3 Intercostal nerve block and brachial plexus 
block. Examples of the location of an intercostal nerve block 
and brachial plexus block on a live dog. The brachial plexus 
block is performed medial to the shoulder joint with the 
needle inserted caudally toward the costochondral junction of 
the ribs.

Intercostal n. block

Brachial Plexus
Block
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Brachial plexus block
Indications

The brachial plexus nerve block is for procedures occur-
ring distal to the elbow (Protocols 44.6 and 44.7).

Contraindications

Injuries or procedures proximal to the elbow, coagu-
lopathy, and thrombocytopenia are the contraindica-
tions. General anesthesia is usually required, so this 
block may be of limited use in the emergency patient.

Complications

Hemorrhage, incomplete nerve block, and brachial 
plexus nerve damage are the complications.

Intraperitoneal blocks
Indications

Most intraperitoneal blocks (Protocol 44.8) are per-
formed in animals that have severe abdominal pain sec-
ondary to pancreatitis.

Contraindications

Septic abdomen, abdominal wall hernia, thrombocyto-
penia, and coagulopathy are all contraindications.

Protocol 44.6 Brachial plexus block without the use of a 
nerve locator

Procedure
1. With the patient in lateral recumbency, affected leg up, 

clip area medial to the shoulder joint.
2. Aseptically prepare site.
3. After washing hands and while donning sterile gloves, 

insert a 22-gauge, 1.5- to 3.0-inch spinal needle 
(depending on size of patient) medial to the shoulder 
joint with the needle pointing caudally toward the 
costochondral junction of the ribs (Fig. 44.3) and  
the shaft of the needle parallel to the vertebral column.

4. Once needle is fully inserted, aspirate. If no blood is 
noted, inject bupivacaine, 2 mg/kg, 7.5% concentration, 
as you slowly withdraw needle.3

Protocol 44.7 Brachial plexus block with the use of nerve 
locator

Procedure
1. Clip area medial to the shoulder joint.
2. Aseptically prepare site.
3. Attach nerve locator surface electrode to patient.
4. Prime insulated needle delivery set with 7.5% 

bupivacaine, about 0.5 mL or until bupivacaine is 
observed at the tip of your needle.

5. Using sterile gloves, insert insulated needle (size 
40 mm, 80 mm, or 100 mm, depending on patient size; 
the distal tip of the needle should lie just caudal to the 
spine of the scapula) medial to the shoulder joint with 
the needle pointing caudally toward the costochondral 
junction of the ribs and the shaft of the needle parallel 
to the vertebral column.

6. Once the needle is placed through skin, attach the 
nerve locator to the uninsulated part of the needle.

7. Turn nerve locator on and apply settings at 1 mA (2 Hz).
8. Continue to insert the needle until you obtain 

contractions of the biceps brachii muscle and flexion of 
the elbow.

9. Once desired effect is obtained, slowly decrease 
nerve locator setting until you achieve same muscle 
contraction and elbow flexion at a mA of 0.5. If the 
technician is getting a positive stimulation at 0.2 mA, it 
may indicate an intraneural needle placement.

10. Aspirate. If no blood is observed, inject bupivacaine 
(2 mg/kg, 7.5% solution) slowly. There should be no 
resistance while injecting the bupivacaine.

11. Once nerve twitch dissipates, slowly withdraw needle 
while still injecting bupivacaine as the needle is 
removed.34

Protocol 44.8 Intraperitoneal block

Procedure
1. Position the animal in lateral recumbency.
2. Aseptically prepare site around the umbilicus.
3. Using a 90° angle, insert a 22-gauge, 1 or 1½-inch 

needle through the skin just ventral to the umbilicus 
until the needle is within the peritoneal cavity. 
Depending on the thickness of the subcutaneous tissue, 
a 1-inch needle usually penetrates into the peritoneal 
cavity. Usually there is a small loss of resistance as the 
needle breaks through the parietal peritoneum.

4. Aspirate once in the abdominal cavity. If fluid is 
aspirated, then do not inject. Commonly the spleen 
or bladder is hit accidentally with the needle and 
the procedure needs to be redirected. An ultrasound 
machine is helpful to determine if fluid is already present 
within the abdominal cavity prior to injection to know if 
fluid is expected on aspiration. If no fluid is aspirated or 
known fluid is present via ultrasound verification, inject 
0.5–1.0 mL 7.5% bupivacaine diluted into 9 mL of 0.9% 
NaCl (amount of bupivacaine depends on the size of the 
animal). Your total dosage should not exceed 2 mg/kg.
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Complications

Failure of blockage due to dilution of the local anesthetic 
within the peritoneal cavity, pain on injection, septic 
abdomen, and hemoabdomen are complications.

Infraorbital, mandibular, and mental nerve 
blocks
Indications

The infraorbital nerve block (Protocol 44.9) numbs the 
maxilla on the side of the block, including the teeth 
cranial to the maxillary first molar.35 The mandibular 
nerve block (Protocol 44.10) numbs the mandible 
cranial to the injection site, including the teeth and 
tongue on the affected side.35 The mental nerve block 
(Protocol 44.11) numbs the skin, bone, and teeth of the 
mandible cranial to the second premolar on the ipsilat-
eral side (Fig. 44.4A).35

Figure 44.4 Dental nerve blocks. (a) Locations of the three dental nerve blocks on a live dog: infraorbital, mental, and mandibular 
nerve blocks. (b) Infraorbital block. Skull picture depicting location of the infraorbital foramen. (c) Mandibular block. Skull picture 
depicting location of the mandibular foramen. (d) Mental block. Skull picture depicting location of the mental foramen.

(a) (b)

(c) (d)

Infraorbital n. block

Mental n. block
Mandibular n. block

Mandibular
Foramen

Mental Foramen

Infraorbital
Foramen

Contraindications

The mandibular nerve block frequently needs to be done 
under anesthesia and therefore has limited value in the 
emergency patient. The infraorbital nerve block and 
mental nerve block should be performed under heavy 
sedation. Mental nerve blocks for dental work involving 
symphyseal fractures may not cause complete analgesia 
of the symphyseal fracture site because the mental nerve 
innervates the lateral mandible.8,35

Complications

Incomplete nerve block, hemorrhage, and permanent 
nerve damage are complications. Permanent nerve 
damage could cause lip drooping and numbness, which 
could cause self-trauma if the animal accidentally bites 
or chews its lip.
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Femoral and sciatic nerve block
Indications

The femoral and sciatic nerve blocks (Protocols 44.12 
and 44.13) are useful for procedures including the stifle 
and distal to the stifle.

Contraindications

Infection at the injection site, coagulopathy, thrombo-
cytopenia, inability to use contralateral hind limb, and 

direct nerve injury are contraindications. Complica-
tions: include hemorrhage, incomplete block, and nerve 
damage.

Epidural and epidural catheter
Indications

Epidural blocks (Protocols 44.14–44.16) can be per-
formed when a patient has pelvic limb pain, abdominal 
pain, thoracic pain, or thoracic limb pain.

Contraindications

Local infection, systemic infection, severe pelvic frac-
tures that disrupt the anatomy, coagulopathy, thrombo-
cytopenia, and hypotension are contraindications.  
This procedure must be performed under general 
anesthesia.

Complications

Complications include infection, bleeding, incomplete 
block, urine retention if using opioids, and intercostal 
nerve root paralysis if using a large volume and a local 
anesthetic is included. It is recommended that the con-
centration of bupivacaine not exceed 0.25% if the cath-
eter placement is near the thoracic vertebrae.28

Troubleshooting

If an epidural catheter stops functioning, first radio-
graph the animal to determine if placement of the  
catheter is correct. Fluoroscopy may be more helpful 
than a radiograph because of the ability to move the 
animal around to help determine placement. If the cath-
eter appears in place, attempt to gently flush with sterile 
saline. If this does not work, then attempt flushing with 
saline as the epidural catheter is slowly removed. Do not 
force or advance the epidural catheter back in once it 
has been removed from the epidural space. The epidural 
catheter should be removed and placement of a new 
catheter may be placed.28,36,38

Protocol 44.9 Infraorbital block (see Fig. 44.5)

Procedure
1. Aseptically prepare site.
2. Lift the patients lip and palpate the infraorbital foramen, 

which can be located dorsal to the rostral edge of the 
upper forth premolar (see Fig. 44.4B).

3. Using 1–2 mL of 2% lidocaine or 7.5% bupivacaine, or 
a mixture of both, insert a 22-gauge, 1-inch needle (or 
25-gauge, 5⁄8-inch needle, depending on the size of the 
patient) into the infraorbital space.

4. Once you have entered the infraorbital space, insert 
the entirety of the needle, and aspirate; if no blood is 
observed, inject desired drug.

Protocol 44.10 Mandibular block

Procedure
1. Place your patient in lateral recumbency with the 

affected side up.
2. Open the patient’s mouth and advance your index finger 

on the medial aspect of the ramus of the mandible, 
to the palpable lip of the mandibular foramen, which 
is caudal to the third molar (see Fig. 44.4C). The 
mandibular nerve is usually palpable at this point.

3. With your index finger in place, using aseptic technique, 
use your other hand on the exterior of the mouth, at the 
point of the mandibular foramen. Under the jaw insert 
a 25-gauge, 5⁄8-inch, or a 22-gauge, 1-inch needle (size 
of needle depends on size of patient) at the lower angle 
of the jaw slightly rostral to the angular process on the 
medial aspect of the ramus. You should be able to feel 
the tip of the needle with your index finger that is inside 
the patient’s mouth.36

4. Once the needle has been palpated, aspirate; if no blood 
is observed, inject 1–2 mL of 2% lidocaine or 1–2 mL 
7.5% bupivacaine, or a mixture of both, remembering 
not to exceed a total dose of 2 mg/kg.

Protocol 44.11 Mental block

Procedure
1. The mental foramen is caudal and ventral to the canine 

tooth (see Fig. 44.4D).
2. Insert a 25-gauge, 5⁄8-inch needle intraorally, parallel to 

the teeth, rostral to the mental foramen.
3. Aspirate; if no blood is observed, inject 0.5–1.0 mL of 

2% lidocaine or 0.5–1.0 mL of 7.5% bupivacaine or a 
mixture of both. Do not exceed a total dose of 2 mg/kg.
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Protocol 44.12 Femoral nerve block with the use of a nerve locator

Procedure
1. Place patient in lateral recumbency with the affected leg up (Fig. 44.5).
2. Abduct leg at a 90° angle and extend caudally.
3. Clip and aseptically prepare the area.
4. Attach the nerve locator surface electrode to the patient.
5. Prime the insulated needle delivery system with bupivacaine.
6. Using aseptic technique, palpate the femoral artery. The nerve lies underneath the medial belly of the sartorius muscle and is 

about 0.5–1.0 cm deep.
7. Using a 40-mm insulated needle, insert the needle cranial to the femoral artery and medial to the sartorius muscle.
8. Once you have entered the skin, place the nerve locator on the uninsulated part of the needle.
9. Turn the nerve locator on and place at a setting of 1–2 mA (2 Hz).

10. The needle should be advanced toward the iliopsoas muscle at a 20–30° angle.
11. Recall that the nerve lies underneath the medial belly of the sartorius muscle and is about 0.5–1.0 cm deep.
12. Once you observe twitches of the quadriceps muscle and extension of the stifle, slowly start to decrease the setting on the 

nerve locator until you achieve the same desired effect. Your goal is to achieve this desired effect at 0.5 mA. If you are still 
getting a twitch below 0.5 mA, you increase the risk of an intraneural injection, which is not desirable and may cause neuritis 
of nerve damage.

13. Aspirate; if no blood is present, inject 0.1 mL/kg of 7.5% bupivacaine. The injection should be smooth and without resistance. 
If you are having difficulty injecting the drug, the needle may be in the nerve.

14. Slowly withdraw the needle. If you are still obtaining the desired effect on the nerve locator, aspirate; if no blood is present, 
inject again testing for resistance. If no resistance is appreciated, inject the remainder of the drug.37

Figure 44.5 Femoral nerve block. Location of femoral nerve block on up leg.
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Protocol 44.13 Sciatic nerve block with the use of a nerve locator

Procedure
1. Place the patient in lateral recumbency with the affected leg up.
2. Palpate the ischiatic tuberosity and the greater trochanter of the femur (see Fig. 44.6).
3. Clip and aseptically prepare the site.
4. Attach the nerve locator surface electrode to the patient.
5. Prime the insulated needle delivery system with bupivacaine.
6. Insert a 40-mm insulated needle perpendicular to the skin with an ever so slight angle between the ischiatic tuberosity and 

the greater trochanter.
7. Attach the nerve locator to the uninsulated part of the needle.
8. Turn the nerve locator on at 1–2 mA (2 Hz).
9. Slowly advance the needle until you get dorsiflexion or plantar flexion of the foot. Once flexion is noted, start to decrease the 

setting of the nerve locator until you get the same desired effect at 0.5 mA. A positive stimulation <0.5 mA may indicate an 
intraneural needle placement.

10. Aspirate; if no blood is observed; inject 0.05 mL/kg of 7.5% bupivacaine. There should be no resistance on injection. If you 
are having difficulty injecting the drug, the needle may be in the nerve. Slowly withdraw the needle. If you are still obtaining 
the desired effect on the nerve locator, aspirate; if no blood is present, inject again testing for resistance. If no resistance is 
appreciated, inject the remainder of the drug.37

Figure 44.6 Sciatic nerve block. Location of sciatic nerve block on a live dog.

Protocol 44.14 Epidural

Procedure
1. The patient should be placed in either sternal or lateral recumbency depending on the operator’s preference. Some people 

extend the pelvic limbs cranially to possibly increase the size of the epidural space; this is a personal preference.
2. Clip an area at the lumbosacral junction (see Figs. 44.7A and B). Sterile technique is very important in this procedure, so clip 

an adequate area that allows aseptic technique.
3. Aseptically prepare the skin.
4. After washing hands and while donning sterile gloves, palpate the wings of the ilium with your thumb and middle finger. 

Using the index finger, palpate the spinous process of the seventh lumbar vertebra.
5. Slide the index finger caudally down the spinous process until the lumbosacral space is palpable. A slight divot can usually be 

palpated here between L7 and S1.
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6. Keeping the index finger in place (to maintain positioning), insert a 20- or 22-gauge, 1.5- to 3.0-inch spinal needle (length 
and size of needle depend on patient size) perpendicular to the skin, ensuring the needle is precisely on midline in 360°.

7. Continue to advance the spinal needle slowly, adjusting the needle angle as needed either cranially or caudally, to ensure 
proper placement in the epidural space (see Figs. 44.7C and 44.7D).

8. The epidural space sits just ventral to the ligamentum flavum. As the needle is advanced through the ligamentum flavum, 
usually a “pop” can be felt, although this is not a completely reliable indicator.

9. To ensure correct epidural placement of the needle’s tip, remove the stylet, and using a glass syringe, which provides little 
to no resistance, inject a small amount of air (0.25–1.0 mL depending on patient size). While injecting air, there should be no 
resistance and no back pressure on the plunger of the syringe. If resistance or back pressure on the plunger is appreciated, 
you are most likely not in the epidural space. Repeat the preceding steps to obtain proper placement.

10. Another method of verifying correct needle placement is by using the “hanging drop” technique. This technique is best 
performed with the patient in sternal recumbency. Once the needle is placed in the skin, remove the stylet and fill the hub 
of the needle with saline or local anesthetic. Once you are in the epidural space, the fluid in your needle will drop into the 
epidural space. This technique is not 100% accurate because tissue plugs can obstruct the needle.

(a) (b)

(c) (d)

Figure 44.7 Epidural block. (a) Location of an epidural on a live dog. (b) Location of an epidural on a dog skeleton. (c) Location 
of needle placement on a dog skeleton: dorsal view. (d) Location of needle placement on a dog skeleton: lateral view.

(Continued )
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11. Once correct needle placement is verified, examine the needle for blood or cerebrospinal fluid (CSF). If none is observed, 
gently aspirate the needle to reconfirm absence of blood and CSF.

12. Slowly inject the opioid of choice (refer to Table 44.1). It should inject freely with no resistance, similar to an IV injection.  
If resistance is experienced, you are most likely not in the epidural space and you will need to repeat the preceding process.

13. Follow the opioid with bupivacaine 7.5%, 0.1–0.4 mg/kg; this too should inject with no resistance. If resistance is noted, you 
are most likely not in the epidural space and will need to repeat the process.

14. Once you have administered the drugs, remove needle, and place the patient with affected side down, allowing the drugs to 
disperse to the desired location.38

Protocol 44.15 Epidural catheter placement

Procedure
1. Epidural catheter kits are available with most if not all the 

components needed for the placement of the epidural catheter 
(see Fig. 44.8).

2. The procedure is fairly similar to that of an epidural, but in 
place of a regular spinal needle, a Tuohy needle is used.  
The curved tip of the needle allows the catheter to be passed 
in the appropriate direction (cranially) after  
needle insertion.

3. Follow the procedure for performing an epidural injection. 
However, replace the regular spinal needle with a Tuohy spinal 
needle.

4. Once in the epidural space, remove the stylet and pass the 
epidural catheter through the Tuohy needle.

5. The tip of the epidural catheter should be placed in close 
proximity to the painful area. Therefore, premeasuring the 
catheter prior to placement is important.

6. Remove the Tuohy needle while leaving the catheter in place.
7. Although not an absolute guarantee of correct placement, a radiograph can be performed to verify placement of the epidural 

catheter. Intended catheter placement is not always achieved because of coiling of the catheter and lateral deviation. The 
presence of an epidural catheter decreases the likelihood of failure, but it does not guarantee 100% success. If proper 
placement was not obtained, repeat steps 1–5.

8. It is important to keep the insertion port of the catheter clean and sterile at all times. The insertion site should be covered with 
a sterile bandage, and aseptic technique should be used when delivering drugs through the insertion port. Reapplication of a 
sterile bandage should be applied whenever administration of drugs is performed. The insertion site should be inspected daily 
for inflammation and infection.

Figure 44.8 Picture of the components of an epidural catheter 
kit.

Protocol 44.16 Continuous epidural drug infusion8

Procedure
1. Dilute preservative-free morphine to 0.5 mg/mL with 0.9% saline.
2. Mix 1 mL of 0.75% bupivicaine with 5 mL of 0.5 mg/mL dilute morphine.
3. Deliver solution at 0.03–0.05 mL/kg/hr.
4. If rear limb paralysis occurs, change concentration of solution to 1 mL of 0.75% bupivicaine in 11 mL of 0.5 mg/mL dilute 

morphine and deliver at above rate.
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Summary

Local analgesia can greatly enhance the overall analgesia 
in the emergent or critically ill patient. Because local 
analgesic techniques may aid in decreasing systemic 
drug requirements, the risk of patient decompensation 
secondary to sedation, heavy systemic analgesia, or anes-
thesia is minimized.
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45
Monitoring the anesthetized patient

Benjamin M. Brainard and Julie Denton-Schmiedt

Anesthetic monitoring of the critically ill patient is an 
important aspect of veterinary critical care. No single 
measured variable provides a full picture of the animal’s 
status; each piece of monitoring data is part of a larger 
picture, which, taken as a whole, reflects the condition 
of a patient under general anesthesia. Although single 
values may be useful, trends of measured physical 
parameters are more commonly used to guide decisions 
for anesthetic adjustments. Critically ill patients are 
either at risk of, or already experiencing, compromise of 
the body’s ability to maintain homeostasis and tissue 
oxygen delivery. Many of the drugs used for anesthesia 
contribute directly to additional physiologic derange-
ments that, if left uncorrected, may worsen patient 
status. In addition, many critically ill animals cannot 
tolerate high levels of single anesthetic drugs (such as 
inhalant anesthetics), and the anesthetist must continu-
ally monitor the patient’s response to ensure that anes-
thesia and analgesia are adequate for the duration of the 
procedure, especially when using multiple intravenous 
(IV) drugs to supplement or maintain anesthesia.

The most common perturbations expected in the 
anesthetized critical patient are hypoxemia, hypoten-
sion, hypoventilation, cardiac arrhythmias, acidosis, and 
volume overload.

Hypoxemia may be present prior to anesthesia in 
some cases, and in others it may develop during anes-
thesia. Common intraoperative events that can result in 
hypoxemia may be patient related (e.g., pneumothorax, 
pulmonary embolism, pulmonary edema) or may be 
machine failure (i.e., inadequate supply of oxygen, mal-
functioning flow meter, or a circuit disconnect). Sys-
temic oxygenation can be monitored with arterial blood 

gas analysis and estimated with pulse oximetry. Normal 
oxygen saturation (SO2) in an animal breathing 100% 
oxygen should not be less than 98%. An ideal PaO2 for 
a patient breathing 100% oxygen is 500 mm Hg, although 
V/Q mismatch from atelectasis and other causes (e.g., 
physiologic shunts) usually makes this slightly lower. An 
SpO2 below 95% should spur a re-evaluation of the 
patient for problems that may result in hypoxemia.

Most anesthetic drugs are potent respiratory depres-
sants, and hypoventilation is a common occurrence in 
the anesthetized or sedated patient. Measurement of 
ventilation (CO2 levels) can be accomplished using arte-
rial blood gas analysis and estimated with end-tidal 
carbon dioxide monitoring (ETCO2). ETCO2 greater 
than 55 mm Hg is an indication to identify patient prob-
lems that may result in decreased tidal volumes (e.g., 
pneumothorax, unibronchial intubation) and to evalu-
ate the machine for problems such as stuck valves or 
expired soda lime (this will usually result in an increased 
inspired CO2 as well).

Cardiac arrhythmias can be secondary to myocardial 
hypoxemia or hypoperfusion, or due to systemic acido-
sis. They can also occur in response to specific anesthetic 
drugs such as thiopental or ketamine. Electrocardio-
gram (ECG) monitoring will give information on both 
cardiac rhythm as well as any conduction disturbances. 
Some arrhythmias, such as ventricular tachycardia or R 
on T phenomena, may require drug therapy during the 
anesthetic period.

Critically ill animals are frequently anesthetized prior 
to full resuscitation from shock. A shock state represents 
decreased tissue oxygen delivery and is usually accom-
panied by a metabolic acidosis. Resuscitation will have 
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abnormal values, specific therapy should be instituted. 
In the event of problems with oxygenation or ventila-
tion, it should be verified that the anesthetic machine is 
functioning properly (i.e., that the delivery of oxygen 
has not been interrupted or that any valves are stuck) 
and that an acute change has not happened to the patient 
(e.g., a pneumothorax or pulmonary aspiration). If 
there is a problem with the machine, an Ambu bag can 
be used to maintain ventilation while the machine is 
switched, and anesthesia may be maintained with IV 
methods.

If hypotension is detected, in addition to verifying 
proper cuff placement or arterial catheter function, the 
patient assessment must include an evaluation of the 
depth of anesthesia. An assessment of the circulating 
blood volume of the patient should also be made. If 
hypovolemia is probable, the anesthetist can consider a 
bolus of IV fluids (either crystalloid or colloid) and 
should discuss with the surgeon if it is indicated to con-
sider other fluids such as packed RBCs or fresh frozen 
plasma (or whole blood). The possibility exists in some 
cases that IV pressor or inotropic agents may be neces-
sary for therapy of intraoperative hypotension.

Anesthesia monitoring record

The physiologic data gathered before, during, and after 
anesthesia is recorded on the anesthesia monitoring 
record. This record is a legal document and an impor-
tant part of the medical record. Anesthesia monitoring 

to continue into the anesthetic period, and frequent 
monitoring of blood gas values and lactate concentra-
tion will allow assessment of systemic perfusion and 
oxygen delivery. Keeping a record of intraoperative 
blood loss (which is not necessarily represented by 
packed cell volume/total solids [PCV/TS] measures) will 
give an indication of the need for transfusions of fresh 
whole blood or packed red blood cells (RBCs) to main-
tain oxygen delivery.

Although many critically ill patients will benefit from 
expanded intravascular volume, some risk hypervolemia 
from excessive crystalloid administration, and others 
risk the development of edema if they are hypoprotein-
emic. In patients who may be at risk for hypervolemia, 
the placement of a jugular catheter will allow the mea-
surement of central venous pressure (CVP), which esti-
mates the pressure and volume in the right side of the 
heart. As the CVP approaches 8 cm H2O, the patient is 
approaching fluid overload and may be at risk for pul-
monary edema and congestive heart failure. Hypoalbu-
minemic patients can have the colloid osmotic pressure 
(COP) measured; if the COP is less than 15 mm Hg, it is 
indicated to include colloid as part of the fluid therapy 
plan.

The most important tools of the anesthetist are his  
or her senses. Palpation of the pulse and observation of 
the mucous membranes give information about perfu-
sion, oxygenation, and blood pressure. Assessment of 
eye position, jaw tone, and palpebral reflex give informa-
tion about the patient’s anesthetic depth, and ausculta-
tion of the Doppler pulse or the ECG beep can alert the 
anesthetist to the development of cardiac arrhythmias. 
To supplement the senses and allow objective evaluation 
of the anesthetized patient, monitoring devices are 
available.

Anesthetists should place emphasis on physical 
parameters and physical assessment of the patient. Jaw 
tone, pulse rate and pulse quality, mucous membrane 
color, and other types of hands-on information can be 
much more accurate and important than a number read 
from a monitoring screen. In addition, the anesthetist 
should perform a thorough physical examination of the 
patient and be familiar with the proposed procedure 
prior to premedication for anesthesia. Table 45.1 lists 
normal ranges for commonly measured physical exami-
nation parameters.

When the anesthetist notes abnormal monitoring 
values, a series of steps should be followed. First, a brief 
physical examination should be performed to assess  
the patient. Second, the abnormal values should be veri-
fied (e.g., by readjusting the pulse oximeter probe or 
repeating a blood pressure). This process should take 
less than 1 minute to accomplish. With verification of 

Table 45.1 Normal values for physiologic parameters in 
awake dogs and cats

Parameter Dog Cat

Heart rate 70–110 bpm 120–200 bpm
Respiratory rate 12–20 breath/min 12–20 breath/min
Rectal temperature 99.5–101.5°F 100–102°F
PaO2 (at sea level) 85–100 mm Hg 95–115 mm Hg
SpO2 97%–100% 97%–100%
PaCO2 35–45 mm Hg 30–40 mm Hg
ETCO2 30–40 mm Hg 30–40 mm Hg
Systolic blood 
pressure

90–140 mm Hg 90–150 mm Hg

Mean blood 
pressure

60–100 mm Hg 60–100 mm Hg

Diastolic blood 
pressure

50–75 mm Hg 60–100 mm Hg
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sheets for a practice should be standardized with sec-
tions for patient name and signalment, and areas for 
preanesthetic history and laboratory values. This allows 
quick access of this information during the anesthetic 
period. A sample anesthetic record is shown in Figure 
45.1. Separate sections of the anesthetic record should 
also be available to describe the type of drugs adminis-
tered, dosage administered, and the effect on the patient 
for the premedication, induction, maintenance, and 
recovery phases of anesthesia. An area for notes or 
descriptions of events that occurred during the anes-
thetic episode is also necessary. Documentation should 
always be in ink and should be as complete as possible. 
Although some human hospitals and veterinary prac-
tices use a computer-based anesthetic record, these are 
not in widespread veterinary use at this time. A carbon 
copy form or other mechanism to create a duplicate of 
the record is also useful. One copy may stay with the 
record, and another may be catalogued separately in an 
anesthesia database.

A well-organized record allows veterinary technicians 
and veterinarians to quickly review the anesthetic record 
in the event of problems in the perioperative period. 
Accurate recording of the entire anesthetic episode also 
provides a reference for future anesthetics in the same 
patient. If a patient had a previous difficult intubation 
or adverse reaction to premedicant drugs, a review of 
the previous anesthetic record will highlight these facts 
for future anesthetists. For example, if a patient experi-
enced severe hypotension while being anesthetized with 
propofol, a less vasodilating induction protocol (e.g., 
using ketamine and diazepam) may be chosen for  
the next anesthetic. Likewise, if a patient experienced 
arrhythmias during induction with thiopental, a differ-
ent induction agent could be chosen. If an animal, after 
premedication with a potent opioid during a prior anes-
thetic, became apneic and required immediate intuba-
tion, it is indicated to modify future protocols to prevent 
such an occurrence.

Patient monitoring as it pertains to the anesthetic 
procedure begins with administration of the premedica-
tion drug or combination of drugs. The premedication 
regimen, route of administration (IM, IV, SC), and the 
effect of the drugs on the patient should be recorded. 
Events such as emesis, defecation, bradycardia, excita-
tion, or sedation are particularly important to note. If 
animals experience emesis prior to the securing of a 
protected airway, they may be in danger of aspiration 
pneumonia, and oxygenation will have to be closely 
monitored in the intra- and postoperative period. As 
noted earlier, if there are adverse responses to the chosen 
anesthetic protocol (e.g., respiratory arrest, abnormal 
excitation, or aggressive behavior), these should be 

noted so that similar protocols may be avoided in the 
future.

Monitoring of the patient continues into induction. 
The type and amount of induction agent(s) used, as well 
as route of administration, should be noted. Any adverse 
effects during induction (e.g., emesis, arrhythmias, 
hypotension, or excitation) are important to note, in 
addition to any difficulties associated with endotracheal 
intubation (this may also be graded on a scale of 1 to 4, 
with 1 representing a smooth intubation and 4 repre-
senting the most difficult intubation). There should be 
a place on the anesthetic record to note the size of endo-
tracheal (ET) tube used for intubation.

Patient monitoring during the maintenance phase of 
anesthesia is extremely important, and parameters such 
as the heart rate, respiratory rate, blood pressure, tem-
perature, end-tidal CO2, oxygen flow rate, and end-tidal 
inhalant (if available) or delivered inhalant percentage 
should be recorded at 5-minute intervals or more fre-
quently. If acute changes occur, these should be noted 
on the record as well. The type and amount of fluid 
therapy should also be recorded, in addition to any 
adjunctive drugs used during anesthesia (e.g., fentanyl 
or dopamine administered as a constant rate infusion 
[CRI]). Notes should be made in the anesthetic record 
about adjustments in fluid therapy, changes in anes-
thetic depth, changes in position or recumbency, occur-
rence of reflux, administration of additional drugs, 
surgical progress, or any other event that occurred 
during the anesthetic episode. The time of extubation, 
postoperative analgesic therapy, and other pertinent 
details are recorded on the recovery section of the sheet. 
Following extubation, patient monitoring should con-
tinue until the body temperature reaches a satisfactory 
level (>99°F [37.2°C]) and the patient is able to perform 
purposeful movement such as swallowing. During the 
recovery phase of anesthesia, measurement of tempera-
ture, pulse rate, and respiration rate should take place 
no less frequently than every 15 minutes.

Physical parameters under anesthesia

Anesthetic depth is most accurately monitored by serial 
physical examination of the anesthetized patient. Small 
animal patients progress through a predictable series of 
physical changes as they become more deeply anesthe-
tized, and they encounter these signs in reverse as they 
become more lightly anesthetized (see Fig. 45.2). These 
stages are labeled with Roman numerals: I represents an 
awake animal through to V, which represents a danger-
ously deeply anesthetized animal (Fig. 45.2). Because 
some physical parameters can be similar between 
animals that are relatively lightly anesthetized and those 



Figure 45.1 Typical anesthesia record. Note provision of areas for preoperative history and blood work, American Society of Anes-
thesiologists (ASA) classification, planned procedure, and patient identification. The anesthetist can record the blood pressure and other 
parameters using the grid and the legend in the upper left corner. There are spaces to note preoperative and induction medications, 
as well as a space to note the quality of recovery. The open area on the right side allows the anesthetist to take notes during the 
procedure and is referenced to numbers written on the timeline of the grid. Note also spaces available for notation of SpO2, ETCO2, 
and percentage inhalant administered.
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Jaw tone
Jaw tone is a parameter that varies among different 
canine patients; animals with muscular jaws tend to have 
higher basal tone and less overall change during anes-
thesia. In most patients, however, high tone and a tight 
jaw is associated with lighter anesthetic states that grad-
ually lessens as the animal becomes more deeply anes-
thetized. Jaw tone is a reliable indicator of anesthetic 
depth in cats.

Mucous membranes/capillary refill time
Mucous membrane color and capillary refill time (CRT) 
can allow the anesthetist to estimate perfusion and oxy-
genation of the anesthetized patient. Well-perfused 
mucous membranes are pink with a CRT of 1–1.5 
seconds. The most accessible mucous membranes to the 
anesthetist are the gums. Because oxygenated hemoglo-
bin produces the pink color of mucous membranes, 
factors that affect hemoglobin concentration or satura-
tion of hemoglobin with oxygen can result in changes 

that are overly anesthetized (e.g., a central eye position), 
only serial examination will make it possible to accu-
rately assess the patient’s depth of anesthesia. For surgi-
cal anesthesia, a patient should be in a plane of light to 
medium stage III anesthesia. Physical parameters should 
be assessed no less frequently than every 5 minutes in 
the anesthetized patient.

Eye position
The eye position of an awake animal is a central pupil, 
which remains constant into light anesthesia. As the 
patient becomes more deeply anesthetized, the pupil 
rotates to a ventromedial position and remains this  
way through moderate anesthesia. As the patient’s anes-
thetic plane deepens, the eye rotates back to a central 
position. Thus a central pupil in an anesthetized animal 
can indicate a patient that is either not deep enough for 
a surgical procedure or one that is excessively deeply 
anesthetized. Used in combination with other physical 
examination findings, eye position is an important part 
of the anesthesia physical examination.

Figure 45.2 A diagram of the physiologic changes that occur in patients as they progress through the stages of anesthesia (noted in 
the left-hand column). From Hall, Clarke, and Trim, Veterinary Anaesthesiology, 10th ed., used with permission.
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hyperdynamic shock, the CRT will be faster than normal, 
usually less than 1 second. The most common reason for 
brick red membranes and a fast CRT is septic shock.

Response to stimulation
A patient’s response to stimulation is decreased with 
adequate anesthesia. Responses are manifested as 
increases in sympathetic tone (e.g., tachycardia, hyper-
tension) or a lightening of the anesthetic plane (e.g., an 
increase in jaw tone). If these responses are seen in 
response to a surgical or other procedure, there is the 
possibility that the animal is not adequately anesthe-
tized, and the depth of anesthesia should be verified 
using other physical examination or monitoring param-
eters. The use of local anesthetic blocks or total IV anes-
thesia may result in a patient that retains more tone or 
reflexes than animals anesthetized with inhalant anes-
thetic alone.

The palpebral reflex, a blink elicited by light touch 
over the upper or lower eyelids (or in the medial canthus 
of the eye), is gradually decreased as the depth of anes-
thesia increases. In general, for a surgical plane of anes-
thesia, the reflex may be sluggish but does not need to 
be absent. The corneal reflex, a withdrawal of the orbit 
when the cornea is touched, is maintained to even deeper 
anesthesia. If the corneal reflex is absent, the patient may 
be overanesthetized or near death.

Heart rate
Cardiac output is the product of heart rate and stroke 
volume, indicating the amount (volume) of blood 
pumped from the heart each minute. Stroke volume, the 
amount of blood pumped with each contraction of the 
heart, can be difficult to measure directly; therefore, it is 
important to closely monitor heart rate because it is 
directly related to cardiac output. An acceptable heart 
rate under general anesthesia depends on a number of 
variables including species, patient size, the anesthetic 
regimen (especially if anticholinergic or α-2 agonist 
drugs are administered), and the patient’s normal heart 
rate.

There are multiple ways to monitor the heart rate 
during general anesthesia. The most basic approach is 
digital palpation of the pulse. The anesthetist palpates 
the pulse by placing two fingers (not a thumb) over an 
artery and applying gentle pressure. Pressing down too 
firmly may occlude or collapse the artery and eliminate 
the pulse. The most commonly used arteries for digital 
palpation are the femoral, dorsal pedal, caudal (ventral 
aspect of the tail), buccal, and lingual arteries (Fig. 45.3). 
These areas are easily accessible during induction and 
surgical preparation. When patients are positioned with 

in the membrane color. In addition, if there is a distur-
bance that results in decreased blood flow to the gums 
(i.e., alterations in perfusion), the mucous membrane 
color may be altered.

Pale mucous membranes are most associated with 
anemia, and the color can range from a paler pink with 
moderate anemia to almost white in cases of severe 
anemia. Other causes of pale mucous membranes 
include vasoconstriction or hypothermia, both of which 
result in decreased peripheral perfusion. Decreased per-
fusion may be physiologic (e.g., response to α-2 agonist 
drug administration) or may indicate a serious problem 
(e.g., hemorrhage or cardiac arrest). Membrane color 
and CRT should be monitored no less frequently  
than every 5 minutes in pets under anesthesia. Changes 
in the membrane color should be evaluated in the 
context of other physical examination and monitoring 
parameters.

A bluish tinge to the membranes, called cyanosis, 
indicates a severe decrease in hemoglobin saturation 
with oxygen. The blue color is due to the presence of 
deoxyhemoglobin, which is hemoglobin without oxygen 
molecules attached. In some cases of extremely decreased 
perfusion (i.e., decompensatory shock), the mucous 
membranes may also appear to have a blue or purple 
hue (sometimes described as “muddy”). Cyanosis noted 
during anesthesia requires immediate action to deter-
mine the cause and to restore adequate oxygenation. 
Possible causes of cyanosis may be due to patient prob-
lems (e.g., pneumothorax, pulmonary embolism, aspi-
ration pneumonia) or machine failure (i.e., inadequate 
supply of oxygen, malfunctioning oxygen flow meter, or 
a circuit disconnect). Suspected abnormalities derived 
from mucous membrane assessment should be rapidly 
confirmed with other methods (e.g., arterial blood gas 
analysis, pulse oximetry), and the supply of oxygen to 
the anesthesia machine checked. The bobbin in the 
oxygen flowmeter will not float if gas is not traveling 
through the machine (unless it has become stuck). Other 
variations of mucous membrane color are covered 
earlier in this book.

Capillary refill time is measured by an initial blanch-
ing of the oral mucosa from pressure with a finger and 
followed by evaluation of the time for the color to 
return. Normal CRT is 1–1.5 seconds. In animals with 
pigmented mucous membranes, CRT may be difficult to 
assess. A slow return of color may indicate impaired 
systemic perfusion. In animals with pale mucous mem-
branes secondary to vasoconstriction, the CRT may also 
be slower than normal or difficult to assess. The converse 
is also true: Animals with vasodilation have bright pink 
to red mucous membranes. With an increase in cardiac 
output such as might be seen with compensatory or 
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low pulse pressure, the animal will have a weak pulse. 
Weak or “thready” pulses may represent lower mean 
blood pressure due to poor cardiac output or vessel tone. 
If weak pulses are palpated, or if pulses become weak 
during a procedure, a more accurate determination of 
blood pressure (such as with Doppler or direct arterial 
pressure monitoring) and re-evaluation of the patient 
should be performed. Weak pulses may be consistent 
with hypovolemia, hemorrhage, or decreased cardiac 
output due to anesthetic drugs or cardiac arrhythmias.1 
Pulse pressure should be evaluated in concert with 
mucous membrane color and CRT.

Another reliable method for monitoring HR is an 
esophageal stethoscope (Fig. 45.4). This device is an 
esophageal probe connected to a listening device. The 
esophageal probe comes in a variety of sizes and lengths. 
The probe is connected to either a Doppler unit or stan-
dard stethoscope earpieces. After anesthetic induction 
and endotracheal intubation, the probe is advanced into 
the esophagus until the heartbeat can be heard. The 
probe should be advanced only to the point where the 

their head away from the anesthetist, the dorsal pedal, 
caudal, and femoral arteries are the best choice. However, 
if the head of the patient is toward the anesthetist, the 
lingual artery is most accessible. Other palpable pulses 
are the radial pulse, as well as the apex beat in the thorax. 
In some cases of cardiac arrhythmias (e.g., ventricular 
premature contractions [VPC], the palpated pulse rate 
will differ from the actual heart rate seen on the electro-
cardiogram (ECG). Arrhythmias will be palpated as 
weak or irregular pulses and should be verified with 
other monitoring equipment.

The pulse rate is calculated by counting the pulse over 
a set number of seconds and multiplying this time by a 
value to equal 60 seconds. The resulting value is the 
heart rate in beats per minute (bpm) (see the following 
equations):

 No of beats in seconds heart rates in bpm. 15 4× =

 No of beats in seconds heart rates in bpm. 10 6× =

The longer the period of time over which the pulse is 
counted, the more accurate the recorded pulse rate. It is 
good practice for the anesthetist to keep a hand on the 
pulse at all times when not otherwise occupied, to sense 
the rate and quality of the pulse.

While palpating the pulse, the anesthetist should also 
note the quality of the pulse. The pulse quality is a sub-
jective value that is not always recorded, but with experi-
ence anesthetists may gain valuable information about 
the patient from pulse palpation. The palpated pulse 
pressure is the difference between the systolic and dia-
stolic arterial blood pressure. Animals with a large dif-
ference in systolic and diastolic blood pressure (due to 
a lower diastolic or a higher systolic pressure) have a 
strong or bounding pulse. Bounding pulses may result 
from conditions such as normovolemic anemia or septic 
shock (due to excessive vasodilation), and they may give 
the anesthetist a clue to the underlying condition if these 
are detected prior to anesthetic induction. If there is a 

Figure 45.3 Commonly used arteries for digital palpation. (a) Femoral, (b) dorsal pedal, and (c) sublingual.

(a) (b) (c)

Figure 45.4 Esophageal stethoscope.
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not become anesthetized. Respiratory minute volume 
(RMV) is the amount of gas exhaled by the lungs over 
1 minute and is the product of RR and respiratory tidal 
volume. The actual RMV can be measured by a respi-
rometer (Fig. 45.5) (e.g., the Wright respirometer) 
inserted into the anesthetic circuit. Some machines that 
measure exhaled CO2 also contain a respirometer feature. 
The anesthetized patient should take deep breaths at 
regular intervals. RMV is related to ventilation (and thus 
arterial CO2 levels); an increase in RMV results in a 
decreased arterial CO2 level, and vice versa. Normal 
RMV in awake dogs and cats is approximately 200 mL/
kg/minute.

Another way to monitor RR is to use an airway 
monitor. This device produces a humming sound as the 
patient exhales, which signals to the anesthetist that a 
respiratory cycle has taken place (i.e., the animal has 
inhaled and exhaled once). The monitor’s sensor is 
placed in the anesthetic circuit between the ET tube and 
the wye piece. The sensor is connected to a small speaker, 
which amplifies the sound of the patient’s exhalation. 
The produced sound does not reflect the quality of ven-
tilation, just the fact that exhalation is taking place. The 
monitor does not remove any gas samples from the 
circuit. Modifications to these monitors can make them 
apnea monitors as well, and some will alarm if the 
patient has not taken a breath in a specified amount of 
time. Other monitors, such as the capnograph, also 
provide an apnea alarm.

The most comprehensive real-time bedside ventila-
tory monitor is the capnograph. It continuously  

heartbeat is clearly heard; additional advancement past 
this point of maximal intensity may result in the place-
ment of the probe into the stomach and disruption of 
the lower esophageal sphincter, which may lead to gas-
troesophageal reflux. Using the stethoscope, heart rate 
can be directly measured. An advantage of using the 
esophageal stethoscope is that the heart and lungs may 
be auscultated constantly and directly. Changes in rate, 
or in the quality of a heart murmur or lung sounds, may 
be detected as they happen. Some esophageal stetho-
scopes are combined with temperature probes and ECG 
electrodes.

The ECG is used to monitor both the heart rate and 
rhythm. ECG interpretation is addressed in Chapter 7. 
A lead II ECG is used to monitor basic cardiac rate and 
rhythm in small animal patients, and leads may be 
attached to the patient’s skin either using alligator clips 
or patches with snap leads. In some exotic species, the 
leads may be attached to the metal part of 25- to 30-
gauge needles inserted through the skin. It is not neces-
sary to clip the fur to attach alligator clips, but doing so 
provides better contact and a better signal. One must 
apply either alcohol or conductive gel to optimize elec-
trical conduction from the patient’s skin to the elec-
trode. Hair must be clipped when using patches, and the 
area should be wiped with alcohol and allowed to dry 
before patches are applied to optimize their adherence. 
Due to evaporation of alcohol or drying of conductive 
gel, leads may need to be moistened periodically to 
maintain optimum conductance.

The ECG lead placement is similar to that used for 
other purposes; however, the standard arrangement may 
not be possible for some procedures. In the case where 
the procedure interferes with lead placement (e.g., fore-
limb amputation), ECG leads should be placed as close 
to the appropriate area as possible, to maintain the prin-
ciples of Einthoven’s triangle and surgical sterility (see 
Chapter 6 for more details). It is most important to keep 
the leads on the correct side of the body and in the 
correct plane with the heart. Thoracic limb leads can be 
moved cranially but should not move caudally. Pelvic 
limb leads may be moved further caudal on the limb.

Respiratory rate
The respiratory rate (RR) can be calculated by  
observation of the patient or the rebreathing bag. Ade-
quate respiration is essential to a safe and smooth  
anesthetic episode because anesthesia is most frequently 
maintained using volatile inhalant gas anesthetics,  
which can suppress respiratory drive. If a patient is not 
taking regular breaths with an adequate tidal volume, 
anesthetic will not be inhaled, and the patient may  

Figure 45.5 A Wright respirometer placed in the expiratory limb 
of the anesthesia circuit. The respirometer measures tidal volume 
and respiratory minute volume.
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or both. Assisted ventilation also increases the inhalant 
anesthetic delivered to the patient.

When hypoventilation is identified, the anesthetist 
should first evaluate the patient (Table 45.2), as well as 
the positioning of the ET tube. Unibronchial intubation 
occurs when the ET tube is advanced beyond the  
carina into the bronchus of one of the lung lobes. V/Q 
mismatch ensues because an entire lung is without  
effective ventilation. Ideally, the ET tube should be 
placed so that the distal end of the tube is located in the 
caudal extrathoracic trachea. If there is a possibility that 
the tube has been introduced too far into the trachea 
(resulting in one lung intubation), it may be removed 
until the cuff of the ET tube is palpated in the caudal 
extrathoracic trachea. The ET tube cuff should be 
deflated before readjusting the tube, should adjustment 
be necessary.

The patient with elevated respiratory minute ventila-
tion is hyperventilating, which causes a decreased PCO2, 
called hypocarbia (or hypocapnia). Hyperventilation in 
the anesthetized patient is most commonly a result of 
an inadequate anesthetic plane or an elevated body tem-
perature. In some cases where the patient exhibits 
extreme hypoxia, hyperventilation may be a reflection 
of hypoxic drive because the need for oxygen over-
whelms any depressant effects of anesthetics on the 
respiratory center. Hyperventilation due to inadequate 
anesthesia may be accompanied by tachycardia and 
hypertension. The anesthetist may address this either by 
increasing ventilation or administered inhalant percent-
age (both of which provide more anesthetic to the 
patient), or by administering analgesic drugs (e.g., 
opioids) to provide additional analgesia.

The normal physiologic response to elevated arterial 
PCO2 is an increase in RMV (either by increasing the 
respiratory rate or tidal volume). This normal response 
to high PaCO2 is blunted by anesthesia, but an elevated 
respiratory rate may be seen in patients with a PaCO2 
above 65 mm Hg. Due to the effects of anesthesia on the 
normal responses to PCO2 as well as effects on RMV 
(e.g., due to smaller tidal volumes), it is difficult to deter-
mine the patient’s PaCO2 based solely on observation of 
the respiratory rate; the only true way to assess ventila-
tion is to measure the arterial or venous CO2 partial 
pressure.

Malignant hyperthermia (MH) causes increased 
respiratory rates accompanied by hyperthermia and 
hypercapnia. Some anesthetic drugs, such as halothane 
and succinylcholine, have been linked as triggers for MH 
in susceptible animals. If MH is suspected, anesthesia 
should be discontinued as soon as possible, the anes-
thetic lines detached from the ET tube, flushed thor-
oughly with oxygen, and reattached to the patient. It 

measures and reports respiratory rate along with inspired 
and expired PCO2. Some capnographs (e.g., the Phillips-
Respironics, Murraysville, PA) also function as a respi-
rometer (Fig. 45.6); these machines measure tidal 
volume and can estimate pulmonary compliance, which 
is an important parameter to monitor in patients requir-
ing long-term ventilation for pulmonary disease (see 
Chapter 27). The end-tidal carbon dioxide (ETCO2) is a 
practical estimation of arterial CO2 and used to monitor 
ventilation in anesthetized patients. Capnography is 
covered in depth in Chapter 26.

Hypoventilation (a decreased respiratory minute 
volume) occurs from a decrease in respiratory rate, tidal 
volume, or both. Hypoventilation leads to hypercarbia 
(also called hypercapnia), which is an increase in dis-
solved carbon dioxide in the blood (PaCO2 or PvCO2). 
Hypercarbia results in a respiratory acidosis, and as the 
blood pH decreases, deleterious effects can be seen on 
vascular tone and cardiac function. High blood levels of 
CO2 can also cause narcosis and may result in increased 
intracranial pressure, cardiac arrhythmias, hypoxemia, 
and ultimately cardiac arrest.

Decreased respiratory minute volume may be due to 
a decreased respiratory rate (or complete apnea), seen 
with patients with an irregular breathing pattern or 
breathholding, or it may be due to a decrease in tidal 
volume, despite a normal respiratory rate. If hypercarbia 
or hypoventilation is identified, the anesthetist must 
increase the respiratory minute volume, by manually or 
mechanically ventilating the patient at a steady rate to 
bring the CO2 into a normal range. Assisted ventilation 
may be used to increase the respiratory rate, tidal volume, 

Figure 45.6 The NICO Respiratory Profile Monitor (Phillips-
Respironics, Murraysville, PA) a multiparameter monitor that con-
tinuously measures and reports inspired and expired PCO2, 
respiratory rate, and oxygen saturation. Photo courtesy of Kate 
Hopper BVSc, PhD, DACVECC.



Table 45.2 Assessment and approach to common abnormalities in ventilation in the anesthetized patient

Problem Assessment Steps Actions

Hypoventilation 
(PaCO2 or ETCO2 
>65 mm Hg)

Is the patient unable to 
generate an adequate tidal 
volume by spontaneous 
ventilation or mechanical 
ventilation?

Auscult the thorax and rule out pulmonary dysfunction such as a 
pneumothorax. If tidal volume is limited, consider repositioning the 
patient or increasing the respiratory rate. Ventilators that deliver a breath 
to a certain airway pressure will deliver a smaller breath if there is 
increased pressure in the thorax.

Is the patient unable to 
generate an adequate tidal 
volume by spontaneous 
ventilation?

Consider the use of a mechanical ventilator for maintenance of 
anesthesia, or increase the number of assisted breaths delivered to the 
patient by the anesthetist. If neuromuscular blocking agents (e.g., 
atracurium) have been used during the procedure, consider reversal.

Is the patient’s level of 
anesthesia excessive? (see Fig. 
45.2)

Efforts should be made to lighten the plane of anesthesia, and if the 
patient is breathing spontaneously, manual ventilation may be necessary.

Have potent opiate medications 
been administered recently?

If anesthetized, increase either tidal volume, respiratory rate, or both. If 
awake, consider reversal of the opiate medication using naloxone.

Is there a kink or obstruction in 
the breathing system?

Inspect the system for kinks or obstructions; address as necessary.

Is there a leak in the anesthetic 
system?

Leaks will prevent the delivery of a full tidal volume breath to the 
patient; if a leak is suspected, it may be necessary to change the tubing, 
the ventilator bellows, the rebreathing bag, or the entire system. If a leak 
cannot be readily detected, breathing for the patient with an Ambu bag 
will allow time to switch out the system and to correct the 
hypoventilation. It should also be verified that the cuff on the 
endotracheal tube is adequately inflated.

Is there a leak in the ventilator 
bellows?

Leaks in the bellows of a mechanical ventilator will prevent the bellows 
from returning completely to the full position between breaths. The 
patient may be hand ventilated using the rebreathing bag or an Ambu 
bag while the bellows are changed.

Is the soda lime expired? Check the soda lime canister for heat and color, as well as the last time 
the soda lime was changed. Expired or used soda lime will not remove 
adequate CO2 from the system and may cause it to build up. Switch 
machines or breathe for the patient with an Ambu bag while the soda 
lime is changed. Also verify that the soda lime canister is filled correctly; 
if it is packed too tightly or above the fill line, it may not remove CO2 
appropriately. These patients will also have a high inspired CO2 as 
measured by the capnograph.

Is there a leak in the valves of 
the anesthesia machine?

Incompetent inspiratory or expiratory valves will not allow air to travel in 
a circle system; these patients will also show a high inspired CO2 level.

Hyperventilation 
(PaCO2 or ETCO2 
<25 mm Hg)

Is the respiratory rate or tidal 
volume excessive? 
(spontaneous ventilation)

Verify that the patient is adequately anesthetized for the procedure. 
Verify that the patient’s temperature is not elevated.

Is the respiratory rate or tidal 
volume excessive? (mechanical 
ventilation)

If a mechanical ventilator is in use, adjust either the rate or tidal volume 
to decrease the respiratory minute volume.

Is the patient hypoxemic? Assess SpO2 and/or an arterial blood gas to verify patient oxygenation.

Very low ETCO2 Was intubation successful? Verify that the endotracheal tube is not in the esophagus

Sudden drop in 
ETCO2

Any acute changes in patient 
condition?

Severe drops in ETCO2 may reflect circulatory collapse or the occurrence 
of a pulmonary thromboembolism (PTE). The patient should be assessed 
for stability immediately and additional diagnostics performed as 
necessary.

Is the anesthetic circuit intact? Evaluate the circuit for any disconnections
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higher end of the range or toward the normal values for 
that patient.

Low blood pressure in critically ill patients may be 
caused by hypovolemia, hemorrhage, a gas-filled viscus 
(e.g., the stomach in patients with gastric dilatation  
and volvulus), anesthetic drugs, heart disease, cardiac 
arrhythmias, or vasodilation (e.g., as a result of vasople-
gic shock). Individual patients have individual reasons 
for hypotension, and the anesthetist’s knowledge of the 
disease state and the patient’s physical examination will 
help to determine therapy and plan a safe anesthetic. As 
an example, patients with heart disease such as dilated 
cardiomyopathy may need a positive inotropic drug to 
support blood pressure by supporting cardiac output. 
By contrast, a patient that is hypotensive due to hypo-
volemia may require IV fluid therapy to resolve low 
blood pressure.

The hypotension associated with anesthetic drugs 
may have components of myocardial depression and 
vasodilation, depending on the drug. When hypotension 
is detected, the anesthetic plane of the patient should be 
re-evaluated to ensure that they are not too deeply anes-
thetized (if they are, the anesthetic plane may be light-
ened). An assessment of the degree of blood or fluid loss 
should also be undertaken, and if the animal is hypo-
volemic, an IV bolus of fluids (crystalloid or colloid) 
may help to restore adequate blood pressures. In cases 
of excessive vasodilation causing hypotension, pressor 
drugs such as phenylephrine, dopamine, norepine-
phrine, or vasopressin may be indicated to cause 
vasoconstriction.

Although hypertension is uncommon in veterinary 
patients, it may also have consequences such as retinal 
detachment or cerebral hemorrhage. Anesthetized 
animals with a pheochromocytoma may have paroxys-
mal tachycardias and hypertensive episodes that may 
merit therapy.

Doppler blood pressure measurement
The most widely used blood pressure monitor is the 
Doppler flow probe. The Doppler uses a probe contain-
ing a piezoelectric crystal. The probe emits sound waves, 
which are reflected by the RBCs in pulsatile arterial 
blood. When the sound is reflected from the cells, it is 
sensed again by the probe, and the shift in the frequency 
of the sound (due to the movement of the cells) is trans-
duced into an audible signal. The placement of a pneu-
matic blood pressure cuff and sphygmomanometer 
proximal to the probe allows the measurement of blood 
pressure (see Chapter 10). Common areas used for 
Doppler probe placement in the anesthetized animal are 
the ulnar artery on the palmar surface of the thoracic 

may be easier to switch to an unused anesthetic machine. 
The patient’s ETCO2, rectal or esophageal temperature, 
and oxygenation should be closely monitored. If the 
temperature rises above 102.5°F, external warming and 
heat support should be discontinued. If the temperature 
continues to rise, the patient should be made wet, and a 
fan used to encourage convective cooling. Dantrolene is 
a drug that may help to reverse the signs of MH by alter-
ing intracellular calcium kinetics. This drug may be 
given at a dose of 1–10 mg/kg IV. At-risk patients should 
be treated with dantrolene orally prior to elective 
surgeries.2

ETCO2 is directly proportional to cardiac output and 
tissue perfusion, except in rare conditions of mitochon-
drial dysfunction (usually as a result of septic shock). If 
the respiratory rate and tidal volume have remained the 
same but the ETCO2 has decreased, the patient is expe-
riencing either a decreased metabolic rate (e.g., due to 
hypothermia) or a decrease in cardiac output (e.g., due 
to hemorrhage or arrhythmias). If a sudden decrease in 
ETCO2 is seen, the anesthetist should evaluate the 
patient’s vital signs immediately to verify adequate per-
fusion because a precipitous drop in ETCO2 is seen with 
cardiac arrest. Once it is clear that the patient is not in 
distress, additional evaluation of the equipment for 
leaks or disconnections may take place.3

Blood pressure

Chapters 8–10 provide an in-depth analysis of the 
various types of blood pressure monitoring. For  
the purposes of monitoring the anesthetized patient, the 
same types of monitors and criteria for evaluation may 
be used. Although blood pressure is not a direct measure 
of perfusion in the anesthetized patient, it is the closest 
and most convenient surrogate measure that we have to 
determine that organ perfusion is appropriate. Actual 
perfusion of individual organs is determined by a host 
of local mechanisms and is extremely difficult to 
measure, even under experimental circumstances.

In general, mean arterial blood pressure (MAP) of 
70–100 mm Hg is acceptable for the anesthetized patient. 
Systolic arterial blood pressure (SAP) should be between 
100 and 140 mm Hg. Diastolic arterial blood pressure 
(DAP) should be between 40 and 65 mm Hg. A MAP 
below 60 mm Hg may be associated with decreased per-
fusion of and oxygen delivery to the kidney and brain.4 
A DAP less than 40 mm Hg may result in poor coronary 
artery perfusion (the heart is only perfused during dias-
tole), and a decreased oxygen delivery to the heart.5 In 
patients who are chronically hypertensive prior to anes-
thesia (e.g., those with chronic renal disease), an effort 
should be made to maintain MAP at levels toward the 
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fact may continue to give readings even in the absence 
of a good pulse). It is thus imperative to compare the 
machine-read heart rate to a heart rate obtained by 
another source (e.g., auscultation or ECG). If the heart 
rate does not match that of the patient, the blood pres-
sure reading should not be trusted. Despite these caveats, 
the oscillometric blood pressure monitor is a useful tool 
for monitoring blood pressure in most anesthetized 
patients.

Direct arterial blood pressure measurement
Direct arterial blood pressure (DABP) is covered in 
Chapter 9 and considered the gold standard for moni-
toring arterial blood pressure. Critically ill or emergent 
patients under anesthesia can experience fluctuations in 
blood pressure that may not be detectable using inter-
mittent measurement. In these cases, or in cases where 
it is necessary to use vasoactive drugs to support blood 
pressure, a direct arterial pressure monitor is ideal. 
DABP also allows the anesthetist to observe directly the 
effects of arrhythmias that occur during anesthesia, and 
it provides a simple way to obtain samples for blood gas 
analysis. Direct arterial catheters for use during anesthe-
sia may be placed in the metatarsal, caudal, or auricular 
arteries. The femoral artery may also be used but is 
associated with more complications on catheter removal.

Oxygen saturation

Monitoring oxygen saturation is imperative in the anes-
thetized patient. Oxygen saturation is a measure of how 
much oxygen the hemoglobin in the blood is carrying, 
described as a percentage of the maximum it could 
carry, and it is an important component of oxygen 
content. Adequate oxygen content in the arterial blood, 
in combination with cardiac output, determines oxygen 
delivery to tissues.

Oxygen saturation is usually monitored with a pulse 
oximeter. Pulse oximetry is covered extensively in 
Chapter 21. The most common site for placement of the 
pulse oximeter probe in the anesthetized patient is the 
tongue or lips. If the tongue cannot be used, the probe 
can be placed on an area of thin skin such as the skin 
between the toes, the abdomen, or on the vulva or 
prepuce. Using the transmission (clip) probe, the tissue 
must be thin enough to allow the probe to pass light 
through the tissue to the sensor on the other side of the 
clip. Reflectance probes may be used rectally or on thin 
areas of skin to obtain a saturation reading without 
using the clip.

The pulse oximeter provides an oxygen saturation 
reading given as a percentage, a pulse waveform, and a 

limb below the carpus; the dorsal pedal artery on the 
plantar surface of the pelvic limb; the saphenous artery 
on the plantar surface of the pelvic limb, proximal to the 
foot; and the coccygeal artery located on the ventral 
surface of the tail.

Additional tips for placement of the Doppler probe 
and selection of pneumatic cuff size are covered in 
Chapter 10.

For measurement of blood pressure, an appropriate-
size blood pressure cuff (ideally with a width that is 40% 
of the circumference of the limb) is placed proximal to 
the probe and inflated with the sphygmomanometer 
until the artery is occluded; this will result in a cessation 
of the Doppler sound. As the pressure in the cuff is 
slowly released, the audible signal will return as soon as 
the cuff pressure is below that of the systolic blood pres-
sure. The anesthetist can repeat this reading as often as 
desired. Changes in the intensity of sound on the 
Doppler may be consistent with arrhythmias or a 
decreased pulse strength (as may occur from sudden 
hypotension). The placement of the probe and cuff 
should be checked to verify that nothing has changed 
after a patient assessment.

An advantage of the Doppler is early detection of 
decreased flow, along with the ability to hear changes in 
heart rhythm. A disadvantage is, like the esophageal 
probe, it becomes difficult to hear once the forced air 
warming unit is activated, although most Doppler units 
allow the use of headphones to improve focus on the 
pulse. Constant air flow from a warming device can also 
lead to drying of the contact gel; therefore it may be 
necessary to reapply if the signal fades.

Oscillometric blood pressure measurement
Oscillometric noninvasive blood pressure monitors 
(e.g., the Cardell [Midmark Corp., Versailles, OH] or 
Dinamap [GE Healthcare, Wauwatosa, WI]) are excel-
lent tools for monitoring trends in blood pressure in the 
anesthetized patient. The theory behind these machines 
is discussed in Chapter 10. Oscillometric monitors are 
more automated than the Doppler devices. They can be 
programmed to cycle at various intervals and to give a 
regular readout of systolic, diastolic, and mean blood 
pressure. Because these monitors rely on a machine-
based interpretation of the blood pressure oscillations, 
they may be less accurate than the Doppler probe, espe-
cially for critically ill patients who may be hypotensive 
(thus diminishing the strength of oscillations) or in 
animals experiencing cardiac arrhythmias (the machines 
require a regular heartbeat to accurately sense oscilla-
tions). Unlike the Doppler probe, these machines do not 
produce an audible signal to reflect heart rate (and in 
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Figure 45.7 Oxyhemoglobin dissociation curve.

100

80

90

70

60

50

40

30

20

10

0
10 20 30 40 50 60 70 80 90 100

He
m

og
lo

bi
n 

(%
 s

at
ur

at
io

n)

PaO2 (mm Hg)

Normal

Shift to left
↓PaO2
↓Temperature
↑pH

Shift to right
↑PaO2
↑Temperature
↓pH

heart rate. The oxygen saturation is related to the dis-
solved oxygen content (PaO2) by the oxyhemoglobin 
dissociation curve (Fig. 45.7) (Chapter 21). Normal 
hemoglobin is expected to be 100% saturated with 
oxygen at a PaO2 of 95–100 mm Hg (most normal 
animals breathing room air have a PaO2 of 80–100 mm Hg 
and an SpO2 of 96%–100%). Under anesthesia and 
breathing 100% oxygen, an animal’s PaO2 is expected to 
be greater than 500 mm Hg. Consequently, an anesthe-
tized animal with normal lung function is expected to 
have a PaO2 of 99%–100% (hemoglobin cannot be satu-
rated more than 100% with oxygen).

If SpO2 readings below 98% are obtained in the anes-
thetized patient breathing 100% oxygen, there is a 
problem with oxygenation in the patient. In the event of 
low SpO2, the patient and subsequently the anesthesia 
circuit should be inspected for causes of the abnormal 
reading.

A patient breathing 100% oxygen that has a PaO2 of 
200 mm Hg will have the same SpO2 as a patient with a 
PaO2 of 500 mm Hg, but the first patient may have some 
significant lung pathology (preventing a normal PaO2), 
which may become relevant during anesthesia recovery 
when the patient needs to breathe room air. For this 
reason, the pulse oximeter does not replace arterial 
blood gas analysis but is useful for a continuous estimate 
of oxygen saturation.

Many critically ill patients may have compromised 
lung function, whether it is due to primary lung pathol-
ogy such as pneumonia or due to decreased lung func-

tion from pleural effusion or ascites (which decrease the 
ability to fully expand the lungs). Animals that have been 
recumbent frequently develop atelectasis, or lung col-
lapse, on the dependent side. Atelectasis causes a 
ventilation/perfusion mismatch and decreases the ability 
of the animal to oxygenate the blood. Atelectasis may 
also develop during surgery when the patient is immo-
bile for a period of time. If atelectasis occurs during 
anesthesia, oxygenation during the recovery period may 
be affected. The pulse oximeter is thus a valuable tool 
not only during anesthesia but also into the recovery 
period.

Significant changes in oxygen saturation rarely occur 
acutely. It is thus important to watch the overall trend 
of the readings. A gradual decrease in saturation will be 
clear on the anesthesia monitoring sheet. Changes in 
saturation may be accompanied by changes in other 
parameters, such as respiratory rate or ETCO2, and can 
help the anesthetist determine the possible cause and 
treatment. A common cause of hypoxemia may be 
incorrect ET tube placement. If the patient is intubated, 
the correct placement and patency of the tube should be 
verified. It is possible for the ET tube to become clogged 
with blood or mucus during anesthesia, especially in 
patients undergoing thoracic surgery, or in those with 
pneumonia. Other causes of a low intraoperative pulse 
oximeter reading include the development of a pneumo-
thorax (which will be accompanied by hypotension and 
tachycardia) and the development of atelectasis (which 
will cause a slower decrease in SpO2).

When a low SpO2 is detected, it is important to check 
the patient (Table 45.3) and to verify that the anesthesia 
machine is providing adequate oxygen. If surgery is 
occurring, verify that there is not a chance of an iatro-
genic pneumothorax or excessive hemorrhage. If the 
patient is set up on a mechanical ventilator, switch to 
manual breaths; this will allow an increase in respiratory 
rate and tidal volume, and it will also give an idea of the 
pulmonary resistance. If it is very difficult to inflate the 
lungs when squeezing the rebreathing bag, a pneumo-
thorax may be present. If atelectasis has caused the low 
SpO2, administration of a slightly larger tidal volume 
(15–20 mL/kg) for two to three breaths or held for 10–15 
seconds may help to open the collapsed alveoli (this is 
also called a recruitment maneuver). If these actions do 
not improve oxygenation, other rule-outs, such as pul-
monary thromboembolic disease, should be considered. 
If it is possible, confirmation of a low SpO2 with an arte-
rial blood gas is indicated because this will give an actual 
measure of PaO2.

The pulse oximeter is an indirect indicator of periph-
eral perfusion; when vasoconstriction results in 
decreased peripheral perfusion, the probe may be unable 
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Table 45.3 Assessments and actions for patients with a low pulse oximeter reading (SpO2 <95%) under anesthesiaa

Problem origin Assessment Action

Respiratory 
system

Has the patient experienced an adverse 
pulmonary event?

Auscult the chest to rule out presence of pneumothorax, congestive 
heart failure, or other lung/pleural space disease. If 
pneumomediastinum is suspected, radiographs may be necessary 
for diagnosis.

Is the patient intubated properly? 
Verify endotracheal intubation using a 
laryngoscope.

Reintubate if necessary.

Is the airway patent? Are there kinks or 
obstructions in the breathing circuit?

Address as necessary, potentially switching machines or breathing 
circuit

Is oxygen still being supplied to the 
circuit (check that the flowmeter 
bobbin is still floating)?

If oxygen supply has been depleted, use Ambu bag or other device 
to breathe for the patient while a new source is established.

Has unibronchial intubation occurred? If the endotracheal tube has been inserted too far into the 
bronchial tree, slowly back it out until breath sounds can be 
auscultated bilaterally

Circulatory 
system

Does the patient have a pulse? Palpate pulse, or verify heart beat using stethoscope, esophageal 
stethoscope, or Doppler flow probe.

Is the patient hypotensive? Measure blood pressure and adjust anesthetic protocol to alleviate 
hypotension.

Is the patient peripherally 
vasoconstricted?

If the vasoconstriction is related to administered drugs, consider 
alternative protocols or alternative placement of the pulse oximeter 
probe. If high doses of pressors are used, it may be difficult to 
achieve an accurate pulse oximeter reading.

Other patient 
factors

Is the patient hypothermic? Vasoconstriction that may accompany hypothermia may result in a 
variable pulse oximeter reading; the patient should be aggressively 
rewarmed if the temperature is <96°F

Is the tongue (or other probe site) dry? Moistening the tongue with warm water or saline may allow the 
pulse oximeter to generate a more accurate reading.

Is the patient moving/seizuring/
shivering?

Calming the patient and limiting movement will allow the pulse 
oximeter to focus on the arterial pulse.

Has the probe been placed on 
pigmented skin?

Attempt to locate a probe site that is not pigmented.

Environmental 
factors

Is the probe in direct line of the 
surgical or fluorescent lights?

Try to cover the probe site or redirect the lights to eliminate 
interference from room lighting.

aFactors are generally listed in order of importance, with emphasis on an immediate physical examination and patient assessment, and 
secondarily addressing possible machine malfunction.

to sense a strong enough pulse, and the monitor may 
display errors, noise, or incorrect values. This may also 
happen in the context of severe hemorrhage; the com-
pensatory vasoconstriction and decreased perfusion to 
the periphery will impair the pulse available for the 
pulse oximeter to monitor. It is imperative to always 
compare the pulse reported by the pulse oximeter to 
another reliable measure of the patient pulse to ensure 
that the machine is focusing on the correct pulse. 

Whereas vasoconstriction will affect the pulse oximeter 
reading, anemia will not, unless it is very severe (<10%). 
In addition, fluorescent surgical or overhead lights may 
affect the ability of the pulse oximeter to register an 
accurate pulse. If the probe is positioned on the tongue, 
the signal may become attenuated as the tongue becomes 
dry from exposure during the anesthetic. For a more 
in-depth discussion of possible artifacts and errors in 
pulse oximetry, refer to Chapter 21.
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thermic and the cause is determined to be other than 
MH (by evaluation of PaCO2 and blood lactate), cool 
the patient slowly. The forced air warming unit can be 
switched to a cool setting, and the warm water blanket 
should be turned off. If the patient is already recovered 
from anesthesia, it may be placed on a cool surface like 
a metal cage floor, and all blankets should be removed. 
Continue to monitor temperature every 15 minutes 
until the patient’s temperature has normalized. Opioids 
may also be associated with the development of postop-
erative hyperthermia in cats. This hyperthermia may be 
treated in a similar manner to other causes of hyperther-
mia, and it may also respond to low doses of naloxone 
(this therapy may also reverse the analgesia) but is 
usually self-limiting.7

End-tidal inhalant concentrations

In a similar manner to CO2, the partial pressure (usually 
expressed as a percentage of alveolar gasses) of inhalant 
anesthetic circulating in a patient is essentially equiva-
lent to the amount that is exhaled. This is particularly 
true for commonly used veterinary anesthetics such  
as isoflurane and sevoflurane. By comparing the exhaled 
percentage of inhalant anesthetic to the dose required 
for anesthesia (usually a multiple of the minimum  
alveolar concentration, or MAC), objective data can  
be obtained as to the degree of anesthesia provided  
by inhalant drugs at any given time. This is a similar 
concept to the measurement of plasma drug levels after 
administration of an injectable drug. The MAC values 
for the commonly used anesthetic agents are given in 
Table 45.4.

Machines that measure end-tidal inhalant concentra-
tions (Fig. 45.8A)are attached to the anesthetic circuit 
by tubing that will constantly aspirate small amounts 
(50–150 mL/minute) of gas from the system into the 
machine (Fig. 45.8B). Once in the machine, the  
percentage of inhalant in the aspirated gas is determined 
and reported. Many different companies manufacture 
machines to determine end-tidal inhalant concentra-
tions, and these monitors frequently measure ETCO2 as 
well. Manufacturers include Datex-Ohmeda (GE Health-
care, Wauwatosa, WI), SurgiVet (Waukesha, WI), and 
Criticare Systems (Waukesha, WI).

Temperature

The temperature of an anesthetized patient affects heart 
rate, RR, blood pressure, and oxygen saturation. Patients 
should be kept as close to normothermic as possible 
during anesthesia. This not only helps maintain normal 
physiology during anesthesia; it also correlates to a 
decreased recovery time.6 It is also easier to maintain a 
patient’s temperature in the normal range than it is to 
warm the animal up after it has become severely hypo-
thermic. Monitoring temperature is done using either a 
rectal thermometer or an esophageal temperature probe.

Maintaining normal body temperature under anes-
thesia is challenging. The patient is breathing cold dry 
gas, is often exposed to the room temperature, and is 
frequently lying on a cold table, all of which contribute 
to conductive heat loss. Steps that can be taken to mini-
mize loss of body heat include the use of warm water 
circulating blankets, forced air warming units (e.g., Bair 
Hugger), the administration of warm IV fluids and 
placing warm (100–103°F) water bottles around the 
patient. Some procedures make patient warming diffi-
cult. For prolonged radiologic procedures, such as 
myelography or computed tomography (CT), forced-air 
warming units and water blankets can interfere with 
imaging. In magnetic resonance imaging (MRI) units, 
both metal monitoring devices and metal probes are 
contraindicated due to interference with the magnet. In 
these cases, blankets placed over the patient can help to 
minimize heat loss but are not as effective as active 
warming devices. Whenever active warming devices of 
any kind are used, patient temperature must be closely 
monitored to ensure the patient is not overheated. If a 
patient is to undergo many procedures during which it 
is exposed to room temperature for long periods of time 
(e.g., wound debridement, central line placement), a 
radiant heat source may be used; these ceramic heaters 
warm the environment around the patient and limit 
radiant and convective heat loss. Because they are located 
over the patient, they are not suitable for use during 
surgery that involves an open body cavity. These devices 
usually are required to be placed a certain distance 
(usually about 90 cm) above the patient to prevent 
burns. Some (e.g., Radiant Heater, Fisher-Paykel, Auck-
land, NZ) are also equipped with a thermometer feed-
back system that adjusts the radiant temperature based 
on the skin temperature of the patient.

Hyperthermia may cause complications as well. When 
using active warming devices, the temperature setting 
should be lowered or use discontinued altogether when 
a patient is at or near normal temperature because the 
animal’s temperature may continue to rise after cessa-
tion of active warming. Should a patient become hyper-

Table 45.4 MAC values for veterinary species

Species Isoflurane Sevoflurane Desflurane

Cat 1.7% 3.1% 10.3%
Dog 1.3% 2.1% 7.2%
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any residual anesthetic in the patient if administration 
is discontinued.

Central venous pressure

Because many conditions in the critically ill patient  
are associated with hypo- or hypervolemia, and some 
may require large amounts of IV fluids during anesthe-
sia, it is desirable in some patients to follow the  
CVP during anesthesia. CVP monitoring, described in 
Chapter 11, is indicated to monitor intravascular  
volume status in any animal at risk of hypervolemia 
(e.g., heart disease or acute renal failure) or in animals 
who may lose a large amount of blood or require  
large amounts of infused IV fluids during the surgical 
procedure.

CVP in the anesthetized patient is expected to range 
from 0 to 10 cm H2O or 0 to 7 mm Hg. If the patient is 
undergoing positive pressure ventilation, the pressure 
during inspiration may raise the measured CVP. Conse-
quently, the CVP measurement should be taken during 
the expiratory phase. In patients that are anesthetized 
and receiving mechanical ventilation using positive end-
expiratory pressure (PEEP), this pressure will also be 
transmitted to the CVP and should be taken into account 
when evaluating the measured pressure. Thoracoscopic 
procedures may also result in erroneous CVP readings, 
depending on the amount and pressure of gas instilled 
into the thoracic cavity. Laparoscopy results in variable 
changes in CVP.

The use of analgesic drugs such as the opioids and α-2 
agonists decrease the amount of inhalant anesthetic nec-
essary to maintain anesthesia (i.e., they reduce the effec-
tive MAC of the inhalants). In this context, monitoring 
of the ET inhalant can show the effects of premedicant 
drugs and constant rate infusions given during anesthe-
sia. If animals have been adequately premedicated and 
have intraoperative analgesia provided by other drugs, 
the overall requirement for inhalant anesthetic is 
decreased (i.e., the MAC is effectively lowered). Because 
of this, it is recommended that the ET inhalant be used 
as a guide, but it is more important to rely on the 
patient’s physical examination signs of anesthesia (dis-
cussed earlier), rather than trying to target an actual 
MAC value for each patient.

The inhalant concentration is directly related to the 
appearance of side effects from inhalant anesthetics. As 
the inspired concentration of inhalant increases, changes 
such as hypotension and hypoventilation become more 
pronounced. From this perspective, the ET inhalant 
concentration can be a very good way to avoid overdoses 
of inhalant anesthetic and at the same time predict  
that adequate anesthesia is present. In critically ill 
patients, the side effects of inhalant anesthetics may be 
magnified, and sometimes only a fraction of the MAC 
dose (if any at all) may be used safely. In addition, 
patients with diseases such as septic shock and severe 
hypovolemia actually have lower MAC values than 
similar healthy patients. The ET inhalant can help to 
document the overall dose of anesthetic as well as assess 

Figure 45.8 (a) Multiparameter patient monitor that has the capabilities of displaying ECG, SPO2, end-tidal CO2, and anesthetic inhal-
ant concentrations. The percentage of inhaled anesthetic is displayed (black arrow). (b) The adapter placed in the anesthetic circuit 
that continually aspirates small amounts of gas from the system. Once in the machine, the percentage of inhalant in the aspirated gas 
is determined and reported.

(a) (b)
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Occasionally, the same setup used for CVP monitor-
ing may be used to measure portal pressures in patients 
anesthetized for surgical ligation of portosystemic 
shunts. The same tools, a transducer, pressure (low-
compliance) tubing, and monitor (or water manometer) 
should be available to allow this pressure measurement 
(see Chapter 11).

Anesthesia in the critically ill patient can be challeng-
ing due to the sensitive nature of the cardiorespiratory 
systems and the possibility for decompensation. With 
appropriate monitoring equipment and regular atten-
tion paid to physical examination parameters, changes 
may be recognized early, and interventions may be sub-
sequently taken to restore homeostasis.
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46
Nursing care of the long-term  
anesthetized patient

Yekaterina Buriko and Bridget Lyons

Basic indications for long-term anesthesia

A small group of veterinary patients require long-term 
anesthesia during their hospitalization. The three major 
groups of patients in this category are patients that 
require positive pressure ventilation due to inability to 
oxygenate or ventilate appropriately, endotracheal (ET) 
intubation for large airway disease (tracheal collapse), 
and those that require general anesthesia for control of 
refractory seizures. Typical indications for positive pres-
sure ventilation include arterial partial pressure of 
oxygen (PaO2) less than 60 mm Hg with oxygen supple-
mentation, hypoventilation with partial pressure of 
carbon dioxide (PaCO2) higher than 60 mmHg, and an 
unacceptable degree of dyspnea associated with increased 
work of breathing.1

Long-term anesthesia and immobility are associated 
with a number of complications, affecting nearly all 
body systems of a patient. Recognizing these effects is of 
particular importance to a veterinary technician because 
much of the care is focused on preventing and address-
ing the complications particular to the anesthetized 
patient. This chapter focuses on specifics of manage-
ment of this patient population and describes the com-
plications associated with the key body systems, methods 
to prevent the complications, and treatment modalities, 
should a problem arise.

All anesthetized patients require an ET or a tracheos-
tomy tube, as well as indwelling intravenous access as a 
part of their care. Please refer to Chapters 25 and 55, 
respectively, for details on artificial airway management 
and care of indwelling devices.

Physical complications associated with long-
term anesthesia and immobility

Immobility complications
Neuromuscular weakness

An inevitable consequence of long-term anesthesia is an 
extended period of immobility. Prolonged recumbency 
can result in a plethora of complications, including 
decubitus ulcers,1–3 tissue necrosis,1 peripheral limb 
edema,1,3 contracture and stiffening of muscles and liga-
ments,1 muscle atrophy,2,3 nerve damage,2,3 atelectasis,1,3 
and the accumulation of airway secretions in dependent 
lung regions.1,3 Neuromuscular weakness is an entity 
that is recognized in critically ill human patients. One 
study demonstrated that 46% of the intensive care unit 
(ICU) patients evaluated had critical illness–associated 
neuromuscular abnormalities.4 Pathophysiology of crit-
ical care neuromuscular dysfunction is complex and 
likely multifactorial. Several factors contribute, such as 
prolonged immobility, as well as catabolic state that can 
be caused by malnutrition, systemic inflammation, and 
metabolic derangements.5,6 Prolonged immobility is 
associated with a proinflammatory state that increases 
the production of reactive oxygen species (ROS) along 
with simultaneous decrease in antioxidant defense 
mechanisms.6 This may result in contractile dysfunction 
and atrophy, as well as protein loss.6 In mechanically 
ventilated patients the neurologic and muscular dys-
function may increase the duration of ventilation, extend 
the length of stay in the hospital, and prolong recovery 
time.5,6 Even though this entity has not been formally 
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tion by pathogenic bacteria. Fibronectin is a glycopro-
tein that functions in prevention of adherence of 
gram-negative bacteria to cells and tooth surfaces. In 
critically ill patients that cannot swallow appropriately 
and lack oral cavity hygiene, fibronectin is degraded by 
hydrolytic enzymes in saliva and dental plaque. As a 
consequence, colonization of gram-negative bacteria 
and the formation of biofilm on the tooth surface 
occurs.12 This change in oral flora from gram positive to 
gram negative occurs in mechanically ventilated human 
patients within 48–72 hours of ICU admission.13 These 
bacteria are frequently the causative agents of ventilator-
associated pneumonia (VAP).

Migration of bacteria from the oropharynx to the 
respiratory tract, as well as aspiration of the contents of 
the oropharynx are leading causes of VAP.3 VAP increases 
both morbidity and the length of ICU stay, as well as 
cost of hospitalization.14 Ranulas and oral ulcers are 
potential complications of long-term sedation and intu-
bation (Figs. 46.1 and 46.2). Ranula refers to the accu-
mulation of salivary gland contents, such as mucin, in 
the soft tissues surrounding the gland, due to trauma or 
obstruction to the gland. Oral ulcers are often caused by 
mechanical injury to the structures of the mouth.13 Per-
sistent pressure from pulse oximeter probes, mouth 
gags, ET tube and its tie, applied to the tongue and other 
soft tissue structures leads to ulceration.13

Complications associated with the  
urogenital tract
Anesthetized patients usually do not voluntarily void 
their bladders on a regular basis. Urine is irritating to 
the skin and can cause significant inflammation and 
scald, if not removed promptly and completely, which 
can be difficult to accomplish in larger patients. More-
over, if patients under anesthesia urinate, they do not 
always empty their urinary bladder completely.

Venous stasis
Immobility promotes venous stasis, which may lead to 
many deleterious effects.5 Human patients who are 
immobile are at increased risk of venous thrombosis, 
which, in turn, increases their risk of pulmonary throm-
boembolism.5,15 In addition, direct compression of the 
venous vasculature may occur from prolonged contact 
of extremities with bedding, which may contribute to 
stasis, as well as result in vascular endothelial damage.5 
Vascular compression, in turn, may result in diminished 
blood supply to the skin and puts immobilized patients 
at risk of impairment in skin integrity.16 Skin damage 
and ulceration are important consequences of pro-
longed immobility, and they can cause significant mor-

recognized in veterinary medicine, it is likely that a 
similar disorder exists in the veterinary patient 
population.

Atelectasis

Atelectasis is a major complication of prolonged immo-
bility, as well as anesthesia.5,7 Atelectasis refers to the 
collapse of alveoli secondary to absorption of gas into 
the bloodstream. This could happen due to mechanical 
compression of the lung from the weight of the nonde-
pendent lung, airway obstruction, or repetitive collapse 
and reexpansion of lungs during breathing.7 Atelectasis, 
when severe enough, may cause hypoxemia by caus-
ing ventilation/perfusion mismatch.5,7 Atelectasis may 
increase patients’ oxygen requirements, thus increasing 
the chance of oxygen toxicity. If the patient is being 
mechanically ventilated, atelectasis may increase the 
possibility of ventilator-induced lung injury because 
overdistention of aerated lung may occur due to the 
atelectatic portion of the lung not being ventilated.5,7

Ocular complications
Patients that are anesthetized for long periods of time 
lose the ability to protect their eyes. Patients under con-
tinuous sedation show a significantly higher incidence 
of ocular surface disorders, such as exposure keratopa-
thy and corneal ulceration.8,9 Peak incidence occurs 
during the first 2–7 days of hospitalization.10 One vet-
erinary study found that 5% of mechanically ventilated 
dogs develop corneal ulcers.11

Loss of the blink function and decreased tear produc-
tion during long-term anesthesia both leave the eye vul-
nerable. Tears are essential for ocular health and have 
many functions. These include lubrication of the ocular 
surface, provision of oxygen to the cornea, and preven-
tion of bacterial colonization.1,8 An intact corneal epithe-
lium protects the eye from infection.1 Blinking spreads 
lacrimal secretions over the ocular surface, moistening 
the eye.9 The evaporation of these tears changes the tem-
perature of the surface, making it unfavorable for bacte-
rial growth.9 When the ocular surface is dry, small corneal 
defects develop that can lead to exposure keratopathy.9 
A loss of blink also results in incomplete closure of the 
eye and thus prolonged exposure of the cornea and con-
junctiva to the environment.

Complications associated with oral cavity
An anesthetized patient loses the ability to swallow, 
clean, and protect oral structures from mechanical 
damage. Healthy animals rely on the endogenous glyco-
protein fibronectin in their saliva and on their dental 
surfaces to help protect the oropharynx from coloniza-
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can lead to decreased cardiac output and poor splanch-
nic perfusion.18 Poor splanchnic perfusion impairs GI 
tract and pancreatic function. Mechanical ventilation 
has also been associated with increased levels of endog-
enous catecholamines, which can result in splanchnic 
vasoconstriction and ischemia, making this population 
of patients at increased risk of GI ulceration and bleed-
ing.18 Moreover, sedatives, including narcotic agents, 
further diminish GI motility and therefore contribute to 
ileus.5,18 Gut barrier function may be impeded by hypo-
perfusion, malnutrition, and systemic inflammation. 
The break in normal gut barrier may result in intestinal 
bacterial translocation.18

Recumbent patient care

The long-term anesthetized patient requires recumbent 
patient care (Protocol 46.1). Three components contrib-
ute to recumbent patient care: proper patient position-
ing, decubital ulcer prevention and management, and 
early mobility.

Patient positioning
Patients undergoing long-term anesthesia should be 
provided with clean, dry, and very well-padded 
bedding.1,3 All eliminations have to be cleaned immedi-
ately to maintain the skin dry at all times; use of absor-
bent pads may assist with nursing care. Any bony 
protuberances should be carefully padded.19 The extrem-
ities should be completely supported at all times and 

bidity. The etiology of skin damage is multifactorial and, 
in addition to impaired blood supply, includes malnutri-
tion, as well as direct pressure to points of contact during 
prolonged immobility.5,17 Skin ulceration may create 
severe soft tissue damage, cause osteomyelitis of adja-
cent bones, and may result in systemic infection and 
sepsis.5

Gastrointestinal complications
Gastrointestinal (GI) complications of prolonged anes-
thesia can be significant, especially during mechanical 
ventilation. They include splanchnic hypoperfusion and 
vasoconstriction, as well as diminished GI motility. 
Patients undergoing mechanical ventilation, particularly 
those with high levels of positive end-expiratory pres-
sure (PEEP), can experience poor venous return, which 

Figures 46.1 and 46.2 Ranulas may form during general anes-
thesia as a result of trauma to the salivary glands. This may be 
secondary to equipment in the oral cavity or manipulation of the 
tongue and the mandible.

Protocol 46.1 Recumbent patient care

Procedure
To be performed every 4 hours:
1. Perform hand hygiene.
2. Ensure that the bedding is clean, dry, and appropriate for 

the patient; elevate the head slightly compared to the 
rest of the body.

3. If the patient is in sternal recumbency, turn hips and 
reposition the rest of the body slightly; if in lateral recum-
bency, turn the patient onto the other side.

4. Check for potential sites of ulceration (bony 
protuberances).

5. If pressure ulcers exist, inspect all dressings to ensure 
they are clean and cover the wound appropriately.*

6. Perform PROM exercises and massage.

*The pressure ulcer dressing may be changed once to twice 
daily, depending on the extent of the wound and the 
amount of exudate produced. Every time the dressing is 
changed, the size, depth, and extent must be checked.
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suspected, chlorhexidine and other antibacterial solu-
tions should be avoided.20 These agents are toxic to 
granulomatous tissue and may delay wound healing.20 
Dressings that provide a moist wound environment, 
keep the skin around the wound dry, control exudate, 
and eliminate dead space should be chosen.23 Some 
examples include moist gauze, hydrocolloid, or calcium 
alginate dressings.23 Wet-to-dry dressings are not recom-
mended because they are not continuously moist and 
therefore not an appropriate wound-dressing selec-
tion.20 The wound should be reassessed with each dress-
ing change to determine whether amendments are 
needed in the treatment plan as the wound heals or 
deteriorates. The size, depth, whether debridement is 
required, and amount of exudate produced by all ulcers 
should be documented in the medical record each time 
the wound is evaluated.20 Adequate nutrient intake and 
hydration status should be ensured to maximize the 
potential for wound healing.24

Early mobility
A number of serious complications arise from pro-
longed immobility, such as muscle and ligament con-
tracture, muscle disuse atrophy, and limb edema due to 
venous stasis. The importance of early mobilization and 
physical exercise has been highlighted in humans, where 
trends toward lower mortality, decreased duration of 
mechanical ventilation, and decreased days in the ICU 
have been documented, if early mobility is engaged.6 
Feasibility of early mobilization in veterinary patients is 
of concern, especially in those that are endotracheally 
intubated and cannot voluntarily move on their own. In 
these patients, physical exercise regimen should be 
established and instituted early in the hospitalization to 
minimize negative effects of immobility. If physical 
therapy service is available, collaboration with the 
service may be useful to establish a tailored protocol for 
the particular patient.

At minimum, physical exercise regimen should 
include passive range of motion (PROM) exercises and 
massage. PROM exercises should be performed every 4 
hours for 10–15 minutes and ideally involve every joint 
of the extremities and all of the possible dimensions of 
movement for the particular joint.25,26 The joints may be 
moved separately or concurrently in a motion resem-
bling walking or running.26 Stretching may also be used. 
Body massage is useful and may include gentle to deeper 
stroking, kneading, or skin rolling parallel to the muscle 
bellies.25,26 Unfortunately, PROM exercises do not have 
an effect on muscle atrophy, and exercises that actively 
engage the muscles are required for better return to 
function.26 In select group of patients, active range of 

have contact with a padded surface. A turning schedule 
should be established early in the patient’s care.20 It is 
recommended that the animal be turned every 2–4 
hours.1–3 Potential sites for ulcer development should be 
checked every time a patient is turned.19 Regular turning 
is also a key component to the prevention of atelectasis.3 
Compression of dependent lung leads to airway collapse 
and subsequent perfusion of alveoli that are not venti-
lated, creating decreased gas exchange and contributing 
to hypoxemia. Turning the patient shifts the pressure 
and allows the airways to remain open.

Animals that are anesthetized for long periods of time 
are most commonly those being mechanically venti-
lated. In many patients, the need for mechanical ventila-
tion is due to lung pathology and severe hypoxemia. 
Patients with pulmonary parenchymal disease may not 
be able to tolerate certain positions, such as lateral 
recumbency for prolonged periods of time.1,3 Position-
ing and turning in these patients may be complicated by 
their disease process. There is evidence to support sternal 
positioning as the optimal position for best oxygen-
ation.21 If an animal is in sternal recumbency, the hips 
should be turned every 2–4 hours and the position of 
the rest of the body slightly altered so as to shift pressure 
points. Oxygenation should be closely monitored after 
a turn because decompensation may occur during posi-
tion shifts.1,7

VAP is a common complication of long-term intuba-
tion. The prone position, as well as placing patients on 
a 45° angle, may reduce the incidence of VAP in humans; 
however, such data are not available in our patient popu-
lation at this time.22 Elevating the head, as compared 
with the rest of the body, may be of benefit in dogs  
and cats.

Decubitus ulcer prevention and management
One of the primary goals of nursing a recumbent patient 
is the prevention of decubitus ulcers. Decubitus ulcers 
occur over bony prominences and are the result of soft 
tissue compression between the bone and a hard surface. 
Animals that are naturally thin or have a poor body 
condition are at greater risk for ulcer development.19 
However, any animal that is recumbent for an extended 
period of time should be considered at risk.

Should a decubitus ulcer develop, it is important that 
an effort be made to reduce pressure on the site. Ring 
devices placed around the wound are contraindicated 
because they contribute to venous congestion and local 
edema.20

The ulcer should be cleaned with a pH-neutral, non-
irritating, nontoxic solution, such as saline, and any 
necrotic tissue debrided.20 Unless bacterial infection is 
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resolve or improve within 48–72 hours or if there is 
evidence of progression, such as increased area of stain 
uptake or depth of the defect, cytology as well as culture 
and sensitivity testing are indicated to determine the 
infectious agent.29 Severe infection may require the 
hourly application of an antimicrobial agent.29 Topical 
atropine is also indicated in the treatment of deep 
corneal ulcers.29 Atropine provides analgesia and pre-
vents synechiae formation and barrier.29 All corneal 
ulcers and their progression should be documented 
daily by noting the location, size, and depth of the ulcer 
in the record.

Chemosis may occur in any patient that is immobi-
lized for prolonged periods of time, and it may be in part 
responsible for incomplete eye closure and undesired 
exposure of the cornea and conjunctiva. Decreased 
drainage, increased vascular permeability, and increased 
venous pressure contribute to this condition.9 Incidence 
is increased in patients who are maintained at a PEEP 
greater than 5.28 Periorbital edema and chemosis may 
also be the result of an overly tight ET tube tie, if tied 
behind the ears, or the wraps covering central catheters 
or feeding tubes.28 Precautions should be taken to avoid 
edema formation, and steps to resolution of edema 
should be taken upon its notice. These include carefully 
monitoring the patient’s fluid balance, frequently check-
ing for tightness of the ET tube tie and positioning the 
patient’s head in such a way as to optimize venous return 
(head slightly higher than the rest of the body, taking 
care not to occlude the jugular veins).

Oral care

The importance of oral care (Protocol 46.3) in the 
nursing regimen of patients anesthetized for extended 
periods of time cannot be stressed enough. Oral care has 
been documented to decrease the incidence of VAP and 
therefore is of crucial importance in the management of 
patients undergoing long-term anesthesia.14,22,30

Despite a cuffed ET tube, microaspirations of oral 
secretions may occur.14 For this reason, any fluid that 
pools in the mouth or pharynx should be suctioned 
every 4–6 hours.2,3,11,12 The oral cavity may also be rinsed 
by instilling small amounts (5–20 mL, depending on size 
of the patient) of sterile saline with a syringe prior to 
suctioning.1,3 Care has to be taken to make sure the ET 
tube is appropriately inflated during rinsing. The oral 
cavity should also be suctioned prior to adjustment of 
the ET or tracheostomy tube, reintubation, or a patient 
position change.30 It has also been shown that continu-
ous subglottic suctioning, as well as intermittent, regular 
subglottic suctioning, leads to a reduction in the inci-
dence of VAP.2,14,30

motion exercises may be used, if the pet’s condition 
permits. These patients may include animals that are 
sedated, but not anesthetized, such as those mechani-
cally ventilated via a tracheostomy tube. A wide variety 
of exercises, from resisted withdrawal to sitting and 
standing exercises, may be performed, depending on the 
patient’s status.25,26 In addition, other modalities, such as 
electrical stimulation, cryotherapy, ultrasound, and heat 
therapy, may be used, if available.26

Eye care

Because the anesthetized patient is unable to produce 
and spread tear film adequately, protecting the patient’s 
eyes is an essential aspect of nursing care. Eye care (Pro-
tocol 46.2) should occur every 2 hours.1–3,27 Every 2 
hours, the eyes should be cleaned with saline-soaked 
gauze, and artificial tear ointment should be placed in 
the eyes.2,3,27 The ointment may be alternated with arti-
ficial tear drops.1 Ideally always, but especially in cases 
of suspected infections, using dedicated ointment tube 
for each eye is recommended.9

Aerosolization of bacteria occurs during suctioning of 
the airway and oral cavity.1,28 Care should be taken not 
to withdraw the suction catheter near or over the eye.9,28 
Contamination of the eye with the same pathogen 
causing pneumonia in mechanically ventilated patients 
has been documented.28

Fluorescein staining of the corneas should be per-
formed once daily to check for ulceration.1–3,27 If detected, 
a broad-spectrum antibiotic ointment can be used to 
prevent corneal infection.1,3,29 If the ulceration does not 

Protocol 46.2 Eye care

Procedure
To be performed every 2 hours:
1. Perform hand hygiene.
2. Clean periocular surfaces with saline-soaked gauze.
3. Check eyes for chemosis or inflammation.
4. Ensure that the ET tube tie and any neck wraps are not 

tight.
5. Place artificial tear ointment in each eye, ideally using a 

separate designated tube of ointment for each eye. The 
ointment may be alternated with artificial tear drops.

To be performed every 24 hours:
1. Perform hand hygiene.
2. Fluorescein stain each eye to check for corneal ulcers.
3. If corneal ulcers are visualized, note their location, size, 

and depth in the progressives section of the medical 
record.
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Although an inflated ET tube cuff may not prevent 
aspiration, an effort should be made to protect the 
airway as much as possible by checking that the cuff is 
appropriately inflated. A Posey Cufflator (J. T. Posey 
Company, Arcadia, CA) may be used to ensure that the 
correct pressure is achieved (Fig. 46.3). This device 
attaches to the ET tube cuff, which allows one to measure 
the pressure in the cuff while it is being inflated by the 
bulb of the device. The recommended intracuff pressure 
is 22–32 cm H2O. Alternatively, administering a breath 
while listening for a leak, as the cuff is being inflated by 
a syringe, can be performed. This ensures that the least 
amount of air to inflate the cuff sufficiently is instilled, 
minimizing cuff overinflation. The ET tube cuff should 
be deflated and the tube’s position adjusted every 4 
hours to prevent damage to the trachea.3 When securing 
the tube, a tie made of a nonporous material is ideal.3 
Cloth that is moistened by oral secretions provides an 
excellent medium for bacterial growth. As an alternative 
to muzzle gauze, a tie may be fashioned from IV tubing 
(Fig. 46.4).3

Figure 46.3 Posey Cufflator may be valuable in ensuring appro-
priate pressure of the ET or tracheostomy tube cuff.

Figure 46.4 Endotracheal tube tie made out of nonporous 
material, such as IV tubing, reduces the possibility of bacterial 
contamination.

Protocol 46.3 Oral care

Procedure
To be performed every 6 hours:
1. Remove any pulse oximeter probes, mouth gags, or 

gauze.
2. Inspect oral cavity for pooling oral secretions, ranulas, 

and ulcers.
3. Note the approximate size and location of any ulcers or 

ranulas in the progressives section of the medical record.
4. Check the ET cuff for appropriate inflation.
5. Gently suction the mouth and oropharynx.*
6. Deflate the ET tube cuff, adjust the position of the tube, 

and reinflate the cuff.
7. Adjust the position of the ET tube tie if needed.
8. Wipe the mucous membranes and tongue with gauze 

soaked with 0.05% chlorhexidine solution; flush the 
back of the oral cavity with 0.05% chlorhexidine solu-
tion; thoroughly suctioning afterward.

9. Reposition the tongue and wrap in dilute glycerin-
soaked gauze.

10. Replace mouth gag and pad teeth with dilute glycerin-
soaked gauze.

11. Replace pulse oximeter probe, changing the position of 
the probe.

*Patients with copious oral secretions and/or persistent 
regurgitation may require hourly suctioning and/or the 
placement of an orogastric or nasogastric tube.

Monitoring equipment, such as a pulse oximeter 
probe, and the ET tube should be moved every 6 
hours.1,3,11,13 The ET tube tie should be adjusted every 6 
hours. A cushion made of saline- or glycerin-moistened 
gauze should be placed between the tie and the soft 
tissues it comes into contact with.3,11,13 If possible, place-
ment of the tongue directly over the teeth should be 
avoided.3,11,13 If this is not possible, the teeth should be 
packed with saline- or glycerin-moistened gauze to 
reduce trauma (Fig. 46.5).11 This is especially important 
in pediatric patients because the primary teeth are 
sharper than adult teeth.11 The tongue and other soft 
tissue structures should be kept moist with gauze soaked 
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regardless of the presence of ulceration, as a method of 
selective oral decontamination (SOD). SOD refers to the 
use of topical antibiotics in the oral cavity and has been 
shown to reduce mortality in human critical care 
patients, due to reduction in oropharyngeal bacterial 
colonization.13,31

Persistent regurgitation may further complicate oral 
care. Aspiration of gastric contents is a cause of VAP.11 
Additionally, regurgitation of gastric contents decreases 
the pH of the mouth and increases the severity of oral 
ulcers.13 A nasogastric or orogastric tube may be passed 
to relive the stomach of its contents and prevent further 
regurgitation.

Bladder care

The urinary bladder should be palpated every 4–6 hours 
and expressed as needed. Urinary catheterization should 
be considered if effective expression cannot be achieved 
due to patient’s size or bladder dysfunction, or if mea-
suring exact urinary output is important.

Two methods of urinary bladder catheterization are 
intermittent and indwelling catheter insertion. Decision 
on which method to used depends on the needs of each 
individual patient. Urinary tract infection (UTI) is a risk 
factor for urinary bladder catheterization regardless of 
the method. Duration of catheterization has been shown 
to be a more important factor for development of a UTI 
than the method of catheterization.32 A Cochrane review 
reported that the incidence of bacteriuria is higher in 
the indwelling catheter patient population compared 
with intermittently catheterized patients; however, some 
patients with bacteriuria were suspected to have bacte-
rial colonization rather than a symptomatic UTI.33

Regardless of the method of catheterization, aseptic 
technique during catheter placement cannot be overem-
phasized. Hair should be clipped around the catheter 
insertion site, and the area should be disinfected with 
chlorhexidine scrub and rinsed with sterile saline. Sterile 
gloves and lubricant should be used. A 0.05% chlorhexi-
dine solution is used to flush the vestibule or prepuce 
prior to the catheter insertion. In females, catheteriza-
tion is achieved by blind palpation of the urethral papilla 
or by direct visualization of the urethra using a specu-
lum and a light source. If a Foley catheter is used, the 
balloon is inflated after the catheter is advanced into the 
bladder. Afterward, the catheter is gently pulled back 
until resistance is met. If a different type of indwelling 
catheter is used, the catheter is sutured in place after 
measurement has been taken to ensure correct place-
ment. A radiograph should be taken to verify catheter 
position. Please see Chapter 31 for more details on 
placement and maintenance of urinary catheters.

in dilute glycerin.1,3,11,13 Any pressure that may have con-
tributed to a lesion should be relieved (Fig. 46.6).

The oral cavity should be decontaminated with a 
dilute chlorhexidine solution (0.05%) every 6 hours, 
concentrating on any oral ulceration that may be 
present.1,3,12,13 Oral ulcers provide a route for bacteria to 
enter the systemic circulation, and early and thorough 
treatment is essential. Chlorhexidine is bacteriostatic 
and bacteriocidal and has been shown to promote gin-
gival healing.13 Chlorhexidine use should be instituted 

Figure 46.5 Packing of the oral cavity with saline-moistened or 
dilute glycerin-moistened gauze diminishes desiccation of the 
mucous membranes and minimizes soft tissue damage that 
occurs secondary to the equipment, such as ET tube and pulse 
oximetry monitor.

Figure 46.6 A part of a 1-cc syringe may be used as a mouth 
gag to diminish pressure of the teeth on the tongue.
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stimuli. This should be noted in the record, so that  
the cotton can be removed when it is not needed. 
Ambient noise should be kept as minimal as possible. 
When not absolutely necessary, lights should be turned 
down to minimize visual stimulation. When that is not 
possible, placing a towel over the eyes may aid in reduc-
ing stimuli.

Summary

General anesthesia and long-term immobilization may 
be necessary in a subset of critically ill patients. A 
number of factors may negatively impact these animals, 
and vigilant and well-structured nursing care program 
is paramount in preventing and addressing commonly 
encountered complications for optimal patient care.
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47
Blood sample collection and handling

Lori Baden Atkins

The information obtained from blood sample analysis 
often plays a critical role in the diagnostic process. For 
this reason, it is crucial that blood samples be obtained 
and handled properly to preserve the integrity of the 
specimen and provide accurate results.

A number of issues can adversely affect the quality of 
blood specimens. Aggressive collection techniques 
including rapid aspiration of blood through a small bore 
needle, prolonged or improper tourniquet use, excessive 
redirection of the needle, or “fishing,” to access a vein, 
and other practices are frequently associated with poor 
sample quality. Improper handling issues including 
failure to invert collection tubes adequately to mix the 
anticoagulant and blood, improper or delayed centrifu-
gation, inadequate filling of blood tubes, and other han-
dling errors may also have a negative impact on sample 
quality.

Safety concerns

A number of safety issues need to be considered during 
collection and handling of blood samples. Conscious 
patients need to be restrained in a manner that provides 
for the safety of the person performing the venipunc-
ture, the assistant, and the patient. It is imperative that 
personnel providing restraint be properly trained in 
techniques that facilitate control of the patient while 
minimizing the risk of injury to the animal or staff. 
Sharps safety practices must be strictly observed to min-
imize the risk of injury from needles or catheters. 
Needles should not be recapped and must be disposed 
of in puncture-resistant biohazard containers. Safety 
needles and catheters should be used whenever possible. 
Needleless devices (Fig. 47.1) and ports allow for the 

administration of fluids and drugs, as well as collection 
of samples from intravenous (IV) lines and catheters 
without the risk of a sharps injury.

Aseptic technique should be used when collecting 
samples, especially in immune-compromised patients. 
Proper hand hygiene and the use of examination gloves 
significantly reduces the risk of infection to both the 
patient and the handler.1,2 Whenever possible, hair 
should be clipped and the skin swabbed with antiseptic 
prior to blood collection.

Once the sample is collected, all tubes must be labeled 
with the patient’s name and identification number. 
Blood is considered a biohazard; proper packaging is 
essential for specimens submitted to commercial labo-
ratories. Failure to label or package samples according 
to the laboratory’s specifications may result in rejection 
of the sample.

Serum and/or plasma must be separated from whole 
blood by centrifugation. All personnel using the centri-
fuge should be cognizant of safety and appropriate use 
guidelines. Ideally, centrifuges should not be operated 
without a cover or lid in place; when in use, covered 
centrifuges should never be opened until the rotor has 
come to a complete stop. Tube caps or stoppers should 
be securely in place on all samples placed in the centri-
fuge; any spills need to be cleaned immediately, follow-
ing all appropriate safety precautions.

Proper venous blood sample collection

Venous blood samples may be collected by direct inser-
tion of a needle into a vein (venipuncture) or by aspira-
tion of blood through an IV catheter.
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variety of gauges and can be especially useful in fractious 
patients or when collecting samples from small or fragile 
veins. Vacutainer systems (Fig. 47.2) allow blood to be 
drawn directly into the collection tube(s), facilitating 
immediate contact with the anticoagulant to help pre-
serve the integrity of the sample.

Order of draw
When blood is drawn into multiple blood tubes, it is 
important that the tubes be collected in a specific order 
(Table 47.1); filling tubes in the improper order may 
result in the unintended contamination of the sample 
with anticoagulants and erroneous results (i.e., false 
elevation of potassium levels and decreased levels of 
calcium due to serum or plasma contamination with 
potassium ethylenediaminetetraacetic acid (K2EDTA) 
from the lavender-top tube).

Venipuncture sites
The most common sites for venipuncture include the 
cephalic, medial saphenous, lateral saphenous, jugular, 
and femoral veins. Factors influencing site selection 

Venipuncture equipment
Several factors play a significant role in the quality of a 
blood sample, and the person performing the venipunc-
ture should be familiar with these variables to ensure 
sample quality and achieve accurate results. Needle 
selection is based on the size and fragility of the vein, 
the volume of blood required, and the frequency of sam-
pling anticipated. Needle sizes most commonly selected 
for venipuncture are 18 to 22 gauge; smaller needles 
ranging from 23 to 28 gauge may be used when veins 
are extremely small or fragile, or when frequent sam-
pling is required (i.e., bihourly glucose curves). Needles 
at the larger end of the spectrum are preferred when 
large sample volumes are required. The size of the needle 
used for venipuncture is a prime determinant of the rate 
at which a sample may be aspirated; the larger the needle, 
the faster the rate. Rapid aspiration of blood through a 
small-bore needle creates shear forces resulting in hemo-
lysis and may adversely affect test results.

Syringe size is determined by the volume of sample 
required. The use of large syringes has been associated 
with application of excessive negative pressure during 
sample aspiration and may cause hemolysis and vascular 
collapse. To ensure sample quality, the person perform-
ing the venipuncture should apply steady, gentle traction 
on the syringe plunger in such a manner that the syringe 
fills at the same rate at which the plunger is retracted. 
Repetitive application and release of negative pressure 
on the syringe, or “pulsing,” does not increase either the 
rate or volume of sample collection; this technique 
causes the vessel to collapse and frequently results in 
hemolysis.

Alternative venipuncture equipment includes butter-
fly catheters and Vacutainer (Becton, Dickinson, Frank-
lin Lakes, NJ) systems. Butterfly catheters come in a 

Figure 47.1 Needleless ports. Figure 47.2 Vacutainer System®.

Table 47.1 Order of draw for venous blood samples3

1. Blood culture (yellow or blood culture bottles)
2. Sodium citrate (light blue)
3. Serum or serum separator (SST) (red or red/gray)
4. Heparin or gel separator with heparin (PST) (green or green/

gray)
5. EDTA (lavender or pink)
6. Sodium fluoride (gray)
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Peripheral venipuncture
Common sites for peripheral venipuncture include the 
cephalic vein (Protocol 47.2) located on the cranial 
aspect of the thoracic limb between the elbow and the 
carpus, lateral saphenous vein located on the lateral 
aspect of the pelvic limb between the knee and the 
tarsus, and the femoral or medial saphenous vein located 
on the medial aspect of the pelvic limb. Although these 
veins are most commonly used, other peripheral veins 
including the auricular veins located on the pinna of the 
ear, sublingual vein located under the tongue (uncon-
scious or sedated patients only), and mammary veins 
may be accessed when necessary.

Lateral saphenous venipuncture
This site is most commonly used in dogs; in cats the vein 
is very small and it is rather difficult to draw a sample. 
The distal lateral saphenous vein is readily visible and 
accessible but tends to move or “roll” significantly; the 
proximal portion of the vein is not readily visible but is 
easily palpated and less prone to movement.

The technique for drawing a blood sample from  
the lateral saphenous is similar to drawing a cephalic 

include the sample volume required, the accessibility of 
the vein, the skill of the person performing the veni-
puncture, the condition of the skin over the site, and the 
patient’s condition and behavior. When a large sample 
volume is required, it is generally advisable to select a 
larger vessel such as the jugular (Protocol 47.1), cephalic, 
or femoral; lesser volumes may be collected from smaller 
veins such as the medial or lateral saphenous veins. The 
vein selected should be easily accessible; excessive 
probing or redirection of the needle is associated with 
hemolysis and poor sample quality. To minimize the risk 
of infection, venipuncture should not be performed at 
any site where there is evidence of pyoderma or loss of 
skin integrity.

The patient’s condition may play a significant role in 
the site selection. If there is any concern regarding the 
patient’s coagulation status, samples should be collected 
from a peripheral vein using a small-bore needle; it has 
been recommended that samples not be collected from 
the jugular vein in these patients. Jugular venipuncture 
is also controversial in patients with head trauma or 
other neurologic issues because occlusion of the jugular 
vein may result in a significant increase in intracranial 
pressure. Trauma patients may have significant injuries, 
and the person performing the venipuncture should 
select venipuncture sites with the patient’s comfort  
in mind.

Protocol 47.1 Jugular venipuncture protocol

Procedure
1. The patient is restrained in sternal recumbency with 

head elevated.
a. Note: Lateral or dorsal recumbency may be used 

provided the jugular vein is readily accessible.
2. Clip and prep the area over the jugular according to 

hospital policy.
3. The person performing the venipuncture occludes the 

vessel by applying pressure in the jugular furrow lateral 
to the thoracic inlet.

4. Insert the needle, bevel (opening) up, through the skin 
and into the vein (∼20° angle); once blood is noted in 
hub, decrease the angle of the syringe and advance the 
needle ∼0.5–1.0 cm into the lumen of the vessel.

5. Apply gentle negative pressure to aspirate blood into 
the syringe.

6. Once the desired sample volume is obtained, release 
negative pressure and withdraw the needle from the 
vein.

7. Apply direct pressure to the venipuncture site for a 
minimum of 30 seconds or until there is no evidence of 
continued bleeding.

Protocol 47.2 Cephalic venipuncture technique

Procedure
1. The patient is restrained in sternal recumbency (sitting 

or standing are also acceptable) with the thoracic limb 
extended forward.

2. The area over the distal cephalic vein may be clipped or 
swabbed with isopropyl alcohol according to hospital 
policy; clipping is often preferred for excessively long or 
matted hair or when visible dirt is present.

3. The assistant places his or her thumb over the cephalic 
vein immediately distal to the elbow and applies 
pressure sufficient to occlude the vessel.

4. The distal portion of the thoracic limb is grasped and 
traction is applied to minimize movement. The vein may 
be stabilized by placing the thumb along the lateral 
aspect of the vein and pulling the skin distally.

5. Insert the needle, bevel (opening) up, through the skin 
and into the vein (∼20° angle); once blood is noted in 
hub, decrease the angle of the syringe and advance the 
needle ∼0.5–1.0 cm into the lumen of the vessel.

6. Apply gentle suction to aspirate blood into the syringe; 
release negative pressure once sample is obtained.

7. Release venous occlusion (or tourniquet if used), remove 
the needle from the vein, and apply direct pressure for 
30 seconds or until there is no evidence of continued 
bleeding.

8. A pressure wrap may be used if bleeding is excessive.
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cine are the Nye tourniquet or the combination of 
hemostats with either a Penrose drain or a rubber band; 
both methods are relatively atraumatic and allow quick 
release. Tourniquet use should be reserved for situations 
in which manual pressure is insufficient to occlude 
venous return and allow palpation or visualization of 
the vein. When a tourniquet is used, in my opinion it 
should be limited to less than 2 minutes; less than 1 
minute is preferred. Significant changes in blood chem-
istry results including elevations in serum protein, 
potassium, and lactic acid occur with prolonged tourni-
quet use.4

Blood sample collection from a catheter

Blood samples may be collected from both peripheral 
and central IV catheters. Hemolysis has been associated 
with samples collected from IV catheters and appears  
to be directly proportional to the size of the catheter 
used. In a study comparing samples collected by veni-
puncture using a 21-g Vacutainer (Becton, Dickinson, 
Franklin Lakes, NJ) needle and evacuated sample tubes 
to samples collected through a peripheral IV catheter at 
insertion, hemolysis was noted in 3.8% of the samples 
obtained through venipuncture and in 13.7% of those 
obtained through a catheter.5 Further analysis showed 
that the primary variable was the diameter of the IV 
catheter as demonstrated by the percentage of hemo-
lyzed samples obtained. Specifically, this study docu-
mented that there was no evidence of hemolysis in 
samples obtained from 16-gauge catheters, whereas all 
samples drawn from 24-gauge catheters were hemo-
lyzed; a small percentage of samples drawn from cath-

Figure 47.3 Restraint of patient for medial saphenous 
venipuncture.

Protocol 47.3 Femoral or medial saphenous venipuncture 
technique

Procedure
1. Restrain the patient in lateral recumbency. The assistant 

holds the distal thoracic limbs in one hand and places 
his or her forearm against the neck to control the head.
a. Fractious cats may be more easily handled by 

grasping the scruff of the neck and bracing a 
forearm along the spine to provide secure restraint.

b. Large patients may require two assistants to provide 
safe restraint.

2. The nondependent pelvic limb is flexed and held tucked 
against the caudal abdomen with the side of the hand 
used to occlude the medical saphenous or femoral vein.

3. The venipuncturist grasps the distal portion of 
the dependent limb to position the extremity for 
venipuncture.

4. Insert the needle, bevel (opening) up, through the skin 
and into the vein (∼20° angle); once blood is noted in 
hub, decrease the angle of the syringe and advance the 
needle ∼0.5-1.0 cm into the lumen of the vessel.

5. Apply gentle suction to aspirate blood into the syringe; 
release negative pressure once sample is obtained.

6. Release venous occlusion (or tourniquet if used), remove 
the needle from the vein, and apply direct pressure for 
30 seconds or until there is no evidence of continued 
bleeding.

7. A pressure wrap may be used if bleeding is excessive.

sample, but the restraint differs significantly. The patient 
is restrained in lateral recumbency with the assistant 
grasping the distal thoracic limbs in one hand and 
placing their forearm over the patient’s neck to control 
the head. The assistant grasps the nondependent pelvic 
limb just below the stifle with the free hand to provide 
restraint and occludes the vessel for venipuncture.

Medial saphenous or femoral venipuncture
The medial saphenous and femoral veins are often the 
best site for venipuncture (Protocol 47.3) in fractious or 
uncooperative patients. Again, the technique is similar 
to cephalic venipuncture, but the restraint (Fig. 47.3) is 
similar to that used for collection from the lateral 
saphenous.

Tourniquet use during venipuncture
During venipuncture, a vessel may be occluded by 
manual pressure or through the use of a tourniquet. The 
tourniquets most commonly used in veterinary medi-
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Another method that is very effective for collection of 
samples from central catheters and arterial lines is the 
use of an inline sampling system. These systems feature 
a reservoir, stop cock, and a sampling port (Fig. 47.4); 
they are connected between the IV line and the catheter. 
With these devices, “discard” blood is drawn into the 
reservoir and then returned to the patient without the 
use of multiple syringes. It is my opinion that the ben-
efits of these devices are a lower risk of catheter-related 
infections, less blood loss for the patient, and consistent 
sampling technique.

Discard method

The discard method (Protocol 47.5) involves drawing a 
volume of blood from the catheter and discarding it to 
minimize the risk of sample dilution or interfering sub-
stances. Significant concerns with this method include 
iatrogenic anemia as well as an increased risk of catheter-
related infections due to the handling of the catheter 
hub or port.

Push-pull or mixing method8

The push-pull (Protocol 47.6) or mixing method of 
sample collection involves aspiration and injection of 
blood through the catheter hub or port, followed by 
sample collection into a fresh syringe. The potential 
advantages of this method include decreased risk of iat-
rogenic anemia with frequent sampling and decreased 
risk of catheter-associated infections through minimiz-
ing extraneous handling of the catheter. As in the discard 
method, all fluids or medications being administered 
through the catheter are temporarily stopped, and  
the catheter hub or port is cleaned with antiseptic 
solution.8

eters ranging from 18 to 22 gauge also demonstrated 
hemolysis.5

Sample collection from peripheral 
intravenous catheters
Peripheral catheters are most commonly used for sample 
collection immediately following catheter placement, 
which minimizes the number of needlesticks for the 
patient and possibly expedites sample collection (Proto-
col 47.4).

Sample collection from central intravenous 
catheters
Central venous catheters include peripherally inserted 
central catheters (PICCs), tunneled and nontunneled 
central catheters, and implanted ports; these devices are 
frequently used to facilitate serial blood sampling in 
hospitalized patients. The concerns associated with 
blood sampling through central lines include an 
increased risk of catheter complications including infec-
tion and occlusion as well as the possibility of inaccurate 
results due to sample dilution from IV fluids and medi-
cations or hemolysis due to improper collection tech-
nique.6 Both the discard method and the push-pull 
method of sample collection have been shown to yield 
accurate results when properly performed.

Protocol 47.4 Blood sample collection from 
an intravenous catheter

Procedure
1. The selected venous access site is clipped and prepped 

according to hospital policy.
2. The catheter is aseptically placed.

a. Catheters intended for blood sample collection 
should not be preflushed to avoid sample dilution.

b. Hemolysis may be minimized by selection of a large-
bore catheter.

3. Attach a syringe (size appropriate for sample volume 
required) to the hub of the catheter and apply gentle 
traction to aspirate blood.

a. It is imperative that the catheter be stabilized 
throughout the collection procedure.

4. Following sample collection, disconnect the syringe and 
insert a t-port or male adapter plug into the catheter 
hub.

5. Flush the catheter with 0.9% sodium chloride or 
heparinized saline according to hospital policy.

6. Inject the blood sample into the appropriate collection 
tubes immediately after flushing the catheter.

Figure 47.4 Inline blood sampling system.
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tial for successful culture and accurate results. In most 
bacteremic patients, the number of organisms in circu-
lation is very small; the volume of blood collected needs 
to be sufficient to account for the low concentration of 
bacteria.

The current recommendations are that multiple 
samples be collected from different vascular sites over a 
period of several minutes to several hours. Venipuncture 
is the preferred sample collection method; indwelling 
catheters have been shown to have a higher percentage 
of false-positive results due to colonization of the 
catheter.

Arterial blood sample collection

Arterial blood samples are useful for assessment of oxy-
genation, ventilation, and acid-base status. These 
samples may be collected by direct arterial puncture or 
through an arterial catheter.

A number of arterial blood gas (ABG) syringes pre-
filled with lyophilized heparin are readily available on 

Protocol 47.6 Push-pull method

Procedure
1. Discontinue administration of all fluids and medications 

prior to sample collection.
2. Disinfect the catheter hub according to hospital protocol.
3. Attach a syringe to the catheter hub and aspirate blood 

(minimum of three times the catheter priming volume).
4. With the syringe still attached to the hub of the catheter, 

reinfuse the blood.
5. Repeat steps 3 and 4 at least three times.
6. Discard the empty mixing syringe and attach a fresh 

syringe.
7. Aspirate the required sample volume and inject it into 

the appropriate blood collection tubes.
8. Following sample collection, flush the catheter with 

3-5 mL 0.9% sodium chloride or heparinized saline 
according to hospital policy.

9. Restart infusion of IV fluids and medications.

Protocol 47.7 Blood culture collection

Procedure
1. It is recommended that a minimum of three samples be 

obtained from different vascular sites over a period of 
time.9

a. 10 minutes for critical or septic patients
b. 24 hours for noncritical patients

2. The general sample volume recommendations are as 
follows:9

a. Cats and small dogs: 5 mL
b. Medium dogs: 10 mL
c. Large dogs: 20 mL

3. Volume must be sufficient for a 1:10 ratio of blood to 
broth.9

4. The venipuncture site is clipped and a surgical scrub is 
performed over the vein.

5. Disinfect the diaphragm of the culture bottles with 70% 
isopropyl alcohol or iodine9 according to hospital policy; 
allow to air dry.

6. Don sterile gloves to collect the blood sample.
7. Following sample collection, place a new needle on the 

syringe and inject the blood into the culture bottles, 
dividing the sample between aerobic and anaerobic 
media.
a. Avoid injection of air into the culture bottles.
b. Invert each bottle two to three times to thoroughly 

mix the blood and broth.
8. Maintain samples at room temperature; sensitive 

bacteria may perish under refrigeration.

Protocol 47.5 Discard method

Procedure
Discontinue administration of all fluids and medications prior 
to sample collection.
1. Disinfect the catheter hub according to hospital protocol.
2. Flush the catheter with 3-5 mL 0.9% sodium chloride or 

heparinized saline.
3. Attach a syringe to the catheter hub and aspirate blood.

a. Minimum of three times: priming volume of the 
catheter for routine assays.6

b. Six to twelve times: priming volume for coagulation 
assays.7

4. Remove the discard syringe and attach a fresh syringe 
for sample collection; apply gentle traction to aspirate 
blood.

5. Depending on the patient’s condition, the discard 
sample may be reinfused.
a. Preheparinizing the discard syringe will minimize 

clotting if reinfusion is planned.
b. Discard samples from an arterial catheter should be 

reinfused into a venous catheter.
6. Following sample collection, flush the catheter with 

3-5 mL 0.9% sodium chloride or heparinized saline 
according to hospital policy.

Blood culture samples

Blood cultures may be helpful to identify causative 
agents in patients with suspected bacteremia. Samples 
collected for blood culture (Protocol 47.7) require strict 
aseptic technique, and proper sample handling is essen-
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the commercial market. These syringes are available in 
either vented or unvented styles and typically range 
from 1 to 3 mL in volume. The unvented syringe is 
handled like a standard syringe; the needle is inserted 
into the vessel with the plunger positioned at the base 
of the barrel and then gently retracted to draw blood 
into the syringe. The vented syringe allows the person 
performing the venipuncture to position the plunger at 
the desired draw volume in the barrel; once the needle 
enters the artery, blood should fill the syringe to the level 
of the plunger.

Commercial arterial blood gas syringes are preferred 
for arterial sampling. Blood gas syringes may be created 
in the hospital by drawing 1000 U/mL heparin into the 
syringe, allowing it to coat the interior of the barrel, and 
then expressing the heparin from the syringe prior to 
sampling. Note that samples obtained using non-
ommercial syringes with liquid heparin may lead to 
dilutional error.10 To minimize hematoma formation, 
small-bore needles (25 or 27 gauge) should be used for 
sample collection.

It is important to note that arterial puncture is con-
sidered to be significantly more painful than peripheral 
venipuncture. It is crucial that the patient be properly 
restrained for the procedure; the use of a small volume 
of local or topical anesthetic at the site is often 
beneficial.

Direct arterial puncture
The dorsal pedal and femoral arteries are most com-
monly chosen for arterial puncture (Protocol 47.8); on 
rare occasions samples may be collected from the radial 
or median arteries, the artery in the pinna of the ear, or 
from the sublingual artery in anesthetized or uncon-
scious patients. The dorsal pedal artery is the preferred 
sampling site for me because there appears to be a lesser 
incidence of mixed arterial/venous samples, and it is 
relatively easy to apply a pressure bandage following 
sample collection. The drawback to the dorsal pedal 
artery is that it is significantly smaller than the femoral 
artery and may be difficult to access in some patients. 
The femoral artery is typically easy to palpate and may 
be easier to access, but it appears more likely to yield 
mixed samples, and it is difficult to place a pressure 
bandage to control bleeding following arterial puncture. 
Arterial sampling should be approached with extreme 
caution and may be contraindicated in patients with 
known or suspected coagulopathies.

Arterial catheter sampling
Arterial catheters are placed for the purposes of continu-
ous blood pressure measurements and the repeated 

Protocol 47.8 Arterial puncture technique

Procedure
1. Restrain the patient in lateral recumbency. The assistant 

holds the distal thoracic limbs in one hand and places 
his or her forearm against the neck to control the head.
a. Large patients may require two assistants to provide 

safe restraint.
2. The nondependent pelvic limb is flexed and held tucked 

against the caudal abdomen.
3. Locate the artery by palpation; clip and aseptically prep 

the area over the vessel.
4. Don exam gloves; palpate and stabilize the artery.

a. A single digit may be placed directly over the artery; 
with a heparinized syringe, the needle is advanced 
into the vessel at a 45° angle directly below the 
finger, or

b. A digit may be placed on each side of the artery (∼1 
inch apart), and the needle is between the fingers 
and advanced into the vessel at a 90° angle.11

5. Following arterial puncture, direct pressure is applied 
for 5 minutes and the site is closely monitored to ensure 
there is no continued bleeding.

6. All air is expressed from the syringe immediately after 
sample collection and the needle is plunged into a 
rubber stopper or cork.

7. It is recommended that samples be analyzed 
immediately, but they may be placed in an ice bath for 
up to 1 hour.7

sampling of arterial blood. Sampling from an arterial 
catheter (Protocol 47.9) minimizes the need to perform 
arterial punctures.

Proper specimen handling

The accuracy of hematology, blood chemistries, and 
other lab results is directly related to the quality of the 
sample submitted for analysis. Although the first step in 
acquiring a high-quality sample requires using appro-
priate collection techniques as previously noted, the 
manner in which the sample is handled following col-
lection is equally important.

Handling of venous samples
During or immediately after collection, blood samples 
should be injected into the appropriate sample tubes for 
the tests required; all tubes must be labeled with the 
patient’s name and identification number. Each tube 
needs to be inverted several times to ensure appropriate 
mixing of the sample. Inversion should be smooth and 
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number of tubes need to be centrifuged, balance tubes 
may be used by filling the same size tubes with an equiv-
alent amount of water. Atypical noise or vibration are 
good indicators that the centrifuge is unbalanced and 
should be immediately turned off; once the samples are 
correctly balanced, the centrifuge may be restarted.

Gel tubes include serum separator tubes (SSTs) and 
plasma separator tubes (PSTs) and should be centri-
fuged at room temperature at 1000–1300 RCF (relative 
centrifugal force) or 2000–2500 RPM (rotation per 
minute) for 10 minutes in a swinging-bucket centrifuge 
or 15 minutes in a fixed-angle centrifuge.12 Sodium 
citrate tubes should be spun at 1500 RCF or about 2500–
3000 RPM for 15 minutes; all other tubes (EDTA, 
heparin, serum, etc.) should be centrifuged at 1300 RCF 
or 2500 RPM for 10 minutes.12 To ensure sample quality, 
it is important to make certain that all similar samples 
are centrifuged for the same length of time; a packed cell 
volume (PCV) obtained from a sample centrifuged for 
3 minutes may yield significantly different results from 
one centrifuged for 4 minutes. Following centrifugation, 
plasma or serum should be immediately removed from 
the tube and placed in an appropriate sample container 
labeled with the patient’s identification information.

Most serum and plasma samples, once removed from 
the red blood cells, are stable for up to 8 hours at room 
temperature or up to 48 hours in the refrigerator; 
samples needing to be kept beyond 48 hours should be 
placed in plastic tubes and frozen. Special handling is 
required for certain specimens. Adrenocorticotropic 
hormone (ACTH), angiotensin-converting enzyme 
(ACE), ammonia, acetone, lactic acid, pyruvate, and 
renin specimens are temperature sensitive and should be 
placed in an ice bath immediately following collection; 
these samples also require transport in a chilled con-

requires a complete turn of the wrist 180° and back.12 
Tubes should never be shaken or mixed aggressively. The 
number of inversions is dictated by the tube being filled: 
Serum separator, serum, and clot activator tubes require 
five inversions; sodium citrate tubes require three to 
four inversions, and all other additive tubes (EDTA, 
heparin, plasma separator, etc.) require eight to ten 
inversions.12

Following inversion, Becton, Dickinson recommend 
that serum and serum separator tubes sit at room tem-
perature for 30 minutes to facilitate adequate clot for-
mation.12 Plasma separator and all other additive tubes 
may be submitted for analysis or centrifuged immedi-
ately following inversion. Serum and gel tubes should be 
centrifuged within 2 hours of collection.

Proper centrifugation techniques also play an impor-
tant role in sample quality. All personnel using the cen-
trifuge should be cognizant of safety and appropriate 
usage guidelines. Ideally, centrifuges should not be oper-
ated without a cover or lid in place. Stoppers should be 
securely in place on all samples placed in the centrifuge, 
and any spills must be cleaned immediately.

Centrifuges must be properly balanced (Fig. 47.5) 
when in use both to obtain quality samples and to 
promote safety of personnel using the instrument. This 
is achieved by ensuring that tubes are filled with equal 
volumes of fluid and placed opposite each other in the 
centrifuge. If tubes are filled unequally or an uneven 

Figure 47.5 Properly balanced centrifuge.

Protocol 47.9 Arterial catheter sampling

Procedure
1. Disinfect the sampling port or catheter hub according to 

hospital protocol.
2. Attach a nonheparinized syringe and aspirate a discard 

sample.
a. Minimum of three times: priming volume of the 

catheter for routine assays.6

b. Six to twelve times: priming volume for coagulation 
assays.7

3. Remove the discard syringe and attach a new 
heparinized syringe to the catheter; turn the stopcock (if 
present) to a 45° angle during syringe change.

4. Aspirate sample, disconnect syringe from catheter, and 
express all air from syringe.

5. Following sample collection, the arterial catheter is 
flushed with 0.9% sodium chloride or heparinized saline 
according to hospital protocol.

6. It is recommended that blood gas samples be analyzed 
immediately, but they may be placed in an ice bath for 
up to 1 hour.7
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anticoagulant ratio, inadequate discard volume during 
sample collection from a central line or arterial catheter, 
and aspiration of tissue fluids during venipuncture (rel-
atively rare).

A common dilemma that arises in veterinary medi-
cine is the need to collect sodium citrate samples from 
very small patients for coagulation assays. Commercially 
available sodium citrate collection tubes require either 
1.8 or 2.7 mL of blood, which may be difficult to obtain 
from small or anemic patients. Coagulation testing 
demands a proper blood to anticoagulant ratio (Proto-
col 47.11) because dilute samples will not yield accurate 
results.

Platelet clumping
Platelets clumping is commonly encountered and may 
be due to prolonged collection times, delayed mixing of 
blood and anticoagulants, or other factors. It is accept-
able to use blood from a sodium citrate tube for platelet 
counts when there is clumping in the EDTA sample; 
counts performed on sodium citrate samples should be 
multiplied by 1.1 to account for the dilutional differ-
ences between the tubes.

Delayed sample separation or analysis
Delays in separating or analyzing samples may have a 
significant negative effect on the quality of the specimen. 
Delayed analysis of arterial and venous blood gas samples 
may result in considerable changes in PaO2, PaCO2, and 
pH. Delayed centrifugation of serum and plasma samples 
allows prolonged contact with RBCs and often results in 
erroneous sample results including decreased glucose 
results and elevations in ammonia.

Troubleshooting patient problems associated 
with blood sampling

Information obtained from blood tests is often vital  
to the diagnostic process, and serial blood tests are  

tainer. Bilirubin and erythrocyte protoporphyrin are 
very light sensitive; wrapping the tubes in aluminum foil 
decreases exposure to light and helps maintain the sta-
bility of the sample. It is advisable to contact the refer-
ence laboratory for detailed collection, handling, and 
submission protocols whenever there is a concern about 
a specific sample or test.

Troubleshooting technical problems associated 
with blood sample collection and handling

Hemolysis
Hemolysis can interfere with a number of laboratory test 
results; potassium and lactate dehydrogenase may be 
falsely elevated due to release of intracellular material; 
tests requiring analysis by spectrophotometry may be 
invalid due to interference. Hemolysis may be secondary 
to disease processes such as immune-mediated hemo-
lytic anemia (IMHA), heavy metal toxicity (zinc), or 
parasitism (Babesia); improper collection or handling of 
blood samples is also commonly implicated in hemoly-
sis (Protocol 47.10). A technique frequently used in 
emergency and critical care (ECC) settings involves 
venipuncture utilizing very small needles (25 gauge and 
smaller) and injecting the sample directly into hemato-
crit tubes for determination of PCV; this technique often 
results in hemolysis and may falsely lower the PCV. 
When hemolysis is noted, the sample should be redrawn 
using proper technique to minimize damage to RBCs.

Sample dilution
Blood samples may be inadvertently diluted during col-
lection, which can result in erroneous results. Sample 
dilution is typically attributed to inadequate sample to 

Protocol 47.10 Hemolysis troubleshooting checklist

Procedure
1. Choose an appropriate size needle and syringe or 

Vacutainer (Becton, Dickinson, Franklin Lakes, NJ) needle 
and tubes; avoid very small needles and large syringes.

2. Aspirate sample gently; avoid excessive negative 
pressure or pulsing.

3. Ensure that tourniquet use or vessel occlusion is limited 
to 2 minutes or less; 1 minute is preferred.

4. Avoid excessive isopropyl alcohol use; allow alcohol to 
dry prior to venipuncture.

5. Invert sample tubes following collection; allow serum 
samples to stand in a vertical position for 30 minutes to 
promote adequate clot formation prior to centrifugation.

Protocol 47.11 Collection of minimal samples for 
coagulation studies

Accurate determination of coagulation assays requires a 1:9 
ratio of anticoagulant to blood; the following steps maintain 
that ratio with minimal sample volumes.

Procedure
1. Aspirate 0.1 mL of sodium citrate from a blue-top tube 

and inject it into a plain serum tube (red top).
2. Inject 0.9 mL of blood into the prepared tube.



610  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

• The person performing venipuncture should assess 
each case individually and choose venipuncture sites 
and techniques best suited to that patient.

• Arterial and venous samples for blood gas analysis 
require special handling and must not be contami-
nated with room air.

• Risks to the patient including catheter-related infec-
tions and iatrogenic anemia can be significantly 
decreased by using aseptic techniques and minimizing 
the volume of blood drawn or discarded.
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frequently required to monitor a patient’s condition and 
the efficacy of the treatment regimen. In some cases, 
obtaining blood samples can be problematic for the 
patient.

Iatrogenic anemia from frequent sampling
Frequent blood sampling, especially from small or 
anemic patients, can be associated with significant blood 
loss to a degree that is detrimental to the patient’s condi-
tion. This is especially concerning in small patients, neo-
nates, geriatric animals, and patients with anemia. There 
are several strategies to minimize blood loss in these 
patients:

1. Use Microtainer or other “mini” collection tubes to 
minimize sample volume requirements.

2. Use point-of-care testing equipment that requires 
minimal sample volumes instead of sending blood 
to reference laboratories that require larger sample 
volumes.

3. Use the push-pull or mixing method rather than the 
discard method when pulling blood samples from 
an IV catheter.

Hematoma formation
Hematomas (bruises) form when blood leaks from a 
vessel and pools under the skin. Hematomas may be 
minimized by holding direct pressure over a venipunc-
ture site for at least 30 seconds and for a minimum of 5 
minutes over an arterial puncture site. Pressure ban-
dages may be placed over sampling sites on the limbs; 
these bandages need to be removed and the site should 
be carefully checked within 15 minutes of application. 
Patients requiring frequent sampling or with coagulopa-
thies may benefit from a central catheter to allow admin-
istration of fluids and medications as well as to facilitate 
blood sampling.

Summary

• The person performing the venipuncture needs to be 
cognizant of safety concerns at all times.

• The quality of a blood sample and the accuracy of test 
results are dramatically affected by collection and 
handling techniques.

• Hemolysis is a significant issue that affects sample 
quality and can be minimized when proper tech-
niques are utilized.

• Blood cultures require strict aseptic technique and 
specialized handling.
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48
In-house hematologic evaluation

Karl E. Jandrey and Carine Laporte

Hematologic evaluation

Definition of hematologic evaluation
Hematologic evaluation is defined as the analysis of 
blood. In veterinary medicine, blood is analyzed by 
looking at seven parameters:

1. Hematocrit (HCT) and packed cell volume (PCV)
2. Total plasma or serum protein concentration (TP)
3. Hemoglobin concentration (Hgb)
4. Complete blood count (CBC), or blood cell and 

platelet concentrations per unit volume of blood
5. Erythrocyte (also called red blood cell or RBC) 

indices
6. Differential leukocyte (also called white blood cell 

or WBC) counts
7. Erythrocyte, leukocyte, and platelet morphology

Components of hematologic evaluation
The three main components of hematologic evaluation 
are:

1. Blood sample collection, handling, and 
preservation.

2. Blood sample processing. The processing of a 
blood sample varies based on the parameters  
of blood being measured and the hematologic pro
cedures being performed, which may include a 
CBC, routine blood coagulation testing, and direct 
microscopic evaluation of the blood sample.

3. Interpretation of results. The results of a hemato
logic evaluation (Table 48.1) may aid in the diagno
sis of pathologic conditions, help to tailor the 

treatment regimen, and indirectly provide valuable 
information about the bone marrow.

Purpose of hematologic evaluation
Hematology plays a critical role in small animal vete
rinary medicine. Examination of blood samples can 
provide important information regarding two funda
mental aspects of veterinary medicine:

1. Diagnosis. According to the Manual of Canine and 
Feline Hematology and Transfusion Medicine,1 “Dogs 
and cats exhibit a wider range of hematologic 
pathology than other species so diagnostic hematol
ogy is very important in small animal medicine.” 
Evaluation of blood parameters provides diagnostic 
information in three ways. First, hematologic  
evaluation may contribute to a more comprehensive 
understanding of the causative factors of a 
patient’sdisease state. This may occur, for example, 
with hematologic evidence of ongoing infection or 
inflammatory responses. Second, evaluation of 
blood may in itself constitute the primary basis  
for diagnosis, as is the case in certain leukemias. 
Finally, evaluation of blood can aid the veterinary 
practitioner to assess the severity of the patient’s 
pathologic state.

2. Treatment. Evaluation of a patient’s blood may 
direct a course of treatment. Hematology may 
provide a means to monitor the patient’s response 
to treatment and allow the veterinarian to better 
tailor the treatment protocol to the patient’s  
needs. For example, chemotherapeutic regimens for 
certain bloodrelated neoplastic conditions may be 
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ation techniques such as blood smears, commercial 
veterinary reference laboratories also offer diagnostic 
hematologic evaluation services. The decision to perform 
blood analysis in house or to send the blood to an 
outside reference laboratory must be made with knowl
edge of the advantages and disadvantages of each option.

Advantages of in-house hematologic 
evaluation
The primary advantages of inhouse evaluation are in
creased revenue to the practice and the immediacy of 
test result availability. Veterinary practices stand to ben
efit in productivity and revenue from maintaining as 
many diagnostic tests in house as can be accurately and 

modified based on the WBC count and the risk of 
myelosuppression.

There are a multitude of techniques by which blood 
may be evaluated, both in small animal clinics and in 
commercial laboratories. This chapter focuses on the 
logistics of inhouse methods of hematologic evalua
tion, both manual and automated.

Advantages and disadvantages of in-house 
and commercial laboratory hematologic 
evaluation

Although all veterinary practices should have the capa
bility to perform at least minimal manual blood evalu

Table 48.1 Hematologic reference intervals for small animals

Parameter Dog Cat Units

Plasma or serum protein 6.0–8.6 6.8–8.3 g/dL

Erythrocytes

PCV/Hematocrit 40–55 30–50 %

Erythrocyte count 5.6–8.0 7.0–10.5 millions/L

Mean corpuscular volume (MCV) 65–75 42–53 fL

Mean corpuscular hemoglobin (MCH) 22–26 13–17 pg

Mean corpuscular hemoglobin concentration (MCHC) 33–36 30–33.5 g/dL

Reticulocyte count 7,000–65,000 7,000–60,000 %

Red blood cell distribution width (RDW) 11–14 14–18 %

Erythrocyte morphology Biconcave disk, significant 
central pallor, 7.0 µm

Round cell, minimal 
central pallor, 5.8 µm

Leukocytes

Leukocyte count 6,000–13,000 4,500–14,000 per µL

Band neutrophils Rare–300 Rare per µL

Neutrophils 3,000–10,500 2,000–9,000 per µL

Lymphocytes 1,000–4,000 1,000–7,000 per µL

Monocytes 150–1,200 50–600 per µL

Eosinophils 0–1,500 150–1,100 per µL

Basophils 0–50 0–200 per µL

Platelets

Platelet concentration
(×103)

150–400 180–500 per µL

Mean platelet volume (MPV) 7–13 9–18 fL

Adapted from the University of California, Davis Veterinary Medical Teaching Hospital Clinical Laboratory.
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results, less economic gain for the practice and a longer 
turnaround time for results can be disadvantageous 
when blood is sent for analysis at an outside laboratory. 
Another disadvantage is the possible damage to or 
leakage of the blood sample in transit. Care must be 
taken to properly package samples before shipment to 
minimize sample compromise. Finally, the technician or 
veterinarian must be aware that reference intervals vary 
between commercial laboratories. Therefore, the inter
pretation of normal or abnormal hematologic values 
must be made in light of the specific laboratory used.

In-house hematology laboratory equipment 
and safety

In-house laboratory equipment
The list in Box 48.1 refers to the minimal equipment 
required for an inhouse hematologic laboratory.

In-house laboratory safety
All biologic materials, including blood, must be treated 
as potentially infectious. Certain bloodborne diseases 
may be zoonotic and easily transmissible both to humans 
and other animals, such as Leptospirosis in dogs. There
fore, all personnel should wear examination gloves when 
handling or transporting blood. In addition, due to the 
risk of accidental puncture, previously used needles 
should never be recapped but instead directly deposited 
into a designated sharps container. Spilled biologic 
material must be cleaned with 10% bleach solution and 
all waste materials properly disposed. A veterinarian or 

cost effectively performed. In addition, the data pro
vided from inhouse tests are essential for urgent de
cision making for many patients. For example, in 
emergency patients, immediate access to the results of a 
hematologic evaluation may help direct lifesaving inter
ventions. For these reasons, most emergency practices 
now have automated inhouse CBC machines that ac
curately provide basic hematologic information regard
ing number, shape, size, and abnormalities of the various 
blood cell types. Inhouse microscopic evaluation of a 
blood smear can be used to provide additional hemato
logic information.

Disadvantages of in-house hematologic 
evaluation
Despite the increased revenue garnered from the perfor
mance of inhouse blood evaluation, a small animal 
practice must consider cost efficiency to decide whether 
or not to perform blood evaluation in house. Inhouse 
diagnostic tests require technical time and expertise, 
both for the completion of tests and for the performance 
of quality control measures on the machines. Techni
cians must also be educated in the operation of these 
sensitive machines. Finally, the small animal clinic must 
consider the expense of maintenance, repair, and replace
ment of automated hematologic diagnostic machinery.

Advantages of commercial laboratory 
hematologic evaluation
Although there are advantages to inhouse diagnostic 
laboratories in small animal practices, commercial labo
ratories can offer distinct advantages that make them a 
preferred option in some situations. This is particularly 
true for the less commonly performed hematologic 
evaluations. For example, commercial laboratories are 
able to acquire technology that smaller practices cannot 
afford or have sufficient demand to purchase. Further
more, because a commercial laboratory analyzes samples 
from hundreds of practices, it will likely perform certain 
procedures at a higher frequency and with greater prac
tical expertise than an individual practice. This expertise 
may then help ensure accuracy and guide interpretation 
of complex, discrepant, or speciesspecific results. For 
this reason, tests that are performed in a clinic less fre
quently than once weekly should be outsourced to a 
commercial laboratory that works with a larger volume 
of such cases.2

Disadvantages of commercial laboratory 
hematologic evaluation
Just as the advantages of inhouse diagnostic testing 
include economic gain for the practice and rapid test 

Box 48.1 In-house laboratory equipment

• High-quality binocular microscope, preferably with plain 
achromatic (flat-field) lenses, a mechanical stage, a 
focusable substage condenser, and low dry, high dry, and 
oil immersion objectives

• Microhematocrit centrifuge capable of spinning tubes up 
to 12,000 rpm

• Standard centrifuge capable of spinning tubes up to 15 mL
• Refractometer
• Differential cell counter
• Hand tally counter
• Interval timer capable of recording elapsed time
• Hemocytometer
• Blood smear staining solutions
• In-house hematology analyzers
• Commercial test kits, such as enzyme-linked 

immunosorbent serologic assays (ELISAs)
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(the fluid component of blood without clotting 
factors).

2. Blood cells. Blood cells and platelets make up 
the remaining 45% of the blood’s volume. Blood 
cells include erythrocytes and leukocytes. There are 
many different types of leukocytes, and it is  
important to differentiate them in a complete hema
tologic evaluation (Table 48.2). Increased or 
decreased numbers of specific leukocytes may  
be strong diagnostic indicators of certain disease 
processes.

3. Platelets. Platelets (also called thrombocytes) are 
small anuclear cellular fragments derived from 
larger cells called megakaryocytes in the bone 
marrow. Along with erythrocytes and leukocytes, 

senior technician should be consulted if any problems 
arise.

Blood

Blood composition
Whole blood is composed of three elements: plasma, 
blood cells, and platelets.

1. Plasma. Making up 55% of the blood’s volume, 
plasma is itself composed of more than 90% water. 
The remaining 10% of plasma is made of electro
lytes, proteins, fats, vitamins, and similar substances. 
Another way to describe plasma is as the portion of 
the blood composed of clotting factors plus serum 

Table 48.2 Blood cells

Cell Diagram Description % Dog % Cat Size Function

Erythrocyte Biconcave disc Cat 4.5 µm Dog 7.0 µm Carriage of oxygen

Lymphocyte 
(small)

Round with a large round purple 
nucleus which almost fills all the 
cell, with a pale blue rim of 
cytoplasm

12–30 20–55 8 µm Immunity 
Production of 
antibodies

Lymphocyte 
(large)

Similar to small lymphocyte but 
more oval in shape of the 
lymphocytes

Variable, 
approximately 
8%

Variable 12–14 µm As above

Monocyte Pleomorphic nucleus (slightly 
indented oval to horse shoe 
shaped with enlarged knob like 
ends. Blue staining cytoplasm 
which may contain vacuoles

3–10 1–4 20 µm Chronic phagocyte

Neutrophil Irregular lobed nucleus with pale 
bluish pink cytoplasm with diffuse 
indistinct pale granules

60–70 35–75 10–12 µm Phagocyte

Immature, 
juvenile or 
band 
neutrophil

Nuclei horse shoe shaped and not 
as darkly staining as mature 
neutrophils

Variable, 0–3 Variable, 
0–3

Eosinophil Bilobed or segmented nucleus. 
Numerous reddish pink granules 
that are rod-shaped in the cat, 
round in the dog

2–10 2–12 12–14 µm Increased numbers 
in parasitic and 
allergic conditions

Basophil Segmented or irregular shaped 
nucleus. Blue grey cytoplasm with 
dark, bluish granules

Very rare in 
both dog and 
cat

0–0.1 10–12 µm Associated with 
the release of 
histamine and 
heparin

Colors as seen when smear stained with Romanowsky stains. Reprinted from Aspinall V, Complete Textbook of Veterinary Nursing, 
2006, p. 696. Used with permission.
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platelets are a major component of blood. They play 
an integral role in primary hemostasis, the repair of 
damaged vasculature, the inflammatory cascade, 
and wound healing.

Blood collection sample types
The success of a hematologic evaluation partially lies in 
the use of the appropriate blood collection sample type 
for the diagnostic test performed. For example, where 
some blood analyses require the presence of clotting 
proteins, these very proteins may constitute a diagnostic 
interference in other types of blood analyses. The three 
types of blood samples used in hematologic evaluation 
are whole blood, plasma, and serum.

1. Whole blood is composed of cellular elements (leu
kocytes, erythrocytes, and platelets) and plasma. 
Whole blood is collected by placing the appro priate 
amount of blood sample into a container with the 
proper anticoagulant (e.g., EDTA). The sample is 
then mixed by gently inverting or rolling the tube 
multiple times. Whole blood should not be refriger
ated for delayed analysis because the cooling and 
rewarming processes may damage its cellular 
components.

2. Plasma is composed of serum and clotting 
factors and is the liquid portion of whole blood  
that does not include the cellular elements (as 
described earlier). Plasma is collected by sampling 
the appropriate amount of whole blood from  
the patient into a collection tube with the appropri
ate anticoagulant. The tube is then gently mixed 
similarly to whole blood. The closed tube is imme
diately centrifuged for 10 minutes at 2,000–
3,000 rpm to separate the plasma from the cells, 
which will be found as a pellet at the bottom of the 
centrifuged tube. The plasma is separated from the 
cells by manual removal via pipette into a separately 
labeled tube. Care should be taken to avoid con
tamination of the plasma with the pelleted cells. The 
plasma may be refrigerated or frozen for delayed 
analysis.

3. Serum is defined as the liquid portion of whole 
blood that remains after a clot has formed. In other 
words, serum is plasma without clotting factors. 
Simple serum collection may be performed after 
blood is placed in a sample tube void of anticoagu
lant and allowed to sit undisturbed and clot. Without 
anticoagulant, a normal sample will clot in 5–15 
minutes. Serum samples may also be acquired by the 
collection of whole blood into a sample tube void 
of anticoagulant that contains only a gel used to 
separate blood clots from serum once centrifuged. 

An example of such a serum separator tube is the 
redtopped Vacutainer (BectonDickinson, Franklin 
Lakes, NJ) tube. Serum evaluation can be performed 
directly on the serum within the redtopped Vacu
tainer tube.

Anticoagulants

A variety of anticoagulants may be used in different 
hematologic procedures to either reversibly or irrevers
ibly prevent the clotting of blood. Table 48.3 describes 
the most commonly used anticoagulants.

Methods of hematologic evaluation

As mentioned earlier, there are seven components to 
hematologic evaluation:

1. Hematocrit (HCT) and packed cell volume (PCV)
2. Total plasma or serum protein concentration (TP)
3. Hemoglobin concentration (Hgb)
4. Complete blood count (CBC)
5. Erythrocyte indices
6. Differential leukocyte counts
7. Erythrocyte, leukocyte, and platelet morphology

Although many blood analyses can be performed 
through direct microscopic evaluation by the technician, 
measurement of erythrocyte and leukocyte counts,  
hemoglobin concentration, and certain erythrocyte  
indices are fully automated in most laboratories and 
many practices. This section first discusses the tech
niques of CBC analysis and microscopic evaluation  
of blood films that are essential to overall hematologic 
evaluation in any small animal practice. It then ex
amines the specific characteristics of hematologic ev
aluation in the context of the individual blood 
components.

Complete blood count analysis
A CBC is a technique used to evaluate the blood’s  
cellular components through measurements of cell 
number, size, and maturity in a specific volume of  
blood. It consists of the analysis of four hematologic 
properties:

1. Erythrocyte and leukocyte counts (concentrations 
per unit blood volume)

2. PCV or HCT
3. Hemoglobin concentration
4. Erythrocyte indices

In addition, the CBC analysis is generally accom
panied by tests that measure both the blood’s platelet 
concentration and total plasma or serum protein  
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aperture, the cells displace a specific amount of electro
lyte solution. Each displacement of solution is detected 
by an analyzer and counted as a cell. Impedance analysis 
is used by such automated CBC analyzers as VetScan 
HM2 Hematology System (Abaxis, Union City, CA), 
among others.

Although impedance analysis is a common and effec
tive means of evaluating cell concentration, special con
siderations must be given to the fact that these 
instruments base their analyses on cell size. First, because 
normal cell sizes differ across species and the accepted 
normal variation in platelet size may differ between 
species, impedance analysis is species specific. Feline 
platelets, for example, have greater normal variation 
compared with dogs, presenting a potential diagnostic 
challenge with impedance analysis. Furthermore, cell 
size analysis can make the instruments prone to error 
under certain conditions. Clumps of platelets, for 
example, can present as the same size as leukocytes. In 
this situation, the cell counter may mistake these platelet 
clumps as leukocytes and the analysis may artifactually 
reflect increased leukocyte numbers that could mimic 
inflammatory states. Platelet clumping is particularly a 
problem in feline blood samples.

concentration. A CBC may be performed manually or 
through the use of automated analyzers.

Manual CBC analysis

The manual CBC analysis is performed using a hemo
cytometer and Unopette system (BectonDickinson, 
Franklin Lakes, NJ). Because the technique differs 
slightly between each blood cell type, it is described later 
in the discussions of manual concentration evaluation 
for each blood cell type.

Automated CBC analysis

Automated CBC analyzers have the advantage of provid
ing highly consistent, rapid, and accurate results. There 
are three methods by which automated CBC analy
zers can evaluate cell concentrations: impedance analy
sis, quantitative buffy coat analysis, and laser flow 
cytometry.

Impedance analysis (coulter counter)

Impedance analysis is a technology based on the count
ing of cells in an electrolyte solution as the cells are 
drawn through an aperture. As they move through the 

Table 48.3 Most commonly used anticoagulants

Anticoagulant Mechanism of 
Action

Vacutainer 
Stopper 
Color

Test Sources of Error

EDTA
(1.8 mg/mL 
blood)

Irreversibly binds 
calcium, which is 
required for 
clotting to occur.

Lavender 
or purple.

Routine hematologic 
evaluation.

Morphologic changes may occur in stored 
EDTA anticoagulated samples: crenation, 
irregular cell membranes, and cytoplasmic 
vacuolation.

Sodium 
heparin
(15 USP)

Reversibly prevents 
the conversion of 
prothrombin to 
thrombin by 
activating 
antithrombin.

Green. Routine hematologic 
evaluation.
Evaluation of avian 
blood.

A heparinized sample must be analyzed 
immediately because heparin:
1. Inhibits coagulation for only 8–12 hours
2. May cause the cells to clump.
3. Causes cells to stain poorly.

Sodium 
citrate
(3.2%)

Reversibly binds 
calcium, which is 
required for 
clotting to occur.

Blue. Coagulation profiles. Not used in routine hematologic evaluation 
due to disruption of normal cell morphology.
As a liquid anticoagulant, may also act as a 
diluent, thereby affecting such values as PCV.

No 
anticoagulant

Allows for the 
blood to clot 
naturally.

Red. Used for serum 
biochemical analysis 
of blood (also called 
a “chemistry panel”).
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differentiate the relative size and density of the various 
cell types based on the refraction of light off of the cells. 
Although laser flow cytometers may be profoundly 
impacted by lipemia because lipid droplets may scatter 
light in a similar manner to platelets, this technology is 
rapid and has builtin quality control procedures. 
However, it is also the most expensive of the automated 
CBC analyzers and not commonly found in private 
practice.

It is important to note that although CBC analysis 
provides important information about the blood’s cel
lular components, it cannot replace and must be ac
companied by direct hematologic examination by the 
technician. A technician may directly examine a blood 
sample under a microscope to evaluate differential leu
kocyte concentrations, blood cell concentrations per 
unit volume of blood, and blood cell morphology. A 
microhematocrit tube can be used to evaluate total pro
tein concentration. The combination of a CBC analysis 
(manual or automated) and direct microscopic and mi
crohematocrit evaluation by the technician provides the 
complete hematologic evaluation.

Microscopic analysis of blood films
A blood film (or peripheral blood smear) is both a method 
of preserving a blood sample and a means of micro
scopic hematologic evaluation. Blood film evaluation is 
commonly used to analyze the blood’s cellular compo
nents and their morphologies, detect the presence of 
blood parasites, and provide a rough estimation of 
platelet concentration. Therefore, blood film evaluation 
is an integral part of a comprehensive hematologic  
analysis. Many abnormalities (Box 48.2) are found on 

Quantitative buffy coat analysis

Quantitative buffy coat (QBC) analysis is a technique 
used to provide an estimate of cell count, rather than a 
true cell count, through analysis of cell densities within 
the buffy coat layer of a microhematocrit tube. QBC 
analysis involves the centrifugation of an EDTA antico
agulated blood sample in a commercially available stain
coated microhematocrit tube. Centrifugation of such a 
blood sample results in a clear delineation of layers cor
responding with the different components of blood. The 
delineated layers of a blood sample in a microhematocrit 
tube are discussed in more detail later in this chapter 
with PCV/HCT determination. However, one such 
delineated layer, known as the “buffy coat,” is composed 
of leukocytes and platelets. The buffy coat is distinctly 
separated into layers based on the density of the cells in 
QBC analysis. The granulocyte layer is the lowest of the 
buffy coat layers and composed of eosinophils, neutro
phils, and basophils. Above this is found the agranulo
cyte layer, where lymphocytes and monocytes collect. 
The uppermost layer of the buffy coat contains platelets. 
In QBC analysis, the stained microhematocrit tube is 
placed in an optical scanning device that analyzes the 
degree of stain fluorescence in each cell layer. The ana
lyzer provides a report with 12 hematologic values and 
a graph that provides information about cell numbers 
and the fluorescence of each cell layer. These 12 values 
include HCT, hemoglobin concentration, mean cell 
hemoglobin concentration, WBC concentration, granu
locyte concentration and percentage, lymphocyte and 
monocyte concentration and percentage, fibrinogen 
concentration, and reticulocyte or nucleated red blood 
cell percentage (if present). In bovine and canine 
samples, eosinophil and neutrophil concentrations are 
also reported, where basophil concentration is included 
in the neutrophil concentration. This technology is used 
by analyzers such as QBC Vet Autoread (QBC Diagnos
tics, Port Mathilda, PA).

Special consideration must be given to the fact that 
QBC analyzers may not always correspond with the 
platelet counts from other automated analyses because 
the thickness of the cell layer above the lymphocyte and 
monocyte layer of the buffy coat is affected not only  
by platelet number but also by platelet size. As a result, 
total platelet concentration analyses may be artificially 
increased or decreased with increases or decreases in 
platelet size.

Laser flow cytometry

Laser flow cytometry is the third technique used by auto
mated CBC count analyzers and is the most accurate of 
the three technologies. A focused laser beam is used to 

Box 48.2 Abnormalities found on blood smear evaluation

• Abnormal numbers of immature erythrocytes (nucleated 
erythrocytes and reticulocytes)

• Abnormal numbers of immature leukocytes (lymphoblasts 
and band neutrophils)

• Toxic granulation of leukocytes
• Hypersegmentation of neutrophils
• Evidence of infectious agents (bacteria, extracellular 

hemoparasites, and intracellular inclusions from parasites 
or viruses)

• Platelet abnormalities (platelet clumps and 
macrothrombocytes)

• Abnormal numbers of basophils
• Neoplastic cells
• Heinz bodies (particularly in cats)
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blood smears that are not reported by automated CBC 
analyzers.

Preparing a blood smear

Creating a proper blood smear requires technical exper
tise and practice (refer to Protocol 48.1).

There are many possible sources of error in blood 
smear preparation (Box 48.3) that may decrease diag
nostic accuracy.

Staining a blood smear

The two main types of stains for peripheral blood smears 
are Romanowsky stains and Supravital stains.

Romanowsky stains

Romanowsky stains are mixtures of methylene blue, 
eosin, and other dyes that can be used to alter staining 
characteristics. Where the methylene blue component is 
used to stain blue the acidic cell structures such as the 
nucleus and RNA in the cytoplasm, the eosin compo
nent is used to stain red the more basic components 
such as hemoglobin. Romanowsky dyes are dissolved in 
methyl alcohol to act as a fixative. Examples of 
Romanowsky stains include Leishman stain and Giemsa 
stain. Although it is not technically a Romanowsky  
stain, the DiffQuick stain functions similarly to the 
Romanowsky by using blue and orange dyes.3 The Diff
Quick stain is commonly favored in many small animal 
practices for its ease, rapidity, and accuracy (see Protocol 
48.2).

Romanowsky stains are used in four capacities. First, 
they can be used to detect changes in the size, shape, and 
staining of cells on a blood smear. Second, they can be 
used to perform differential WBC cell (leukocyte) 
counts. Third, they may be used to detect the presence 
of blood parasites such as Mycoplasma haemofelis and 
different Babesia species. Finally, Romanowsky stains 
may be used to make a rough estimate of the number of 
platelets in a blood sample.

Supra-vital stains

The second type of blood smear stain is the supra-vital 
stain. Because they highlight and stain the residual RNA 
of immature erythrocytes, supravital stains are used to 
detect Heinz bodies and perform reticulocyte counts. 
Examples of these stains include 1% new methylene blue 
(in citrate saline) and brilliant cresyl blue.

As with the production of the blood smear, errors 
made during the staining of the blood smear may result 
in inaccurate diagnostic conclusions. Sources of error 
may include failure to wash the stain off sufficiently, 

using stains at incorrect concentrations, staining over 
incorrect time periods, and using dirty, contaminated, 
or crystallized stains that may appear to represent hema
tologic infection.

Red blood cell (erythrocyte) evaluation
The evaluation of erythrocytes involves the analysis of 
six parameters:

1. PCV/HCT
2. Erythrocyte count
3. Reticulocyte count
4. Erythrocyte indices
5. Erythrocyte morphology

Packed cell volume/hematocrit

PCV and hematocrit are defined as the blood cellto
fluid ratio. In other words, they represent the percentage 
of blood that is composed of RBC. However, whereas 
PCV is a measured value, HCT is a calculated value. See 
Equation 48.1 for the formula of PCV calculation. 
Although HCT usually corresponds to PCV values and 
the two terms are often used interchangeably, if the value 
of HCT does not correspond to that of the PCV, it is 
better to defer to the PCV value.

The measurement of PCV is most commonly per
formed by the microhematocrit method, which involves 
the use of capillary microhematocrit tubes that may be 
heparinized for use with fresh blood or void of contents 
for use with anticoagulated blood. The technique is 
among the most commonly performed and accurate  
inhouse hematologic evaluations. Not only is the  
technique easily and rapidly performed, but the micro
hematocrit tube also requires only a small volume of 
blood (see Protocol 48.3).

PCV values can be determined from a microhemato
crit tube using of a variety of methods, including scales 
on the centrifuge, handheld cards, or specialized micro
hematocrit readers. One popular tube reader is a plastic 
sheet called a Critocap chart (Oxford Labware/Sherwood 
Medical, St. Louis, MO). With this reader, the centri
fuged microhematocrit tube is placed perpendicular to 
the chart lines with the clayerythrocyte interface on  
the zero line. The tube is moved along the chart  
until the 100% line intersects the plasma–air interface 
in the center of the meniscus in the microhematocrit 
tube. The PCV is read as a percentage directly from the 
chart at the erythrocyte–buffy coat interface.

Other types of PCV readers allow the technician to 
determine the PCV by dividing the length of the column 
of erythrocytes by the total length of erythrocytes, buffy 
coat, and plasma. Multiplication of this value by 100 
provides the PCV percentage.
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Protocol 48.1 Blood smear preparation

Items Required
• Nitrile or latex gloves
• Grease-free microscope slide
• Pencil
• Blood sample anticoagulated with EDTA
• Capillary tube
• “Spreader”: either the frosted edge of a second microscope slide or a slide coverslip
• 100% methyl alcohol (for delayed evaluation)
• Microscope with oil immersion lens
• Immersion oil

Important notes
• The following protocol has been written for a right-handed technician. For left-handed technicians, all reference to “right” and 

“left” in the protocol should be reversed.
• Nitrile or latex gloves should be worn throughout the entire procedure. Any biologic material from the patient, including blood, 

must be considered a possible source of zoonotic infection; thus direct contact with human skin or mucus membranes should be 
avoided. It is always advisable to make at least two smears from each blood sample in case the result obtained from one is not 
satisfactory. There will be one blood smear per microscope slide.

Procedure
1. Gather supplies
2. Label the underside or frosted edge of a grease-free microscope slide with a pencil to identify the slide. Labeling the wrong 

side or area of the microscope slide will result in the removal of the label during staining.
3. Place the microscope slide against a white background on the laboratory bench.
4. Draw a small sample of fresh blood or well-mixed EDTA blood into a capillary tube and place a small drop of blood on the 

right end of the slide about 1 cm from the edge. If the EDTA anticoagulated blood sample has been previously refrigerated, 
allow time for the sample to warm to room temperature and mix the sample thoroughly by inverting or rolling the collection 
tube before initiating the blood smear.

5. Create a “spreader” either by using a microscope coverslip or a second microscope slide. If the latter is performed, ensure 
that the edge of the spreader is smooth and does not have any chips or fractures that may cause irregular accumulations of 
blood along the edge of the spreader. The edge of the spreader should be narrower than the full width of the blood smear 
slide. This will prevent the spreader from pushing cells to the edge of the blood smear slide.

6. Hold the spreader in the right hand between the thumb and index finger with the cut (narrow) edge of the spreader facing 
downward.

7. Place the spreader in contact with the slide parallel to the short edge of the slide and a little to the left of the drop of blood. 
The angle of contact between the spreader and the slide is important and should be 20–30° to vertical. A more obtuse angle 
will cause a thicker smear, whereas a more acute angle will cause a thinner smear.

8. Pull the spreader to the right until it encounters the droplet of blood and allow the blood to run along the edge of the 
spreader.

9. After the blood has run the length of the spreader’s edge, drag the spreader toward the opposite (left-hand) end of the 
slide with a steady uninterrupted motion. The blood along the spreader’s edge will be drawn behind the spreader, creating 
a blood smear along the slide. The action of dragging rather than pushing the spreader in creating the smear is extremely 
important. Never place the spreader behind (to the right side of) the droplet of blood with the intent of pushing the blood 
across the slide because this will cause damage to the blood cells.

10. The ideal smear should cover about three-fourths of the length of the slide. It should be thick at one end and taper to a thin 
feathered edge at the other. The aim is to create a region on the slide where the cells are spaced far enough apart to be 
counted and differentiated.

11. Allow the smear to air dry in a horizontal position. Do not apply heat because it may distort the blood cells. Dried blood 
smears are fragile, so always handle with care.

12. If blood smear staining and evaluation will be delayed, fix the slide by submerging it in 100% methyl alcohol for 1 minute. 
This will enable a delay of staining for up to 3 days.

13. Blood smears should be examined under a microscope magnification of 10×, then 40×, and finally 100× with oil immersion.

Reproduced with permission from Aspinall V. Complete Textbook of Veterinary Nursing. Fig 31.7. London, UK: Butterworth-
Heinemann; 2006:694.
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Box 48.3 Sources of error in blood smear preparation

Blood Smear Appearance Source of Error

Smear is too thick • Droplet of blood was too large.

Smear is too thin • Droplet of blood was too small.

Transverse alternating thick 
and thin bands across the 
smear

• Jerky hand motion, frequently 
due to hesitation while 
spreading.

Streaks throughout the entire 
length of the smear, 
particularly at the tail

• Irregular edge to the spreader.
• Dried blood on the edge of a 

reused spreader.
• Dust or particulate matter on the 

slide or in the blood.

Spots on the smear where 
blood is absent

• Grease or oil on the slide.

Very narrow, thick smear • Smear was made before the 
blood had completely run along 
the spreading surface.

• One surface of the spreader lifted 
during spreading.

Adapted with permission from Aspinall V. The Complete 
Textbook of Veterinary Nursing. London, UK: Butterworth-
Heinemann; 2006:694–695.
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Interpretation of the information garnered from the 
microhematocrit method of PCV determination pro
vides valuable insight into the patient’s hematologic 
status (Box 48.4). A small animal practice may use the 
contents of the centrifuged microhematocrit tube not 
only to evaluate the patient’s erythrocyte mass, but also 
to analyze the patient’s plasma and gain a rough estimate 
of the leukocyte concentration.

Although the microhematocrit method of PCV deter
mination has high precision, as with all laboratory diag
nostics, one must consider potential sources of error. 
The major sources of error (Box 48.5) in PCV determi
nation are generally associated with centrifugation.

Erythrocyte count

Similar to a PCV/hematocrit, the erythrocyte count mea
sures the erythrocyte concentration of a sample of 
blood. In general, erythrocyte count (concentration) has 
no real advantage over PCV other than helping to deter

Protocol 48.2 Diff-Quick staining of peripheral blood 
smears

Items Required
• Clean benchtop
• Previously prepared blood smear slide
• Staining set composed of fixative solution, stain solution I 

(methylene blue mixture), and stain solution II (eosin)
• Distilled water (to rinse the stained slide)

Procedure
1. Obtain a staining set composed of three solutions: 

fixative solution, stain solution I (methylene blue 
mixture), and stain solution II (eosin). The methylene 
blue solution is used to stain nuclei and certain 
organelles bluish purple, whereas the eosin solution 
stains hemoglobin and some leukocyte granules reddish 
orange.

2. Dip a previously prepared blood smear in the fixative 
solution five times, each for 1 second (total 5 seconds).

3. Allow the slide to drain.
4. Repeat the procedure for stain solution I (dip five times 

over a period of 5 seconds).
5. Allow the slide to drain.
6. Repeat dipping procedure with stain solution II.
7. Allow the slide to drain.
8. Rinse the slide with distilled water and allow it to dry 

in a horizontal position with the feathered edge pointed 
upward. This will allow the water to drip off the slide 
away from the smear.

9. Color intensity and degrees of shading can be varied 
according to the number of dips per solution/time in 
contact with the stain.

mine erythrocyte indices, discussed later in this chapter. 
Erythrocyte concentrations are reported as millions per 
microliter of blood (n × 106 erythrocytes per microliter, 
or n × 1012 erythrocytes per liter in SI units). Normal 
values in the dog range from 5.6 to 8.0 × 1012 erythro
cytes per liter of blood, whereas cat values range from 
7.0 to 10.5 × 1012 erythrocytes per liter of blood. Eryth
rocyte count may be performed manually, through  
estimation based on the PCV value, or by using an auto
mated counting device. Both the manual and automated 
methods require that the sample be diluted before the 
count.

Manual evaluation of erythrocyte count

The manual method for an erythrocyte count involves 
the use of the Unopette system and an improved 



In-house Hematologic Evaluation  621

Neubauerruled hemocytometer. The Unopette system 
consists of a calibrated coverglass, a disposable capillary 
pipette that holds a predetermined amount of blood, 
and a plastic reservoir chamber containing a premea
sured volume of diluent and lysing agent. The Neubauer
ruled hemocytometer is a transparent glass chamber 
used for counting the number of cells per microliter  
of blood. This glass chamber is 0.1 mm deep with a  
welldefined space of known volume that holds a cell 

Protocol 48.3 PCV determination: microhematocrit method 
on anticoagulated blood

Items Required
• Anticoagulated blood
• Microhematocrit tube
• Sealant clay
• Microcentrifuge
• Microhematocrit chart

Procedure
1. Gather supplies.
2. Mix a sample of blood thoroughly with the appropriate 

anticoagulant.
3. Fill a microhematocrit tube by capillary action with  

the anticoagulated blood to 75% of the tube’s capacity.
4. Wipe the outside of the tube clean and seal the unfilled 

end of the tube with sealant clay.
5. Place the tube in a microhematocrit centrifuge with the 

sealed end facing outward.
6. Balance the centrifuge with a second similarly filled 

microhematocrit tube placed directly across from  
the sample tube. This second microhematocrit tube can 
also be used as a backup in case the first tube breaks.

7. Spin the tubes in the centrifuge for 5 minutes at 
10,000 rpm.

8. The resultant centrifuged microhematocrit tube will 
show delineated layers of blood cells. Red blood cells 
(erythrocytes) will concentrate at the bottom of the tube 
just above the sealant. If present, nucleated red blood 
cells will be found on top of the erythrocyte layer. Above 
this can be found the buffy coat, which will be light 
gray-cream in color and composed of WBCs (leukocytes) 
and platelets. Platelets will generally be found at the 
uppermost layer of the buffy coat and can occasionally 
be distinguished as having a slightly lighter cream color. 
Above the buffy coat layer will be found the plasma, or 
liquid, noncellular portion of the blood.

9. PCV values are determined based on the length of the 
erythrocyte layer in the microhematocrit tubes. Results 
are reported as percentages or liter per liter (L/L).

Box 48.4 Common abnormalities observed in PCV/HCT 
evaluation

• Low PCV.  There are many causes for low PCV. However, 
the most common causes include anemia and artifact. For 
example, a patient’s PCV will be artificially lowered both 
by iatrogenic hemolysis of the sample and by the use of a 
liquid anticoagulant.

• High PCV.  High PCV may also be caused by a multitude 
of factors. Although a higher PCV may be normal in certain 
breeds of dogs, such as greyhounds, it can also indicate 
a pathologic state or physiologic response. Common 
causes of increased PCV include splenic contraction in 
dogs, relative hemoconcentration due to dehydration 
or hemorrhagic gastroenteritis, hyperadrenocorticism in 
dogs, hyperthyroidism in cats, and response to chronic 
hypoxic conditions, such as severe pulmonary disease, 
congenital right-to-left shunts, and high altitude. In rare 
cases, elevated PCV may indicate a bone marrow disorder 
known as polycythemia vera.

• Abnormal plasma in the microhematocrit 
tube.  In a healthy fasted animal, the plasma at the 
top of the microhematocrit tube should be free of 
parasites and clear in color. However, plasma may differ 
in appearance depending on the health of the patient. 
For example, pink-colored plasma generally indicates 
hemolysis. This hemolysis may have occurred outside the 
body during sample collection or within the patient itself. 
A milky appearance likely indicates lipemia, or excessive 
fat in the plasma. This is a normal condition in nonfasted, 
postprandial animals; however, lipemia in fasted animals 
may indicate liver, pancreatic, or endocrine disease. 
Yellow or amber-colored plasma in the microhematocrit 
tube indicates the presence of excessive bilirubin, 
which can be associated with hemolytic diseases, liver 
dysfunction, or biliary tract obstruction. Heartworm 
positive animals may show Microfilaria that can be 
visualized at low power magnification (10×) as they 
move and displace the plasma at the buffy coat–plasma 
interface.

• Abnormal plasma total protein 
concentration.  The plasma separated by the 
microhematocrit tube may also be evaluated for total 
protein concentration. Alterations in total plasma protein 
concentration may be due to a variety of causes ranging 
from dehydration to liver failure. The measurement of 
plasma total protein and the interpretation of values are 
discussed later in this chapter.

• Abnormal width of the buffy coat.  An 
experienced technician will be able to note variations 
in the width of the buffy coat, reflecting increased 
or decreased WBC counts. Although this is a highly 
inaccurate method of leukocyte determination, it may 
raise the index of suspicion for a problem. Such suspicions 
should be confirmed through the appropriate manual or 
automated hematologic techniques.
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suspension beneath the microscope. This chamber 
volume is subdivided by two identical sets of fine grids 
known as Neubauer rulings. Each grid is divided into 9 
large squares, and the 4 corner squares are further sub
divided into 16 smaller squares. The central 1mm 
square of the grid is further subdivided into 25 groups 
of 16 smaller squares (for a total of 400 small central 
squares). The area of each grid (Neubauer ruling) holds 
0.9 µL of fluid. A technician may use this system to eval
uate erythrocyte concentration of the sample by count
ing the number of erythrocytes in the four corner 
squares of the hemocytometer and multiplying by a con
version factor to get the total number of erythrocytes 
per liter of blood (see Protocol 48.4).

Although this system of manual erythrocyte counting 
may be useful in some circumstances, its disadvantages 
include low accuracy even with practice and the fact that 
it is very time consuming.

Estimation of erythrocyte count

In addition to the manual counting of erythrocytes, total 
erythrocyte counts may be estimated by dividing the 
PCV by 6. For example, if a patient comes into a clinic 
with a PCV of 42%, its erythrocyte count may be esti
mated to be somewhere around 7 million erythrocytes 
per microliter of blood.

Box 48.5 Sources of error in PCV determination associated 
with centrifugation

• Polycythemia.  If a patient’s PCV is greater than 
50%, erythrocyte packing will not be as complete after 
5 minutes of centrifugation as would be expected with 
a lower PCV. This may result in overestimation of the 
patient’s erythrocyte concentration.

• Anemia.  If a patient’s PCV is less than 25%, erythrocyte 
packing may be tighter than expected and the analysis 
may show an exaggerated decrease in PCV. In this case, 
the animal would appear to be more anemic than it  
really is.

• Overfilling the microhematocrit tube.  Overfilling 
the microhematocrit tube by more than 75% of its total 
length may reduce the rate of erythrocyte packing and 
may require increased centrifugation time for accurate 
determination of erythrocyte mass.

Adapted from the BSAVA Manual of Canine and Feline Hae-
matology and Transfusion Medicine, edited by Michael Day, 
Andrew Mackin and Janet Littlewood, with the permission of 
BSAVA Publications. (c) BSAVA.

Protocol 48.4 Manual erythrocyte count using the 
Neubauer-ruled hemocytometer and Unopette system

Items Required
• Anticoagulated blood
• 10 µL Unopette pipette
• Reservoir containing 0.85% saline
• Hemocytometer and calibrated coverslip
• Lens cleaner and lens paper if needed
• Microscope (with 40× lens)
• Calculator

Procedure
1. Gather supplies.
2. Thoroughly mix the blood sample with the proper 

anticoagulant.
3. Fill the appropriate 10-µL Unopette pipette with blood 

by capillary action.
4. Wipe excess sample from the outside of the pipette, 

and transfer blood into the reservoir containing the 
diluent (0.85% saline).

5. Dilute the blood 1:200 to achieve the appropriate 
density of cells for counting with the diluent container. 
Thoroughly mix the blood and diluent by inversion.

6. Let the sample stand for the amount of time indicated 
by the Unopette instructions.

7. While allowing the sample to stand, make sure the 
hemocytometer and calibrated coverslip are clean and 
free of dirt or contaminant. If dirty, clean with lens 
cleaner and paper.

8. Resuspend the sample in order to deliver mixed 
representative sample to the hemocytometer.

9. Squeeze and discard three to four drops of the sample.
10. Immediately charge (fill) each side of the 

hemocytometer at the etched groove. Do not over- or 
underfill the hemocytometer because this can cause 
uneven distribution of cells and can contribute to an 
inaccurate erythrocyte count.

11. Place the hemocytometer on the microscope stage 
and lower the condenser of the microscope to improve 
contrast and thereby visualization of the cells.

12. Under 40× magnification, count the number of 
erythrocytes in the four corner squares of the 
hemocytometer. Cells that touch the lines between 
the two squares are considered within that square if 
they touch the top or the left line. Cells that touch the 
bottom or right-sided line are not counted within that 
square.

13. Perform the count in duplicate on different sides  
of the hemocytometer grid. Because erythrocytes  
are often tightly packed together, they may be  
difficult to enumerate; thus an agreement of 20% 
between the two counts is acceptable and considered 
“consistent.”

14. If the two cell counts are consistent, average the two 
counts and multiply by the conversion factor 10,000 to 
get the erythrocyte count per liter of blood.
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Automated erythrocyte count

Automated determinations of erythrocyte count are 
performed by automated CBC machines. As mentioned 
earlier, these machines may use laser flow cytometry or 
impedance counters to detect and count erythrocytes in 
the blood sample. These automated counters require 
calibration for cell and speciesspecific analysis.

Reticulocyte count

Reticulocytes are immature erythrocytes that have not 
yet lost their ribosomes to become fully developed 
erythrocytes. Although they have already extruded their 
nuclei, reticulocytes retain numerous organelles needed 
for hemoglobin production, such as ribosomes, mito
chondria, and fragments of the Golgi apparatus. Reticu
locytes have reduced oxygencarrying capacity compared 
to mature erythrocytes, although they are capable of 
maturation to erythrocytes in the peripheral blood. A 
reticulocyte count is an expression of the percentage of 
immature erythrocytes in the peripheral blood. An 
increased number of peripheral reticulocytes indicates a 
regenerative anemia in all animals except horses, which 
do not release reticulocytes from the bone marrow (see 
Protocol 48.5).

Hemoglobin

Hemoglobin is a protein found in erythrocytes whose 
main function is to transport oxygen around the body. 
Hemoglobin is measured in grams per deciliter. Normal 
values range from 14–19 g/dL in dogs, and from 10–16 g/
dL in cats.

Hemoglobin concentration may be estimated in a 
normal animal as a third of the PCV value. This ratio is 
based on a typical healthy small animal patient with an 
average erythrocyte size of 7 µm. Hemoglobin concen
tration is usually measured through automated instru
ments that rupture erythrocytes to release the hemoglobin 
from the cells. These analyzers then measure hemo
globin concentration by one of two methods. Color-
matching automated cell counters compare the color of 
the lysed blood samples to specific hemoglobin concen
trations. Because they provide information regarding 

Protocol 48.5 Reticulocyte count

Items Required
• EDTA anticoagulated blood sample
• 1% new methylene blue solution
• Small test tube
• Microscope slide plus spreader (coverslip or a second 

microscope slide) to prepare a blood smear
• Wright stain (optional)
• Microscope with oil immersion lens (100×)
• Immersion oil
• Previously measured PCV value and erythrocyte 

concentration for the blood sample
• Calculator

Procedure
1. Gather supplies.
2. Mix a few drops of EDTA anticoagulated whole blood 

with an equal amount of 1% new methylene blue 
supra-vital stain in a test tube. New methylene blue will 
stain RNA blue and will thereby allow for visualization 
of intracellular ribosomal structures found in the 
reticulocytes in a blood sample.

3. Allow this mixture to stand for at least 10 minutes.
4. Prepare a blood smear using this mixture and allow to 

air dry in a horizontal position.
5. A Wright stain may be applied as a counterstain to color 

the red blood cells reddish and make aggregate granules 
stand out prominently in blue. This may make counting 
the reticulocytes easier.

6. Under an oil-immersion lens (100×), count the number 
of reticulocytes in an estimated total erythrocyte 
population of 1000. Feline blood samples will contain 
two types of reticulocytes: aggregate and punctate. Only 
aggregate reticulocytes should be considered in the 
reticulocyte count.

7. Calculate the percentage of reticulocytes in the blood 
sample by dividing the number of counted reticulocytes 
per 1000 erythrocytes by 10.

% Reticulocytes=No.of reticulocytes counted
per 1000 RBCs/10

8. Correct this percentage for the degree of anemia present 
by multiplying the patient’s PCV and dividing by the 
normal mean PCV (45% in the dog and 37% in the cat). 
A corrected reticulocyte count above 1% in dogs and 
above 0.4% in cats indicates regenerative anemia.

9. Absolute reticulocyte count may be calculated by 
multiplying the observed reticulocyte percentage by the 
erythrocyte count.



624  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

the concentration of only oxygenated hemoglobin, these 
colormatching automated cell counters are considered 
somewhat inaccurate. Photometric hemoglobin analyzers 
measure all forms of hemoglobin, regardless of oxygen
ation. Examples of automated analyzers are the various 
models of the HemoCue Whole Blood Hemoglobin 
System (HemoCue, Inc., Lake Forest, CA). HemoCue 
uses a specialized microcuvette to draw up a specific 
volume of whole blood via capillary action. When the 
cuvette containing the blood sample is placed in the 
HemoCue analyzer, hemoglobin concentration is dis
played within 1 minute on the machine interface. This 
system uses dual wavelength photometers to account for 
lipemia, leukocytosis, and other sources of turbidity. For 
these reasons, and because it measures all hemoglobin 
types present, the photometric process is considered 
more accurate than colormatching technology.

Erythrocyte indices

The term erythrocyte indices refers to calculated or elec
tronically derived values that describe the overall size of 
erythrocytes in a blood sample and the relative amount 
of hemoglobin within those erythrocytes. Erythrocyte 
indices include total erythrocyte numbers, hemoglobin 
concentration, and hematocrit of a blood sample.  

Table 48.4 Erythrocyte parameters

Parameters Significance Formula

Hematocrit The percentage of total blood made of red 
blood cells (i.e., the erythrocyte mass). Hematocrit

RBC MCV= ×( )
10

Mean cell volume (MCV) The average size of the red blood cells. MCV fL
PCV L/L

Total RBCs /L
( )

[ ( ) ]
( )

= × 1000
1012

Mean corpuscular 
hemoglobin (MCH)

The weight of hemoglobin contained in an 
average red blood cell. MCH pg

Hb concentration
Total RBC count number of milli

( )
(

=
× 10

oons)

Mean corpuscular 
hemoglobin 
concentration (MCHC)

The average concentration of hemoglobin 
per red blood cell.

MCHC g/dL
Total Hb g/dL

PCV L/L
( )

( )
( )

=

Reticulocyte count The percentage of a red blood cell 
population that is reticulocytes.

Observed of reticulocytes
No of reticulocytes counted per

%
.= 10000

10
RBCs

Corrected reticulocyte count
Observed of reticulocytes pat= ×% iient’s PCV

Normal mean PCV

Absolute reticulocyte count (per µL blood) = 
Observed % of reticulocytes × total RBC count

They are used to describe four characteristics of 
erythrocytes:

1. Mean corpuscular volume (MCV). Corpuscle is an 
antiquated term for an erythrocyte. MCV indicates 
the average erythrocyte volume, which in turn is 
interpreted as denoting erythrocyte size. It is calcu
lated from total erythrocyte count and hematocrit. 
Refer to Table 48.4 for the formula to calculate 
MCV. MCV is measured in femtoliters (fL, or 
1 × 10−15 L).

2. Mean corpuscular hemoglobin (MCH). MCH 
refers to the mass of hemoglobin contained in the 
average erythrocyte. It is measured in picograms 
(pg, or 1 × 10−12 g) and is calculated using the 
formula found in Table 48.4. Because MCH is a 
value calculated from hemoglobin concentration 
and erythrocyte count rather than hematocrit, it is 
considered the least accurate of the erythrocyte 
indices.

3. Mean corpuscular hemoglobin concentration 
(MCHC). The MCHC is the average concentration 
of hemoglobin per erythrocyte and represents the 
relationship of the MCV to the MCH. It is expressed 
as a percentage and is calculated from hemoglobin 
concentration and hematocrit by the formula pro
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 Acanthocytes are erythrocytes with long irregular 
surface projections.

 Echinocytes have regular surface projections (in 
contrast to acanthocytes).

 Spherocytes are small dense erythrocytes with no 
area of central pallor, generally found in dogs as a 
result of autoimmune RBC destruction.

 Leptocytes have an increased cell membrane surface 
relative to cell volume and appear as target cells or 
codocytes.

• Crenated erythrocytes are artifacts in which the eryth
rocytes look wrinkled due to an old sample or the 
addition of too much anticoagulant.

Color

• A normochromic erythrocyte is one in which there is 
a normal amount of hemoglobin present (normal 
MCHC).

• Hypochromasia describes an erythrocyte with less 
hemoglobin than normal. The result is an increased 
degree of central pallor and a decreased MCHC.

• Hyperchromasia, which represents an increased 
MCHC, is generally an artifact and may be associated 
with microcytosis.

• Polychromasia is found on a new methylene blue–
stained blood smear and is characterized by the 
appearance of irregular areas of blue color within cells 
on the smear, intermingled with the normal orange
pink staining of mature erythrocytes. Because new 
methylene blue stains the reticulum of an immature 
red blood cell, polychromasia is associated with the 
presence of reticulocytes on a blood smear.

Inclusions

Many types of erythrocyte inclusions may be evaluated 
on a peripheral blood smear.

• Nuclear remnants may be observed with supravital 
stains as dark blue intracytoplasmic inclusions in 
reticulocytes.

• Heinz bodies can similarly be seen on supravital 
stains as round blue granular inclusions. Heinz bodies 
are the result of precipitation of denatured hemoglo
bin due to the action of drugs or infectious agents. 
They are found more commonly in feline than canine 
blood.

• Howell-Jolly bodies can be seen on Romanowsky stains 
as spherical blueblack granules near the periphery of 
the cell. These inclusions may indicate regenerative 
anemia in the feline or may remain as the result of 
splenectomy.

vided in Table 48.4. Because the RBC count is not 
involved in this formula, the results tend to be more 
standard and more easily reproducible.

4. Red cell distribution width (RDW). RDW is an 
electronic measurement of the variations in width 
of the RBCs. An increased RDW is called anisocyto-
sis and reflects a variation in cell size above what is 
considered normal.

Morphologic evaluation of erythrocytes

Morphologic evaluation of erythrocytes is a critical 
component of any hematologic analysis and therefore 
an integral part of a complete blood smear evaluation. 
Morphology is evaluated through visual assessment of 
the cellular monolayer portion of the smear adjacent to 
the feathered edge seen with the 100× objective. A 
morphologic assessment of erythrocytes should include  
size, shape, color, inclusions, and other morphologic 
abnormalities.

Size

• Normocytosis refers to a state in which a cell is of the 
appropriate size for its particular species.

• Anisocytosis is defined as a variation in the size of RBC 
beyond what is normally anticipated for that par
ticular species. One such variation in size may be 
microcytosis.

• Microcytosis is a smaller than normal erythrocyte, as 
measured by a decreased mean corpuscular volume 
(MCV).

• Macrocytosis is used to describe an erythrocyte that is 
larger than normal (has an increased MCV). This is 
usually a characteristic of juvenile erythrocytes, such 
as reticulocytes. Note that erythrocytes may swell 
when damaged or left at room temperature for 6–24 
hours, resulting in an increased MCV (macrocytosis) 
as read by automated counters and an artifactually 
increased calculated hematocrit.

Shape

• Normocytes are cells with a normal appearance and 
shape. In canines, erythrocytes should be biconcave 
disks; in felines, they are rounder cells.

• Poikilocytes (poikilocytosis) are any abnormally shaped 
cell. This term requires further characterization:
 Schistocytes are fragmented erythrocytes found in 

cases of vascular trauma, disseminated intravascu
lar coagulation, or certain neoplasias.
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Manual total leukocyte count

A manual total leukocyte count is performed using the 
Unopette system and a Neubauer hemocytometer in a 
similar manner to erythrocyte count. The major differ
ences between the two types of cell count protocols 
include differing dilution factors (leukocytes require a 
dilution factor of 1:20 rather than the erythrocyte dilu
tion of 1:200) and the fact that acetic acid must be used 
in the leukocyte protocol as a diluent to lyse erythrocytes 
and reduce interference with the count (see Protocol 
48.6).

Automated total leukocyte count

Total counts of leukocytes in a volume of blood sample 
may be measured using impedance analysis, laser flow 
cytometry, and QBC analysis. Although automated 
leukocytecounting systems are generally reliable, accu
rate, and provide rapid results, special considerations 
must be made when performing an automated cell 
count. Samples with large numbers of metarubricytes 
and rubricytes (nucleated red blood cells) artifactually 
elevate leukocyte counts because the counter mistakes 
the nucleated RBCs for leukocytes. The possible artifact 
of nucleated RBCs again illustrates the importance of 
direct microscopic evaluation of a stained peripheral 
blood smear in addition to any CBC. Correction factors 
are used if more than five nucleated red blood cells 
(nRBCs) are noted in a population of 100 leukocytes 
(see Equation 48.4).

Corrected leukocyte count

nRBCs automated nucleate
=

+ ×
100

100 ( dd cell count)

 

(48.4)

Differential leukocyte count

Whereas the total leukocyte count provides a descrip
tion of the entire leukocyte population within a volume 
of blood sample, the purpose of the differential leuko
cyte count is to determine the relative proportions of 
different types of leukocytes in a blood sample. In such 
a way, it may provide insight into the health status of the 
patient. Differential cell counts may be performed man
ually or through automated analysis.

Manual differential leukocyte count

Differential leukocyte count is manually evaluated 
through microscopic examination of a stained periph
eral blood smear. Traditionally, three stains have been 

• Basophilic stippling may be observed as bluish granu
lar bodies on the surface of an erythrocyte. Basophilic 
stippling is diagnostic for lead poisoning in small 
animals.

Morphologic abnormalities

• Parasites such as Mycoplasma haemofelis, Babesia 
species, Cytauxzoon felis, and the microfilariae of 
Dirofilaria immitis (heartworm) may be visualized on 
blood smear evaluation. Microfilaria are found near 
the feathered edge of a blood film and their length is 
approximately the width of an erythrocyte.

• Rouleaux refers to the stacking of erythrocytes so that 
they appear similar to a stack of coins. Although rou
leaux is normal in equine blood and to a certain 
extent in feline blood, in small animals it is often an 
artifact as a result of slow spreading of a blood smear 
or an old sample.

• Autoagglutination is characterized by three
dimensional clumps of cells and is seen in immune
mediated hemolytic anemia.

• Nucleated erythrocytes may be observed on a 
blood smear in cases of regenerative anemia, lead  
poisoning, bone marrow disease, or extramedullary 
hematopoiesis. If this morphologic abnormality is 
noted, a correction factor must be used in the analysis 
of a total leukocyte count because the presence of 
nucleated erythrocytes may distort the automated 
count of similarly sized leukocytes (see Equation 
48.3).

Corrected total WBC count
Total WBCs

nRBCs/ WB
= ×

+
( )

(

100

100 100 CCs)
 

(48.3)

Leukocyte evaluation
The evaluation of leukocytes involves the analysis of 
three parameters: (1) total leukocyte count, (2) differen
tial leukocyte count, and (3) leukocyte morphology.

Total leukocyte count

Similar to erythrocyte count, total leukocyte count is a 
means of quantifying the concentration of WBCs in a 
certain volume of blood sample. It is assumed that the 
concentration of leukocytes in this volume is the same 
as that of the entire blood volume of the animal. Normal 
values for a dog range from 6 to 13 × 109 WBCs per liter 
of blood, whereas the cat ranges from 4.5 to 14.0 × 109 
WBCs per liter of blood. As with erythrocytes, leu
kocytes may be counted manually or via automated 
analyzer.
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used to evaluate leukocytes: Wright stain, Wright
Giemsa stain, and DiffQuick stain.

The two main techniques for analyzing these  
blood smears are described here. It is important to  
note, however, that despite different techniques of  
smear evaluation, in all cases the smear is first  
scanned at low power (using the 10× objective) to assess 
overall cell numbers and distribution, for platelet 
clumps, and potential blood parasites, such as 
Microfilaria.

1. Analysis of the cell monolayer adjacent to the 
feathered edge of the smear. The first technique of 
smear evaluation involves microscopic examination 
of the cell monolayer. The cell monolayer is an area 
where the cells are minimally overlapped and dis
tributed the most evenly. In this method, a 10× 
objective is used to identify and assess the mono
layer. Under oil immersion magnification, 100 leu
kocytes in the monolayer are then counted and the 
number of each leukocyte type recorded and con
verted to a percentage. The absolute value of each 
cell type can then be obtained by multiplying the 
total leukocyte cell count by the percentage of each 
cell type. If nucleated erythrocytes are observed, 
their numbers are tallied and reported per 100 leu
kocytes. As mentioned previously, this technique 
may be used to confirm accuracy of automated leu
kocyte analyses.

2. Strip count technique. In the strip count tech
nique, rather than counting leukocytes along the 
monolayer, all leukocytes lying in one or more lon
gitudinal strips running the complete length of the 
smear are identified and recorded in absolute 
numbers. When a minimum of 200 leukocytes have 
been observed, the differential cell count percentage 
is calculated for each type of leukocyte.

As described previously, manual hematologic evalua
tion such as the manual differential leukocyte count is 
an incredibly valuable technique, and the diagnostic 
value of a hematologic profile is seriously compromised 
when cell counts are interpreted without it. However, as 
with many manual methods of hematologic evaluation, 
manual differential leukocyte counts are time consum
ing and require expertise and practice to produce reli
able results. Furthermore, the nonuniform distribution 
of leukocytes on a blood smear may contribute to inac
curate differential counts.

Automated differential leukocyte count

Automated counters for differential leukocyte counts 
use similar technologies to those instruments that  

Protocol 48.6 Manual total leukocyte count using the 
Unopette and Neubauer hemocytometer system

Items Required
• Anticoagulated blood sample
• 20-µL Unopette pipette
• Reservoir containing 3% acetic acid diluent
• Hemocytometer and calibrated coverslip
• Lens cleaner and paper if needed
• Microscope with 100× lens
• Calculator

Procedure
1. Gather supplies.
2. Mix a blood sample with anticoagulant.
3. Using capillary action, fill the appropriate 20-µL 

Unopette pipette with the anticoagulated blood.
4. Wipe excess sample from the outside of the pipette and 

transfer blood into the reservoir containing the diluent 
(3% acetic acid).

5. Dilute the leukocytes by a factor of 1:20 to achieve the 
appropriate density of cells. Thoroughly mix the blood 
and diluent by inversion.

6. Let the sample stand for 10 minutes to allow complete 
lysis of erythrocytes.

7. Resuspend the sample to deliver a mixed, 
representative sample to the hemocytometer.

8. Ensure the hemocytometer and calibrated coverslip are 
clean and free of dirt or contaminants. Clean with lens 
cleaner and paper if needed.

9. Squeeze and discard three to four drops of the  
sample.

10. Immediately fill each side of the hemocytometer at the 
etched groove. As with total erythrocyte counts, do not 
over- or underfill the chamber because this may cause 
uneven distribution of cells and can lead to inaccurate 
cell counting.

11. Place the hemocytometer on the microscope stage and 
adjust the condenser for improved contrast.

12. Under a 100× microscope lens, count the number of 
cells in the nine large squares of the grid. The same 
rules as with erythrocytes apply for which cells are to 
be considered “inside” versus “outside” the counting 
squares.

13. Perform the count in duplicate on different sides  
of the hemocytometer grid. Because leukocytes  
are less tightly packed than erythrocytes, an agreement 
of 10% between the two counts  
is acceptable. If such an agreement is not  
achieved, clean the hemocytometer and repeat the cell 
count.

14. If the cell counts are consistent, average the two counts 
and multiply by 100% to calculate the total number of 
leukocytes per microliter of blood.
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ily associated with “toxemia.” Most toxic changes reflect 
an asynchronous maturation between the nucleus and 
cytoplasm of the neutrophil. In the normal maturation 
of a neutrophil (called granulocytopoiesis), the nucleus 
lengthens and pinches in synchrony with the progressive 
loss of cytoplasmic basophilia and condensation of the 
chromatin. The normal mature segmented and late 
band neutrophil, therefore, has a white cytoplasm con
taining a fairly long nucleus and tightly condensed chro
matin. Abnormal maturation (toxic changes) can be 
observed in any inflammatory condition severe enough 
to induce intense neutrophil production and thereby 
shorten maturation time in the bone marrow.

A number of toxic changes may be observed in 
peripheral leukocytes. Common toxic changes include 
the following:

• Improperly condensed chromatin and a basophilic 
cytoplasm due to abnormal retention of ribosomal 
RNA. This may be seen in segmented and band neu
trophils in response to some bacterial or viral infec
tion. This basophilia may be diffuse, focal, or streaked. 
Focal basophilic areas within the cytoplasm are known 
as Döhle bodies. Döhle bodies appear as coarse irregu
lar gray to blue cytoplasmic inclusions and represent 
areas of retained ribosomal material and rough endo
plasmic reticulum. However, it must be noted that 
Döhle bodies are common in feline neutrophils and 
not a significant abnormality in otherwise normally 
segmented neutrophils.

• Vacuolation is associated with lysosomal degranula
tion in inflammation, although it may also be artifac
tual due to prolonged exposure to anticoagulant.

• Toxic granulation refers to the appearance of numer
ous large granules that may be dark purple/red to 
black in color. Thought to be primary granules, toxic 
granules are unevenly spread throughout the cyto
plasm of certain cells and can give the neutrophil a 
bluish appearance.

Hypersegmentation of neutrophils

A neutrophil is considered hypersegmented if its nucleus 
has five or more lobes. Hypersegmentation results from 
the aging of a neutrophil in the peripheral blood that 
accompanies abnormally prolonged circulation time. 
Glucocorticoid therapy is often associated with neutro
phil hypersegmentation because neutrophils remain in 
circulation for an extended period in animals receiving 
these steroids. This effect on neutrophil circulation can 
also be observed with the endogenous release of gluco
corticoids seen in chronic infection, Cushing disease, 
and stress. Hypersegmentation of neutrophils may also 
be observed in anemia.

evaluate total erythrocyte and leukocyte counts. As pre
viously mentioned, sources of error must be considered 
in interpreting the results from automated cell counts. 
Sample damage, sample aging, platelet aggregation, and 
abnormalities in cell size may all cause the machines to 
analyze the cell counts of a blood sample erroneously.

Morphologic evaluation of leukocytes

Leukocyte morphology may provide valuable insight 
into the patient’s disease state and severity of disease. 
Under normal conditions, a neutrophil in peripheral 
blood will be mature and contain an irregular, dark, and 
dense multilobulated nucleus. Its cytoplasm will be col
orless to a pale pink, and it will be the most numerous 
leukocyte type. Eosinophils will also have a lobulated 
nucleus, but they will have redorange granules in their 
cytoplasm. Eosinophils are generally less numerous in 
peripheral blood. Basophils, each of which has a lobu
lated nucleus and numerous dark purple granules in its 
cytoplasm, are rare in peripheral blood. Because differ
ential and total leukocyte counts share information per
taining only to the numbers of leukocytes in the blood 
sample, evaluation of abnormal leukocyte morphology 
can provide unique evidence for a variety of disease 
conditions ranging from mild allergic responses to neo
plasias and immunemediated disease.

A great number of potential leukocyte variations may 
be observed upon morphologic evaluation. Some of the 
more common morphologic variations are discussed 
next.

Left shift

Left shift is used to describe an increase in the number 
of immature neutrophils in the peripheral blood due to 
increased bone marrow activity. Band neutrophils, 
metamyelocytes, and myelocytes are all types of imma
ture neutrophils released under different left shift condi
tions. Left shift is usually indicative of an inflammatory 
condition, although it may also be seen due to abnormal 
leukocyte development in an inherited condition called 
PelgerHuet anomaly. This anomaly has been reported 
in the Australian shepherd, as well as in such breeds as 
the American foxhound, basenji, Australian cattle dog, 
border collie, Boston terrier, cocker spaniel, German 
shepherd dog, Samoyed, and various coonhounds.

Toxic changes

Toxic changes refer to morphologic abnormalities in 
neutrophils due abnormal maturation. Although first 
observed in human patients with gramnegative sepsis 
and endotoxemia, the term toxic change is not necessar
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Total platelet count

Total platelet count, or platelet concentration, is defined 
as the number of platelets per unit volume of blood. 
Commonly accepted “adequate” values in small ani
mals are 6–10 or more platelets per oil immersion field, 
where each single platelet corresponds to 10,000–15,000 
platelets/µL circulating in the peripheral blood. However, 
the results of a total platelet count must be taken in light 
of the health of the patient. “Adequate” values of plate
lets are subjective terms that are only meaningful if the 
patient does not have occult or obvious bleeding. Accu
rate platelet concentrations may be determined with an 
automated analyzer, like a CBC machine, or by manual 
evaluation.

Manual platelet count

Platelets may be manually evaluated by two methods:

1. Indirect platelet count can be estimated via 
examination of a peripheral blood smear. Using  
this method, the number of platelets seen per 100 
leukocytes is considered equivalent to the relative 
percentage of platelets. Simple multiplication of  
this percentage by the leukocyte cell count provides 
an estimation of the absolute number of thrombo
cytes per microliter of blood. Care must be taken  
in the interpretation of decreased platelet numbers 
if this plateletcounting method is used. Decreased 
numbers of counted platelets may truly reflect 
thrombocytopenia (an in vivo reduction in  
platelet numbers), or they may simply represent 
platelet aggregation on the blood film or tube of 
blood.

2. Direct platelet count is based on the same Neu
bauer hemocytometer and Unopette system used in 
manual erythrocyte and leukocyte counts. The pro
cedure mimics that of manual leukocyte counting, 
with a few exceptions. First, the dilution factor is 
different, with platelets requiring a dilution of 1:100 
rather than the leukocyte dilution of 1:20. Second, 
the diluent used for platelet counting differs from 
that of leukocytes and must be 1% ammonium 
oxalate to hydrolyze the erythrocytes while preserv
ing the leukocytes and platelets. Finally, platelet 
counting must be performed after leukocyte count
ing because the platelets require a minimum of 
about 10 minutes to settle in the hemocytometer 
counting chamber. To perform the count, the plate
lets are examined under a 40× microscope lens and 
tallied in the 25 small squares located in the large 
center square of the grid. This number is then mul
tiplied by 1000 to get the number of platelets per 

Karyorrhexis, karyolysis, and karyopyknosis

Karyorrhexis, karyolysis, and karyopyknosis are terms 
used to describe nuclei that are fragmented, lysed, or 
condensed, respectively. In leukocytes, they represent 
artifact from inappropriate anticoagulant use.

Basket cells

Basket cells are degenerative leukocytes that have rup
tured and appear as palestaining amorphous bodies. 
Degenerative leukocytes may be due to artifact if the 
blood was held too long before making a smear, or they 
may indicate excessive cell fragility or leukemia.

Atypical lymphocytes

Atypical lymphocyte morphologic variations range 
from changes in color of the cytoplasm to changes in 
lymphocyte size, volume, and nuclear characteristics. 
These changes may indicate a variety of pathologic 
states, including neoplastic disease. Reactive lymphocytes 
contain a dark blue cytoplasm and dark irregular nuclei. 
Although they may be found in low numbers in health, 
increased percentages of reactive lymphocytes generally 
indicate chronic antigenic stimulation.

Parasites

Leukocyte parasites are best seen on a smear of the buffy 
coat on a microscope slide. Examples of these parasites 
include Histoplasma and Ehrlichia, an intracellular para
site of lymphocytes, monocytes, and neutrophils.

Platelet (thrombocyte) evaluation
Platelets may be evaluated via a thrombogram, a term 
used to refer to those portions of the CBC related to 
platelets (thrombocytes). The standard thrombogram 
includes analysis of: total platelet count, mean platelet 
volume (MPV) and size, platelet distribution width 
(PDW), platelet morphology, and thrombocrit (or 
plateletcrit). Platelet distribution width (PDW) is a 
reflection of platelet anisocytosis (size variation) as cal
culated from individual platelet volume. Thrombocrit, 
similar to hematocrit, measures the percentage of plate
lets in a given blood sample; however, this value is not 
often reported. Investigative research analyses more 
rarely may also include mean platelet component  
concentration and mean platelet component concentra
tion distribution width. This section focuses on those 
parameters of platelets most commonly evaluated: total 
platelet count, mean platelet volume, and platelet 
morphology.
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microliter of blood. This technique is relatively 
labor intensive and has a much lower precision than 
the automated methods. However, it is important to 
perform a manual evaluation in cases of suspected 
platelet clumping or when many giant platelets are 
present (see Protocol 48.7).

Automated platelet count

Similar to erythrocytes and leukocytes, the platelet con
centration may be measured by impedance counters, 
laser flow cytometers, and QBC analyzers. However, it is 
important to remember certain sources of artifact when 
reviewing these evaluations of platelet concentration. 
Refer to the section “Automated CBC Analysis” for 
sources of error.

Regardless of the system used, the automated platelet 
count should always be viewed with a certain level  
of suspicion and confirmed by manual estimation or 
direct count. Although an increased platelet count is 
unlikely to be a sampling or machine error and likely 
reflects a true thrombocytosis in the patient, a decreased 
automated platelet count may indicate either platelet 
clumping or a true thrombocytopenia.

Mean platelet volume

Mean platelet volume (MPV) is the average apparent 
volume of each individual platelet in the blood sample. 
The interpretation of MPV may be complicated for 
three reasons. First, reference ranges for MPV vary 
among analyzers and methods. Second, variables such as 
anticoagulants, sample storage temperature, and sample 
storage time may affect MPV values. Although these 
effects on MPV may be minimal, they should be consid
ered when interpreting MPV, particularly in the upper 
and lower ranges of the reference limits. Finally, auto
mated analyzers may provide inaccurate MPV evalua
tions. As discussed earlier, certain impedance analyzers 
may not be able to generate accurate MPV values in 
cases of severe thrombocytopenia. In addition, lipid 
droplets or cell fragments may be erroneously labeled as 
platelets by impedance analyzers and laser flow cytom
eters, contributing to a falsely elevated MPV analysis.3 
Despite sources of error and normal MPV variation in 
healthy animals of some species (particularly cats), 
accurate MPV values may be used to evaluate disease 
progression and severity.

Morphologic evaluation of platelets

A morphologic evaluation of platelets, similar to eryth
rocytes and leukocytes, can provide important informa

Protocol 48.7 Manual platelet count using the Unopette 
and Neubauer hemocytometer system

Items Required
• Anticoagulated blood sample
• 20-µL Unopette pipette
• Reservoir containing 1% ammonium oxalate
• Hemocytometer and calibrated coverslip
• Lens cleaner and paper if needed
• Microscope with 100× objective
• Calculator

Procedure
1. Gather supplies.
2. Mix a blood sample with the appropriate 

anticoagulant.
3. Using capillary action, fill the appropriate 20-µL 

Unopette pipette with the anticoagulated blood.
4. Wipe excess sample from the outside of the pipette and 

transfer blood into the reservoir containing the diluent 
(1% ammonium oxalate).

5. Dilute the platelets by a factor of 1:100 to achieve the 
appropriate density of cells. Thoroughly mix the blood 
and diluent by inversion.

6. Let the sample stand for 10 minutes to allow complete 
lysis of erythrocytes.

7. Mix the sample and resuspend so that a consistent 
sample can be delivered to the hemocytometer.

8. Ensure the hemocytometer and calibrated coverslip are 
clean and free of dirt or contaminants. Clean with lens 
cleaner and paper if needed.

9. Squeeze three to four drops of the sample and discard.
10. Immediately fill each side of the hemocytometer at the 

etched groove. As with total erythrocyte counts, do not 
over- or underfill the chamber because this may cause 
uneven distribution of cells and can lead to inaccurate 
cell counting.

11. Place the hemocytometer on the microscope stage and 
adjust the condenser for improved contrast.

12. Under 40× magnification, count the number of platelets 
in the 25 small squares in the large center square of 
the grid. The same rules as with erythrocytes apply 
for which cells are to be considered “inside” versus 
“outside” the counting squares.

13. This number is then multiplied by 1000 to get the 
number of platelets per microliter of blood.

tion not reported in automated analyzers. Morphologic 
analysis should involve examination of platelet size, 
shape, and abnormal inclusions.

• Size. In health, platelets are generally uniform in size. 
With the exception of cats, which normally have 
greater platelet size variation, increased variation in 
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platelet size may be taken to indicate changes in the 
patient’s health status.

• Shape. In a healthy patient, nonactivated platelets 
should appear discoid. With the addition of antico
agulants, they may become more spherical. In cases of 
increased thrombopoiesis, however, these platelets 
may adopt a more elongated shape and acquire 
peripheral pseudopodia.

• Inclusions. Abnormal platelet inclusions are far less 
common than leukocytes or erythrocyte inclusions. 
However, granule inclusions are important to note in 
platelets because they serve as an indication of the 
activation status of the platelet. Whereas the granules 
of nonactivated platelets show on Wright staining to 
be small and pink to purple in color and surrounded 
by clear to pale blue cytoplasm, the granules of acti
vated platelets will be more prominently centralized 
or completely absent if already secreted. Another type 
of platelet inclusion that may be noted on micro
scopic evaluation is caused by the parasite Anaplasma 
platys, whose morulae may be observed in certain 
platelets. However, the consistently low frequency of 
the parasite in the blood, combined with the induc
tion of a cyclical thrombocytopenia the parasite (i.e., 
further decreases in the number of circulating plate
lets decreases the number of parasites in the blood), 
makes microscopic examination of A. platys an impre
cise method of evaluation. Because of this, if A. platys 
infection is suspected, diagnosis must be confirmed 
by polymerase chain reaction (PCR) analysis.

Total plasma or serum protein evaluation
Total protein evaluation, or protein concentration, is 
commonly performed in conjunction with PCV deter
mination and most often analyzed with a handheld 
refractometer on blood serum or plasma. An example of 
a refractometer used in small animal clinics is the 
Reichert Rhino Vet360 refractometer (Reichert Analyti
cal Instruments, Depew, NY). Measured in grams per 
deciliter, values for total protein in health range from 
around 6–8.6 g/dL for canines and felines (see Protocol 
48.8).

Measured serum or plasma total protein concentra
tion can be an important indicator of disease. When 
interpreted with increased or decreased PCV, protein 
concentration values may help elucidate certain patho
logic conditions. However, as with all measured values, 
it is important to understand test limitations and sources 
of error. For instance, accurate plasma protein is difficult 
to determine in a lipemic blood sample because turbid
ity will cause the line of demarcation on the scale to 
become indistinct. Furthermore, in hemolysis, RBCs 

release hemoglobin. Because hemoglobin is itself a 
protein, hemoglobinemia will falsely increase plasma 
protein values. It is important to note that the yellow 
color of an icteric sample is not a source of error in 
evaluating blood total protein.

Specialized in-house analyzers: evaluation  
of hemostasis

In addition to the previously mentioned automated 
methods of hematologic evaluation, certain veterinary 
practices may also use more specialized inhouse analyz
ers. This section focuses on the more common of these 
specialized inhouse analyzers used to generate patient 
coagulation profiles in the assessment of hemostasis.

Hemostasis
Hemostasis is defined as the ability of the body’s systems 
to maintain both blood fluidity and blood vessel  

Protocol 48.8 Measurement of plasma or serum total 
protein concentration with a refractometer

Items Required
• Previously centrifuged microhematocrit tube with blood 

sample
• Refractometer
• Overhead light source

Procedure
1. Gather supplies.
2. After centrifuging anticoagulated blood in a 

microhematocrit tube, break the tube just above the 
interface between the buffy coat and the plasma.

3. With the refractometer’s cover plate closed, place the 
broken edge of the tube against the refractometer 
and allow the plasma to fill the space between the 
refractometer’s cover plate and the glass surface by 
capillary action. Do not tap the sample out of the 
tube because this may scratch the glass surface of the 
refractometer.

4. Hold the refractometer horizontally and allow the 
overhead light to reach the top of the instrument.

5. Look through the viewfinder and focus the scale by 
turning the eyepiece.

6. The protein concentration will be read in grams per 
deciliter at the interface between the light and shaded 
areas. This reading may vary slightly between operators 
due to differences in interpretation of the location of this 
interface.

7. Clean the instrument with water and lens paper.
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sample from the Vacutainer tube into the ACT cartridge 
must also be plastic. To collect blood into capillary  
tubes or to transfer directly from venipuncture for 
placement into the cartridge is not recommended by the 
manufacturer.

Prothrombin time/one-stage prothrombin 
time

Prothrombin time (PT), also known as onestage pro
thrombin time (OSPT), is used to evaluate the extrinsic 
(i.e., Factor VII) and common coagulation pathways. PT 
is an insensitive test in which increases are only observed 
when the production, activity, or function of any of the 
coagulation factors is reduced by 70% or more. It, too, 
can be performed manually or through automated ana
lyzers (see Protocol 48.10).

An example of an automated analyzer is the Coag Dx 
Analyzer produced by IDEXX (IDEXX Laboratories, 
Inc., Westbrook, ME). This machine analyzes both PT 
and PTT and can use fresh whole citrated blood. Refer
ence ranges vary greatly between methods of automated 
PT analysis.

Activated partial thromboplastin time

Activated partial thromboplastin time (aPTT or PTT) is 
used to evaluate the intrinsic and common coagulation 

integrity so as to preserve normal blood function.4 It 
involves a highly complex interaction between blood 
cells, platelets, coagulation factors, fibrinolytic factors, 
and the endothelial cell lining of blood vessels with the 
ultimate goals of forming a crosslinked fibrin plug over 
areas of vascular damage and maintaining blood in a 
freely flowing state.

Coagulation profiles
Inhouse automated coagulation profile tests are 
designed to evaluate specific pathways within the hemo
static system. They may be used in small animal clinics 
when a bleeding disorder is suspected or as part of a 
standard presurgical screening protocol. Three hemo
static parameters commonly evaluated by these auto
matic analyzers are activated clotting time, prothrombin 
time, and activated partial thromboplastin time.

Activated clotting time

Activated clotting time (ACT) is a test performed to 
evaluate every clinically significant clotting factor except 
factor VII. ACT is a highly insensitive test in which 
abnormally increased activated clotting times indicate 
that the activity of one or more of these coagulation 
factors has been reduced by at least 95% (i.e., that the 
affected coagulation factors have at most only 5% of 
normal activity).

ACT may be evaluated manually after the collection 
of blood into a graytop Vacutainer tube that contains 
diatomaceous earth. The time the sample takes to form 
a blood clot in the tube at 37°C with gentle rotation 
every 5–10 seconds is recorded as the ACT (see Protocol 
48.9).

In addition to manual evaluation, automated analysis 
of ACT may be performed through the use of specialized 
coagulation analyzers in some practices. For example, an 
ACT cartridge may be inserted into the ISTAT System 
(Abbott Point of Care, Princeton, NJ) to provide 
laboratoryquality inhouse analysis of ACT. The tech
nology that underlies automated ACT analyses is differ
ent from the manual method and often includes internal 
quality control systems that are activated each time a 
sample is tested. With many of these analyzers, the inter
nal quality system will suppress results if internal speci
fications are not met. The technology will also generally 
impose analyzerspecific blood collection requirements. 
It is important to consult the manufacturer’s guidelines 
for automated analysis. For example, to use the ISTAT 
ACT cartridge, blood collection syringes or Vacutainer 
tubes must be made of plastic and devoid of anticoagu
lant. The device chosen for the initial transfer of the 

Protocol 48.9 Manual act evaluation

Items Required
• Vacutainer tube with diatomaceous earth
• Blood sample
• Timer or any method of keeping time
• 37°C water bath or incubator

Procedure
1. Gather supplies.
2. Perform hand hygiene.
3. Perform venipuncture.
4. Collect 2 mL of blood directly into a gray-top Vacutainer 

tube that contains diatomaceous earth.
5. Begin a timer as soon as the blood enters the tube.
6. Gently invert the tube to mix its contents and place it in 

a 37°C incubator or water bath.
7. Rotate the tube gently every 5–10 seconds.
8. Examine the tube for clot formation at 60 seconds, and 

then every 5 seconds thereafter.
9. Record the time to blood clot formation. Normal time to 

clot is less than 120 seconds.
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to understand and anticipate causes of sample spoilage 
but also to be familiar with the means by which they 
may be prevented.

There are four major causes of sample spoiling in 
hematologic evaluation:

• Clotting of the blood. The clotting behavior of red 
blood cells is highly variable and based on the indi
vidual patient. Blood clotting may also result from 
poor mixing of the blood with the anticoagulant, or 
mixing of the blood sample with the incorrect 
anticoagulant.

• Inappropriate filling of the sample tube (insufficient 
or excess). Blood collection tubes are manufactured 
to contain a precise volume of anticoagulant to achieve 
a specific concentration in the blood sample given 
proper filling of the tube with the sample. If the col
lection tube is inappropriately filled with blood, the 
unintended ratio of blood to anticoagulant may arti
factually change the characteristics of the blood 
sample. For example, insufficient filling of EDTA
containing tubes will lead to a relative excess of EDTA 
compared with the blood sample. This will lead to 
crenation (shrinkage) of the RBCs and iatrogenic, 
artifactual hemodilution.

• Hemolysis of the blood sample. RBCs are fragile and 
may be damaged by many factors in the process of 
blood collection. This is particularly a problem when 
measuring a patient’s PCV because hemolysis will 
artifactually lower the PCV, invalidating the results.

• Contamination of the blood sample. Contaminants 
may include air dust, particles of skin, or elements 
from the operating personnel that inadvertently enter 
into the blood sample. Although it is unlikely that 
contaminants can be completely prevented, contami
nation from a blood sample can be minimized by 
adherence to proper blood collection protocols.

To avoid the invalidation of test results, a series of 
steps may be taken to prevent the spoiling of the blood 
samples. These methods of prevention may broadly be 
categorized as those focusing on blood collection and 
those focusing on sample preservation following the 
blood collection.

Blood collection

• Perform venipuncture on a large central vein. This 
will help to minimize damage to the fragile erythro
cytes and decrease chance of venous collapse.

• Avoid multiple venipuncture attempts. Multiple 
traumas to the tissue will cause the release of tissue 
fluids that will induce blood clotting.

pathways. Its analysis most closely approximates that of 
ACT. Evaluation of PTT requires an automated coagula
tion analyzer. PTT is an insensitive test in which increases 
are only observed when the production, activity, or 
function of any of the coagulation factors is reduced by 
70% or more.

In addition to these common parameters of coagula
tion, fibrinogen concentration may also be measured as 
a parameter of coagulation. Fibrinogen is produced by 
the liver and classified as an acutephase protein, or a 
protein whose expression is upregulated during inflam
mation. Although fibrinogen determination is possible 
and may be diagnostically important, automated analy
sis of fibrinogen is complicated and not routinely avail
able to inhouse laboratories.5

General considerations and sources of error in 
hematologic evaluations

Spoiling of the samples
One of the most important considerations in a hemato
logic evaluation is the prevention of sample spoiling. 
The spoiling of a sample will completely invalidate the 
results of a diagnostic test. The resultant need to repeat 
venipuncture and collect a new sample of blood is not 
only time consuming, but it also causes increased dis
comfort to the patient. It is critical, therefore, not only 

Protocol 48.10 Manual prothrombin time

Items Required
• Citrate tube
• Sample of blood plasma
• Tissue thromboplastin reagent
• Timer or any method of keeping time

Procedure
1. Gather supplies.
2. Perform hand hygiene.
3. Perform venipuncture and place whole blood into 

sodium citrate for a ratio of 9:1.
4. Collect the plasma (i.e., the supernatant after 

centrifugation).
5. Add tissue thromboplastin reagent.
6. Add a reagent designed to recalcify the sample, thereby 

reversing sodium citrate’s anticoagulant effects.
7. A clot should form in 6–20 seconds. A clot that takes 

longer than 20 seconds to form is considered to 
demonstrate a prolonged prothrombin time.
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Sample preservation

• Examine sample immediately after collection.
• Store at the appropriate temperature. Refrigeration 

at 4°C (about 39°F) is an important component of the 
storage of blood samples. Whereas erythrocytes will 
swell when left at room temperature for 6–24 hours, 
refrigerated erythrocytes will not undergo morpho
logic or physiologic alteration for 24 hours. However, 
it is important not to freeze the blood samples because 
the thawing process will damage both erythrocytes 
and platelets.

• Avoid direct sunlight.

• Specific methods of preservation may depend on the 
procedure to be performed on the blood sample. 
These methods may include the use of proper antico
agulants, the creation of a blood smear, or the preser
vation of whole blood (depending on the procedure 
to be performed).

Adapted with permission from Aspinall V. The 
Complete Textbook of Veterinary Nursing. London, UK: 
ButterworthHeinemann; 2006:692.

Physiologic processes
Stress, fear, excitement, struggling, and restraint at the 
time of blood sampling may all play a role in altering 
hematologic characteristics, artifactually skewing diag
nostic test results and potentially masking underlying 
disease processes. For example, during prolonged 
periods of stress, the patient will release glucocorticoids 
from its adrenal glands. This will ultimately induce a 
stress leukogram that can be noted on hematologic eval
uation. Stress leukograms are characterized by a mature 
neutrophilia (increased concentration of mature neu
trophils in the peripheral blood), monocytosis, lympho
penia, and eosinopenia. This increase in peripheral 
circulating neutrophils may in some cases be misinter
preted as the result of an inflammatory process. Further
more, the release of epinephrine in an excited or 
struggling state may induce a physiologic leukogram in 
which a hematologic evaluation may again show mature 
neutrophilia, this time accompanied by a lymphocytosis, 
perhaps a thrombocytosis, and an increased PCV in 
dogs due to splenic contraction. This increase in PCV 
may be misinterpreted as relative hemoconcentration 
due to dehydration. To prevent errors in hematologic 
evaluation due to physiologic responses to the blood 
collection technique, the technician should choose to 
use large peripheral veins for easier and less stressful 
blood collection whenever possible. Manual compres
sion of the spleen during restraint and lifting of  
the canine patient in particular may also induce splenic 

• Avoid using a needle gauge that is too large or too 
small. Smaller gauge needles decrease the damage to 
the erythrocytes by decreasing velocity and turbu
lence of blood flow, thereby minimizing hemolysis 
that may be induced by propulsion through a larger 
bore needle.6 However, hemolysis may also occur with 
smallgauge needles due to the imposition of a large 
vacuum force on the blood and resultant shear stress 
on the RBCs.7

• Use the smallest appropriate syringe size and avoid 
applying excess suction. For example, if 1 mL of 
blood is required, a 2mL syringe is sufficient. Small 
syringes are beneficial for two reasons. First, using a 
large syringe with a smallbore needle may cause 
hemolysis. An appropriate syringe size will decrease 
the risk of RBC rupture by decreasing the pressure 
imposed on the RBCs while the sample is drawn. No 
less importantly, larger syringes and suction pressures 
may increase the risk of collapsing the patient’s vein. 
Avoid a forceful draw on the syringe plunger during 
blood collection with a needle and syringe.

• Extract with a consistent suction pressure (vacuum). 
This will decrease damage to the erythrocytes and 
thereby decrease probability of aggregation.

• Remove the needle before transfer of blood from 
the syringe into the sample collection tube. Ideally, 
blood should only pass through the needle once to 
reduce trauma to the erythrocytes. This will avoid 
causing the blood to pass through the needle twice 
under pressure (once going in and once coming back 
out of the syringe). For this reason, the stopper should 
ideally be removed from the tube and the needle 
removed from the syringe tip before blood is trans
ferred directly into the tube. The stopper should then 
be replaced on the tube. In reality, however, blood 
samples are often transferred into the collection tube 
by insertion of the syringe needle through the rubber 
tube stopper and sometimes through forceful expul
sion into the collection tube with the syringe plunger. 
In these cases, therefore, the needle is not removed 
from the syringe prior to transfer into the collection 
tube. To avoid hemolysis in these instances, the pres
sure applied to the syringe plunger must be slow to 
avoid any undue force on the erythrocytes.

• Make sure the needle, syringe, and skin do not come 
into contact with water prior to venipuncture. This 
will avoid any osmotic damage that could be inflicted 
on the fragile erythrocytes by water.

• Upon transfer into the blood collection tube, do 
not shake the tube. Instead, the tube should be 
gently rolled or inverted. Again, this functions to min
imize trauma to the sensitive platelets and fragile 
erythrocytes.
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Inaccuracy of clinical instruments
Despite the many benefits of automated hematologic 
analysis, common instrumentation limitations may be 
significant sources of errors or diagnostic inaccuracies. 
First, an automated analysis will only be as good as the 
sample provided. Second, there are upper and lower 
limitations on the numbers of cells in a sample that an 
analyzer can accurately count. Third, automated analyz
ers are frequently limited in their ability to discriminate 
between cell types when cells are similar in appearance 
(size, weight, cytoplasmic inclusions, and nuclear com
ponents). Finally, automated systems are susceptible to 
certain interferences, such as Microfilaria, platelet and 
leukocyte aggregates, and microclots.8

To prevent these sources of error, quality control pro
grams should be put in place. Effective quality control 
programs involve the following:

• Regular maintenance of equipment and analysis of 
control materials. It is important to note that “stan
dards” should not be used in place of “controls.” 
Whereas standards are nonbiologic materials used to 
calibrate the equipment, controls contain specific 
concentrations of blood components and are pro
duced by the manufacturer for the purpose of equip
ment function evaluation. Equipment manufacturers 
provide guidelines as to how often these controls 
should be run. A small animal practice should chart 
and analyze control results regularly to help identify 
any changes in the performance of the equipment. In 
cases of aberrant test or control results, a second 
sample should be run. If the second sample produces 
similarly aberrant results, attempts should be made to 
evaluate the source of the error, whether from the 
instrument or the technicians’ technique.

• Instrument internal quality control pro-
grams. Certain instruments may have internal quality 
control programs automatically performed with each 
blood sample to ensure accuracy.

• Microscopic evaluation of stained blood smears. 
Direct microscopic evaluation of all blood smears is 
invaluable to ensure accuracy and confirm cell iden
tifications derived from machine analyzers.
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contraction, which may lead to an increase in the 
patient’s PCV. The technician should use only the 
minimal amount of restraint necessary to immobilize an 
animal.

In addition to the technical aspects of blood collec
tion technique, hematologic parameters may be altered 
by another physiologic process: digestion. In most  
cases, it is advisable to fast a patient prior to blood col
lection. As part of the normal digestion process, digested 
fat travels from the small intestine into the lymphatic 
circulation and thence to the peripheral circulation 
where it is deposited in adipose tissue for later use. 
Therefore, a postprandial blood sample in a healthy 
animal should be lipemic. Although this is a normal 
physiologic response to ingestion of fat, lipemia may 
induce hemolysis and impede accurate hematologic 
analysis.

Concurrent drug administration
Unless the purpose is to monitor treatment, blood 
should always be collected before pharmacologic treat
ment is administered. Different treatments may have 
biologic or dilution effects on sample or may influence 
test procedure. For example, sedatives and analgesics 
may mask disease processes by altering PCV and other 
hematologic parameters, and boluses of intravenous 
fluids may transiently dilute blood components.

Patient history
Patient history may play a significant role in the results 
of hematologic evaluation. Examples of significant 
factors include prior surgery, geographic origin, and 
recent vaccination history.

Improper blood collection and processing 
technique
Improper blood collection technique is a leading source 
of error in analysis of blood samples. For example, it is 
very important to avoid frequent blood collections from 
the same site on the patient. Not only will this cause the 
patient increased pain, trauma, and likelihood of hema
toma formation, but it will also cause localized increases 
in platelet and leukocyte numbers.

In addition, as previously mentioned, proper tech
nique for blood smear preparation is critical for a blood 
smear of diagnostic quality. Poor spreading technique 
will lead to blood smears that cannot be properly read 
or that contain damaged cells. Incorrect staining tech
nique may likewise render a smear completely unread
able or invalid.
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49
Electrolyte evaluation

Louisa J. Rahilly

Electrolytes are pivotal players in maintaining home
ostasis in the body. They have key roles in such phy
siologic functions as maintaining intracellular and 
extracellular fluid distribution; energy production and 
utilization; electrical conductivity and muscle contrac
tion in cardiac, skeletal, and vascular smooth muscle; 
and clot formation. Many disease processes can cause 
electrolyte abnormalities including gastrointestinal 
disease; endocrine diseases such as diabetes, hyperadre
nocorticism, hypoadrenocorticism, and thyroid disor
ders; renal and urinary disease; various neoplasms; 
sepsis; and skin disorders. Treatment interventions in 
critically ill animals can also precipitate electrolyte dis
orders or clinically significant shifts in electrolyte distri
bution and levels within the body. Appropriate treatment 
of electrolyte abnormalities may result in decreased 
morbidity and mortality. Many of the clinical signs of 
electrolyte abnormalities can be masked by or thought 
to be due to the underlying disease state. The role of the 
astute critical care technician is to monitor for potential 
sequelae of electrolyte abnormalities, appropriately 
obtain samples and use inhouse analyzers, and alert the 
doctor to important changes noted on laboratory moni
toring over the course of hospitalization.

Electrolyte concentrations in serum, plasma, or whole 
blood are ultimately the result of the combination of 
intake, excretion, shifts between the intracellular and 
extracellular space (note that we sample the extracellular 
space in the clinical setting),and artifactual influences in 
vitro.1 Accurate measurement of electrolytes in the criti
cal care setting is both necessary and challenging due to 
common artifacts such as dilution or binding with anti
coagulants, sample exposure to air, and concurrent 

sample or patient abnormalities that spuriously alter 
electrolyte measurements. Electrolytes often need to be 
evaluated in the clinic using pointofcare (POC) ana
lyzers because changes in electrolyte levels alter the 
treatment course on an hourbyhour basis. Under
standing the methodology and potential artifacts that 
may be caused by the POC analyzer in use is important, 
as some physiologic abnormalities, such as lipemia or 
hyperbilirubinemia, necessitate particular methodology 
and submission to a reference lab for accurate electrolyte 
measurement. This chapter introduces methods of elec
trolyte quantification and commonly used veterinary 
electrolyte analyzers, the physiologically significant elec
trolytes, disease states or treatments that may affect 
them, and recommendations on sample handling to 
ensure correct measurement and interpretation.

Methods of electrolyte quantification

The methods of electrolyte evaluation include flame 
photometry (FF), ion selective electrode assays (ISE), 
and enzymatic spectrophotometry (ES).1,2 When serially 
evaluating a patient’s electrolytes, values should always 
be measured with the same methodology and, ideally, 
the same analyzer because reference ranges and read
ings vary between the different methodologies and 
analyzers.3–5 Flame photometry is typically only avail
able in reference laboratories, making it impractical to 
use this methodology for POC analysis. FF was the gold 
standard for electrolyte analysis but has become obsolete 
due to both the logistics of utilization and inaccuracies 
in measurement with concurrent lipemia, hyperprotein
emia, hemolysis, or hyperbilirubinemia.1 Enzymatic 

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.



638  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

spectrophotometry has clinical value in enabling elec
trolyte measurement utilizing inhouse automated 
chemistry analyzers, but it has demonstrated the most 
interference in situations of hemolysis, hyperprotein
emia, and lipemia.2,6,7 Uremic samples with alterations 
in bicarbonate and potassium may also affect samples 
analyzed by ES.7 Updated chemistry analyzers that use 
ES, such as the Catalyst DX chemistry analyzer (IDEXX, 
Westbrook, ME, operator’s guide) and the Vetscan VS2 
(Abaxis, Union City, CA) utilize filters to attempt to 
minimize the interference created by these abnormali
ties. One should interpret results in severely lipemic, 
icteric, hemolyzed, or hyperproteinemic samples care
fully, however, and submit a paired sample to a reference 
laboratory that utilizes ISE to confirm inhouse results.

Ion selective electrodes are now the method of choice 
and the reference method recommended by the Lab 
Medicine and Clinical Lab Standard Institute for the 
validation of POC analyzers.2,3,7 The basic principle of 
ISE measurement is the comparison of an unknown 
value against a known value to compute the sample’s 
electrolyte concentration (VetLyte electrolyte Analyzer, 
IDEXX Laboratories; Operator’s Manual). Essentially, 
an ion sensitive membrane undergoes a reaction based 
on the electrical charge of the ion (electrolyte) causing 
a change in the specific iongenerated voltage. The ana
lyzer then compares the change in voltage on the sample 
side of the membrane with a reference solution. An algo
rithm utilizing the measured voltages and a calibration 
curve derived from the ion concentration of known 
solutions is used to determine the electrolyte concentra
tion within the sample (VetLyte electrolyte Analyzer, 
IDEXX Laboratories; Operator’s Manual). Commonly 
used inhouse veterinary analyzers that utilize ISE 
include the Vetscan iSTAT 1 (Abaxis), the Stat Profile 
Critical Care Xpress (Nova Biomedical, Waltham, MA), 
the VetLyte electrolyte analyzer (IDEXX Laboratories, 
Westbrook, ME), the VitalPath blood gas and electrolyte 
analyzer (Heska, Lovelane, CO), and the EasyLyte 
(Hemagen Diagnostics, Inc., Columbia, MD). Table 49.1 
details each of these analyzers, which electrolytes they 
measure, and operator information.

Electrolytes vary with regard to the best sampling 
method and possible artifacts associated with measure
ment, the specifics of which are covered in the subse
quent sections. Overall, however, electrolyte analysis 
should be performed on serum samples that are col
lected anaerobically.3,4,8–11 Anaerobic conditions are 
most important for ionized calcium and magnesium 
analysis.4,10–12 Whole blood, anticoagulated whole blood, 
and plasma can also be used, but one must consider 
various possible artifacts and the risk of clot formation 
prior to the completion of analysis when using whole 

blood. Careful attention to the timing of the sample 
collection and measurement is pivotal because various 
electrolyte concentrations can be affected by increased 
exposure time to platelets, exposure time to white blood 
cells, and alterations in protein binding associated with 
ongoing cellular metabolism (Vetscan iSTAT 1,user 
guide).3,4,12

Individual electrolytes

Table 49.2 details normal ranges and critical alert values 
for each of the physiologically significant electrolytes. It 
is important to remember, however, that these ranges 
should be used only as guidelines because each analyzer 
has its own manufacturerdetermined reference inter
vals. A reference range specific to the analyzer used 
should be consulted when interpreting all electrolyte 
measurements. These ranges should be specific for 
sample type (i.e., plasma versus serum) and species 
within each analyzer.

Sodium
Sodium is the most abundant extracellular ion. It func
tions in determining the distribution of water through
out the body in the extracellular and intracellular 
compartments.13–17 Disorders in sodium concentration 
are nearly always the result of changes in the volume of 
body water.13,15,17 The sodium concentration should 
therefore be viewed as a reflection of relative free water 
in the body, rather than necessarily the amount of 
sodium in the body.13,15–17 “Free water” is water that is 
free of sodium.

An increased sodium concentration is due to either 
the loss of body fluid containing relatively less sodium 
than plasma (hypotonic fluid), fluid containing no 
sodium (free water), or the ingestion or iatrogenic 
administration of relatively highsodium sub
stances.13,15,16 Disease processes that can result in hypo
tonic fluid loss include gastrointestinal and renal disease, 
osmotic diuresis from hyperglycemia, ketonuria or 
mannitol administration, or postobstructive diuresis.15 
Lack of access to water and neurologic disease resulting 
in decreased water intake can also result in hypernatre
mia.15,17 Animals with underlying metabolic disorders 
such as hyperadrenocorticism, hyperthyroidism, and 
hepatic disease have decreased urine concentrating abili
ties and are at risk of developing hypernatremia in the 
critical care setting if they have decreased water intake 
due to nausea or sedation.15 Processes resulting in the 
loss of fluid that contains virtually no sodium (free 
water) include diabetes insipidus and panting.15,17 
Hyperaldosteronism, a rare disorder in dogs and cats, 



Table 49.1 Common POC electrolyte analyzers used in veterinary medicine

Analyzer Method Electrolytes Measured 
(Reportable Range)

Sample Type Based on 
Manufacturer’s 
Recommendations

Maintenance/Operator Tips

VetScan 
i-STAT 1 
Abaxis

ISE Na+ (100–180 mmoL/L)
K+ (2.0–9.0 mmol/L)
Cl− (65–140 mmol/L)
iCa++ (0.25–2.50 mmol/L)

• Serum
• WB
• WB or plasma 

anticoagulated with 
balanced heparin

• Cartridges must be stored at 2–8°C 
and equilibrated to room temperature 
for 5 minutes prior to use

• Once cartridges are equilibrated to 
room temperature they must not be 
returned to refrigerator and are good 
for 14 days.

• Minimal maintenance
VetScan 
VS2 
Analyzer
Abaxis

ES Na+ (110–170 mmol/L)
K+ (1.5–8.5 mmol/L)
iPhos (0–20 mg/dL)

• Serum
• WB or plasma 

anticoagulated with 
lithium heparin

• Minimal maintenance
• Self-calibrates with each sample

Stat Profile 
Critical 
Care 
Xpress
Nova

ISE Na+ (blood 66–201 mmol/L; 
plasma 71–199 mmol/L)
K +(blood 1.3–20.4 mmol/L; 
plasma 1.3–18.5 mmol/L)
Cl− (blood 62–189 mmol/L; 
plasma 59–177 mmol/L)
iCa++ (blood 0.3–4.7 mmol/L; 
plasma 0.7–4.4 mmol/L)
iMg++ (blood 0.2–2.3 mmol/L; 
plasma 0.3–2.4 mmol/L)

• Serum
• WB or plasma 

anticoagulated with 
lyophilized sodium 
or lithium heparin

• Automatic calibration
• Sample inlet port should be cleaned 

when necessary with deionized water

Catalyst
IDEXX

ES Na+(85–180 mmol/L)
K+ (0.8–10 mmol/L)
Cl− (50–160 mmol/L)
iPhos (0.2–16.1 mg/dL)
tMg++(0.5–5.2 mg/dL
0.21–2.17 mmol/L)

• Serum
• WB or plasma 

anticoagulated with 
lithium heparin

• Monthly quality control checks; 
internal and external cleaning

VetLyte
IDEXX

ISE Na+ (40–205 mmol/L)
K+ (1.5–15 mmol/L)
Cl− (50–200 mmol/L)

• Serum
• WB or plasma 

anticoagulated with 
lithium heparin

• Daily and weekly cleaning 
recommended

• Monthly cleaning involving cleaning 
the reference electrode

• Electrodes should never be cleaned 
with abrasive cleaners such as 
alcohol or Amphyl

VitalPath
Heska

ISE Na+ (20–250 mmol/L)
K+ (0.2–20.0 mmol/L)
Cl− (20–250 mmol/L)
iCa++ (0.1–4.0 mmol/L)

• Serum
• WB or plasma 

anticoagulated with 
sodium or lithium 
heparin

• Automatic calibration

Easy-Lyte
Hemagen

ISE Na+ (20–200 mmol/L)
K+ (0.2–40 mmol/L)
Cl− (25–200 mmol/L)

• Serum
• WB plasma 

anticoagulated with 
sodium or lithium 
heparin

• Automatic calibration
• Minimal maintenance

FF, flame photometry; ES, enzymatic spectrophotometry; ISE, ion selective electrode; Na+, sodium; K+; potassium; Cl−, chloride; iPhos, 
inorganic phosphate; iCa++, ionized calcium; iMg++, ionized magnesium; tMg++, total magnesium; WB, whole blood.
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unit are at risk of having or developing hypernatremia. 
Serial measurements to monitor for a rising sodium 
concentration are necessary to catch an animal trending 
toward hypernatremia before the clinical signs of hyper
natremia develop, at which point irreversible neurologic 
damage may have occurred.

Hypernatremia results in cellular dehydration in the 
brain as water moves from the intracellular to the extra
cellular space.16 The brain tissue shrinks, which can 
result in tearing of blood vessels and subarachnoid and 
intracerebral hemorrhage.15,17 Clinical signs are related 
more to the rate of rise of sodium concentration than 

results in increased sodium retention.15,18 Dietary indis
cretions can cause hypernatremia if the animal ingests 
excessive salt in the form of things such as table salt, sea 
water, homemade play dough, solid ice melts, or paint
balls.15 Iatrogenic causes of hypernatremia include the 
administration of highsodiumcontaining solutions 
(sodium bicarbonate, hypertonic saline, and sodium 
phosphate enemas) and the administration of drugs that 
can affect the kidney’s ability to concentrate urine (gen
tamicin, amphotericin B, methoxyflurane, and vinca 
alkaloids).15,17 As evident by this extensive list of causes, 
many animals admitted to a veterinary intensive care 

Table 49.2 Reference ranges and alert values of each electrolytea

Electrolyte Normal Range 
Canine

Normal Range
Feline

Critical Care Alert 
Valuesb

Common Artifacts

Na+ 139–150 mmol/L 147–162 mmol/L <120 mmol/L
>170 mmol/L
Change
>1.0 mmol/L/h or 
>10 mmol/L/24 h

• Lipemia
• Hemolysis
• Hyperbilirubinemia
• Hyperproteinemia
• Sodium heparin

K+ 3.4–4.9 mmol/L 2.9–4.2 mmol/L <2.5 mmol/L
>6.0 mmol/L

• Thrombocytosis
• Leukocytosis
• Potassium EDTA
• Delay in serum or plasma separation

Cl− 106–127 mmol/L 112–129 mmol/L <90 mmol/L • Lipemia
• Hemolysis
• Hyperbilirubinemia
• Hyperproteinemia
• Sodium heparin

iPhos 2.5–6.0 mg/dL 2.4–8.2 mg/dL <1.5 mg/dL • Hemolysis
• Citrate, oxalate and EDTA 

anticoagulation
• Hyperlipidemia
• Hyperbilirubinemia
• Delay in serum or plasma separation

iCa++ 1.12–1.40 mmol/L 1.20–1.32 mmol/L <0.75 mmol/L
> 2.0 mmol/L

• Aerobic sampling
• Heparin dilution
• Heparin binding
• Delay in analysis

iMg++

tMg++

0.42–0.58 mmol/L
1.4–2.38 mg/dL

0.47–60 mmol/L
1.5–3.0 mg/dL

• Aerobic sampling
• Heparin dilution
• Heparin binding
• Delay in analysis

aCatalyst DX chemistry analyzer (IDEXX Laboratories, Westbrook, ME), operator’s guide, and Vetscan iSTAT 1 (Abaxis, Union City, CA), 
user guide.
bCritical care alert values refer to values that suggest impending severe physiologic compromise. Any value outside of the reference 
range is considered clinically significant, however.
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The fluid of choice depends on the rate of sodium drop 
and volume status of the patient. Cases of chronic 
sodium concentration abnormalities (>48 hours) should 
be treated with the goal to gradually correct the sodium 
concentration; acute cases can be addressed more aggres
sively.16 Sodium concentration should not be changed 
>0.5–1 mEq/L/hour or 10 mEq/L over 24 hours.15,16 
Rapid adjustment of sodium concentration can result in 
neurologic sequelae. In the case of hyponatremia, neu
ronal dehydration resulting in a syndrome known as 
osmotic demyelination syndrome (ODS) or previously 
central pontine myelinolysis (CPM) can occur if the 
sodium concentration is raised too fast.16,21 ODS is char
acterized by water moving out of brain cells during the 
correction of hyponatremia.16,21 Signs of ODS can be 
delayed 1–6 days, and neuronal damage can be irrevers
ible, making careful sodium monitoring vital because 
clinical signs may not immediately be apparent.16 In the 
case of hypernatremia, rapid drops in sodium concen
tration can cause cerebral edema as extracellular water 
moves into neurons.16 The signs of cerebral edema and 
rising intracranial pressure include depressed menta
tion, pupillary changes, thoracic limb rigidity, and sei
zures; the technician must monitor closely for these 
signs and pay close attention to serial sodium concentra
tions. Sodium concentration should be reassessed every 
2–4 hours initially during the treatment of sodium 
derangements.16

Sodium concentration measurement

The reference standard for sodium measurement was 
traditionally flame photometry.13 FF evaluates the entire 
volume of the sample, including both the aqueous and 
the nonaqueous phases.13 Plasma is 93% water by 

to the absolute concentration, and they include lethargy, 
nausea, depressed mentation, ataxia, and weakness.15,16 
Neurologic signs can progress to seizures, coma, and 
death.15,16

Decreased sodium concentrations are due to a relative 
gain of free water or hypotonic fluid within the extracel
lular space.13 This may be due to a true increase in total 
body water or a decrease in total body water and sodium 
with sodium losses relatively exceeding water losses.13,16 
Measured hyponatremia may be due to an increase in 
osmotically active particles such as glucose or mannitol 
in the extracellular fluid causing a dilution of sodium 
molecules in the serum.16 Gastrointestinal disease and 
severe burns can cause loss of both sodium and water 
with relatively more sodium loss, which results in hypo
natremia.16 Loss of sodium through the kidneys can 
occur with hypoadrenocorticism, diuretic administra
tion, or sodiumwasting renal diseases.16 Water retention 
and resultant hyponatremia can occur in cases of hypo
thyroidism with myxedema coma and water intoxica
tion.16,19 A pathophysiologic syndrome known as the 
syndrome of inappropriate antidiuretic hormone secre
tion (SIADH) has been described in humans and may 
be seen in veterinary patients. It is characterized by inap
propriate release of antidiuretic hormone (ADH) result
ing in the retention of free water.13,16 This syndrome has 
been associated with certain neoplasms, pulmonary 
disease, central nervous system disease, perioperative 
patients, and certain drugs. There is documentation of 
SIADH in human patients associated with the adminis
tration of fentanyl, a drug used commonly in critically 
ill or injured veterinary patients.20 Disease processes 
associated with decreased effective circulating volume 
such as hepatic disease and primary cardiac disease can 
cause hyponatremia as the thirst center is activated, 
increasing water consumption.13,16

Similar to hypernatremia, the severity of the clinical 
signs associated with hyponatremia depend on the rate 
of drop as well as the absolute sodium concentration.16 
Signs often do not occur unless the sodium concentra
tion is <125 mmol/L.16 Vomiting, ataxia, depression pro
gressing to obtundation, seizures, and coma may occur 
as a result of cerebral edema as water moves into 
neurons.19

Treatment of sodium concentration abnormalities 
involves addressing the underlying cause and slowly 
returning the sodium concentration to normal with the 
administration of relatively hypertonic (in the case of 
hyponatremia) or hypotonic (in the case of hypernatre
mia) fluids. Table 49.3 details the sodium concentration 
of various electrolyte solutions that can be used to treat 
sodium abnormalities. Diuretic administration may be 
necessary to encourage sodium or water excretion.13,15–17 

Table 49.3 Various fluid solutions and their sodium and 
potassium concentrations47

Fluid Type Sodium 
Concentration 
(mEq/L)

Potassium 
Concentration 
(mEq/L)

5% dextrose in water 0 0
0.45% saline 77 0
2.5% dextrose in 0.45% saline 77 0
Lactated Ringer solution 130 4
Plasmalyte A 140 5
Normosol R 140 5
0.9% NaCl 154 0
Hetastarch 154 0
7.5% Hypertonic NaCl 1283 0
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is associated with a metabolic acidosis.24 Iatrogenic 
hyperchloremia can occur with the administration of 
bicarbonatefree fluids such as 0.9% NaCl.24 To deter
mine if the change in chloride concentration is due to 
an alteration in sodium, a formula was developed22 (Eq. 
49.1) that functions to determine the chloride concen
tration as high, low, or normal outside of the influences 
of free water.22

Dog Cl corrected Cl /Na

Cat Cl corrected Cl /Na

− − +

− − +

= ×
= ×

146

156
 (49.1)

The clinical signs of chloride derangements are typi
cally associated with the underlying disease process or 
acidbase abnormality. The clinical sequelae of acidosis 
and alkalemia are addressed in Chapter 50, AcidBase 
Evaluation. Treatment of chloride derangements involves 
addressing the underlying disorder and stopping any 
iatrogenic cause.

Chloride concentration measurement

Chloride measurement is similar to sodium in that it can 
be falsely lowered by lipemia and hyperproteinemia and 
elevated by the use of sodium heparin for anticoagula
tion.2,8 Chloride concentration is more affected by dilu
tion with sodium heparin than sodium concentration.8 
The sensitivity of chloride concentration measurements 

volume, and sodium is present in the aqueous phase of 
plasma.13 The distribution of sodium within only the 
aqueous portion of the sample results in a lower mea
sured concentration of sodium in plasma than is truly 
present.13 This difference is typically negligible, but in 
situations of hyperlipidemia and hyperproteinemia the 
nonaqueous portion of plasma increases.13 When the 
nonaqueous portion of plasma is increased, the mea
sured concentration of sodium will be significantly 
lower than the actual value, invalidating the results.13 
This artifact is known as pseudohyponatremia.13 Ion 
selective electrodes measure sodium in water only, 
avoiding the artifact caused by increased lipid or protein 
in samples.13,16 Enzymatic spectrophotometry can be 
used to measure sodium concentrations but can be inac
curate for hemolyzed, icteric, or hyperproteinemic 
samples and therefore should be used with caution in 
these circumstances.2 Serum should be submitted to a 
reference laboratory that uses ISE for sodium and chlo
ride concentration evaluation in icteric, lipidemic, or 
hyperproteinemic patients if the inhouse electrolyte 
analyzer utilizes ES to verify the inhouse results. Enzy
matic spectrophotometry also has higher normal refer
ence ranges for sodium concentration than FF or ISE, so 
one must use analyzerspecific reference ranges when 
interpreting results.2

Sodium heparin contains relatively high concentra
tions of sodium (160 mEq/L) and chloride (166 mEq/L) 
and can falsely elevate the measurement of both of these 
electrolytes when whole blood is anticoagulated with 
sodium heparin at concentrations >3.9%.8 Therefore, if 
one uses sodium heparin to anticoagulate the sample 
prior to measurement of sodium or chloride concentra
tions, preparation of an “evacuated syringe” according 
to Hopper et al (see Protocol 49.1) or the purchase of 
commercially available syringes containing lyophilized 
40 IU/mL heparin is necessary to avoid artifact.8 One 
could also utilize lithium heparin for measurement of 
sodium or chloride concentrations.8

Chloride
Chloride is an extracellular ion that functions with 
sodium in maintaining water balance and has an impor
tant role in acidbase balance.22 Chloride concentration 
often changes with sodium concentration, but certain 
situations can alter chloride concentration independent 
of changes in sodium. Hypochloremia can be caused by 
vomiting, gastrointestinal obstruction, metabolic alka
losis, and therapy with diuretics that block absorption 
of chloride in the kidneys (e.g., furosemide).23,24 Hyper
chloremia is often the result of loss of bicarbonaterich, 
chloridepoor fluid in diarrhea and renal disease, and it 

Protocol 49.1 Preparation of a heparinized syringe or 
“evacuated syringe” for blood sampling8

Items Required
1. 3-mL syringe
2. 22-gauge needle attached to syringe
3. Liquid sodium heparin 1000 U/mL concentration

Procedure
1. Aspirate 0.5 mL of heparin into the syringe.
2. Draw the plunger back to the 3-mL mark to coat the 

inner surface of the syringe.
3. Expel all of the air and heparin.
4. Draw 3 mL of air into syringe and expel it.
5. Repeat step 4 a total of three times.
6. Perform venipuncture.

• 7.8% with 0.5-mL sample: Inaccurate for all 
electrolyte measurements.

• 3.9% with 01.0-mL sample: Accurate for Na+ and K+ 
measurements.

• 2.0% with 2.0-mL sample: Accurate for iCa++ 
measurements.

• 1.3% with 3.0-mL sample: Accurate for iCa++ and 
iMg++ measurements.
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potassium as might be seen in dogs and cats with cardiac 
disease and dehydration.26,27 A group of disease pro
cesses can cause concurrent hyperkalemia and hypona
tremia with a decreased sodiumtopotassium ratio. 
This is the classic electrolyte picture with hypoadreno
corticism. A decreased sodium to potassium ratio can also 
be seen in dogs and cats with gastrointestinal disease, 
renal disease, pregnancy, body cavity effusions, and 
cardiac disease resulting in decreased effective circulating 
volume triggering free water retention and hyponatremia 
with concurrent decreased renal delivery of potassium for 
excretion resulting in hyperkalemia.28,29

Hyperkalemia can be life threatening as a result of the 
increased potassium concentration’s effect on cardiac 
cell conduction and function.24,26 Clinical signs include 
muscular weakness with progression to paralysis.24,26 
Cardiac toxicity is manifested by classic electrocardio
gram (ECG) abnormalities including tall, tented T 
waves, a prolonged PR interval, loss of the P wave, bra
dycardia, and widening QRS complexes.24,26 Ventricular 
tachycardia and fibrillation can occur.24 In severe hyper
kalemia the ECG progresses to a sinewave pattern as the 
QRS complexes merge with the T wave. This latter 
rhythm is an indication of impending cardiac arrest, and 
rapid intervention is indicated.26 Lifethreatening hyper
kalemia generally occurs at potassium concentrations 
>7.5 mEq/L,24 but concurrent abnormalities such as 
hypovolemia, acidemia, hypocalcemia, and hyponatre
mia may exacerbate the condition and trigger rapid 
cardiac collapse at lower concentrations.26 Treatment of 
hyperkalemia involves diuresis with intravenous fluid 
therapy, relieving urinary obstruction if present, cardiac 
protection with calcium gluconate or calcium chloride 
administration, and initiating intracellular movement 
of potassium with insulin, dextrose, βagonists (e.g., ter
butaline or albuterol) or bicarbonate therapy.24,26,30,31 In 
refractory renal failure, hemodialysis or peritoneal dialy
sis is required to treat hyperkalemia.24,26

Low potassium concentration, or hypokalemia, is 
typically the result of excessive potassium loss through 
the gastrointestinal tract or through the kidneys due  
to renal disease or osmotic diuresis (e.g., hyperglycemia, 
ketonuria, postobstructive diuresis); hypokalemia can 
also result from intracellular potassium shifts in the  
face of metabolic alkalosis.24,26 Hypokalemia is often 
confounded by decreased potassium ingestion in the 
face of nausea or anorexia.24,26 Iatrogenic causes of hypo
kalemia include diuretics, steroids, βagonists (e.g., ter
butaline or albuterol) or insulin and dextrose therapy.24 
Hypomagnesemia can cause refractory hypokalemia  
in which the potassium concentration does not return 
to normal despite aggressive supplementation.24 Hyper
aldosteronism causes increased renal excretion of  

to sodium heparin anticoagulation is likely due to the 
high concentration (166 mmol/L) of chloride within 
sodium heparin. The concentration of chloride within 
sodium heparin is significantly higher than normal 
chloride concentrations and spuriously elevates the 
chloride measurement of the sample. Accurate chloride 
analysis should either be performed on serum or plasma 
or whole blood anticoagulated with lithium heparin. 
Red blood cells in venous blood carry more intracellular 
chloride than red blood cells in arterial blood, and the 
chloride concentration in venous blood is 3–4 mEq/L 
lower than arterial blood.22 This variation is due to chlo
ride shifting out of red blood cells in the presence of 
higher oxygen and lower carbon dioxide (generally the 
environment within arterial blood and room air relative 
to venous blood).22,25 If a sample is exposed to room air 
and permitted to “arterialize,” the chloride concentra
tion measurement with be falsely elevated. Anaerobic 
sampling is therefore necessary when determining  
and interpreting chloride concentrations from venous 
blood.22

Potassium
Potassium is the most abundant cation in the body, but 
it is located primarily intracellularly, making measure
ment in whole blood, serum, or plasma an imperfect 
reflection of total body stores.26 The large concentration 
gradient of potassium across cell membranes enables 
potassium to be a key player in the excitability and func
tion of nerve and muscle cells, including those in cardiac 
and vascular smooth muscle.26 Potassium concentration 
is a reflection of intake (primarily through nutrition); 
loss into the gastrointestinal tract (a factor exacerbated 
in animals with gastrointestinal disease); renal function, 
as the bulk of potassium is eliminated through the 
kidneys; and transcellular potassium shifts as occurs in 
some acidbase disorders and under the influence of 
insulin.24,26

Hyperkalemia can be caused by decreased renal excre
tion in acute renal failure, endstage renal disease,  
or hypoadrenocorticism; urinary obstruction or intra
abdominal urine accumulation; and syndromes of 
massive cell death such as tumor lysis syndrome or  
rhabdomyolysis.24,26 Drug therapy with angiotensin
converting enzyme inhibitors (e.g., benazepril and 
enalapril), nonsteroidal antiinflammatory agents, β
blockers (e.g., atenolol), potassium itself, or potassium
sparing diuretics (e.g., spironolactone) has been shown 
to cause hyperkalemia in humans and may result in 
similar changes in small animal patients. Patients who 
are at higher risk are those prescribed a combination of 
these drugs and those with decreased renal delivery of 
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0.47 mmol/L higher than feline plasma.9 This degree of 
variation between serum and plasma samples necessi
tates consideration of the sample type used to create the 
reference interval on the analyzer being used.9 Serial 
samples on the same patient should always be run using 
the same type of sample. Although the changes caused 
by anticoagulation with potassium EDTA or potassium 
leakage from cells are typically minimal, they may result 
in pseudohyperkalemia or pseudo normokalemia if the 
patient’s actual value is at the high end of normal or just 
below the reference range, respectively.9 Ideally, potas
sium samples should be run on whole blood, heparin
anticoagulated whole blood, or plasma rapidly separated 
from the cell pellet to minimize length of exposure to 
potassiumcontaining cells.9

Hemolysis and elevated total protein concentration 
appear to have less of an effect on potassium measure
ment than on sodium and chloride measurements, 
although analysis with ES showed more variation in 
potassium measured in a hemolyzed sample than either 
FF or ISE.2 Like sodium and chloride, however, values 

potassium and is a rare cause of severe hypokalemia in 
dogs and cats.18,31

Clinical signs of hypokalemia generally occur with 
serum potassium concentrations ≤2.5 mEq/L and 
include generalized weakness characterized classically by 
cervical ventriflexion that can progress to paralysis and 
respiratory difficulties, inability to concentrate urine, 
anorexia, vomiting, and decreased bowel motility.24,26,32 
Cardiac conduction abnormalities can occur and mani
fest on ECG by a depressed ST segment, decreased 
amplitude or inversion of the T wave, increased P wave 
amplitude, and prolonged PR and QRS intervals.24 Mul
tiple arrhythmias may also occur.24,26 Treatment of 
hypokalemia involves potassium supplementation orally 
or parenterally, depending on the severity of hypokale
mia and whether or not the patient is tolerant of enteral 
treatments.24,26 Concurrent magnesium administration 
may be necessary to treat hypokalemia effectively.24 
Charts exist with recommended potassium supplemen
tation based on degree of hypokalemia, but these should 
be viewed as a starting point. Rate of potassium admin
istration depends on degree of total body depletion, 
renal and gastrointestinal losses of potassium, and rate 
of diuresis. Potassium concentration should be moni
tored at least once a day in patients on potassium sup
plementation and more frequently in animals with 
documented hypokalemia or pathophysiologic pro
cesses that may cause hypokalemia. Parenteral potas
sium supplementation should rarely exceed 0.5 mEq/kg/
hour and should never exceed 1.0 mEq/kg/hour because 
rapid potassium administration can cause cardiac 
arrest.24 The rate of potassium supplementation should 
be checked frequently, and fluids with potassium addi
tives should not be administered rapidly as a bolus. Box 
49.1 demonstrates how to determine the rate of potas
sium supplementation per kilogram based on the con
centration of potassium in solution.

Potassium concentration measurement

Artifactually elevated potassium concentrations can be 
caused by anticoagulation with potassium EDTA as well 
as prolonged exposure to potassiumcontaining cells 
such as platelets and white blood cells.28 Thrombocyto
sis and leukocytosis have been shown to cause pseudo
hyperkalemia.9,28 Artifactual hyperkalemia can be seen 
in samples from Japanese breeds (e.g., Akita and Shiba 
Inu) due to leakage of potassium from these breeds’ red 
blood cells.9 Potassium concentrations are higher in 
serum than plasma due to release of potassium from 
cells during clotting.9 Canine serum potassium concen
trations are generally 0.35 mmol/L higher than canine 
plasma, and feline serum potassium was found to be 

Box 49.1 Calculation of potassium supplementation 
(mEq/kg/h)

1. Determine the amount of potassium in the solution by 
adding the amount of supplemented potassium to the 
amount already present in the fluid (see Table 49.3).

2. Divide the total amount of potassium by the total 
volume of the fluid to determine the concentration of 
potassium in solution.

3. Determine the total amount of potassium being admin-
istered per hour by multiplying the amount of potassium 
per milliliter by the fluid rate of the patient in mL/h.

4. Determine the rate of administration in mEq/kg/h by di-
viding the amount of potassium per hour by the weight 
of the patient in kilograms.

Case example: A 10-kg Boston terrier being treated with 
lactated Ringer solution with 40 mEq/L of potassium added 
at a rate of 40 mL/h.

1. Total amount of potassium in solution:
40 mEq (supplemented) + 4 mEq (already present in 

fluid) = 44 mEq
2. Concentration of potassium in solution:

44 mEq (total amount of potassium) ÷ 1000 mL (total 
volume) = 0.044 mEq/mL

3. Amount of potassium administered per hour:
0.044 mEq/mL × 40 mL/h = 1.76 mEq/h

4. Rate of administration:

1.76 mEq/h ÷ 10 kg = 0.18 mEq/kg/h
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oxygen to the tissues due to an increased affinity of 
hemoglobin for oxygen, impaired white blood cell func
tion, and the development of hemolytic anemia as a 
result of altered integrity of the red blood cell mem
brane.33,34 Decreased oxygen delivery to tissues may 
cause subtle clinical signs, but severe cases may demon
strate neuromuscular depression first noted with dia
phragmatic weakness and possibly progressive neurologic 
signs.33 Other signs of hypophosphatemia such as ileus, 
anorexia, and vomiting are often thought to part of the 
underlying disease.33 Hemolysis in dogs has not been 
documented until phosphorus concentrations are 
<0.5 mg/dL, but cats appear to be more sensitive and 
have been shown to hemolyze at 1 mg/dL.33 A decreased 
hematocrit may take 24–48 hours to become apparent 
following hemolysis triggered by hypophosphatemia.33,34 
Treatment of hypophosphatemia involves managing the 
underlying condition, addressing any acidbase abnor
mality contributing to transcellular shifts, and adminis
tering phosphorus supplementation either enterally or 
parenterally in more severely affected or nauseated 
animals.33 It is recommended to treat phosphorus con
centrations <3 mg/dL.33 Parenterally administered potas
sium phosphate should be diluted before use because it 
is hypertonic and can cause tissue irritation.33 It should 
be administered in calciumfree fluids (0.9% saline or 
5% dextrose in water) to prevent precipitation of calcium 
salts.33 Similar to other electrolytes, the dose depends on 
the rate of phosphorus loss and the underlying cause of 
hypophosphatemia. Recommended doses of parenteral 
phosphorus range from 0.01 to 0.06 mmol/kg/hour.33,34 
Phosphorus concentration should be monitored every 
3–6 hours to ensure appropriate supplementation.33 
Sodium, potassium, and ionized calcium concentrations 
should also be closely monitored while patients receive 
phosphorus therapy because sodium or potassium 
phosphate can cause elevations in these electrolytes,  
and calcium concentration can drop due to binding of 
calcium to phosphorus.33

Hyperphosphatemia is generally caused by decreased 
urinary excretion of phosphorus due to renal disease  
or urinary obstruction; increased phosphorus release 
during cell death (e.g., tumor lysis syndrome); hypo
parathyroidism; or iatrogenically through the adminis
tration of phosphatecontaining enemas.34 Phosphate 
concentration is normally higher in dogs up to 1 year of 
age due to rapid bone turnover; therefore, adult dog 
reference intervals usually underestimate the normal 
growing dog’s phosphorous concentration.34 Toxicities 
with vitamin D–containing rodenticides, antipsoriasis 
creams (e.g., calcipotriol and calcipotriene), or zinc 
phosphide (a pesticide used in gopher bait) can cause 
serious and potentially fatal elevations in phosphorus.34

obtained via ES are generally higher than those obtained 
via FF or ISE.2 Because ES potassium concentration 
measurement can show more variation than other 
methods, plasma potassium levels should be submitted 
for ISE analysis to a reference laboratory in patients with 
severe hemolysis or hyperbilirubinemia if the available 
POC analyzer utilizes ES.

Samples anticoagulated with heparin can cause dilu
tion and artifactual lowering of potassium concentra
tions.8 Syringes should be prepared for blood sampling 
utilizing the “evacuated syringe” technique (see Protocol 
49.1).8 Use of a commercially available syringe coated 
with lyophilized 40 IU/mL heparin is also an option to 
avoid dilutional artifact.8

Phosphorus
Phosphate is a vital intracellular ion in many physiologic 
processes including maintenance of cell membrane 
integrity, enzyme activation and deactivation, acidbase 
balance, clot formation, and energy production and 
use.33,34 Most of the phosphorus in the body is within 
the mineralized bone matrix with the remainder mostly 
intracellular.33,34 Only a small portion (<1%) is present 
in the extracellular fluid.33,34 Only a third of total plasma 
phosphorus, in the form of inorganic phosphate, is mea
sured by chemistry analyzers.34 Similar to potassium, 
changes in total body stores of phosphorus are not nec
essarily reflected in blood phosphate levels.33,34 An ele
vated measured phosphorus concentration may occur in 
situations of normal or low total body phosphorus 
stores.33 Transcellular shifts contribute to many of the 
alterations seen in phosphate concentrations measured 
in critically ill patients.33,34

Hypophosphatemia can be due to a number of disease 
processes as well as secondary to treatment of various 
disease states. It can be seen in patients with decreased 
intestinal absorption, increased renal losses, hypomag
nesemia, rapid tissue regeneration (i.e., liver regenera
tion after an episode of acute hepatic failure), head 
trauma, hypothermia, and shifting of phosphorus into 
cells with respiratory alkalosis, metabolic acidosis, or 
insulin or dextrose administration (particularly in dia
betic ketoacidosis).33,34 Respiratory alkalosis with associ
ated hypophosphatemia can be seen in critically ill 
patients who are hyperventilating as a result of pain, 
anxiety, fever, or seizures.33 Treatment of patients with 
phosphatebinding antacids (e.g., aluminum hydroxide) 
or aggressive diuresis in the face of decreased intake can 
result in hypophosphatemia.34

Clinical signs generally do not occur unless hypo
phosphatemia is severe.33,34 The most significant clinical 
sequelae of hypophosphatemia are decreased delivery of 
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Hypocalcemia is common in critically ill humans  
and has been documented in hospitalized dogs and 
cats.37,38 It can occur in many disease states such as renal 
failure, diabetic ketoacidosis, pancreatitis, eclampsia, 
malabsorptive syndromes, feline lower urinary tract 
obstruction, ethylene glycol toxicity, tumor lysis syn
drome, hypomagnesemia, and sepsis.39 The systemic 
inflammatory response syndrome in a number of disease 
states including neoplasia, trauma, and gastrointestinal 
disease seems to be linked to hypocalcemia.38 Iatrogenic 
causes of hypocalcemia include parathyroidectomy, 
phosphate enema, sodium bicarbonate, and furosemide. 
Multiple blood transfusions can cause hypocalcemia 
because the anticoagulant in the blood products chelates 
calcium.39

Clinical sequelae of hypocalcemia include restlessness 
or excitation, facial rubbing, muscle tremors, tetany, sei
zures, tachycardia, hyperthermia, and cardiopulmonary 
arrest.39 Hypotension has been documented in human 
patients.39 ECG changes include a prolonged QT inter
val.39 Symptomatic hypocalcemia is life threatening and 
should be treated. Emergent treatment involves intrave
nous administration of 10% calcium gluconate at a dose 
of 1.0–1.5 mL/kg over 20–30 minutes with continuous 
ECG monitoring to watch for bradycardia.14 If bradycar
dia occurs, the infusion should be discontinued until a 
normal heart rate returns.14 Severe cases may require a 
constant rate infusion of 10% calcium gluconate (5–
10 mL/kg over 24 hours) or repeated doses every 6–8 
hours.14 Calcium solutions should not be added to 
bicarbonatecontaining solutions because calcium car
bonate can precipitate.14 Careful monitoring of ionized 
calcium levels to watch for overcorrection and repeated 
patient assessment for the clinical signs of hypercalce
mia or relapsing hypocalcemia are necessary.14

Calcium concentration measurement

Calcium can be measured as either total calcium (tCa, a 
reflection of all three forms in plasma) or iCa++. Total 
calcium can be affected by protein concentration, as a 
portion of total calcium is protein bound. Historically, 
formulas were created to correct total calcium for the 
influence of hypoalbuminemia as a clinically appropri
ate way to assess calcium.11,37 These formulas have since 
been shown to cause spurious interpretation of calcium 
levels in the face of hypoproteinemia.11,37 Total calcium 
measurements correlate poorly with ionized calcium in 
situations of renal insufficiency and acidbase imbal
ance.4,12 Total calcium measurement can also be spuri
ously affected by hemolysis, hyperbilirubinemia, and 
lipemia.11 Ionized calcium assessed by ISE, which mini
mizes interference by other ions, protein, hemolysis, and 

Clinical signs of hyperphosphatemia include weak
ness, tetany, seizures, tachycardia, and torsades de 
pointes, a potentially fatal cardiac dysrhythmia.34 Initial 
treatment should directly address severe sequelae of 
hyperphosphatemia such as seizures and torsades de 
pointes. Following stabilization, therapy to lower phos
phorus concentrations includes diuresis with crystalloid 
therapy and potentially dextrose administration to drive 
phosphorus into cells.34

Phosphate concentration measurement

Phosphate should be measured on serum or heparinized 
plasma using enzymatic spectrophotometry or flame 
photometry.33,35 Citrate, oxalate, and EDTA can interfere 
with the enzymatic assays and should therefore not be 
used.33 Hemolysis of the sample causes artifactual hyper
phosphatemia as inorganic phosphate is released from 
red blood cells and quantified along with the serum 
fraction. Similar to potassium, serum or plasma should 
be separated from cells within 1 hour of sampling to 
prevent leakage of cellular phosphorus into the sample.33 
Hyperlipidemia and hyperbilirubinemia may falsely 
decrease the phosphate concentration due to interfer
ence with colorimetric determination.

Calcium
Like phosphorus, most of the body’s calcium is stored 
in bone with <1% readily available in plasma. Calcium 
exists in three forms in plasma or serum: ionized or 
“free” calcium (iCa++), complexed or chelated calcium 
bound to other substances such as phosphate and sulfate, 
and proteinbound calcium.11 Ionized calcium is the 
biologically active form of calcium and has a role in 
many physiologic functions including intra and extra
cellular messaging, cardiac conduction, and muscle 
contraction.36

The most common cause of hypercalcemia in veteri
nary patients is neoplasia, specifically lymphoma.14,36 
Other neoplasms can cause hypercalcemia as well.14,36 
Other causes of hypercalcemia include renal failure, 
hyperparathyroidism, hypoadrenocorticism, and sys
temic pyogranulomatous disease.14,36 Toxicities that can 
result in hypercalcemia include vitamin D rodenticides, 
antipsoriasis creams (e.g., calcipotriol, calcipotriene), 
and dayblooming Jessamine ingestion.14

Hypercalcemia results in nausea, anorexia, abdominal 
pain, constipation, polyuria and polydipsia, and soft 
tissue mineralization.14 It is treated with promotion of 
calciuresis by intravenous fluid therapy, furosemide and 
glucocorticoids, treatment of the underlying cause, and 
medications to inhibit bone resorption (e.g., calcitonin 
and bisphosphonates).14
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stopper can be placed on the needle if the sample cannot 
be placed directly into the cartridge or analyzer.

Calcium concentration also changes with time after a 
sample has been collected as cells undergo metabolism 
and produce lactic acid, which drops the pH in the 
sample.3 Various studies have demonstrated slightly dif
ferent results regarding the length of time an ionized 
calcium sample is stable at varying temperatures, but 
conservative collective interpretation of these studies 
indicates that if a sample is not analyzed within 8 hours 
of collection it should be refrigerated (4°C) for up to 48 
hours or frozen at −20°C for up to 1 week.3,4,12

Sodium and lithium heparin bind or chelate calcium, 
which causes ionized calcium to drop.3,8,11 Zinc heparin 
displaces calcium from binding sites and causes ionized 
concentrations to increase.11 Oxalate, citrate, and EDTA 
also bind calcium. Therefore, none of these anticoagu
lants should be used when collecting a sample for mea
surement of ionized calcium concentration.11 It has been 
shown that 40 IU/mL of dry coated lithium heparin 
syringes or 30 IU/mL self prepped liquid sodium 
heparin syringes do not cause significant dilution or 
binding of ionized calcium.3 One study recommended 
using ≤15 IU/mL of heparin or less to assess ionized 
calcium or magnesium accurately.8

Ionized calcium concentrations are lower in plasma 
than in whole blood or serum.4,12 This may be due to 
increased exposure time to heparin, causing increased 
calcium binding to heparin.4,12 These authors recom
mend utilizing either nonanticoagulated whole blood 
or low concentration (≤30 IU/mL) heparin anticoagu
lated whole blood for measurement of ionized calcium 
concentrations. Samples must be run relatively quickly 
after they are obtained to avoid premature clotting or 
prolonged exposure to heparin. One can use whole 
blood to measure calcium concentration utilizing the 
Vetscan iSTAT 1 analyzer to avoid error caused by anti
coagulant, but efficient sampling and running are neces
sary to avoid clotting of the sample. Most other POC 
analyzers that measure ionized calcium require antico
agulation (Table 49.1), and low concentration (≤30 IU/
mL) heparin should be used. Animals with hypercoagu
lable states and cats are more likely to clot prematurely 
(Vetscan iSTAT 1, user guide). Samples obtained from 
animals with a known or suspected hypercoagulable 
state should be anticoagulated with a low (≤30 IU/mL) 
concentration of heparin.

Magnesium
Magnesium is a predominantly intracellular ion distrib
uted mostly in bone and muscle. Similar to calcium and 
phosphorus, approximately 1% exists in plasma and 

lipemia, is considered the most accurate and clinically 
appropriate measurement of calcium.11,37

Measurement of ionized calcium must be carefully 
planned and performed due to potential artifact associ
ated with exposure to air, the anticoagulant used, hemo
dilution with the anticoagulant, and alterations in 
ionized calcium with prolonged handling time. Calcium 
can be measured in whole blood, plasma, or serum, but 
reference ranges for each sample type may vary slightly 
depending on the analyzer used.

Ionized calcium concentration is affected by pH 
because hydrogen ions compete with iCa++ for binding 
sites on albumin and displace ionized calcium from the 
protein.10,11 Acidemia, therefore, is associated with an 
elevated ionized calcium concentration. Exposure of the 
sample to air decreases the sample’s carbon dioxide 
tension, raising its pH and falsely lowering the ionized 
calcium concentration.3,4,11,12 The change in ionized 
calcium with exposure to air appears to be about 7.2% 
and will only cause spurious results if a patient has a 
mildly elevated or low end of normal calcium concen
tration.10 It has been found that there is acceptable cor
relation between iCa concentration measurements 
sampled anaerobically and those measured aerobically 
with correction to a pH of 7.4.11 Automatic correction 
utilizing formulas based on the predictable linear change 
in ionized calcium with changes in pH are available with 
some POC analyzers.4,8,11 One must be very careful in 
veterinary medicine, however, because most POC ana
lyzers are using an algorithm to correct the iCa to a pH 
of 7.4 based on human data that are not validated in 
dogs and cats.4,8,11 If an analyzer has an algorithm for iCa 
correction to a pH of 7.4 that has been validated in dogs 
and cats, corrected aerobic measurements can be con
sidered accurate. In most cases, however, this is not the 
case, and these authors recommend strictly anaerobic 
sampling for measurement of iCa concentrations.

Anaerobic blood sampling is best performed utilizing 
Vacutainer tubes (Becton Dickinson, Franklin Lakes, 
NJ). Silicone serum separator tubes should be avoided 
because the silicone releases calcium and falsely increases 
the ionized calcium value.11 Once the blood is clotted, 
the sample is centrifuged for serum separation. Serum 
can be removed from the tube using a spinal needle 
attached to a nonaircontaining syringe through the 
redtop stopper without exposing the sample to air.11 
Anaerobic sampling can also be achieved through the 
use of a sampling line (a central venous catheter or arte
rial catheter). Anaerobic sampling from a sampling line 
involves letting the syringe fill with arterial pressure if 
utilizing an arterial line and gentle negative pressure 
avoiding air bubbles or air spaces from a venous sam
pling line (Vetscan iSTAT 1, user guide). A rubber 



648  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

and hypotension.24,40 ECG changes include a prolonged 
PR interval and widened QRS complexes.40 Severe 
hypermagnesemia can cause respiratory depression to 
apnea, coma, and cardiac arrest.40 Therapy for hyperma
gnesemia includes diuresis with fluid therapy and poten
tially furosemide.24,40 Calcium gluconate therapy should 
be used in severe cases if severe obtundation, respiratory 
depression, hemodynamic instability, or arrhythmias are 
present.24,40

Magnesium concentration measurement

Because magnesium is primarily intracellular, it is still 
unclear which clinical magnesium sample best reflects 
total body stores.44 Clinicopathologic options for mag
nesium concentration quantification include ionized 
magnesium, total serum or plasma magnesium, intra
cellular quantification of magnesium, and magnesium 
clearance tests whereby a quantity of magnesium is 
administered and the percentage excreted is thought to 
reflect the total body stores. A study evaluating intracel
lular versus total serum magnesium in dogs with gastric 
dilatation and volvulus demonstrated no correlation 
between the two sampling methods.45 Because ionized 
magnesium is the biologically active form, and total 
magnesium concentration is influenced by factors 
similar to those that affect total calcium concentration 
(protein concentration, renal function, and acidbase 
balance), ionized magnesium concentration is theoreti
cally the POC analyte of choice.3,4,46 Ion selective elec
trode assay is the method of choice for determining 
magnesium concentration because there is less interfer
ence caused by icterus, lipemia, and hemolysis.37

Sample handling and causes of artifact are very similar 
for ionized magnesium as they are for ionized calcium. 
Aerobic sampling causes artifactual decreases in iMg++ 
due to an increased pH and increased protein binding.4 
Both lithium and zinc heparin formulations can inter
fere with the magnesium electrode and cause falsely 
elevated iMg++ concentrations.4,12 Serum values of iMg++ 
may be higher than for whole blood or plasma due to 
possible release of magnesium from platelets during 
clotting. Despite this, anaerobically obtained serum 
samples are considered the most accurate for determina
tion of magnesium and calcium concentrations due to 
lack of dilution, binding, or interference from antico
agulant. Sample storage for measurement of magnesium 
is similar to that for calcium: Ionized magnesium con
centration should be analyzed within 8 hours if kept at 
room temperature (22°C), within 24 hours if kept at 
4°C, and within 1 week if stored at −22°C.4 Ionized mag
nesium concentration dropped with time if samples 
were held too long or were stored inappropriately. Feline 

interstitial body fluid.40 The plasma component has 
three portions: ionized (iMg++), protein bound, and 
complexed to molecules such as phosphate and bicar
bonate.40 Ionized magnesium is the active form.40 Mag
nesium functions mainly in the production and use of 
energy, maintenance of the sodiumpotassium gradient 
across cell membranes, regulation of intracellular 
calcium, and muscle and cardiac contraction.40

Hypomagnesemia is a common condition in critically 
ill humans, dogs, and cats.40–42 It is linked to a number 
of other electrolyte disorders including hypokalemia, 
hypocalcemia, hypophosphatemia, and hyponatremia.40 
Causes of hypomagnesemia include increased gastroin
testinal losses, decreased intake or malabsorption, acute 
pancreatitis, renal disease, diabetic ketoacidosis, hyper
thyroidism, hyperparathyroidism, sepsis, hypothermia, 
and massive blood transfusion.40 Iatrogenic causes of 
hypomagnesemia include insulin administration causing 
intracellular shifts and increased renal losses of mag
nesium due to the administration of furosemide and 
osmotic agents such as mannitol.24,40

Clinical sequelae of hypomagnesemia include cardiac 
arrhythmias, anemia, neuromuscular weakness that can 
manifest as dysphasia or dyspnea if esophageal or respi
ratory muscles are affected, muscle twitching, ataxia, 
seizures, coma, refractory hypokalemia, and hypocalce
mia.24,40 ECG changes include prolonged PR interval, 
widened QRS complex, depressed ST segment, and a 
tented T wave.40 Multiple arrhythmias can occur, one of 
which is torsades de pointes.40 Treatment of hypomag
nesemia involves the parenteral administration of mag
nesium sulfate at a rate determined by the degree of 
depletion and the estimated rate of ongoing losses (dose 
range: 0.3–1.0 mEq/kg/day).24,40 Magnesium supple
mentation can cause burning at the catheter site,  
cutaneous vasodilation, and hypotension.40 Iatrogenic 
overdose of magnesium can cause vomiting, hypoten
sion, bradycardia, flaccid paralysis, and severe mental 
obtundation.43 Intravenous calcium gluconate counter
acts the physiologic effects of magnesium and can be 
used along with 0.9% saline diuresis to reverse these 
complications.43

Hypermagnesemia appears to be less common than 
hypomagnesemia.40–42 It is most commonly caused by 
decreased renal clearance due to renal disease but can 
also be seen with some endocrinopathies such as dia
betic ketoacidosis, hypoadrenocorticism, and thyroid 
disorders.24,40 Hypermagnesemia can be caused iatroge
nically through multiple doses of magnesiumcontaining 
cathartics or overdosing parenteral magnesium  
formulations.24,40,43

As noted in the description of magnesium overdose, 
hypermagnesemia can cause obtundation, weakness, 
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110–114.

29. Bissett SA, Lamb M, Ward CR. Hyponatremia and hyperkalemia 
associated with peritoneal effusion in four cats. J Am Vet Med 
Assoc 2001;218(10):1590–1592.

30. Carvalhanna V, Burry L, Lapinsky SE. Management of severe 
hyperkalemia without hemodialysis: case report and literature 
review. J Crit Care 2006;21:316–321.

31. Sowinski KM, Cronin D, Mueller BA, et al. Subcutaneous terbu
taline use in CKD to reduce potassium concentrations. Am J 
Kidney Dis 2005;45(6):1040–1045.

32. Haldane S, Graves TK, Bateman S, et al. Profound hypokalemia 
causing respiratory failure in a cat with hyperaldosteronism. J Vet 
Emerg Crit Care 2007;17(2):202–207.

33. Visser’t Hooft K, Drobatz KJ, Ward CR. Hypophosphatemia. 
Compend Contin Educ Pract Vet 2005;27(12):900–910.

34. Schropp DM, Kovacic J. Phosphorus and phosphate metabolism 
in veterinary patients. J Vet Emerg Crit Care 2007;17(2): 
127–134.

35. Melton LA, Tracy ML, Moller G. Screening trace elements and 
electrolytes in serum by inductivelycoupled plasma emission 
spectrometry. Clin Chem 1990;36:247–250.

36. Messinger JS, Windham WR, Ward CR. Ionized hypercalcemia in 
dogs: a retrospective study of 109 cases (1998–2003). J Vet Intern 
Med 2009;23:514–519.

37. Sharp CR, Kerl ME, Mann FA. A comparison of total calcium, 
corrected calcium, and ionized calcium concentrations as  
indicators of calcium homeostasis among hypoalbuminemic 
dogs requiring intensive care. J Vet Emerg Crit Care 2009;19(6): 
571–578.

38. Holowaychuk MK, Hansen BD, DeFrancesco TC, et al. Ionized 
hypocalcemia in critically ill dogs. J Vet Intern Med 2009;23: 
509–513.
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samples were found to be stable for 24 hours at 22°C, 72 
hours at 4°C, and 4 weeks at −20°C.46
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50
Acid-base evaluation

Steve C. Haskins

Overview of acid-base interpretation

Acid-base evaluation should be performed in any patient 
with a serious metabolic disturbance (Box 50.1). In these 
patients, the magnitude of acid-base derangement is  
difficult to ascertain by clinical signs alone, and the  
measurement of acid-base status is an important com-
ponent of the initial assessment and ongoing patient 
monitoring.

The pH is a unitless expression of the hydrogen ion 
concentration. Normal plasma pH is about 7.40 ± 0.5 
units. Values <7.35 represent an acidemia, whereas 
values >7.45 represent an alkalemia. Aberrations of 
pH are due to either respiratory or metabolic distur-
bances. The respiratory contribution to the acid-base 
disturbance is defined by arterial PCO2. Normal PaCO2 
is about 40 ± 5 mm Hg (cats may be slightly lower) 
(Table 50.1). Values <35 mm Hg represent a respiratory 
alkalosis; values >45 mm Hg represent a respiratory 
acidosis. The metabolic component is best represented 
by the base deficit/excess calculation (SBE or BEecf) on 
analyzer printouts. Surrogate markers for BD/E include 
plasma standard bicarbonate concentration, bicarbon-
ate concentration, and total carbon dioxide. The BD/E 
ranges between 0 and −4 mEq/L in dogs (cats may 
be slightly lower); normal plasma bicarbonate concen-
tration ranges between 20 and 24 mEq/L, and total 
carbon dioxide concentration between 21 and 25 mEq/L 
(cats may be slightly lower). BD/E values more nega-
tive than the normal range or values below the normal 
range for any of the surrogate markers represent a meta-
bolic acidosis; BD/E values more positive than the 
normal range or values above the normal range for  

any of the surrogate markers represent a metabolic 
alkalosis.

Sampling and storage of blood for acid-base 
measurement

Normal acid-base values are referenced to arterial blood, 
which should be used when evaluating the ability of the 
lung to oxygenate the blood (see Chapter 22, Blood Gas 
Analysis, for more information). For acid-base measure-
ments, venous blood can generally be used. Venous pH 
tends to be 0.03–0.05 units lower, PCO2 3–5 mm Hg 
higher, bicarbonate 1–2 mEq/L higher, and base deficit 
1 mEq/L lower than arterial blood.4,7 Unfortunately, 
certain common events in critically ill animals can 
increase the disparity between arterial and venous blood 
values: sluggish peripheral blood flow8 and cardiac 
arrest,9 and impaired carbon dioxide carriage (anemia,10 
administration of carbonic anhydrase inhibitor) increase 
PCO2 and decrease pH in venous blood compared with 
arterial blood.

The technique for collecting a blood sample for pH 
and blood gas analysis is outlined in Protocol 50.1. Dilu-
tion of the blood sample by anticoagulant should be 
minimized. Heparin solution has a pH of about 6.66 and 
a PCO2 of about 5 mm Hg.11 The dead space of a 3-mL 
syringe and needle is about 0.094 mL,11 which represents 
a 9.4% dilution of a 1 mL blood sample and a 3.1% dilu-
tion of a 3 mL blood sample. After drawing liquid 
heparin into the syringe, evacuate as much of it as pos-
sible; there will still be sufficient heparin remaining to 
anticoagulate the blood sample.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.
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Table 50.1 Arterial acid-base values for normal individuals

Human1 Dog2–4 Cat3,5,6

pH 7.40 (7.35–7.45) 7.39 (7.35–7.43) 7.39 (7.33–7.45)
PaCO2, mm Hg 40 (35–45) 37 (31–43) 32 (26–38)
Base deficit, mEq/L 0 (−2 to +2) −2 (+1 to −5) −6 (−3 to −9)
Bicarbonate concentration, mEq/L 24 (22–26) 22 (19–25) 18 (15–21)

Blood should be collected anaerobically. Exposure to 
small air bubbles allows equilibration of gases between 
the blood and the air, which has a PCO2 of about 
0.275 mm Hg and a PO2 of about 160 mm Hg. Air 
mixing will lower the partial pressure of carbon dioxide, 
which will change the pH.

The sample should be analyzed as soon as possible 
after collection to minimize in vitro changes due to 
metabolism and diffusion of gases into and through the 
plastic wall of the syringe. Although this is particularly 
important for PO2 measurements, it is also somewhat 
true for PCO2 and pH. In vitro metabolism by nucleated 
cells increases the PCO2. Diffusion of carbon dioxide 
into and through the walls of the plastic container 
decreases the PCO2. If the time to analysis is greater than 
about 10 minutes, the blood sample should be stored in 
ice water.12 Ice water storage for as long as 6 hours has 
been reported to result in very little change in PCO2 and 
pH values.13 Samples can be stored in screw-top or 
vacuum heparin collection tubes for at least 30 minutes 
with minimal changes in measured values.14 Repeated 
measurements from the same syringe or container will 
result in changed values due to the repeated exposure of 
the blood sample to room air.14

If air is accidentally drawn into the analyzer during 
sample aspiration/insertion, pH and PCO2 values may 
be erroneous. Measurements marked with error codes 
on the analyzer printout should be repeated. Measure-
ments that seem unbelievable should not be believed 
and should be repeated.

Blood gases are measured at the temperature of the 
blood gas analyzer water bath, which is usually set at 
37°C. When the animal’s body temperature is lower than 
the water bath, the PO2 and PCO2 will increase and the 
pH will decrease when the blood sample is warmed to 
37°C for analysis. The patient’s temperature should 
always be input at the time of sample analysis so that the 
analyzer can calculate and report the values corrected to 
the patient’s body temperature in addition to those mea-
sured at 37°C (the magnitude of temperature-induced 
changes can be readily observed). If one wants to know 
the values in the patient at the time of sampling, the 
temperature-corrected values should be used. This may 
be important if one is tracking blood gas and acid-base 
changes over time, which is also associated with chang-
ing body temperature. Published normal reference 
values were established for normothermic patients, 
however, and perhaps characterization of acid-base 

Box 50.1 Interpretation of acid-base measurements
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Protocol 50.1 Protocol for collecting a blood sample for pH 
and blood gas analysis

Items Required
• Use either a commercial blood gas syringe with dry 

anticoagulant or prepare a sampling syringe by drawing 
an aliquot of liquid heparin solution into it and then 
blowing as much of the liquid heparin out of the dead 
space of the syringe as possible.

• If blood is to be taken from a catheter: (1) use a 
separate syringe with about 1 mL of heparinized saline 
to scavenge fluid and blood from the catheter prior to 
sample collection; (2) use a separate syringe with about 
3 mL of heparinized saline to flush the catheter after 
the scavenged fluid and blood has been returned to the 
patient.

Procedure
Blood taken via direct vessels puncture:
1. Gather supplies.
2. Perform hand hygiene.
3. Clip the hair and aseptically prepare the skin over the 

intended puncture site.
4. Aseptically puncture the vessels and anaerobically 

obtain at least a 1 mL blood sample.
Blood taken from a catheter:
1. Scrub the injection port with antiseptic solution. The 

fluid infusion must be stopped.
2. Remove at least 3 mL of fluid and blood from the 

catheter so you can obtain a pure blood sample.
3. Take at least a 1 mL blood sample.
4. Return the scavenged fluid and blood to the patient.
5. Flush the catheter with heparinized saline.
Storage and analysis:
1. Analyze the samples immediately.
2. If the sample cannot be analyzed within 10 minutes, 

store it in ice water.
3. Mix the sample prior to analysis by vigorously rolling the 

syringe between your hands.
4. Insert the blood anaerobically into the analyzer as per 

the manufacturer’s guidelines.
5. Input the patient’s identification and temperature.

status and therapeutic decisions should be based on the 
values as measured at 37°C.

Hydrogen ion concentration

Hydrogen ions are highly reactive with anionic regions 
of macromolecules like proteins. This interaction 
changes charge distribution within the protein resulting 
in a change in conformation and function of the protein. 

Changing the catalytic activity of protein enzymes alters 
many physiologic cell functions such as mentation, 
hemoglobin affinity for oxygen, myocardial contractility 
and other skeletal muscle function, vasomotor tone and 
other smooth muscle function, coagulation, inflamma-
tion, digestion, hepatic metabolism, and renal excretion. 
Enzyme systems are most active within a narrow pH 
range and become inactive when the hydrogen ion con-
centration varies too far from normal. All aspects of cell 
function depend on a fairly normal hydrogen ion 
concentration.

The pH is a convenient negative logarithmic expres-
sion of the hydrogen ion concentration (or, more spe-
cifically, activity) that compresses a very wide range of 
hydrogen ion activities into a scale that is much easier 
to use (Appendix 50.1). The logarithmic pH scale is also 
useful clinically because the physiologic effects of 
changes in pH is more linearly related to pH than it is 
to hydrogen ion concentration (i.e., a pH decrease of 0.2 
units would be similarly disruptive to cellular function 
as would an increase of 0.2 units even though the cor-
responding change in hydrogen ion concentration is 
dramatically different).

The pH is the net balance of all of the acids (hydrogen 
ion donors) and all of the bases (hydrogen ion accep-
tors) in the body at any point in time. Hydrogen ion 
concentration depends on the balance between intake 
and elimination of acids and bases. Buffers are acid-base 
pairs that cushion the effect on pH of a given acid or 
base load; they do not change the direction of change, 
just minimize the magnitude of change (Appendix 
50.2). The pH is regulated by a respiratory component 
(carbonic acid) and a metabolic component (all of the 
other acids and bases).

The respiratory component of the  
acid-base balance

Carbonic acid (H2CO3) is in a two-way equilibrium with 
carbon dioxide and water, and with hydrogen and 
bicarbonate:

CO H O H CO H HCO2 2 2 3 3+ ↔ ↔ ++ −  (50.1)

Each reaction obeys the law of mass action.* The left-
hand reaction is between carbon dioxide and water, and 
carbonic acid. This reaction is greatly accelerated by  

* All reactions have a proportional equilibrium (which depends on 
temperature and the environmental pH relative to the pK of the reac-
tion). When reactant is added to one side of an equilibrium, some  
of it will move to other side so as to reestablish the proportional 
equilibrium.
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tion, which increases cerebral blood flow that may be 
harmful in patients with intracranial disease. With 
proper support and time for compensation, and in 
patients without intracranial disease, considerably 
higher PCO2 values may be permissible without appar-
ent harm to the patient.

The first treatment for hypercapnia is effective treat-
ment for the underlying disease process that is causing 
the hypoventilation (relief or bypass of airway obstruc-
tions, removal of pleural filling disorders, etc.). The 
symptomatic therapy for hypoventilation is positive 
pressure ventilation until such time as effective treat-
ment of the underlying disease can be implemented. The 
general guidelines for positive pressure ventilation of 
animals with relatively normal lungs are outlined in Box 
50.3: (1) peak proximal airway pressure: 10–15 cm H2O; 
(2) tidal volume: 10–15 mL/kg; (3) inspiratory time: 
about 1 second (just long enough to achieve a full tidal 
volume); (4) ventilatory rate: 10–15 times per minute; 
(5) minute ventilation: 150–250 mL/kg/minute. Dis-
eased lungs are stiffer (less compliant) than normal 
lungs, and ventilator settings (except tidal volume) will 

carbonic anhydrase (located in red blood cells, renal 
tubular epithelial cells, and intestinal epithelial cells 
where rapid fluxes are important). When carbon dioxide 
increases, some of the CO2 will combine with H2O to 
form H2CO3. When H2CO3 increases, it will dissociate 
into hydrogen and bicarbonate in a 1:1 ratio. This is very 
acidifying because the normal H+:HCO3

− ratio (at 7.4) 
is about 0.00000167:1.

The respiratory contribution to the acid-base balance 
is defined by the PaCO2. The medullary respiratory 
centers regulate PaCO2 by adjusting alveolar minute 
ventilation. PaCO2 is the marker of alveolar ventilation 
and of the respiratory contribution to the pH. Carbon 
dioxide production does not vary enough in compari-
son with how much ventilation can change (except in 
malignant hyperthermia) to be a material player in 
determining PaCO2.

Surrogate markers of PaCO2: venous PCO2 
(PvCO2) and end-tidal PCO2 (PetCO2)
When arterial blood is not available, venous blood may 
be used for PCO2 measurements. PvCO2 values are nor-
mally 3–5 mm Hg higher than PaCO2 (due to tissue 
metabolic CO2 production). The arterial-venous gradi-
ent is not a fixed value, however, and it can increase in 
common disease states such as hypovolemia and anemia. 
PvCO2 is actually a marker of tissue PCO2, which in turn 
is the balance between PaCO2, metabolic CO2 produc-
tion, and tissue perfusion. Changes in PvCO2 will lag 
behind changes in PaCO2 in transition states (e.g., acute 
hyperventilation following prolonged hypoventilation).

When a blood gas analyzer is not available, PetCO2 
may be used as a surrogate marker of PaCO2. Normally 
PetCO2 is only about 3–5 mm Hg below PaCO2 (due to 
lung regions with high ventilation to perfusion ratios). 
PetCO2 values are disproportionately lower than PaCO2 
when there is increased alveolar dead space ventilation 
(hypovolemia, pulmonary thromboembolism, or PPV 
with large tidal volumes) and tachypnea when there is 
mixing of anatomic dead space gases and functional 
alveolar space gases. See Chapter 26, Capnography, for 
more information about PetCO2.

Respiratory acidosis
The causes of respiratory acidosis are cited in Box 50.2. 
PaCO2 values >45 mm Hg define hypoventilation and 
respiratory acidosis; PaCO2 >60 mm Hg may warrant 
treatment. Without supplemental oxygen therapy, this 
magnitude of hypoventilation is likely to be associated 
with hypoxemia. Without metabolic compensation, this 
magnitude of respiratory acidosis may be associated 
with a pH < 7.2. Hypercapnia causes cerebral vasodila-

Box 50.2 Cause of respiratory acidosis/alkalosis

Respiratory acidosis (hypercapnia)
• Hypoventilation
• Neuromuscular disease
• Airway obstruction
• Open pneumothorax or flail chest
• Anterior displacement of the diaphragm by abdominal 

space filling disorders
• Pleural space filling disorders
• Pulmonary parenchymal disease (late)
• Compensation for metabolic alkalosis
• Carbohydrate-rich IV feeding solutions in debilitated 

patients
• Bicarbonate therapy in patients with respiratory 

compromise
• Rebreathing of just exhaled alveolar gases due to 

mechanical dead space
• Malignant hyperthermia
Respiratory alkalosis
• Hypotension
• Fever and heat-induced illness
• Systemic inflammatory response and sepsis
• Excitement and exercise
• Pain
• Pulmonary thromboembolism
• Pulmonary parenchymal disease (early)
• Inappropriate ventilator settings
• Compensation for metabolic acidosis
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Overview of markers of the  
metabolic component
Bicarbonate

Plasma bicarbonate concentration is the time-honored 
overview marker of the metabolic contribution to acid-
base balance. Bicarbonate is intimately associated  
with hydrogen in the carbonic acid equilibration equa-
tion and in the carbonic acid–bicarbonate buffer system 
(Eq. 50.1). The hydrogen ion of any added acid will  
bind with bicarbonate to form carbonic acid, which  
dissociates to carbon dioxide and water; the carbon 
dioxide is eliminated by alveolar ventilation (Fig. 50.1). 
Because it is ventilated to the atmosphere, carbon 
dioxide does not pile up on the left side of the carbonic 
acid equilibration; this allows bicarbonate buffering of 
additional lactic acid. Because the carbonic acid–
bicarbonate buffer system is open ended, it is quantita-
tively the most powerful buffer system in the body. The 
binding of bicarbonate by the hydrogen of any acid will 
decrease the plasma bicarbonate concentration, which 
then can be used as a marker of the magnitude of the 
acidosis.

In a pH and blood gas analyzer, pH and PCO2 are 
measured and bicarbonate concentration is calculated 
via the Henderson-Hesselbach equilibration:

pH HCO H CO= − log( / )3 2 3  (50.2)

There will be no error in the bicarbonate calculation; 
there can be only one bicarbonate concentration for the 
measured pH and PCO2 values. If there were errors in 
sampling, storage, or measurement, there may, however, 
be unrepresentative pH or PCO2 measurements that 
would, in turn, lead to incorrect bicarbonate concentra-
tion calculation.

Dogs normally have a bicarbonate concentration in 
the range of 20–24 mEq/L; cats are slightly lower (16–
20 mEq/L) (Table 50.1). Values below these respective 
ranges represent hypobicarbonatemia and serve as a 
marker of metabolic acidosis; values above these ranges 

probably need to be higher than those for normal lungs. 
The primary ways to improve ventilation are to increase 
respiratory rate or proximal airway pressure. Tidal 
volumes should not be increased above normal when 
there is diffuse lung disease because this predisposes to 
ventilator-induced lung damage.15 Inspired oxygen, end-
expiratory pressure, and inspiratory time are alterable 
parameters that primarily affect oxygenation and may 
have little on PCO2. Make sure there is patient synchrony 
and that other untoward events (hyperthermia, pneu-
mothorax) are not present. See Chapter 27, Mechanical 
Ventilation, for more information regarding positive 
pressure ventilation.

Respiratory alkalosis
The causes of respiratory alkalosis are listed in Box 50.2. 
PaCO2 values <35 mm Hg define hyperventilation and 
respiratory alkalosis; PaCO2 <20 mm Hg may warrant 
treatment. This magnitude of hypocapnia may be asso-
ciated with cerebral vasoconstriction and cerebral 
hypoxia. Without metabolic compensation, a PaCO2 
<20 mm Hg may be associated with a pH > 7.6. The mus-
cular effort necessary to maintain the hyperventilation 
may be associated with disproportionately high oxygen 
consumption. The first and only treatment for hypocap-
nia is effective treatment for the underlying disease 
process that is causing the hyperventilation.

The metabolic component of the acid-base 
balance

In contrast to the respiratory component, the metabolic 
component includes many acids and has many markers. 
This complexity has spawned a number of different ways 
by which its contribution to the acid-base balance can 
be characterized.

Box 50.3 Guidelines for positive pressure ventilation

Normal lungs
• Proximal airway pressure 10–15 cm H2O
• Tidal volume 10–15 mL/kg
• Breathing rate 10–15 breaths/minute
• Inspiratory time 0.5–1 second
• Minute ventilation 150–250 mL/kg/minute
Diseased lungs
• Higher airway pressures (>15 cm H2O) and breathing rates 

(>15/minute) as necessary but with smaller tidal volumes 
(<10 mL/kg)

Figure 50.1 Lactic acid buffering by the carbonic acid-
bicarbonate buffer system: the increased hydrogen combines 
with bicarbonate to form carbonic acid. The decrease in bicarbon-
ate concentration approximately equals the increase in lactate 
concentration.

Lacticacid Æ H+ + Lactate–

CO2 + H2O ¨ H2CO3 ¨ HCO3 + Na+–
≠

Ø
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acid-base balance. Alignment nomograms were origi-
nally developed to hand-determine the base deficit/
excess and bicarbonate and total CO2 concentrations 
from the measured pH and PCO2.

16 Nowadays these 
values are calculated by the blood gas analyzer and are 
displayed and printed out for the user. Acronyms for 
base deficit/excess include SBE and BEECF.*

The normal base deficit/excess ranges between 0 and 
−4 mEq/L for the dog and between −4 and −8 mEq/L for 
the cat (Table 50.1); more negative values mark a deficit 
of base and a metabolic acidosis; more positive values 
mark an excess of base and a metabolic alkalosis.

Anion gap

The anion gap is usually calculated by the following 
equation:

Na K Cl HCO+ − − 3  (50.3)

There can be no anion gap in reality (the number of 
cations always equals the number of anions), but not all 
of them are routinely measured. In this calculation, 
Na + K normally exceeds Cl + HCO3 by 15 to 20 mEq/L.† 
Normally the negative charges on albumin comprise 
most of this apparent gap. Phosphorous and lactate 
make up a small portion of the gap in the normal animal, 
but this can increase in disease states.

An increase in anion gap is usually considered to 
mark the presence of an accumulation of unmeasured 
anions, most of which represent anions of organic acids 
such as lactic acid, ketoacids, phosphoric and sulfuric 
acids, or acid intoxicants such as glycolic acid from eth-
ylene glycol, salicylic acid from salicylate, formic acid 
from methanol, or various acidic amino acids from 
rhabdomyolysis).

Hyperalbuminemia can also cause an increase in 
anion gap associated with a metabolic acidosis. Meta-
bolic acidosis can also be caused by renal and gastroin-
testinal bicarbonate losses or hydrogen retention, 
without an increase in anion gap.

The anion gap calculation (with the standard formula) 
is difficult to interpret and rarely adds meaningful infor-

represent hyperbicarbonatemia and mark a metabolic 
alkalosis.

Standard bicarbonate

Carbon dioxide and bicarbonate are both part of the 
carbonic acid–bicarbonate equilibration equation. A 
primary change in bicarbonate does not cause a change 
in arterial PCO2 in vivo because PaCO2 is monitored 
and controlled by medullary chemoreceptors. Changes 
in PCO2 do, however, cause small changes in plasma 
bicarbonate concentration (approximately 0.15 mEq/L 
per mm Hg decrease in PCO2 below 40 and 0.075 mEq/L 
per mm Hg increase in PCO2 above 40).16 Standard 
bicarbonate is a mathematically adjusted bicarbo-
nate concentration (to a PCO2 of 40 mm Hg) to elimi-
nate the effect of changes in PCO2 on bicarbonate 
concentration.

If both standard bicarbonate and an (undesignated) 
bicarbonate concentration are available on the printout 
from the analyzer, the standard bicarbonate would be 
the more accurate representation of the metabolic con-
tribution to the acid-base balance.

Total carbon dioxide concentration

A blood gas analyzer is not always available to measure 
pH and PCO2. Total CO2 concentration can be easily 
measured and is a common component of commercial 
chemistry panels. Carbon dioxide exists in many forms 
in the plasma, almost all of which is as bicarbonate 
anion. Very small amounts exist in the form of carbonic 
acid, dissolved CO2, and as carbamino groups on various 
proteins. Total CO2 concentration is only about 1 mEq/L 
above bicarbonate concentration, and total CO2 concen-
tration can be interpreted as if it were bicarbonate con-
centration. Total CO2 has nothing to do with the partial 
pressure of CO2, and total CO2 should not be considered 
to be a surrogate marker of PCO2.

Base deficit/excess

The carbonic acid–bicarbonate buffer system is not the 
only buffer in blood; hemoglobin protein, plasma 
protein, and phosphate buffers also absorb hydrogen ion 
and also act to cushion the impact of a given load of acid 
on pH (there are also intracellular and bone buffers).

The quantitative impact of all of the buffer systems in 
whole blood has been determined by titrational experi-
ments and is termed base deficit (a deficit of base indi-
cates the presence of a metabolic acidosis) or base excess 
(an excess of base indicates a metabolic alkalosis). Base 
deficit/excess values are usually considered to be the 
most accurate index of the metabolic contribution to 

* SBE: standard base excess; the word standard implies the use of the 
in vivo buffer curve. BEECF: the “ECF” implies the use of the in vivo 
buffer curve. In both terminologies the term negative base excess is 
used instead of the term base deficit. The original experiments were 
done with blood in test tubes and constitute an in vitro buffer curve. 
The in vivo buffer curve, which incorporates the effects of dilution 
and buffering by the interstitial fluid compartment, is flatter than the 
in vitro buffer curve (less change in pH per change in bicarbonate or 
base deficit/excess).
† Sometimes potassium is eliminated from the calculation; normal 
values would then range between 10 and 15 mEq/L.
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The only difference between this SID formula and the 
traditional anion gap formula is the absence of HCO3. 
In this context one might anticipate that the criticisms 
of anion gap would also apply to SID. It has been pro-
posed that a decrease in SID can be used as a marker of 
metabolic acidosis and an increase in SID as a marker 
of metabolic alkalosis.17–19 When the decrease in SID is 
due to a decrease in bicarbonate, it is indeed associated 
with a metabolic acidosis. However, hypoalbuminemia 
also decreases SID, and this would be associated with a 
metabolic alkalosis (see “Albumin” below). Increases in 
anions of salts (such as sodium lactate or sodium acetate) 
increase both anion gap and SID calculations, but they 
have no effect per se on acid-base balance. In the end, 
SID, like anion gap, provides a broad categorization of 
underlying events and is difficult to interpret without 
any further information. Broad categorical descriptions 
of acid-base balance are of limited use and one might 
be better served to evaluate the specific contributors 
insofar as possible (see “Markers of Specific Contribu-
tors to the Metabolic Component” below).

ATOT

Strong ion difference describes an apparent gap between 
commonly measured strongly dissociated cations and 

mation to the patient assessment. First, by the time one 
has the measurements needed to calculate the anion  
gap, there is usually enough information (historical, 
physical, or laboratory) with which to define the nature 
of the metabolic acidosis. If a patient has metabolic  
acidosis and signs of poor tissue perfusion, the odds- 
on bet would be a lactic acidosis; if a patient has  
metabolic acidosis and urine ketones, a ketoacidosis; a 
metabolic acidosis and uremia, a phosphoric acidosis, 
and so on.

Second, animals rarely have a pure acidosis from a 
singular source; most acid-base derangements represent 
a variable combination of acidotic and alkalotic pro-
cesses that culminate in the measured acid-base abnor-
mality. This may have the net effect of increasing or 
decreasing the calculated anion gap, or processes may 
cancel one another out so as to result in a normal anion 
gap calculation (e.g., hypoproteinemia and lactic acido-
sis). An increased anion gap surely marks the presence 
of unmeasured anions, the acids of which are possibly 
contributing to the metabolic acidosis. A normal value 
may be normal or may represent multiple off-setting 
acid-base derangements. A decreased value surely marks 
a hypoproteinemia.

The expanded anion gap

Albumin, phosphorous, and lactate are commonly mea-
sured, and their contributions to the anion gap can be 
easily calculated (Box 50.4):

Na K Ca effect Mg effect Cl HCO

lactate albumin effect ph

+ + + − − −
− −

3

oosphate effect
 (50.4)

The expanded anion gap accounts for many of the 
usually unmeasured anions; normal values for the 
expanded anion gap range between 0 and 4 mEq/L.  
This residual anion gap is composed of the remaining 
unmeasured anions such as sulfates, ketones, and various 
amino acids. The expanded anion gap formula moves 
many of the relevant players in the anion gap calculation 
from an unknown to a known category, which allows  
for a more comprehensive evaluation of the acid-base 
status.

Strong ion difference

Strong ion difference (SID) is the difference between  
the strongly dissociated cations and the strongly dissoci-
ated anions; however the usual formula is much 
abbreviated:

Na K Cl+ −  (50.5)

Box 50.4 Calculating the expanded anion gap

AG Na K Ca effect Mg effect Cl

HCO lactate albumi
expanded

3

= + + + − −
− − nn effect phosphate effect−

For Na, K, Cl, HCO3, and lactate, use the measured value 
(mEq or mM/L).

Calcium effect ionized calcium mM L
mEq L ionized calci

= ×
=

/
/ (

2
uum may be

estimated as half of total calcium
mg/dL mM

)
( .× ≈0 3 // )L

Magnesium effect
ionized magnesium mM L
mEq L ionized m

= ×
=

/
/ (

2
aagnesium may be

estimated as half of total magnesium
mg d

)
( / LL mM L× ≈0 45. / )

Albumin effect albumin g dL  g L= × ×/ . ( / . )3 7 0 37

Phosphate effect
phosphorous mg dL mM L

=
× ×/ . ( / . )0 58 1 8
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divides the very large metabolic component of the  
traditional approach (base deficit/excess or bicarbonate) 
into two (still fairly large) subgroups. The problems 
inherent in associating a specific directional change in 
SIDapparent were discussed earlier and, again, one might 
be better served to evaluate the specific individual con-
tributors to SIDapparent and ATOT (see “Markers of Specific 
Contributors to the Metabolic Component” below).

The value of the Stewart approach might be in  
its ability to suggest directional acid-base changes when 
pH and PCO2 measurements are not available. The 
Fencl-Leith quantitative expansion of the Stewart 
approach might be useful to help define individual  
contributions to the overall base deficit/excess22,23 (see 
Box 50.5). It seems that it should not so much be  
a debate of whether to use the traditional approach  
or the Stewart approach to acid-base interpretation  
as it is a discussion of how to use them both together  
to best define the patient’s condition at the time of 
measurement.

Markers of specific contributors to the 
metabolic component
Lactate

Blood lactate concentration can now be measured  
by many commercial analyzers. In lactic acidosis, lac-
tate accumulates in the plasma as the hydrogen ion  
is buffered by bicarbonate; the magnitude of the  
lactate increase is similar to the decrease in bicar-
bonate (if there were no other influences on the  
bicarbonate concentration). The lactate concentra-
tion can be used as a marker of the quantity of  
lactic acid that has been added to the extracellular fluid 
(ECF). Each 1 mEq or mM/L increase in lactate would 
have a 1 mEq/L base deficit effect. Normal animals  
generally have a lactate concentration below 1 mEq/L; 
the normal range is often considered to extend up  
to 2 mEq/L.

It is not the lactate anion that causes the acidosis; it 
is the hydrogen that came with it. Sodium lactate (such 
as in lactated Ringer or Hartmann solution) is a salt, not 
an acid, and will have no impact, per se, on acid-base 
balance (see “The Acid-Base Impact of Crystalloid 
Sodium Solutions” in Appendix 50.3). If a blood sample 
is contaminated with sodium lactate, the measured 
lactate may be very high but will not be associated with 
an acidifying effect.

Ketones

Acetoacetate can be measured in the urine by nitroprus-
side reaction on most urine reagent strips. This color-

anions (SIDapparent). This gap is composed of the anions 
of weakly dissociated acids: albumin and phosphate 
(ATOT). ATOT (the albumin effect and the phosphate 
effect), as calculated for the expanded anion gap formula 
(Box 50.4). An increase in ATOT caused by hyperphospha-
temia (see “Phosphorous Effect” below) or hyperalbu-
minemia (see “Albumin Effect” below) would be 
associated with a metabolic acidosis, and vice versa. ATOT 
is another grouping assessment, and one might be better 
served to evaluate the specific contributors insofar as 
possible (see “Markers of Specific Contributors to the 
Metabolic Component” below).

The remaining important weakly dissociated acid is 
carbonic acid; the conjugate anion is bicarbonate. ATOT 
and HCO3 comprise SIDeffective. SIDapparent and SIDeffective 
generally have a similar value because the former is an 
assessment of the stuff around the gap and the latter is 
an assessment of the stuff of the gap itself.*

The Stewart approach to acid-base balance

The Stewart approach to acid-base balance is a much 
discussed so-called new approach to acid-base interpre-
tation. Stewart was a chemist who described acid-base 
balance from a chemical (not a clinical) point of view.20 
The Stewart approach is similar to the whole blood 
buffer base concept proposed by Singer and Hastings in 
1948.21 Because all cations and anions are always bal-
anced, one can describe acid-base balance from several 
different perspectives. Stewart chose to solve his equa-
tions for bicarbonate as the dependent variable (i.e., 
bicarbonate concentration can be calculated from the 
concentration of all of the other cations and anions). 
Perhaps this is justified from the perspective that bicar-
bonate is a tricky anion to predict; it is involved with 
hydrogen in many other buffer systems and can disap-
pear or reappear in the name of carbon dioxide. Stewart 
could just as well have solved his equations for any other 
cation or anion. There is nothing incorrect about Stew-
art’s observations and calculations; however, one must 
take care not to misapply Stewart’s proposals in the 
clinical management of patients.

According to the Stewart approach, the three causes 
of acid-base disturbances are changes in PCO2, changes 
in SIDapparent, and changes in ATOT. Bicarbonate has been 
relegated to “dependent” ion status, and as such it cannot 
primarily affect acid-base balance; it can only be affected 
by changes in the other parameters. This approach 

* SIDapparent and SIDeffective essentially calculate the same thing; SIDapparent 
calculates the stuff around the gap (you can tell how big the hole is 
by what is missing; you measure it indirectly), whereas SIDeffective cal-
culates the stuff in the gap (you can tell how big the hole is by mea-
suring it directly).
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Phosphate

Plasma inorganic phosphate is commonly measured and 
reported as elemental phosphorous in mg/dL or mM/L 
in serum chemistry testing profiles. Plasma phosphate 
anion is also associated with other plasma cations such 
as sodium, potassium, calcium, magnesium, and, of 
importance to the present discussion, with hydrogen as 
phosphoric acid. Phosphoric acid (H3PO4) could poten-
tially exist as H3PO4, H PO2 4

1−, HPO4
2−, or PO4

3−, depend-
ing on the pH of the fluid. At a pH of 7.4, approximately 
90% of phosphoric acid exists as HPO4

2− and 10% exists 
as H PO2 4

1−.
The hyperphosphatemia of renal disease is associated 

with a phosphoric acidosis. A coexistent sulfuric acidosis 
(another end product of protein metabolism) would be 
expected but is not measured. The magnitude of the 
phosphoric acidosis contribution to the metabolic com-
ponent can be calculated.*

Change in phosphorous in milligrams per deciliter

from no

( )

rrmal mg dL

phosphorous effect mEq L

( / ) .

( / )

4 0 58× =  

(50.6)

Change in phosphorous in mM L

from normal mM L

p

( / )

( . / ) .1 3 1 8× =
hhosphorous effect mEq L( / )

 (50.7)

Albumin

Albumin is a multivalent anion associated with many 
plasma cations: sodium, potassium, calcium, magne-
sium, and, of concern to this discussion, hydrogen. 
Hypoalbuminemia is associated with a decrease in the 
“H-Alb acid,” resulting in a metabolic alkalosis, whereas 
hyperalbuminemia is associated with an acidosis. 
Changes in globulin have little effect on acid base 
balance.24 The impact of changes in albumin concentra-
tion on acid-base balance can be calculated:

1 10

3 7

g dL g L  change in albumin concentration

mEq L of 

/ ( / )

. /× BBD E effect/
 

(50.8)

An increase in albumin has an acidifying effect; a 
decrease has an alkalinizing effect.

indexed assessment is semiquantitative. Acetoacetate 
represents a much lower proportion of the ketoacids 
compared with β-hydroxybutyrate in ketoacidosis. 
Plasma β-hydroxybutyric acid can be measured in the 
laboratory or with handheld instrumentation by mea-
suring the NAD+:NADH ratio, a reduction/oxidation 
reaction. The units of measure are mM/L that have a 1:1 
relationship with the mEq/L contribution to the acid 
base balance. Plasma ketones are normally zero.

Box 50.5 Quantitative assessment of the metabolic 
contributions to acid-base balance

Overall equation Base deficit excess
lactate ketones phos

: /
= − − ± pphorous effect

albumin effect water effect
chloride-bicar

± ±
± bbonate effect

unmeasured effect±

Lactate: enter measured lactate (mM/L)
Ketone: enter measured ketones (mM/L)
Phosphorous effect:

Change in phosphorous in mg dL  from normal
mg dL

( / )
( / ) .4 0 58× = pphosphorous effect mEq L( / )

 

(Equation 50.6)

Change in phosphorous in mM L  from normal
mM L p

( / )
( . / ) .1 3 1 8× = hhosphorous effect mEq L( / )

 

(Equation 50.7)

Albumin effect:

1 10g dL g L  change in albumin concentration
from normal
/ ( / )
( )××3 7. / /mEq L of BD E effect

 

(Equation 50.8)

Water effect:

( ) .Na Nameasured normal− ×0 25  (Equation 50.9)

Nanormal = 145 mEq/L (mM/L) in the dog and 155 in the cat. 
Chloride-bicarbonate effect:

Adjusted chloride concentration:
Normal [Cl−] (145 for dog; 155 for cat)
± change in [Na+] × 0.75
Chloride-bicarbonate effect:
Adjusted – measured chloride concentration
Unmeasureds effect: Base deficit/excess – all of above

* To convert from mg/dL to mM/L: mg/dL × 1 mM/31 mg × 10 dL/L 
(= phosphorous in mg/dL × 0.323). To convert mM/L to mEq/L: 
phosphorous in mM/L × 1.8 (90% HPO4

2−; 10% H PO2 4
1−).
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* The normal sodium-to-chloride ratio is about 4:3 (150:110). For 
each 4-unit change in sodium, there should be a 3-unit change  
in chloride in the same direction (example: a decrease in sodium  
from 150 to 122 (a decrease of 28) would be associated with a pro-
portional decrease in chloride concentration to 89 (−28 × ¾ = −21; 
110 – 21 = 89).

Water

Water dissociates to a small extent, in a temperature-
dependent manner, into H+ and OH−. Water has a pK of 
7.00 at room temperature and a pK of 6.80 at body 
temperature. Compared with the body at a pH near 7.40, 
water is acidic. This acidic effect is magnified in vivo 
because once the water is equilibrated with existing 
levels of carbon dioxide it has considerable titratable 
acidity.25

The concentration of free water is not measured, but 
the consequence of changes in the concentration of free 
water (i.e., the sodium concentration) is commonly 
measured. Changes in sodium concentration are used to 
calculate the free water effect. Changes in sodium, per 
se, do not have an impact on acid-base balance; it is not 
the sodium, it is the water, even though it is sometimes 
referred to as the “sodium effect.” The acid-base effect 
of changes in water concentration is calculated as 
follows:

( ) .Na Nameasured normal− × 0 25  (50.9)

Nanormal is often considered to be 145 mEq/L (mM/L) 
in the dog and 155 in the cat. An increase in free  
water (marked by a decrease in sodium concentration) 
has an acidifying effect; a decrease has an alkalinizing 
effect.

Chloride-bicarbonate effect

This category is sometimes referred to as the “chloride 
effect,” suggesting it is the chloride that has the effect. 
Terminology like “hyperchloremic metabolic acidosis 
and hypochloremic metabolic alkalosis” further this 
concept. But changes in chloride concentration, per se, 
do not have an impact on acid-base balance. As noted 
earlier, bicarbonate is a rather complex anion that is 
influenced by several buffer systems and respiratory 
handling of carbon dioxide; bicarbonate concentration 
is difficult to predict. Many processes in the body, 
however, involve the reciprocal handling of chloride and 
bicarbonate (i.e., when one is lost, the other is retained, 
and vice versa). In this manner, changes in chloride con-
centration can be used as a marker for the change in 
bicarbonate concentration that would have occurred 
(equal and opposite) had there been no other influences 
operating on the bicarbonate concentration.

Like sodium, chloride is affected by changes in water 
concentration. Because the effect of changes in water 
concentration have already been considered, effect on 
chloride concentration must now be eliminated from 

consideration. This is done by calculating an “adjusted 
chloride concentration” reference value:

Normal chloride concentration mEq L mM L

in dog in cat

( / [ / ]

; )

110

120 ± ((

.

change in sodium

concentration *)× 0 75
 

(50.10)

A higher than anticipated measured chloride concen-
tration marks a proportional base deficit effect (a meta-
bolic acidosis); a lower than anticipated measured 
chloride concentration marks a base excess effect.

Metabolic acidosis
The causes of metabolic acidosis are listed in Box 50.6. 
The treatment of metabolic acidosis should be primarily 
aimed at correction of the underlying disease process 
and should be the only therapy necessary if the meta-
bolic acidosis and the pH disturbance is mild to moder-
ate and the underlying disease is readily treatable. If, 
however, the metabolic acidosis is severe (base deficit 
>10 mEq/L; bicarbonate concentration <14 mEq/L; pH 
<7.2) and the underlying disease is difficult to treat, 
symptomatic alkalinization therapy may be indicated. 
Sodium bicarbonate is the most common agent used to 
treat metabolic acidosis. Guidelines for the calculation 
of bicarbonate dosage are detailed in Protocol 50.2. 
Sodium bicarbonate may be associated with a number 
of problems when used in a cavalier manner; these prob-
lems and their avoidance are detailed in Box 50.7.

Metabolic alkalosis
The causes of metabolic alkalosis are listed in Box 50.6. 
Most cases of metabolic alkalosis encountered clinically 
are either mild (do not need symptomatic treatment) or 
iatrogenic. The treatment of metabolic alkalosis relies on 
effective treatment of the underlying disease process. On 
the rare occasion that acidifying therapy is warranted, a 
dilute solution of hydrochloric acid, lactic acid, or acetic 
acid could be administered. Saline, acetazolamide, 
potassium-sparing diuretics (spironolactone, amiloride, 
and triamterene) and ammonium chloride are also acid-
ifying therapies. Coexistent electrolyte abnormalities 
such as hypochloremia and hypokalemia potentiate 
metabolic alkalosis and should be treated.
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Expected compensation for a primary 
abnormality
When a primary change occurs in either the respiratory 
or the metabolic component, the other component 
should change in a direction so as to return pH toward 
normal (i.e., a primary metabolic acidosis should be 
compensated by a respiratory alkalosis). The general 
concept is that compensatory mechanisms do not over-
compensate. Therefore, the component that varies in the 
same direction as the pH is probably the primary abnor-
mality, whereas the component that varies in a direction 
opposite to that of pH is probably the secondary, com-
pensatory abnormality. This is not always a safe assump-
tion because many acid-base disturbances in critically ill 

Box 50.6 Causes of metabolic acidosis and alkalosis

Metabolic acidosis
Without anion gap:

• Gastrointestinal losses of bicarbonate (diarrhea, vomiting 
with reflux from the duodenum)

• Renal loss of bicarbonate (proximal tubular acidosis, 
carbonic anhydrase inhibitors)

• Renal hydrogen retention (distal tubular acidosis, 
hypomineralocorticism)

• Intravenous nutrition
• Large-volume saline administration
• Free water administration
• Compensation for respiratory alkalosis
• Ammonium chloride administration

With anion gap:
• Lactic and pyruvic acidosis
• Ketoacidosis (insulin deficiency, acute starvation)
• Phosphate and sulphate acidosis (oliguric renal disease)
• Ethylene glycol intoxication
• Methanol intoxication
• Salicylate poisoning
• Rhabdomyolysis

Metabolic alkalosis
• Gastric losses of hydrogen ion (vomiting due to a pyloric 

obstruction, gastric suctioning)
• Furosemide administration
• Hypermineralocorticism
• Organic anion (lactate, acetate, gluconate, citrate or 

ketone) metabolism
• Carbenicillin and other penicillin derivatives
• Free water deficit
• Alkalinization therapy
• Compensation for respiratory acidosis
• Hypochloremia
• Hypokalemia

Box 50.7 Dangers of sodium bicarbonate administration 
and their avoidance

Excessive alkalinization of the patient: calculate dosages 
carefully; monitor acid-base balance.

Excessive alkalinization of the vascular fluid compartment: 
administer calculated dose over at least 30 minutes.

Hypotension, restlessness, nausea and vomiting, collapse, 
and death: administer calculated dose over at least 30 
minutes.

Hypokalemia: administer carefully and with concurrent 
potassium in hypokalemic patients; monitor potassium 
concentration.

Hypo(ionized)calcemia: administer carefully and with 
concurrent calcium in hypocalcemic patients; monitor ionized 
calcium.

Hypercapnia: administer carefully and with carbon dioxide 
monitoring in patients with ventilator compromise and with 
ventilator support in patients that develop hypercapnia.

“Paradoxical” intracellular acidosis: avoid hypercapnia.
Phlebitis with continuous infusions: dilute with other fluids 

(a 1:3 dilution with a sodium-free solution such as 5% dextrose 
in water will decrease the osmolality to 500 mOsm/kg).

Hypernatremia with large infusions: monitor sodium with 
repeated dosages of sodium bicarbonate, dilute with distilled 
water (usually as 5% dextrose in water) as necessary (a 1:3 
dilution with a sodium-free solution such as 5% dextrose in 
water will decrease the sodium concentration to 250 mEq or 
mM/L).

Protocol 50.2 How to calculate and administer a dose of 
bicarbonate

Procedure
1. Pick a conservative base deficit or bicarbonate 

concentration treatment goal (such as a base deficit 
of -5 mEq/L [mM/L] for the dog [-8 for the cat] or a 
bicarbonate concentration of 18 mEq/L [mM/L] for the 
dog [15 for the cat]).

2. Determine the difference between the measured and the 
goal value.

3. Multiply this difference times the estimated extracellular 
fluid space (0.3 × kg body weight).

4. Administer slowly over a minimum of about 30 minutes.
• A single undiluted dose of sodium bicarbonate can be 

administered intravenously.
• Undiluted solutions (1 mEq or mM/L) have an 

osmolality of 2000 mOsm/kg, which will cause 
phlebitis with extended infusions and a sodium 
concentration of 1000 mEq or mM/L, which can cause 
hypernatremia with large infusions.

• Sodium bicarbonate can be administered with other 
fluids.

• However, it will bind divalent cations (calcium and 
magnesium) as carbonates.
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ponent. In humans and dogs, but not cats, normal 
ranges of expected compensation have been established  
(Table 50.2).

The clinical relevance of calculating expected magni-
tudes of compensation is limited because the assump-
tions inherent in the calculation may not be true for the 
patient. Compensation assumes a stable primary com-
ponent for a sufficient period of time to allow full com-
pensation. Although this may be true in some chronic 
medical conditions, it is unlikely a valid assumption in 
acute critical illnesses. So levels of compensation that  
do not fall within the predicted range do not prove  
a problem with the compensatory component nor  
the presence of co-driving disease. Similarly levels of 
compensation within the predicted range do not prove 
the competence of compensation or the absence of  
coexistent disease. Critically ill patients often have mul-
tiple problems causing their acid-base derangement; a 
full list of differentials should be considered for each 
identified abnormality.

patients are multifactorial and what might otherwise 
appear to be a “secondary, compensatory” component 
may well be driven by one or several primary abnormali-
ties. Calculating expected magnitudes of compensation 
is an attempt to determine whether or not there may  
be a coexistent problem within the compensatory com-

Table 50.2 Expected magnitude of compensation for a 
primary abnormality6

Primary Event Expected Compensation

Metabolic acidosis ↓ PaCO2 of 0.7 mm Hg per 1 mEq/L 
↓ HCO3

Metabolic alkalosis ↑ PaCO2 of 0.7 mm Hg per 1 mEq/L 
↑ HCO3

Respiratory acidosis ↑ 0.15 to 0.35* mEq/L HCO3 per 
1 mm Hg ↑ PaCO2

Respiratory alkalosis ↓ 0.25 to 0.55* mEq/L HCO3 per 
1 mm Hg ↓ PaCO2

The correlation between hydrogen ion concentration (activity) and pH

[H+] (nM/L)a
[H+] mEq or mM/Lb pH (units)c

0.0001 0.000,000,000,1 14.0
10 0.000,010 8.0 Upper pH limit of survivability
26 0.000,026 7.6 Upper treatable pH level
40 0.000,040 7.4 Normal
63 0.000,063 7.2 Lower treatable pH level

100 0.000,100 7.0
160 0.000,160 6.8 Lower pH limit of survivability

1,000,000,000 (1 M) 1,000 1.0

aNanomoles are the traditional unit used to express the small concentrations of hydrogen ion in the mammalian body at normal pH; 1 
nanomole = 0.000,000,001 moles (1 × 10−9).
b[H+] expressed in units similar to other common electrolytes (mEq/L or mM/L) to illustrate that hydrogen concentrations are very low in 
comparison.
cCorresponding pH values to illustrate that the pH scale logarithmically compresses a very wide range of hydrogen ion concentrations 
into numbers that are much easier to use.

Appendix 50.1

Appendix 50.2 Buffers

Buffers are acid-base pairs with pK values near 7.4. The 
pK is the pH at which an acid or base is 50% undissoci-
ated and 50% dissociated. A buffer functions to absorb 
added acids or bases so as to diminish their impact on 
pH. Buffers combine with acids and bases so as to eli-
minate much of their influence on pH. The primary 

buffer systems are carbonic acid–bicarbonate (pK 6.1), 
phosphoric acid–phosphate ( H PO2 4

−  − HPO4
2− )(pK 

6.8), and various proteins (hemoglobin, albumin, intra-
cellular) (HPr – Pr−) (pK 5.5–8.5). Compounds with pK 
values more than about 2 pH units away from 7.4 are 
too highly dissociated at normal-range body pH to func-
tion as effective buffers. HCl (pK 1.0), lactic acid (pK 
3.5), hydroxybutyric acid (pK 4.7), acetoacetic acid (pK 
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has an alkalinizing effect and the magnitude of the alka-
linization depends on their relative concentration in the 
crystalloid compared with that of bicarbonate in plasma. 
In lactated Ringer and Hartmann solutions, where the 
lactate concentration is about the same as plasma, there 
will be minimal net effect on acid-base. In Normosol R 
and Plasmalyte 148, where the acetate plus gluconate 
concentrations far exceed plasma bicarbonate, there will 
be a net alkalinizing effect.

3.6), phosphoric acid (H3PO4 − H PO2 4
−) (pK 2.0) are 

totally dissociated acids at body pH; the anionic dissoci-
ated component will not bind hydrogen and cannot act 
as a buffer. These substances should be considered strong 
acids.

Appendix 50.3 The acid-base impact of 
crystalloid sodium solutions

Granular sodium chloride, sodium lactate, sodium 
acetate, sodium gluconate, and sodium citrate have no 
acid-base impact when added to whole blood in vitro. 
Sodium and the respective anion increase in proportion 
to the amount added and SID changes (decreases with 
sodium chloride; increases with sodium lactate, acetate, 
gluconate, and citrate), but pH does not change. The 
same would be true in vivo if the organic anions (lactate, 
acetate, gluconate, and citrate) were not metabolized.

The addition of distilled water to whole blood has an 
acidifying effect by two mechanisms. First, distilled 
water at body temperature has a pH of about 6.8 and  
is therefore acid when compared with plasma at a pH  
of 7.4. Water itself has very little titratable acidity 
(0.2 mM/L)25, which means that its addition would have 
little quantitative effect on acid-base balance. But when 
water is equilibrated to a PCO2 of 40 mm Hg, the car-
bonic acid–bicarbonate buffer system is “activated,” the 
pH decreases to between 4.9 and 5.6, and the titratable 
acidity increases to 24 mM/L.25

Second, the water dilutes the bicarbonate concentra-
tion (to a proportionately greater extent than it does the 
hydrogen concentration) causing carbonic acid to dis-
sociate, which adds more hydrogen ions to the milieu.

When sodium chloride, sodium lactate, sodium 
acetate, sodium gluconate, and sodium citrate solutions 
are added to whole blood in vitro, they will have a mild 
acidifying effect similar to that of adding the same 
amount of distilled water. It is the water, not the elec-
trolytes, that causes the initial acidifying effect. The same 
thing occurs when these solutions are initially adminis-
tered to patients (before the anions are not metabo-
lized). With saline, the chloride is not metabolized, but 
the bicarbonate is diluted and a mild metabolic acidosis 
would occur until the animal compensated.

The organic anions of the remaining sodium solu-
tions are metabolized. As they are metabolized, an equal 
number of hydrogen ions are also removed. As the 
hydrogen ions are removed from the plasma, additional 
carbonic acid dissociates and bicarbonate is generated. 
These organic anions are not metabolized to bicarbonate; 
they are replaced by bicarbonate (via new carbonic acid 
dissociation). So the metabolism of these organic anions 

Whether a patient actually develops the predicted aci-
dosis or alkalosis associated with the administration of 
these fluids depends on variables such as volume and 
rate of administration, time of sampling compared with 
the time of administration, and the animal’s ability to 
maintain acid-base homeostasis.
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51
Osmolality and colloid osmotic pressure

Elke Rudloff and Angel Rivera

Water is the most essential nutrient of the body. Within 
the vessel, water is the transport medium that delivers 
oxygen, solutes, and hormones to the interstitium while 
removing waste products for breakdown and excretion. 
Within the interstitial space, water is the vehicle that 
moves these substances between the capillary and the 
cell. Within the cell, water provides a medium for organ-
elles and for cell membrane expansion. Water also pro-
vides a means to dissipate heat through evaporation.

Identifying water imbalance in the critically ill animal 
can be one of the most important challenges of patient 
management. Qualitative information of a patient’s 
water needs is obtained through evaluation of physical 
parameters of perfusion and hydration.1 Quantitative 
information can be obtained with laboratory evaluation 
of osmolality as well as colloid osmotic pressure (COP). 
This chapter focuses on the basic concepts behind the 
role of osmolality and COP in the movement of water 
in the body, as well as understanding, measuring, and 
interpreting osmolality and COP.

Physiology of water movement: osmolality

An osmole is a unit term used to describe a particle; 1 
osmole is equivalent to 1 g molecular weight (1 mol; 
6.02 × 1023 particles) of any nondissociable substance, 
regardless of the substance’s composition, charge, size, 
or weight.2 Osmoles are often expressed in terms of mil-
liosmoles (1 osmole = 1000 milliosmoles). Osmolarity 
describes the total concentration of all solutes dissolved 
in water and is expressed as milliosmoles/L. Osmolality 
describes the total concentration of all solutes dissolved 
in solution when expressed as milliosmoles/kg (mOsm). 

Because 1 L of water weighs just about 1 kg, the terms 
osmolarity and osmolality tend to be used interchange-
ably when discussing body water, except when signifi-
cant hyperlipidemia exists.

Water moves freely across nearly all membranes, sepa-
rating the intravascular, interstitial, and intracellular 
compartments in the body. The two important factors 
that affect the movement of water across the membranes 
are (1) the difference in the concentration of water mol-
ecules (in relation to solutes or osmoles, as above) on one 
side of the membrane compared with the other, and (2) 
the difference in the hydraulic pressure on one side of 
the membrane compared with the other.

As an uncharged molecule, water’s movement is gov-
erned passively by its chemical gradient, also called its 
concentration gradient, across a membrane: Water mol-
ecules will move from areas of higher water concentra-
tion to areas of lower water concentration. The pressure 
that leads to the passive movement (also called diffusion) 
of water along its concentration gradient is called osmotic 
pressure. Areas of high osmotic pressure have relatively 
low water concentration in relation to solute, whereas 
areas of low osmotic pressure have relatively high water 
concentration in relation to solute. Osmotic pressure is 
therefore a chemical pressure generated by the particles 
(solutes) dissolved in water that tends to hold water on 
the particles’ side of a semipermeable membrane.

Hydraulic pressure in the capillary is physical pressure 
generated primarily by the combination of cardiac 
output and the pressure of the fluid in the venular 
network exiting the end of the capillary. Hydraulic pres-
sure in the interstitium is created by the interaction of 
collagen fibrils, fibroblasts, and the lymphatics, which 
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Like water, urea is able to pass across most mamma-
lian membranes without energy and is therefore consid-
ered an ineffective osmole except under rare conditions. 
Urea can act as an effective osmole when changes in urea 
concentration occur more rapidly than equilibrium 
occurs across the cell membrane, such as urea extraction 
during dialysis or intravenous infusions of urea.

Changes in plasma osmolality affect water movement 
between the intracellular and extracellular compart-
ments. Rapid increases in plasma osmolality will cause 
water to move from the cells and interstitium into the 
intravascular space, and dehydrate the cells and intersti-
tium. This is the principle by which mannitol works in 
patients with cerebral edema.

Isotonic solutions that contain added dextrose and 
parenteral nutrition are hyperosmolar compared with 
normal plasma. Their infusion in peripheral veins can 
create a local osmolar gradient causing water to move 
out of the endothelial cell and into the plasma, leading 
to endothelial cell dehydration and damage at the site of 
injection and localized pain and tissue swelling. In con-
trast, when large volumes of 5% dextrose in water are 
rapidly infused, the dextrose is quickly metabolized and 
the remaining hypotonic water will decrease plasma 
serum osmolality, resulting in water moving from the 
intravascular space into the interstitium and cells, 
causing interstitial edema and cell swelling.

are dynamic. By expanding, contracting, and pumping, 
they can affect interstitial hydraulic pressure, and in 
health they maintain a negative interstitial hydraulic 
pressure. Water is in equilibrium across a membrane 
when the net driving force for water movement is zero. 
In other words, at equilibrium, water does not move 
across a membrane because the osmotic pressure gradi-
ent is equal to the hydrostatic pressure gradient across 
that membrane.

The primary solutes that produce osmotic pressure in 
the extracellular (intravascular and interstitial) com-
partment of dogs, cats, and humans are the most plenti-
ful dissolved substances: sodium, chloride, glucose, and 
urea.2,3 The primary solutes that produce intracellular 
osmotic pressure are potassium and magnesium because 
they are the most plentiful dissolved intracellular mol-
ecules.2,3 Effective osmolality (also called tonicity) is gen-
erated by solutes that are unable to pass between the 
intracellular and extracellular compartments. Because 
they do not freely cross the cellular membrane, they can 
affect water movement. When there is a difference in 
tonicity between the intracellular and extracellular com-
partments (i.e., an osmolar gradient), water will freely 
move from the compartment with fewer solutes to the 
compartment with more solutes until the osmolality 
(concentration of solutes) is equal between compart-
ments. This process is called osmosis (Fig. 51.1).

Figure 51.1 Osmotic forces across a semipermeable membrane. The top figure demonstrates that when more solutes (star-shaped 
dots) exist on one side of a semipermeable membrane (dashed lines) and the membrane is permeable to those solutes, solute particles 
will diffuse across the membrane until they are in equal concentration on either side of the membrane. Permeable solutes are thus 
considered ineffective osmoles because their presence on one side of the membrane (or the other) does not cause water to move 
across the membrane; the solutes move instead.

The bottom figure demonstrates that when more solutes exist on one side of a semipermeable membrane and the membrane is 
not permeable to those solutes, water will move across the membrane until the solutes are in equal concentration; this movement is 
caused by osmotic pressure. When the impermeable solutes that generate the osmotic pressure are colloid particles, then the pressure 
generated is called colloid osmotic pressure.

8 mmol/L 0 mmol/L 4 mmol/L 4 mmol/L

2 mmol/L 10 mmol/L 6 mmol/L 6 mmol/L
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strength solutions) because a large osmotic gradient 
could result in a rapid shift of water into brain cells. To 
prevent rapid osmotic shifts during fluid administra-
tion, isotonic fluids with a more normal osmolality  
(e.g., Normosol-R) are used, or fluids can be modified 
by mixing with concentrated sodium and chloride and 
increasing the osmolality closer to the patient’s osmolal-
ity, so that they produce less of an osmotic gradient.

Physiology of water movement: colloid 
osmotic pressure

The capillary endothelial membrane is freely permeable 
to small solutes as well as water, allowing a passive 
exchange of most small solutes between the intravascu-
lar and interstitial compartments (Fig. 51.2). The sum 
of all forces that affect water movement are summarized 

The brain is most susceptible to rapid changes in 
plasma osmolality (>30–35 mOsm), and damage caused 
by rapid swelling or shrinking of neurons can result in 
altered mentation, seizures, and intracranial bleeding.4 
The brain is encased in the skull, so that any type of 
increase in brain volume from neuronal swelling will 
compress and damage functional neurons and brain 
vessels. However, when plasma osmolality increases 
slowly, brain cells produce idiogenic osmoles (e.g., 
amino acids, glutamine, inositol) that prevent the devel-
opment of a transcellular osmotic gradient and main-
tain intracellular water content.4

When a patient is hyperosmolar (e.g., a diabetic cat 
with hyperglycemia and ketosis), special attention 
should be given to the type and rate of fluids infused. It 
would be highly detrimental to infuse large volumes of 
hypotonic fluids (e.g., lactated Ringer solution or half-

Figure 51.2 Relationship of forces governing water movement between the fluid compartments. Total body water is distributed 
between two major body compartments: the intracellular space and the extracellular space. The extracellular compartment is further 
divided into the interstitial space and intravascular space. The cell membrane is freely permeable to solute-free water (white arrows), 
which moves in and out of the cell as a result of osmolar gradients established between the intracellular and interstitial fluid compart-
ments. The concentration gradient of solutes on either side of a membrane dictates how water will move by osmosis across the cell 
membrane. Changes in the intracellular concentration affect the osmolar gradient and depend on the molecules’ ability to move through 
the cell membrane by active membrane pumps and restricted channels.

The capillary membrane is permeable to water and small solutes, and it is relatively impermeable to blood cells and large  
molecules such as proteins. The most abundant small solutes in the extracellular fluid are sodium, glucose, chloride, bicarbonate, and 
urea, which are equally distributed across the vascular membrane. Plasma water is the vehicle transporting oxygen and solutes to the 
capillary.

Starling’s forces dictate water movement and retention in the extracellular space. The capillary hydrostatic pressure (HP) is produced 
by the forces generated by cardiac output (CO) and systemic vascular resistance (SVR). The intravascular colloid osmotic pressure (COP) 
opposes the HP, retaining water in the vessel. The vascular membrane creates a barrier that under normal conditions prevents the 
movement of large molecules, primarily proteins, out of the vessels. Under normal conditions, the concentration of proteins is greater 
in the blood vessel than in the interstitium, promoting water retention within the capillary. Lymphatic vessels are within the interstitial 
matrix and carry excess fluid, proteins, and solutes from the interstitium back to the circulation.

InterstitialCO      SVR

HP

Intracellular

COP

Protein

Intravascular
Lymph

Solutes
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inhibits transport of metabolic substances to and from 
the cell. Significant leakage of fluid into the lung inter-
stitium, pleural space, and abdominal cavity may affect 
oxygenation, ventilation, and increase the work of 
breathing.

Synthetic colloid fluids (e.g., hydroxyethyl starch) and 
Oxyglobin (Biopure, Cambridge, MA) contain large 
molecules that generate COP. When the molecules are 
larger than the interendothelial pore size, they can main-
tain intravascular COP during states of hypoprotein-
emia and increased capillary permeability. Synthetic 
colloid fluids are commonly used to resuscitate and 
maintain intravascular volume in critical patients with 
hypovolemic shock and with diseases causing a systemic 
inflammatory response (e.g., pancreatitis, severe gastro-
enteritis, pneumonia).

Frequent monitoring of both the patient as well as 
laboratory monitoring of osmolality and COP can 
provide the veterinary team with information on a 
patient’s needs and response to specific therapy affecting 
fluid balance. Clinical monitoring of a patient’s water 
balance is addressed elsewhere (see Chapter 49, Serum 
Electrolyte Evaluation).

Calculating plasma osmolality

Osmolality can be calculated by knowing a patient’s 
blood urea nitrogen (BUN), glucose, and sodium  
(Na) levels. Four equations are reported to be used in 
the calculation of osmolality.6 The two that correlate 

in the Starling equation.5 One major force that opposes 
hydrostatic pressure across the vascular membrane and 
thus prevents great movements of water out of the vessel 
and into the interstitium is plasma colloid osmotic pres-
sure (COP).3,5 COP is generated by the presence of large 
molecules (primarily proteins) that do not readily move 
across the capillary membrane, creating an osmotic 
effect (Fig. 51.1) As it pertains to proteins, synonyms of 
COP include protein osmotic pressure and oncotic pres-
sure. Albumin is the most abundant protein in the 
plasma, and when present in normal concentration, it 
produces approximately 75% of the total intravascular 
COP. Other proteins such as fibrinogen and globulins 
contribute the remaining 25%. The albumin molecule 
expresses a negative charge that attracts positively 
charged sodium ions, increasing the water attraction of 
albumin. This additional water-holding effect is called 
the Gibbs-Donnan effect and increases the COP by 
approximately 20%. When there is a break in the endo-
thelial barrier or the capillary membrane becomes more 
permeable during inflammatory states, protein mole-
cules can pass from the intravascular compartment into 
the interstitial compartment causing a decrease in 
plasma COP and an increase in interstitial COP. When 
plasma COP is significantly reduced, intravascular water 
retention is reduced. This can result in hypovolemia, 
interstitial edema, and fluid losses into body cavities 
(e.g., pleural space, abdominal cavity, gastrointestinal 
tract) (Fig. 51.3). Hypovolemia reduces oxygen delivery 
to the tissues. Significant interstitial edema of the tissues 

Figure 51.3 Decreased intravascular colloid osmotic pressure. Decreased intravascular colloid osmotic pressure results in movement 
of intravascular water into the interstitium, which can lead to reduced blood flow through the capillary, interstitial edema, and decreased 
tissue oxygen delivery.
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sion (Fig. 51.5). The freezing point depression determi-
nation of osmolality compares the freezing point of 
solute-free water and the freezing point of the sample. 
Water has a freezing point of 0°C, and a solution with 
saline concentration of 1 mOsm/kg has a freezing point 

most accurately to measured plasma osmolality are as 
follows:
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Glucose mg/dL /

BUN mg/
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2 8
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The units 18 and 2.8 convert the mg/dL of BUN and 
glucose to milliosmoles.2 In the second equation, the 
1.86 accounts for the incomplete dissociation of the 
salts, and the 0.93 accounts for the body percentage of 
water when measuring whole blood.7,8 An increase or 
decrease in calculated osmolality is caused by an increase 
or decrease in sodium, glucose, or BUN. Other, poten-
tially toxic, substances will increase osmolality, but the 
only way to detect them is by measuring osmolality using 
an osmometer. In contrast to calculating milliosmoles, 
an osmometer measures not only the normal solutes 
(BUN, glucose, Na) but also other small solutes. There 
is a normal 10 mOsm difference between the calculated 
and measured milliosmoles (osmolar gap).6 If the 
osmolar gap is significantly increased, toxins should be 
investigated for (Table 51.1).

Measuring plasma osmolality

A variety of osmometers are available for clinical labora-
tory monitoring. Some measure osmolality using a 
freezing-point depression method (Fig. 51.4), and others 
use room-temperature controls and vapor-point depres-

Table 51.1 Substances that increase osmolar gap

Acetone
Ethylene glycol
Ethanol
Ether
Glycerol
Inositol
Isopropyl alcohol
Ketones
Lactate
Mannitol
Methanol
Paraldehyde
Sorbitol
Uremia

Figure 51.4 Fiske 210 freezing-point depression osmometer 
(Cardinal Health). Osmotically active substances decrease the 
freezing point, and the freezing point depression difference is 
translated by a thermistor into measured milliosmoles. This type 
of osmometer is the most commonly encountered in veterinary 
medicine because it can detect consumed alcohol-based toxins 
such as ethylene glycol.

Figure 51.5 VAPRP 5520 vapor pressure osmometer (Wescor, 
Logan, UT). Sample volumes of 10 µL are typically used, but the 
osmometer allows for testing of sample volumes as small as 2 µL. 
Results are available in 20 seconds and expressed as mmol/kg. 
The osmometer is able to store up to 32 sample results and can 
be easily connected to a printer or computer to download data. 
The instrument needs to be calibrated and has control solutions 
for high, normal, and low osmolality.
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of −1.858 °C. Osmotically active substances decrease 
the freezing point, and the freezing point depression 
difference is translated by a thermistor into measured 
milliosmoles.

A vapor-point depression osmometer analyzes the 
vapor pressure of an osmotically active solution: the 
lower the vapor pressure, the higher the osmolality of a 
solution. A sample of solution is pipetted onto a small 
solute-free paper disk that is inserted into the sample 
chamber that contains a thermocouple hygrometer.  
The temperature of the sample and the temperature  
of the chamber equilibrate. An electrical current  
is passed through the thermocouple, cooling it to a  
temperature below dew point. Water condenses from air 
in the chamber to form microscopic droplets on the 
surface of the thermocouple. When the temperature  
of the thermocouple reaches the dew point, condensa-
tion ceases, causing the thermocouple temperature to 
stabilize.

In contrast to freezing-point depression osmometers, 
vapor-point depression osmometers are not affected by 
artifacts caused by increased viscosity of a solution, sus-
pended particles, or other conditions. However, because 
vapor-point depression osmometers require larger 
sample volumes and do not detect alcohols such as eth-
ylene glycol, they are used less frequently in clinical 
medicine. Freezing point depression osmometers can 
detect not only nonvolatile particles but also commonly 
encountered toxic volatile alcohols that can increase the 
osmolar gap. The Advanced Micro Osmometer Model 
3300 (Advanced Instruments, Inc., Norwood, MA), a 
freezing point depression osmometer, has been validated 
for measuring plasma and whole blood samples in 
normal dogs.6

Osmometers can test a variety of fluid and tissue 
samples, and plasma, serum, blood, and urine are the 
most commonly tested samples in veterinary medicine. 
Serum osmolality can be compared with urine osmolal-
ity to evaluate for the cause of water imbalances. As the 
serum osmolality rises, the urine osmolality should also 
rise. The normal kidney will reabsorb water from the 
renal tubules in the hyperosmotic patient and concen-
trate the urine. When there is an excess of water in the 
body, normal kidney function dilutes the urine, elimi-
nating extra body water. Normal serum osmolality 
ranges from 290 to 310 mOsm in the dog and from 290 
to 330 mOsm in the cat.9 Whole blood osmolality is a 
little higher than plasma osmolality.6 Normal urine 
osmolality can range between 161 and 2830 mOsm in 
dogs.10 The urine osmolality will increase when water 
intake is withheld as long as kidney function is normal. 
Each individual laboratory should establish the normal 
reference range in each species for its osmometer.

Figure 51.6 Model 4420 Colloid osmometer (Wescor). Heparin-
ized whole blood, plasma, and serum can be analyzed. Sample 
volume requirements are normally 350 µL; however, special pro-
cedures allow for measurements of sample volume as low as 
125 µL. The osmometer requires frequent calibration with high 
(25 mm Hg), low (15 mm Hg), and normal (20 mm Hg) reference 
solutions. The membrane requires periodic changing, and saline 
solution is regularly infused to prevent the membrane from drying 
out.

Measuring colloid osmotic pressure

Colloid osmotic pressure cannot be accurately predicted 
and must be directly measured using a colloid osmom-
eter (Figs. 51.6 and 51.7). The colloid osmometer uses a 
semipermeable membrane to simulate the role of the 
natural vascular membrane in the establishment of 
colloid osmotic pressure responsible for water flow 
between interstitial fluid and blood. The effects of both 
natural and synthetic colloid molecules are measured by 
colloid osmometers. The normal values reported for 
plasma COP range from 14 to 27 mm Hg in the dog and 
21 to 34 mm Hg in the cat.10–13 Whole blood COP is 
reported to be 19.95 ± 2.1 mm Hg in the dog, and 
24.7 ± 3.7 mm Hg in the cat.14 When whole blood is 
being measured, the sample should be collected with 
lyophilized heparin. Each individual laboratory will 
establish the normal reference range in each species for 
its colloid osmometer.

Severe hemolysis (with release of hemoglobin into 
plasma), as well as severe hypergammaglobulinemia 
(caused by multiple myeloma or feline infectious peri-
tonitis) and hyperalbuminemia (associated with hepa-
tocellular carcinoma), can increase COP. A decrease in 
COP can indicate dilution of the blood or a deficiency 
in intravascular albumin molecules (Table 51.2).

In summary, the osmolality and COP play an impor-
tant role in water homeostasis of our patients. Veterinary 



Osmolality and Colloid Osmotic Pressure  671

technicians who understand the physiology and moni-
toring of osmolality and COP, and how it relates to 
abnormal water balance, will have a greater ability to 
anticipate and prevent morbidity in their patients.
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Table 51.2 Causes of hypoalbuminemia

Decreased production (liver failure)
Portosystemic shunt
Chronic active hepatitis
Acute hepatotoxicity
Increased loss

Protein-losing glomerulonephropathy
Protein-losing enteritis
Systemic inflammatory response syndrome
Acute allergic reaction
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52
Cytology

Rebecca J. Greer and Timothy Koors

Cytology can be defined as the study of the microscopic 
appearance of cells, especially for the diagnosis of abnor-
malities and malignancies.1 Microscopic examination of 
tissue aspirates and fluid is a valuable tool for the emer-
gency clinician and technician. Cytology can provide the 
clinician with a quick diagnosis, help guide treatment, 
and provide information about prognosis. Most samples 
for cytology are obtained by fine-needle aspiration; 
other techniques such as impression smears are also uti-
lized. This technique is fairly benign in most cases, 
which makes cytology a useful tool in critically ill 
patients that may not tolerate more invasive procedures 
or general anesthesia. A high-quality sample is necessary 
for accurate interpretation. Several factors can affect the 
diagnostic quality of a sample, including sample collec-
tion technique, sample preparation, slide staining, and 
the microscope. Scanning and evaluation of the slide 
also play an important role in diagnosis. This chapter 
discusses some of the common situations encountered 
by the emergency clinician and technician where cytol-
ogy is useful. It also details the equipment required and 
preparation necessary to obtain the most information 
from cytology samples.

Indications

There are many indications for evaluating cytology in 
emergency practice (Box 52.1). The following is a 
description of some of the more common indications.

Effusion analysis
Fluid accumulation in body cavities is a presenting com-
plaint frequently encountered in the emergency setting. 

Normal dogs and cats have very little fluid in the pleural, 
peritoneal, and pericardial spaces. Accumulation of fluid 
in these potential spaces is pathologic and can be caused 
by a variety of disease processes. Collection of this fluid 
can be both therapeutic and diagnostic See Chapter 14, 
Pericardiocentesis; Chapter 30, Pleural Space Drainage; 
and Chapter 35, Peritoneal Evaluation, for more infor-
mation regarding sample collection from these spaces. 
Samples should be evaluated for the presence of cells 
(red blood cells [RBCs], white blood cells [WBCs], neo-
plastic cells, etc.) and infectious organisms (bacteria and 
fungi).

Effusions are separated into three classifications 
(Table 52.1) based on protein and cellular content,2 
although there is some overlap between the classes. 
Transudates have a low protein concentration (<2.5 g/
dL) and cellular content (<1000/µL).2 Transudates are 
colorless and clear, and they typically occur due to 
increased vascular hydrostatic pressure or decreased 
plasma colloidal osmotic pressure. Common causes of 
transudates include hypoalbuminemia, portal hyperten-
sion, portosystemic shunt, and right-sided congestive 
heart failure.2

The second class of effusions is exudates. Exudates are 
characterized by high protein concentration (>3.0 g/dL) 
and high cellularity (>7000/µL).2 Exudates can be sub-
classified as septic or nonseptic. Septic exudates result 
from infectious causes (bacterial, viral, protozoal, 
fungal); nonseptic exudates are a result of sterile inflam-
mation (as is often seen in pancreatitis, for instance)  
or neoplasia. Fluid that accumulates in the body cavity 
due to feline infectious peritonitis (FIP) is a unique 
example of a septic exudate. In FIP the cell count  
may be less than a typical exudate (<7000/µL), but the 
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Box 52.1  Indications for cytology

1.  Effusions
a.  Pleural
b.  Pericardial
c.  Peritoneal
d.  Joint

2.  Lymphadenopathies
3.  Masses
4.  Dermatitis

a.  Ears

Table 52.1 Evaluation of Effusions

Effusion Cell Count Total Protein Causes

Transudate <1000 cells/µL <2.5 g/dL Hypoalbuminemia
Right heart failure
Portal hypertension

Modified transudate 1000–7000 cells/µL 2.5–7.5 g/dL Most common:
Heart failure
Neoplasia
Inflammation
Chylous
Hemorrhagic

Exudate >7000 cells/µL >3 g/dL

Septic exudate Visualize infectious organism(s) Bacterial
Viral
Protozoal
Fungal

Nonseptic exudate No infectious organism(s) seen Inflammation
Pancreatitis
Peritonitis
Neoplasia

protein concentration in the fluid is generally very high 
(>4.5 g/dL). Thus the high protein concentration is what 
classifies the FIP fluid as an exudate. On cytologic exam-
ination of FIP fluid there is usually granulated pink 
material in the slide background due to precipitated 
protein.2

The third class of effusions is modified transudates. 
As the name suggests, modified transudates are a hybrid 
between pure transudates and exudates. They result 
from the addition of protein and cells to a pure transu-
date. The protein concentration is typically at least 2.5 g/
dL and can be as high as 7.5 g/dL.2 The cell count is 
usually between 1000 and 7000/µL.2 Modified transu-

dates result from leakage of fluid from the lymphatics 
or blood vessels due to increased hydrostatic pressure or 
increased vessel permeability. Modified transudates are 
the most common effusions in dogs and cats. Hemor-
rhagic and chylous effusions fall into this category.

Pericardial effusions
The etiology of pericardial effusions can be difficult to 
determine cytologically. These effusions can be pure 
transudates, modified transudates, or exudates; however, 
the majority are modified transudates (hemorrhagic). 
Many pericardial effusions are idiopathic; no underlying 
etiology can be identified. When an etiology is identi-
fied, the most common is neoplasia.3 The common 
neoplasms that cause pericardial effusion in dogs are 
hemangiosarcoma and chemodectoma, neither of which 
tends to exfoliate cells, which prevents an etiology from 
being found with cytology. Mesothelioma cells do exfoli-
ate, but it can be difficult to distinguish the mesotheli-
oma cells from reactive nonneoplastic cell. The preceding 
discussion explains why it can be challenging to make a 
diagnosis of neoplasia using cytologic evaluation of 
pericardial effusion, even when neoplasia is the underly-
ing etiology. Cytology can be useful in diagnosing  
infectious etiologies of pericardial effusion, especially  
if organisms can be identified.3
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metastatic neoplasia, infection (bacterial, fungal, rickett-
sial), inflammation, and immune mediated.

Mass evaluation
Masses are commonly found on and in small animals. 
Intra-abdominal and intrathoracic masses are generally 
aspirated with ultrasound guidance. The sample is then 
evaluated to help determine if the mass is neoplastic, 
inflammatory, or benign. Dermal or subcutaneous 
masses are generally only evaluated in the emergency 
setting if there is concern that they are related to signifi-
cant disease pertinent to the current visit. Examples of 
skin/subcutaneous masses related to systemic disease 
include mast cell tumors, cutaneous lymphoma, and 
blastomycosis.

Skin and ears
Dermatologic diagnoses are not typically intensely 
pursued in the emergency setting; however, there are 
certain urgent care situations when cytology of the skin 
and external ear canals can be beneficial. It is not uncom-
mon for an animal to present to the emergency clinic 
with severe skin lesions, itchy skin, or ear disease. Cytol-
ogy is beneficial in making a correct diagnosis and there-
fore selecting appropriate initial treatment. Excessive 
amounts of bacteria may require systemic antibiotics. 
Severely pruritic animals require skin scraping with 
cytologic evaluation to look for evidence of mites. 
Animals with signs of ear disease require ear cytology to 
determine if topical treatment alone will be adequate or 
if systemic treatment is necessary. Furthermore, cyto-
logic examination of skin lesions may give a diagnosis 
in debilitated animals not stable enough for more inva-
sive diagnostic tests or general anesthesia. For example, 
patients with debilitating systemic blastomycosis may 
have skin lesions that allow for rapid noninvasive cyto-
logic diagnosis of the systemic problem.

Equipment

A compound binocular microscope with a set of high-
quality objectives is required for diagnostic cytologic 
examination. The microscope should have a light source 
with a substage condenser to provide optimal contrast 
and eliminate artifact. Most microscopes have four stan-
dard objectives: 4×, 10×, 40×, and 100× oil immersion. 
A good quality microscope is essential.

The microscope must be adjusted before each use to 
allow the best image. First the oculars should be adjusted 
for the width of the examiner’s eyes. Each ocular can be 
individually focused to account for differences in the 
focusing abilities of the viewer’s eyes. Once an image is 

Joint effusions
Animals may also present with swollen, painful joints. If 
joint effusion is present, cytology may help to make a 
diagnosis and therefore to guide treatment. Cytology is 
generally the most important evaluation to perform on 
joint effusions, so if only a small sample can be obtained, 
cytology should be prioritized over total protein concen-
tration or cell counts. Normal synovial fluid is grossly 
viscous and has a low protein concentration (<2.5 g/dL) 
and cell count (<3000/µL).2 There is very little fluid 
present in healthy joints. Pathologic joint effusions can 
be septic or nonseptic. Septic arthritis is usually caused 
by a bacterial or fungal infection and usually localized 
to one joint, although multiple joints can be affected. 
Infection can be caused by hematogenous spread or by 
direct inoculation. The cell count in septic arthritis is 
typically very high (5000–10,000/µL), with neutrophils 
as the predominant cell.2 Generally, the neutrophils 
present are degenerate. Neutrophil degeneration may 
not always be apparent and organisms may not be iden-
tified in septic arthritides. If enough fluid can be 
obtained, a culture should also be performed. Joint fluid 
in nonseptic arthritis has an increased cell count (1000–
10,000/µL) but not usually as high as seen with septic 
arthritis.2 The neutrophils present are nondegenerate, 
and no infectious organisms are present. Causes of non-
septic arthritis include ehrlichiosis, Lyme disease, drug 
mediated, immune mediated, and systemic lupus ery-
thematosus. Nonseptic arthritis can also be secondary to 
neoplasia or infection in distant areas of the body. Neo-
plastic cells may be present in cases of synovial cell 
sarcoma, but histopathology is generally required to dif-
ferentiate between reactive synovial cells and neoplasia. 
Trauma or coagulopathies may also cause joint effusion. 
In this case the fluid resembles peripheral blood.2

Lymph node evaluation
Lymphadenomegaly may be noted by owners, or it may 
be found on physical examination. Lymph nodes may 
be enlarged due to a primary problem within the nodes 
themselves or in response to disease elsewhere in the 
body. The prescapular and popliteal nodes are the sites 
of choice to aspirate when generalized lymphadenomeg-
aly is present. The submandibular lymph nodes are not 
the best diagnostic nodes because they often have a 
strong inflammatory component secondary to draining 
the mouth that can mask other diseases. The size of the 
nodes should also be considered. Very large lymph nodes 
tend to have necrotic centers, which makes diagnosis 
difficult. Therefore, it is advisable to sample slightly or 
moderately enlarged nodes if possible.2 Common condi-
tions that cause lymphadenomegaly include lymphoma, 
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path that light takes from the light source to the viewer’s 
eye and will help eliminate scatter. The sample must first 
be in focus, following the nine steps listed in Protocol 
52.1 for focusing. The diaphragm is then closed all the 
way resulting in a blurry area of light in the field. Using 
the condenser knob, raise or lower the condenser until 
the circle of light is in sharp focus. Then use the con-
denser placement screws to center the light circle in the 
field of view. Open the diaphragm until only the field of 
view is illuminated, meaning the circle of light is just 
outside the field of view. Open or close the condenser 
aperture to allow the best contrast.4,5

If the image is difficult to get into focus, the lenses 
may need to be cleaned or the light source adjusted. 
Opening or closing the aperture and/or adjusting the 
strength of the light source may help.

Maintenance of the microscope (Box 52.2) includes 
weekly cleaning of the objective and ocular lenses with 
a lens cleansing solution. Use the recommended solu-
tion for the particular microscope but not alcohol or 
water because standard immersion oil is not dissolved 
by these substances.6 The lens is then wiped with lens 
paper that has the appropriate solution applied to the 
paper and wiped in a circular motion. Lens paper is the 
only material that should be used to actually wipe  
the lenses because other paper or materials may scratch 
the lens surface. The ocular pieces can be removed  
from the eyepiece tube and wiped down, but do not 
attempt to take the actual lenses apart. The objectives 
should be wiped with plain lens paper at least once a day 
and the high power oil objective (100×) should have the 
oil removed with plain lens paper every time it is used. 
If the microscope is not properly maintained, the lenses 
will become damaged and a clear, focused image will not 
be obtained. The stage should be wiped as needed. This 
area of the microscope can be cleaned with ordinary 
cleansing materials; oil spills and water will cause the 
slides to stick to the stage preventing appropriate move-
ment. The owner’s manual of each microscope lists spe-
cific solutions and cleaning recommendations for that 
microscope. The microscope should be serviced regu-
larly as recommended by the manufacturer.

visible, a combination of adjustments will be made to 
achieve the best focus. Protocol 52.1 lists the general 
sequence of events.

For the best images, the Kohler method of illumina-
tion (Protocol 52.2) should be used and readjusted every 
time an objective is changed. This method deals with the 

Protocol 52.2  Kohler illumination

Items Required
•  Microscope
•  Specimen slides

Procedure
1.  Bring image into focus (see Protocol 52.1).
2.  Completely close diaphragm.
3.  Raise or lower condenser until circle of light is in sharp 

focus.
4.  Center light in the field of view.
5.  Open diaphragm until only the field of view is present 

(i.e., circle of light just outside field of view).
6.  Open or close condenser aperture to allow best contrast.

Box 52.2  Microscope maintenance

1.  Wipe 100× with lens paper with every use.
2.  Wipe objectives, oculars, and stage once daily.
3.  Clean lenses with cleansing solution weekly.
4.  Perform regular service as recommended by 

manufacturer.

Protocol 52.1  Adjusting the microscope

Items Required
•  Microscope
•  Specimen slides

Procedure
1.  Place the slide on the stage; secure slide in place with 

the stage clips.
2.  Move the 4× or 10× objective into use. Adjust the coarse 

focus knob to move the slide up as close as possible to 
the objective, taking care not to bump the slide into the 
lens. Using the 4× or 10× it should not be possible to 
touch the slide to the objective.

3.  Illuminate a stained area of the slide.
4.  While looking through the ocular lenses, slowly adjust 

the coarse focus knob (moving the specimen away from 
the objective) until the specimen is visible.

5.  Change to the fine focus knob and bring the image into 
sharper view.

6.  Adjust the individual oculars for the best focus.
7.  Adjust the condenser lens and/or light source so the 

illumination is optimal.
8.  Readjust the fine focus knob as needed to improve the 

image.
9.  Move to higher objectives without changing the focus 

from the previous objective. Use the fine focus knob to 
bring the image into sharp focus.
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The other supplies needed are inexpensive and readily 
available. These supplies include the following: glass 
slides with a frosted end, glass or plastic coverslips, 
needles (21–25 gauge), syringes (3–20 cc), serum tubes, 
EDTA tubes, centrifuge for spinning down samples, 
stains, and a pencil (Box 52.3).

Slide preparation

Slide preparation varies by the type of sample to be 
analyzed (i.e., tissue vs. fluid).

Fluid
Examination can be performed on fluid directly, or 
samples can be centrifuged to concentrate cells. Slides 
from fluid samples are prepared in the same way as a 
blood smear. A small drop is placed near the frosted end 
of the slide. A second slide is backed into the sample with 
the acute angle toward the operator (frosted end of the 
slide). The second slide is then drawn away from the 
operator. The speed at which the slide is moved depends 
on the viscosity of the fluid.2 Thinner samples should be 
spread faster than more viscous samples to ensure even 
distribution over the slide. All fluid applied to the slide 
originally should remain on the slide. Care should be 
taken not to allow excess fluid to be drawn off the end 
of the slide. Neoplastic cells tend to clump and stick to 
the spreader slide. If excess fluid is removed with the 
spreader slide and discarded, valuable diagnostic mate-
rial may be lost. If excess fluid is a problem, the spreader 
slide can be stopped before it reaches the end of the 
specimen slide. Excess fluid on the spreader slide can 
then be transferred to another slide. An alternative is to 
allow the excess fluid to run back on itself for a short 
distance. With this procedure the thin part of the speci-
men can be used to estimate cell numbers while the  
area of excess fluid can be evaluated for abnormal cells 
or infectious organisms.

Box 52.3  Other equipment

1.  Glass slides, preferably frosted on one end
2.  Coverslips: glass or plastic
3.  Needles: 21–25 gauge
4.  Syringes: 3–20 cc
5.  Serum tubes
6.  EDTA tubes
7.  Centrifuge
8.  Stains: Romanowsky type
9.  Pencil

Samples can be centrifuged to concentrate fluids of 
low cellularity. After centrifuging for 5 minutes, the 
pellet is resuspended in 1–2 drops of supernatant. This 
solution is then prepared as previously described. Micro-
hematocrit tubes can be used if there is a small volume 
of fluid. The same is then spun just like a packed cell 
volume (PCV). The buffy coat or cellular layer is then 
applied to a slide.2 The slide is prepared utilizing the 
squash technique described later.

Tissue
Slides with tissue samples can be obtained in several 
different ways. Fine-needle aspiration is a common 
method to obtain samples.2 Once the tissue sample has 
been obtained, the needle is removed from the syringe. 
A syringe with air is attached to the needle. The sample 
is then blown onto the slide using the air in the syringe. 
This process may be repeated a few times to ensure 
complete transfer of sample material to a slide (Fig. 
52.1A and B). Once the sample material is on a slide, a 
compression (squash) preparation can be made.

Squash preparation

A squash preparation is accomplished by placing a 
sample on the slide and then placing a second glass slide 
over the sample at a right angle to the specimen slide. 
The sample is gently but firmly compressed. Generally 
the only pressure for compression is the weight of the 
second slide. The second slide is then drawn away from 
the frosted end of the specimen slide. This process 
should be performed with a smooth and continuous 
motion.2 Care should be taken especially with lymph 
node aspirates because lymphoma cells rupture easily.7 
The resulting specimen should be oblong in shape and 
have a cellular monolayer at the end (see Fig. 52.1C  
and D).

Impression smear

Slides can also be prepared by making an impression 
smear. This technique can be used for skin or excised 
tissue. With excised tissue, the cut surface is blotted with 
a paper towel to remove blood or other fluids. The tissue 
is then gently pressed or touched against a slide at several 
different places. The tissue should lightly stick to the 
slide. A clean slide can also be pressed against skin to 
obtain skin cytology. A variation of the slide to skin 
technique utilizes a clear adhesive tape preparation. A 
piece of transparent acetate tape is used. The adhesive 
side of the tape is pressed against the area of interest, 
being sure to leave uncompromised adhesive on each 
side for affixing to the slide. The sample area is placed 
on the middle of a glass slide and the tape edges used to 
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Staining

Many different stains are available for staining cytology 
samples. The most commonly used in veterinary medi-
cine are the Romanowsky-type stains.9 Romanowsky-
type stains include Wright, Giemsa, and Jenner stains. 
Romanowsky-type stains are defined by the use of a 
combination of eosin and methylene blue. Characteris-
tically these stains color a cell’s nucleus purple and its 
cytoplasm blue or pink.10 A proprietary example is the 
Diff-Quik stain (Andwin Scientific, Tryon, NC). The 
Diff-Quik brand (Fig. 52.2) is one of the most com-
monly used Romanowsky-type stains due to the quick 
results and ease of use. Staining times with Diff-Quik 
vary depending on the thickness of the sample. Thick 
samples may require as much as 60–120 seconds in each 
solution. A general guide for staining with Diff-Quik 

affix the tape to the slide. The slide with adhered tape 
can then be stained. If using the Diff-Quik solution, the 
fixative step is skipped because it will dissolve the adhe-
sive, and the slide is dipped into the stains and rinsed in 
standard fashion. An alternative staining method is to 
place a single drop of stain on the slide and then affix 
the tape with the sample section in the stain. In this 
method, the stain is not rinsed off but the tape, drop of 
stain, slide combination is directly viewed with the 
microscope.8 The tape method of obtaining samples is 
especially useful for the paws and around the nose.2

After the sample is obtained and placed on a slide, the 
slide should be labeled with patient identification and 
type of sample. A pencil will write easily on the frosted 
end and remain visible even after staining. Marks made 
by pens and permanent markers will rinse off during the 
staining process.

Figure 52.1 Preparing squash sample from an aspirate. (a) Aligning the needle above the slide; needle aspiration has been performed 
and sample is in the needle. (b) The sample was blown out of the needle using the air in the syringe. This results in a small amount 
of sample on the slide. (c) A second, clean slide is aligned over the slide with the sample, the weight of the slide is used to squash 
the sample, and then the top (second) slide is drawn off the end of the sample slide. (d) Finished squash sample, unstained.

(a) (b)

(c) (d)
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Figure 52.2 Bulk DipQuick, another proprietary version of Diff-
Quik stain.

Protocol 52.3  General guidelines for Diff-Quik stain

Items Required
•  Diff-Quick stains
•  Specimen slides

Procedure
1.  60–120 seconds in fixative
2.  30–60 seconds in solution 1
3.  5–60 seconds in solution 2
4.  15- to 30-second rinse in cold water
5.  Air dry or blot

Times will vary depending on thickness of sample (longer 
for thicker samples)

solutions is as follows (Protocol 52.3): 60–120 seconds 
in fixative, 30–60 seconds in solution 1, and 5–60 seconds 
in solution 2. The slide should then be rinsed with cold 
water for 15–20 seconds to remove any stain precipitate 
and then allowed to air dry in a nearly vertical position.2 
If time is of the essence, the samples could be dried by 
blotting with bibulous paper or a hair dryer on low. 
Common errors in staining are discussed later.

New methylene blue is another valuable stain to have 
in the emergency practice because it stains nuclei, bac-
teria, fungi, platelets, and mast cell granules.9 Diff-Quik 
solutions may not always stain mast cell granules ade-
quately; therefore a new methylene blue stain may help 
distinguish the cells in low-granule mast cell tumors. 
New methylene blue stain can also be used in cases with 
anemia to look for reticulocytes. New methylene blue is 
more labor intensive than Diff-Quik because it requires 

preparing the solution and proper disposal of formalin. 
To prepare the solution, new methylene blue is mixed 
with 0.9% saline and formalin. The solution is passed 
through filter paper before using to remove precipitates. 
The stain should be replaced and filtered weekly.2 A drop 
of the prepared solution is then placed on a slide, and a 
coverslip is placed on top. The slide should be examined 
immediately because the stain evaporates quickly.

Slide scanning and evaluation

Slides should be examined first with 4× or 10× to evalu-
ate overall sample quality and staining. Slides that are 
too lightly stained can be re-stained to improve quality. 
The slide is then scanned at 10× to find the area of the 
slide that will be of highest diagnostic yield. The slide 
should be scanned in a consistent manner to be sure the 
entire slide is evaluated. Starting at one corner of the 
slide, a back and forth pattern is used until the entire 
slide has been evaluated. Large objects such as parasites 
and some fungal elements may be seen at this low power. 
Once the initial evaluation is performed, a more detailed 
study is made. The best area to examine is the area where 
the cells are in a monolayer. The 40× objective is used to 
obtain an overview of the cell population. At this mag-
nification it is possible to compare cell sizes and deter-
mine the proportions of different cell types. This power 
should provide enough detail to make a presumptive 
diagnosis if there is not enough time to thoroughly 
examine the slide in the emergency setting. To further 
improve resolution, a drop of immersion oil is applied 
directly to the stained surface (or on top of the coverslip 
if one is in place), and the slide is reexamined with the 
100× oil immersion objective. Take care not to touch 
immersion oil to any objective other than the oil immer-
sion (generally 100×) because this is the only objective 
that is sealed and designed for oil use.11 This objective 
shows greater detail of individual cells (Protocol 52.4). 
Nuclear structures and cytoplasmic granules can be seen 
at this magnification. Cellular inclusions may also be 
seen at this magnification.2

Troubleshooting

Making a diagnosis from cytology can be very reward-
ing. However, there are some pitfalls that can make 
examining slides frustrating. Here is a list of commonly 
encountered problems and their solutions.

Nondiagnostic samples
Obtaining nondiagnostic samples can be frustrating, 
especially in an emergency situation. One of the  
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Fractured cells and naked nuclei also make diagnosis 
difficult. Certain neoplastic cells are fragile and break 
when preparing the sample. One step to help avoid this 
problem is to not apply excessive vacuum when aspirat-
ing the sample. In general, 0.5–1 cc of vacuum is all that 
is needed. Overzealous compression of the sample 
during squash preparation can also fracture cells.2 Care 
should be taken when preparing slides, especially of 
enlarged lymph nodes because lymphoma cells rupture 
easily.

Staining
Most errors that occur with staining are due to inade-
quate time in the solutions or use of old solutions. Slides 
may appear dull or washed out. In most cases the 
problem can be remedied by replacing the slide into one 
or all of the staining solutions. Staining times vary 
depending on the kind of material being stained. In 
general, thicker cellular material requires more contact 
time than thinner, less cellular material. Stain precipi-
tates may be present on the slide if it has not been rinsed 
adequately.9 The same problems can be seen if the stain-
ing solutions are not maintained properly. Manufacturer 
recommendations should be followed regarding main-
tenance and changing or replacement of the solutions 
and their containers.

Prolonged contact time in the stain may also result in 
problems. When using the Romanowsky-type stains, 
slides may appear too pink or too blue. It is important 
to use the same brand of stain consistently to obtain a 
feel for the appropriate length of time to stain different 
material.9

If technique is followed properly, and the slide is still 
not stained appropriately, there may be a problem with 
the stain itself. This problem usually occurs as the stain 
deteriorates with age.9 The stain should be replaced with 
fresh solution when this occurs (Protocol 52.5). Aggre-
gates of stain precipitate can form and give the false 
appearance of cocci bacteria or inclusion bodies. False 
results can have life-threatening consequences in an 
emergency situation. For example, if these cocci-
appearing aggregates are seen in a sample of abdominal 
fluid from a critically ill patient, that patient may be 
taken for an abdominal exploration resulting in an 
unstable patient undergoing a risky and unnecessary 
procedure. This problem can be avoided by changing the 
stain regularly. The timeframe varies from clinic to clinic 
depending on the number of slides stained and the type 
of stain used. Manufacturer recommendations should 
be followed regarding how often to change the solutions. 
It is good practice to have separate stains for clean 
(blood, aspirates, fluid) and dirty (skin, fecal, abscess) 

most common causes for nondiagnostic samples is 
hemodilution. This phenomenon occurs commonly 
when aspirating vascular organs such as the spleen. If a 
large amount of blood is aspirated, it can be smeared 
like a blood film to look for diagnostic cells. The best 
way to avoid blood contamination in vascular organs is 
to use a fine-needle biopsy approach without aspiration, 
also called a fenestration approach.7 A needle (alone or 
attached to a syringe) is directed into the area of interest. 
Multiple fenestrations are made in the tissue without 
applying negative pressure to the syringe. The needle is 
then attached to a syringe with air, or if already attached 
to a syringe, the air is used to blow the sample out and 
it is prepared as a squash. If using the aspiration tech-
nique in a tissue where peripheral blood contamination 
is expected to be a problem, release the negative pressure 
on the syringe before removing the needle from the 
tissue. This precaution will prevent blood from being 
drawn into the syringe as the needle is removed. It will 
also prevent the sample from being sucked into the 
barrel of the syringe when the pressure in the syringe 
equilibrates with room air.7

Nondiagnostic samples are also obtained if the mate-
rial on the slide is too thick or if there is poor separation 
of cells. A common mistake is to place too much mate-
rial on a slide. It is then impossible to obtain a mono-
layer of cells with a squash preparation. This problem 
can be avoided by making sure only a small amount  
of sample is applied to a slide.2 Multiple slides can be 
made from a single fine-needle aspiration. It takes prac-
tice to know the right amount of material to apply to a 
slide.

Protocol 52.4  Slide scanning and evaluation

Items Required
•  Microscope
•  Immersion oil
•  Specimen slides

Procedure
1.  Systematic scan at low power (4× or 10×).

a.  Use back-and-forth technique.
b.  Evaluate staining technique.
c.  Identify monolayer.
d.  Look for large organisms (fungus or parasites).

2.  Increase magnification (40×).
a.  Evaluate cellular structure.

3.  Increase magnification (100×).
a.  Place drop of immersion oil on slide.
b.  Evaluate for more detailed cellular structure.
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 Stains
 Romanowsky type
 New methylene blue

 Pencil
• Microscope use

 Place the slide on the stage; secure slide in place 
with the stage clips.

 Move the 4× or 10× objective into use. Adjust the 
coarse focus knob to move the slide up as close as 
possible to the objective, taking care not to bump 
the slide into the lens. Using the 4× or 10×, it should 
not be possible to touch the slide to the objective.

 Illuminate a stained area of the slide.
 While looking through the ocular lenses, slowly 

adjust the coarse focus knob (moving the specimen 
away from the objective) until the specimen is 
visible.

 Change to the fine focus knob and bring the image 
into a sharper view.

 Adjust the individual oculars for the best focus.
 Adjust the condenser lens and/or light source so the 

illumination is optimal.
 Readjust the fine focus knob as needed to improve 

the image.
 Move to higher objectives without changing the 

focus from the previous objective. Use the fine focus 
knob to bring the image into sharp focus.

• Microscope maintenance
 Daily lens wiping with lens paper
 Weekly lens cleaning with a recommended cleaning 

solution
 Routine service

• Slide preparation
 Fluids

 Make a smear
 Aspirates

 Squash preparation

• Staining
 Romanowsky type

 Adequate time in each solution
 Rinse well

• Slide scanning and evaluation
 Systematic scan at low power

 Evaluate staining technique
 Identify monolayer

 Increase magnification
 Evaluate cellular structure
 Look for organisms

• Troubleshooting
 Nondiagnostic sample

 Retake sample
 Decrease force of aspiration
 Try needle biopsy rather than aspiration

samples. Bacteria from dirty samples can contaminate 
the stain, resulting in bacteria on the slide of a sample 
that did not truly contain bacteria. If only one staining 
station is available, the stain should be changed imme-
diately if has come in contact with infectious organisms 
or debris.

Conclusion

Cytology is an important tool for the emergency clini-
cian. A diagnosis made by in-house cytology can prevent 
a delay in definitive treatment. A quick diagnosis bene-
fits the patient and the owner. If a diagnosis cannot be 
made in the clinic, samples should be submitted to a 
diagnostic laboratory for analysis. Good sample collec-
tion technique and sample preparation will ensure that 
the pathologist has the best chance of making a diagno-
sis. There are some instances where cytology will not 
provide an answer. In these instances, biopsies should be 
taken after the patient has been stabilized.

Summary

• Indications for cytology
 Presence of effusions
 Lymphadenopathy
 Masses
 Dermatologic problems

• Equipment required
 Microscope
 Microscope slides
 Coverslips
 Needles (21–25 guage)
 Syringes (3–12 cc)

Protocol 52.5  Troubleshooting

Procedure
Nondiagnostic sample:
1.  Retake sample.

a.  Decrease force of aspiration.
b.  Use needle biopsy technique.

Staining:
1.  Too lightly stained:

a.  Re-stain.
b.  Replace old stain solution.

2.  Stain granules:
a.  Rinse slide thoroughly.
b.  Re-stain new sample in fresh stain.
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 Staining
 Too lightly stained

• Re-stain

• Replace old stain solutions
 Stain granules

• Rinse slide thoroughly
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53
Blood typing and cross-matching

Nicole M. Weinstein and Carolyn A. Sink

Knowledge of blood types, necessary equipment, blood 
type and crossmatch test procedures, and test interpreta
tion are paramount in effective and safe transfusion 
medicine. A blood type and, in some instances, a cross
match test should be performed prior to packed RBC 
(pRBC) or whole blood (WB) transfusions in dogs and 
cats. The benefits of blood transfusion are numerous 
and can be maximized with safe transfusion and blood 
banking practices. Although some complications of 
transfusion cannot be predicted or even prevented, 
determination of patient and blood donor blood com
patibility can minimize the risk of a hemolytic trans
fusion reaction. The veterinary care worker should 
understand dog and cat blood typing and the basics of 
crossmatching before the bleeding or anemic patient 
arrives at the clinic.

Agglutination, hemagglutination,  
and autoagglutination

To interpret information and tests discussed in this 
chapter, one must first understand some terminology 
pertaining to red blood cells (RBCs). The general term 
used to describe the visible clumping together of RBCs 
is agglutination or hemagglutination. RBCs agglutinate 
when antibodies present in plasma adhere to substances 
(antigens) on the surfaces of neighboring RBCs, thus 
linking and binding these neighboring RBCs together 
into clumps that can be visualized in vitro. Generally, 
hemagglutination occurs because prospective transfu
sion recipient plasma contains antibodies to prospective 
donor RBCs. Animals do not normally produce anti
bodies to their own RBCs. The term autoagglutination 

is used to describe specifically hemagglutination of a 
patient’s own RBCs to each other due to the production 
of antibodies to one’s own RBCs. Both canine and feline 
patients can develop these RBC “autoantibodies,” which 
can result in RBC destruction and immunemediated 
hemolytic anemia. Because hemagglutination is used as 
the “positive” (i.e., reactive) end point of both blood 
typing and crossmatch tests, autoagglutination could 
lead to a false reactive interpretation of the test. Blood 
typing and crossmatch procedures include a step to 
evaluate for the presence of autoagglutination (Proto
cols 53.1–53.4). If autoagglutination is determined to be 
present, patient RBCs should be washed (Protocol 53.5) 
prior to performing the blood typing or crossmatch 
procedure.

Canine blood types

Blood types are antigens present on the surface of the 
RBC membrane and are species specific. Several blood 
group systems have been documented in dogs, but sig
nificance, antigenicity, and ability to test for these differ
ent groups is highly variable. The dog erythrocyte 
antigen system (DEA), in which a number denotes the 
blood type, is the traditional schema used.1–4 DEA 1.1 is 
considered the most clinically relevant because of its 
potential to cause a hemolytic transfusion reaction.5–7 
Inclinic tests are available for DEA 1.1 typing.

A dog can be positive or negative for a specific blood 
type. Using DEA 1.1 as an example, RBCs from a single 
dog can either display the 1.1 antigen, denoted DEA 1.1 
positive, or not display it, denoted DEA 1.1 negative. 
Several other blood groups are described in dogs, but 
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containing product, either packed pRBCs or WB, can 
cause a dog to produce alloantibodies to the nonself 
RBC antigen(s) present in the transfused product. For 
example, a DEA 1.1 negative patient who receives donor 
DEA 1.1 positive RBCs will produce antiDEA 1.1 allo
antibodies against the DEA 1.1 antigen. This is true for 
other DEA types as well. Alloantibodies are typically 
formed in as few as 4 days to as long as months, follow
ing exposure to the novel antigen.3,4,6,7 Identification of 
these alloantibodies is accomplished with a crossmatch 

typing reagents are available for only a handful, includ
ing DEA 3, 4, 5, 7, and, more recently, the Dal blood 
type.1–4,8,9 Testing for these other blood groups is typi
cally performed only by some commercial blood banks 
or academic veterinary hospitals.5,10

Little is known about the potential functions these 
antigens serve or their biochemical makeup in dogs, but 
their potential antigenicity has been well described.5–9,11 
In dogs, naturally occurring alloantibodies (antibodies 
formed against a RBC antigen the recipient lacks, i.e., 
nonself antigen) are seen infrequently and are not  
considered clinically relevant.12 Transfusion of a RBC

Protocol 53.1  Canine (DEA 1.1) blood type: DMS card

Items Required
•  Whole blood (in EDTA)
•  Autoagglutination saline screen card (provided in kit)
•  Pipette (provided in kit)
•  Wooden stirrer (provided in kit)
•  Diluent (provided in kit)
•  Rapid-Vet H (Canine 1.1) card (provided in kit)

Procedure
Autoagglutination saline screen
1.  Apply one drop of diluent and canine whole blood (in 

EDTA) to well.
2.  Mix thoroughly with provided wooden stick for 10 

seconds.
3.  Rock card to a slight angle looking for agglutination.

•  If negative, proceed to DEA 1.1 typing.
•  If positive, see text.

Procedure
1.  Apply one drop of diluent into each well.
2.  Apply one drop of canine whole blood (in EDTA) into 

each well (patient, positive control, negative control).
3.  Mix each test thoroughly with a wood stick for 10 

seconds; use a separate stick or stick end for each well 
so not to cross-contaminate.

4.  Rock the card for 1 minute; observe for agglutination.

Interpretation

DEA 1.1 Positive Hemagglutination in 
Patient Test Well

DEA 1.1 Negative No hemagglutination 
in Patient Test well

DEA 1.1 Positive Control Hemagglutination 
should be seen

DEA 1.1 Negative Control No hemagglutination 
should be seen

Protocol 53.2  Feline (AB) card blood type

Items Required
•  Whole blood (in EDTA)
•  Rapid Vet H (Feline A, B, AB) blood typing card (provided 

in kit)
•  Pipette (provided in kit)
•  Wooden stirrer (provided in kit)
•  Diluent (provided in kit)

Procedure
1.  Apply one drop of diluent and feline whole blood (in 

EDTA) to well marked Auto-Agglutination Saline Screen.
2.  Mix thoroughly with wooden stick for 10 seconds.
3.  Rock card to a slight angle looking for agglutination.

•  If negative, proceed to number 4.
•  If positive, see text.

4.  Apply one drop of diluent into each of the two 
remaining wells labeled Patient Test.

5.  Apply one drop of feline whole blood (in EDTA) into each 
of the wells.

6.  Using a new wooden stick stirrer, press firmly downward 
so to spread and mix the material within the entirety of 
the well.

7.  Repeat with the other well using a new wooden stirrer.
8.  Add a second drop of diluent to the well labeled type A.

Do not stir the fluid in this well a second time.

9.  Rock the card for 1 minute or less until hemagglutination 
has occurred in one of the Patient Test wells. Take care 
not to cross-contaminate the samples within the wells.

Interpretation

Blood type A Strong hemagglutination in well 
labeled type A.

Blood type B Strong hemagglutination in well 
labeled type B.

Blood type AB Strong hemagglutination in wells 
labeled type A and type B.
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ent blood type cannot be determined, DEA 1.1 negative 
whole blood or packed red blood cells should be admin
istered. A pretransfusion recipient blood sample should 
be drawn. The sample can be used for later DEA 1.1 
blood typing; transfused RBCs could potentially alter 
test results if a significant volume of blood is transfused 
and the donor and recipient are of different DEA 1.1 
blood types. In the event of a hemolytic transfusion 
reaction, collection of a pretransfusion recipient blood 
sample may also be useful for retrospectively evaluating 
pretransfusion recipient–donor compatibility. This is 
typically reserved for cases where a pretransfusion cross
match test was not performed.

DEA 1.1 blood typing

Two inclinic tests are available for canine blood typing.

DMS card test for DEA 1.1
A blood typing card test, RapidVetH (Canine DEA 1.1) 
(DMS Laboratories, Inc., Flemington, NJ) is available for 
inhospital blood typing of dogs. The DMS card identi
fies dog blood as either DEA 1.1 positive or negative. 
Canine RBCs that display DEA 1.1 surface antigen react 
with a lyophilized murine monoclonal antibody on the 
test card; RBCs lacking the surface antigen will not react. 
The observation of strong hemagglutination (Fig. 53.1). 
DEA 1.1 positive blood type indicates the blood sample, 
and thus the dog being tested is DEA 1.1 positive. Auto
agglutination due to RBC autoantibody in diseases such 
as immunemediated hemolytic anemia (IMHA) must 
be ruled out prior to performing the test. Because hem
agglutination is the positive end point of the card blood 
typing test, as described earlier, hemagglutination due 
to autoagglutination could not be distinguished from 
hemagglutination from a DEA 1.1 positive blood sample. 
A DEA 1.1 negative dog with autoagglutination could 
be misclassified as DEA 1.1 positive. A separate card, 
provided by the manufacturer, serves as the autoagglu
tination screen. Autoagglutination saline screen pro
vides three separate wells for testing. The card can be cut 
so different patients can be tested, minimizing waste. 
The presence of autoagglutination in a potential recipi
ent’s sample would warrant washing of the recipient’s 
RBCs prior to repeating the test (Protocol 53.5). Given 
the subjectivity of hemagglutination grading as well as 
the potential for an adverse transfusion outcome, the use 
of DEA 1.1 negative donor blood may be a better option 
in patients with autoagglutination.

The benefits of the DMS card method for canine 
blood typing include rapid turnaround (<2 minutes) 
as well as reliable results. Test kits can be purchased 

test. Where blood typing identifies specific antigens on 
the RBC surface (i.e., DEA 1.1 positive or negative), a 
crossmatch test detects these alloantibodies against RBC 
antigen(s) present in the plasma or serum. Alloantibod
ies may result in destruction of the donor RBCs and a 
shortened lifespan for the transfused RBCs. A second 
exposure to the DEA 1.1 antigen (i.e., in the form of a 
pRBC or WB transfusion) would result in more rapid 
production of additional antiDEA 1.1 alloantibodies 
with destruction of RBCs.3–7 It was once believed that 
previous pregnancy in female dogs could result in sig
nificant production of red cell alloantibodies; this has 
been shown not to be the case.13

DEA 1.1 is considered the most antigenic canine RBC 
antigen (i.e., the most capable of provoking an immu
nologic response from the recipient), so potential canine 
donors or transfusion recipients should be blood typed 
to determine whether they are DEA 1.1 positive or nega
tive. Inclinic blood typing methods for DEA 1.1 exist 
that allow for blood type–specific transfusions. If recipi

Protocol 53.3  Feline AB slide typing

Items Required
•  Whole blood (in EDTA)
•  Three glass slides
•  Plastic pipettes (four minimum)
•  Serum or plasma from a type B cat (Anti-A reagent; see 

text)
•  Triticum vulgaris lectin solution (Anti-B reagent; see text)
•  Buffered saline

Procedure
1.  Label the three slides A, B, and C.
2.  To slide A, add 2 drops of anti-A reagent (B cat serum or 

plasma).
3.  To slide B, add 2 drops of anti-B reagent.
4.  To slide C, add 2 drops of PBS or buffered saline.
5.  Add 1 drop of patient whole blood to each of the three 

slides without contacting the liquid on the slide.
6.  Gently rock each slide and observe for 

hemagglutination.

Interpretation

Type A: Hemagglutination on slide labeled A
Type B: Hemagglutination on slide labeled B
Type AB: Hemagglutination on slides labeled 

A and B
Autoagglutination Hemagglutination on slide labeled C. 

This indicates red blood cells need 
to be washed (Protocol 53.5).



Blood Typing and Cross-matching  685

Protocol 53.4  Tube crossmatch procedure

Items Required
•  Patient whole blood (in EDTA) with or without patient serum
•  Donor whole blood (can be from segment; segments are sections of blood-filled plastic tubing coming from the blood collection 

bag)
•  Centrifuge (capable of 1000 × g or 3400 rpm)
•  Disposable pipettes
•  3–5× magnification lens (optional)
•  Normal or buffered saline
•  Optional: Microscope, microscope slides, coverslips

Preparation of a 3%–5% red cell suspension for patient and blood donor(s)
1.  Label a 12 × 75 mm tube with recipient or donor identification (ID).
2.  Pipette approximately 2 drops of whole blood (or 1 drop of packed red blood cells) into tube.
3.  Fill tube approximately three-quarters full with buffered or normal saline. Mix thoroughly.
4.  Centrifuge (1000 × g or 3400 rpm) for 60 seconds.
5.  Aspirate or decant the supernatant saline from the red blood cells.
6.  Repeat steps 3–5 two additional times.
7.  After the last wash, decant the supernatant and centrifuge the red cells for 15 additional seconds to prepare a packed cell 

button.
8.  Fill the tube approximately three-quarters full (4 mL) with buffered or normal saline. Mix thoroughly. The red cell suspension 

should have the appearance of red Kool-Aid.

Tube Preparation
Major crossmatch
1.  Label a test tube with donor ID and word Major.
2.  Add 2 drops of patient serum or plasma.
3.  Add 1 drop of donor RBC suspension.

Minor Crossmatch
1.  Label a test tube with donor ID and word Minor.
2.  Add 2 drops of donor serum or plasma.
3.  Add 1 drop of patient RBC suspension.

Recipient Autocontrol
1.  Label a test tube with patient ID and Patient AC.
2.  Add 2 drops of patient serum or plasma.
3.  Add 1 drop of patient RBC suspension.

Donor Autocontrol
1.  Label a test tube with donor ID and Donor AC.
2.  Add 2 drops of donor serum or plasma.
3.  Add 1 drop of patient RBC suspension.

Incubation and Centrifugation
1.  Shake each tube gently to mix the contents within.
2.  Cover each tube or the entire group with plastic or Parafilm to prevent condensation from entering any of the tubes.
3.  Incubate all tubes at 37° C for 15 minutes.
4.  Centrifuge (1000 × g or 3400 rpm) the tubes for 15 seconds.
5.  Read each tube and grade according to the chart below. Reactions should be read in a well-lit area, preferably with a white 

background to maximize visualization. A 3 × 5 magnification lens can be used, if needed.

Grading
1.  Remove one tube from the centrifuge at a time, taking care not to dislodge the red cell button.
2.  Note the color of the supernatant. Free hemoglobin (red-tinged supernatant) greater than the amount in the original blood 

sample denotes hemolysis. Hemolysis is considered a positive reaction.
(Continued )
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3.  While viewing the tube and red cell button, gently shake the tube back and forth to dislodge the red cell button.
4.  Observe the manner in which the red cells leave the button.
5.  Microscopic evaluation (optional): For samples lacking obvious macroscopic (visual to the naked eye) hemagglutination,  

a drop of the resuspended RBC-plasma mixture is placed on a microscope slide followed by a coverslip and evaluated  
at ×40.

Grade the reaction based on the following criteria:

Result Description

Negative No hemagglutination
Negative Rouleaux* (see below)
Positive Hemolysis
Positive microscopic Negative macroscopic

Red cell aggregates (look like clusters of grapes rather  
than stacks of coins)

Weak positive Minimal hemagglutination
1+ Small red cell aggregates
2+ Small and large red cell aggregates
3+ Many large red cell aggregates
4+ One solid button of red cells

*Suspected rouleaux (“stacked coin” appearance) must be confirmed by saline replacement as follows:

1.  Recentrifuge the tube containing suspected rouleaux.
2.  Remove the residual serum/plasma.
3.  Resuspend the cells using 2 drops of normal saline.
4.  Centrifuge for 15 seconds.
5.  Read and grade reaction as above. If hemagglutination persists, it suggests true incompatibility. If hemagglutination resolves, 

it confirms rouleaux.

Note:  True red cell antigen-alloantibody reactions will not disperse with the addition of saline.

Tube/test Result Interpretation

Recipient Autocontrol Positive Patient has formed autoantibodies against self RBCs; these autoantibodies 
may also cause hemagglutination of donor RBCs in vitro and/or in vivo. 
Recommend finding a compatible donor or the “least incompatible” donor 
(hemagglutination in major is less than in autocontrol).

Recipient Autocontrol Negative No detectable autoantibodies.
Major (Recipient) Positive Recipient of intended whole blood or pRBCs has alloantibodies against an 

antigen(s) on the donor RBC surface.
Do not use this donor’s red blood cells.

Major (Recipient) Negative Recipient of intended whole blood or pRBCs is compatible with donor RBCs.
Minor (Recipient) Positive Donor has alloantibodies against patient RBCs.

•  Donor screening should exclude donors who have previously received 
blood products so to decrease the risk of alloantibody production.

•  This could reflect an AB blood type incompatibility in a cat if not properly 
blood typed prior to crossmatch testing.

•  In cats, the presence of non-AB blood type alloantibodies may result in a 
positive minor crossmatch.

Minor (Recipient) Negative Donor plasma does not contain detectable alloantibodies to recipient RBCs.
Rouleaux Present Hemagglutination that disperses following saline replacement suggests an 

increase in plasma proteins is causing red blood cells to loosely aggregate. 
This is not thought to be of clinical relevance in transfusion of red blood cells.
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patient that is DEA 1.1 positive and who can safely 
receive DEA 1.1 positive or DEA 1.1 negative blood; if 
mistyped as DEA 1.1 negative, DEA 1.1 negative blood 
would be given. A sample of whole blood can be con
centrated by removing some plasma to mimic a more 
normal PCV so to blood type the patient accurately.

Quick Test DEA 1.1
A second inclinic DEA 1.1 blood type test is also avail
able. The Quick Test DEA 1.1 (Alvedia, Lyon, France) is 
an immunochromatographic cartridge system for DEA 
1.1 typing. It uses a membrane containing a monoclonal 
antibody to the DEA 1.1 antigen; capillary action, under 
the influence of a buffer, results in migration of the 
erythrocytes on the membrane. Red cells positive for 
DEA 1.1 will be retained resulting in a red band in the 
middle of the membrane. DEA 1.1 negative RBCs are 
not retained in the membrane; thus no red band appears. 
An internal control for the test is manifestation of a red 
band (Fig. 53.2).

Proposed advantages of this Quick Test include fast 
turnaround (<2 minutes) and the ability to perform a 
blood type test even in samples exhibiting autoaggluti
nation.14 The Quick Test cartridge traps agglutinated 
RBCs at the start of the test so that only nonagglutinated 
cells migrate through the membrane and participate  
in testing. Even anemic samples can be blood typed; 
removal of some plasma to approximately a more 
normal PCV is still an option as in the DMS card typing 
procedures.

The Quick Test (Alvedia) and the RapidVetH DEA 
1.1 (DMS Laboratories) blood typing card were recently 

individually or in larger numbers. Severely anemic 
samples, those with a packed cell volume (PCV) of 15% 
or less could cause a falsenegative result (i.e., weak or 
absent hemagglutination in a DEA 1.1 positive sample. 
This, however, provides relatively minimal risk to the 

Protocol 53.5  Washing of red blood cells

Items Required
•  Whole blood (in EDTA)
•  Centrifuge
•  Saline
•  Pipette(s)

Procedure
1.  Pipette approximately 2 drops of whole blood or packed 

red blood cells into 12 × 75 mm tube.
2.  Fill tube approximately three-quarters full with buffered 

or normal saline. Mix thoroughly.
3.  Centrifuge (1000 × g or 3400 rpm) for 60–90 seconds.
4.  Aspirate or decant the supernatant saline from the red 

blood cells.
5.  Repeat steps 2–4 two additional times.
6.  After the last wash, decant the supernatant and 

centrifuge the red cells for 15 additional seconds to 
prepare a packed cell button.

Figure 53.2 Quick Test DEA 1.1 positive and negative. Examples 
of  dogs  with  DEA  1.1  positive  (top)  and  a  DEA  1.1  negative 
(bottom) blood are shown.

Figure 53.1 The observation of  strong hemagglutination DEA 
1.1 positive blood type indicates the blood sample, and thus the 
dog being tested is DEA 1.1 positive.
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Table 53.1 Frequencies of type A and B cats in the United 
States15,16

Breed Type 
A

Type 
B

Breed Type 
A

Type 
B

Abyssinian 84% 16% Maine 
Coon

97% 3%

American 
Shorthair

100% 0% Norwegian 
Forest

93% 7%

Birman 82% 18% Oriental 
Shorthair

100% 0%

British 
Shorthair

64% 36% Persian 86% 14%

Burmese 100% 0% Scottish 
Fold

81% 19%

Cornish 
Rex

67% 33% Siamese 100% 0%

Devon Rex 59% 41% Somali 82% 18%
Exotic 
Shorthair

73% 27% Sphinx 83% 17%

Himalayan 94% 6% Tonkinese 100% 0%
Japanese 
Bobtail

84% 16% Turkish 
Angora

50% 50%

evaluated and compared with other methods typically 
reserved for larger clinical laboratory settings.14 In this 
comparison, the accuracy of the quick test was 93%, 
slightly better than the DMS typing card. The Quick Test 
resulted in a few false negatives (DEA 1.1 positive dogs 
typed incorrectly as 1.1 negative); this occurred primar
ily in samples demonstrating autoagglutination, possi
bly from trapping of the majority of erythrocytes. The 
DMS card displayed both a few falsepositive results and 
falsenegative results. Overall, the study revealed good 
agreement when performed by experienced personnel 
between the various tests when judged against the labo
ratory technology. Ease of interpretation was considered 
superior with the Quick Test DEA 1.1 (Alvedia).

Feline blood types

The AB blood group system, the most widely recognized 
blood group system in cats, includes blood types A, B, 
and AB. Although similar in name, these are unrelated 
to the human ABO blood types. Blood type prevalence 
varies both by geographic location and between cat 
breeds (Table 53.1).15

In the United States, feline blood type A is the most 
common with fewer numbers of type B cats; type AB 
cats are uncommon, occurring only within the relatively 

small population of cats that exhibit the B type.15,16 
Greater percentages of type B cats are seen on the West 
Coast compared with the East Coast of the United States, 
and relatively higher proportions of type B cats are 
present in other countries.15,16

Feline blood type A or B is determined by the pres
ence of certain RBC membrane glycolipids; type AB 
contains a mixture of both types.17–20 Unlike dogs, by 1–2 
months of age, cats produce alloantibodies against RBC 
antigens they lack without prior sensitization from a 
blood transfusion.21 Because blood transfusion is not 
required for the production of these antibodies, they are 
referred to as “naturally occurring” alloantibodies. The 
presence of these naturally occurring alloantibodies 
necessitates blood typing prior to all blood transfusions 
in cats. High levels of strong antibodies capable of both 
hemolysis and hemagglutination of type A RBCs are 
produced by type B cats.21 As little as 1 mL of type A 
blood transfused into a type B cat can result in death.21–23 
Type A cats also produce antiB alloantibodies, which 
are present in varying levels and are of various strengths 
depending on the cat.21,23 Type AB cats do not produce 
antiA or antiB alloantibodies because they recognize 
both antigens as “self.”18

There are other indications for blood typing in cats 
in addition to blood transfusion. Neonatal isoerythroly
sis results from type A or type AB kittens ingesting the 
colostrum from a type B queen. The kittens, following 
colostrum ingestion, absorb strong antiA antibodies; 
these antiA antibodies result in hemolysis, severe 
anemia, and potentially death in blood type A and blood 
type AB kittens.24–26 Type B kittens are unaffected. AB 
blood type determination of queens is advised, especially 
in breeds with a relatively high proportion of type B cats.

AB blood typing

Inhouse feline AB blood typing is possible using either 
a slide test (Protocol 53.3) or using a commercial blood 
typing kit. Necessary reagents for the slide test include 
serum from a type B cat, used as the antiA solution, and 
a prepared solution of Triticum vulgaris lectin (Sigma 
Chemical Co., Product L9640, St. Louis, MO), used as 
the antiB solution.17,19,27 Triticum vulgaris, a wheat germ 
lectin, when prepared at a specific concentration, pref
erentially causes agglutination of type B feline RBCs. A 
stock solution is prepared: 25 mg of lyophilized Triticum 
vulgaris lectin powder is resuspended in 12.5 mL of 0.9% 
saline and kept frozen. To prepare the slide solution, 
32 µL of stock solution is added to 968 µL of 0.9% saline 
resulting in a concentration of 64 µg/mL. The prepared 
slide solution can be divided into aliquots; one aliquot 
is kept at 4°C for testing purposes. Others can be thawed 
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recipient with the primary objective of selecting donor 
units that will provide the maximum benefit (and the 
minimum harm) to the patient. Major and minor cross
match tests are performed in vitro; crossmatch
compatible blood products are selected in an effort to 
prolong RBC lifespan and efficacy in vivo.

Typically, a crossmatch test is performed between the 
intended recipient and potential donor(s) when the 
patient has received blood in the past, roughly >4 days 
prior. An unknown transfusion history is another indi
cation for compatibility testing. There is some debate 
regarding when to crossmatch and which patients to 
crossmatch. Most would agree, given the absence of sig
nificant naturally occurring alloantibodies in dogs, a 
crossmatch test is only indicated when a canine patient 
has been previously transfused. The distinction is less 
obvious for cats. It has been demonstrated that some 
cats have naturally occurring alloantibodies outside the 
AB blood group designations.29 Despite AB compatibility, 
plasma from these cats causes hemagglutination of red 
blood cells; this indicates a nonAB alloantibody has 
been formed against a RBC antigen other than blood 
type A or B. The Mik red cell antigen has been described 
in three unrelated feline blood donors that were all  
type A and had never received a blood transfusion.29 
Inadvertent transfusion of Mikpositive RBCs into a 
Miknegative recipient resulted in an acute hemolytic 
transfusion reaction, demonstrating the clinical rele
vance of nonAB red cell antigens and alloantibodies. 
Other nonAB, nonMik red cell antigens are also sug
gested by incompatible crossmatch results.30,31 Overall, 
naturally occurring, nonAB alloantibodies occur in  
a relatively small proportion of cats; therefore, cross
match testing of all cats prior to transfusion may be 
unnecessary.

Crossmatch testing cannot prevent all hemolytic 
transfusion reactions or prevent decreased red blood cell 
survival in recipients that produce alloantibodies fol
lowing transfusion. Even with blood type specific blood, 
the potential exists for acute or delayed hemolytic trans
fusions. For additional information about monitoring 
patients for transfusion reactions, see Chapter 59, 
Administration of Biologic Products.

Crossmatch tests are more time consuming and more 
technically challenging than blood typing procedures, 
especially given commercially available blood typing 
kits. Also, lack of standardization of the crossmatch test 
procedures and test result interpretation complicates 
matters.32 The tube crossmatch has been considered the 
gold standard for years in human blood banking; in 
many blood banks, however, it has been replaced with a 
gel column technology. Whereas the tube crossmatch 
requires a minimum amount of equipment, gel column 

as needed.19,27 The slide test allows for rapid determina
tion of blood type as long as all reagents are readily 
available; it also evaluates for autoagglutination.

Two commercial blood type kits are available for AB 
blood group typing: the RapidVetH Feline (DMS Labo
ratories) and the Quick Test A + B (Alvedia).

RapidVet-H (Feline)
The RapidVetH Feline (DMS Laboratories) blood 
typing card is used for determination of blood types A, 
B, or AB in cats. It contains three wells: a control well, 
an antiA well, and an antiB well. The presence of auto
agglutination is determined in the control well prior to 
determination of blood type. The antiA well, used to 
identify type A red cells, contains lyophilized murine 
monoclonal antibody against the Aantigen. The antiB 
well, used to identify type B erythrocytes, contains the 
Triticum vulgaris lectin. Hemagglutination in a well 
indicates the cat’s red blood cells display that RBC 
antigen; that is, hemagglutination in the antiA well 
indicates the cat’s red blood cells displays blood type A.

The presence of autoagglutination would require 
washing of red cells prior to testing or confirmation with 
another blood type method (Protocol 53.5).

Quick Test A + B (Feline)
Similar to the typing system for dogs, the Quick Test is 
an immunochromatographic cartridge system. Mono
clonal antibodies specific to red cell antigens A and B are 
present in the membrane. Red blood cells migrate on the 
membrane under the influence of a buffer and capillary 
action. The antiA and antiB antibodies present in the 
membrane will bind the corresponding red blood cells, 
resulting in a red band under the corresponding letter A 
or B on the kit. Type AB red cells would result in two 
lines. A control band present in the membrane and 
denoted with a ‘C’ must appear to ensure a successful test.

The RapidVetH Test Feline (DMS Laboratories) and 
the Quick Test A + B (Alvedia) were recently compared 
to each other and to other test methodologies for AB 
blood determination.28

Both the Quick Test and the DMS card misidentified 
some cats, but both tests generally provided accurate 
typing results.28 The ease of interpretation of the Quick 
Test was seen as an advantage. Type AB cats posed a 
greater challenge in definitive determination of blood 
type.

Crossmatch testing

The crossmatch test is performed to determine blood 
component compatibility between blood donor and 
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crossmatch requires specialized equipment and specially 
prepared gel column test cards; it is typically reserved 
for larger clinical laboratories and commercial blood 
banks.10 Crossmatch test procedures for inclinic cross
match testing include the tube crossmatch and a com
mercially available RapidVetH Crossmatch Test Kit 
(DMS Laboratories), which is a modified gel test (see 
Protocol 53.4).

Although the tube crossmatch includes many steps 
and some basic laboratory skills, it is relatively straight
forward. The crossmatch test includes, for each potential 
blood donor, both a major and minor crossmatch. For 
the major crossmatch, recipient plasma or serum is 
incubated with donor RBCs in a 3%–5% suspension 
with saline; this is the most important reaction along 
with the recipient autocontrol. The major crossmatch 
tests for alloantibodies in recipient plasma or serum 
against a potential blood donor; hemagglutination or 
hemolysis indicates a positive reaction and incompati
bility between the two. The recipient autocontrol allows 
for evaluation of autoantibody, similar to the purpose 
of an autoagglutination screen in blood typing; it uti
lizes recipient plasma or serum and recipient RBC sus
pension. A negative or compatible result is expected for 
the minor crossmatch where recipient RBC suspension 
and donor plasma or serum is incubated. The ideal 
blood donor should have no history of prior RBC or 
plasma transfusions; the formation of alloantibodies is 
very unlikely in a dog that has never received a transfu
sion. This is also true in cats for the most part, but a 
nonAB blood group alloantibody is a possibility in cats 
that have never been transfused. In addition to under
standing the terminology of crossmatch tests, two of the 
biggest challenges are preparing an appropriate RBC 
suspension and grading of the reactions. Protocol  
53.4 describes preparation of a RBC suspension. Many 
describe the appropriate color similar to the appearance 
of red KoolAid (Fig. 53.3). For reaction grading, gentle 
resuspension of the red cell button is key with continued 
observation; vigorous shaking could result in the 
observer missing the reaction (i.e., a false negative). A 
lack of RBC agglutinates is considered a negative or 
compatible reaction. Macroscopic hemagglutination, 
which is visible to the naked eye, is graded according to 
the provided chart in the protocol (Fig. 53.4). A 2+ 
incompatible reaction is occurring in the tube on the left 
and the tube on the right (patient autocontrol) reveals 
no hemagglutination. In Figures 53.5 and 53.6, a 3+ and 
4+ hemagglutination incompatible reaction are present, 
respectively indicating incompatibility between blood 
donor and recipient. In both images, the tube on the  
left shows no hemagglutination. If no macroscopic 
agglutination is observed, some recommend evaluation 

Figure 53.3 Appropriate RBC suspension color.

Figure 53.4 A 2+ incompatible reaction is occurring in the tube 
on the left and the tube on the right (patient autocontrol) reveals 
no hemagglutination.
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Familiarity with both blood typing and crossmatch 
testing are essential to the practice of veterinary transfu
sion medicine. Knowledge of blood types in both cats 
and dogs allows for informed donor selection and 
screening and decreases the risk of a hemolytic transfu
sion reaction in an intended recipient. Commercially 
available blood typing tests are available for both dogs 
and cats; they can be performed in a veterinary clinic, 
offer fast turnaround, and are relatively simple to use. In 
some situations when recipients have a prior transfusion 
history, a crossmatch test is indicated. Although com
mercial blood typing tests allow for determination of AB 
blood type and DEA 1.1 blood type in cats and dogs, 
respectively, a recipient can produce alloantibodies to 
other RBC antigens following a blood transfusion. A 
crossmatch test is needed, prior to subsequent transfu
sions, to test for these alloantibodies. Crossmatch test 
protocols are more time consuming and less standard
ized than blood types but are equally necessary in some 
patients.
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54
Minimizing nosocomial infection

Amanda K. Boag and Katherine Jayne Howie

Nosocomial infections are infections that develop more 
than 48 hours after a patient has been hospitalized or 
that occur in a patient who has been hospitalized in the 
2 weeks prior to the current admission.1 The term 
healthcare- (or hospital-)associated infection (HAI) is 
now being recommended to describe infections associ-
ated with healthcare delivery in any setting.2 This reflects 
the difficulty in determining with certainty where the 
pathogen was acquired in many patients; the terms may 
be used interchangeably. As nosocomial infections are by 
definition acquired in a healthcare setting, the veterinary 
team and especially technicians who spend most time 
interacting with the patient have a very important role 
to play in minimizing their occurrence.

Nosocomial infections have been a major problem in 
human healthcare for many years. Latest figures from 
the Centers for Disease Control and Prevention (CDC) 
suggest HAI occur in 1.7 million human patients a year 
with an annual cost of more than $30 billion. They are 
responsible for approximately 99,000 deaths annually, 
making HAI one of the top 10 leading causes of death 
in the United States.3 Both in the United States and 
Europe, HAI have been found to occur with the greatest 
frequency in patients in the intensive care unit (ICU).4 
The incidence of nosocomial infections in the field of 
small animal veterinary medicine is not known but 
appears to be increasing.5,6

It is thought that factors associated with an increased 
risk of acquiring a nosocomial infection in human hos-
pitals are also likely to be associated with increased risk 
in veterinary patients. In particular these include the 
more intensive treatment of critically ill animals with 

increasing use of invasive devices such as urinary and 
intravenous (IV) catheters, increased duration of hospi-
talization, increase in intensive care techniques such  
as mechanical ventilation, and the wider use of anti-
microbial and immunosuppressive drugs.7–8 A high 
veterinary technician-to-patient ratio is also a risk factor 
in some studies.9 Importantly, many of the bacteria that 
cause nosocomial infection are normal commensal 
organisms that may be found on the skin/mucosa or in 
the gastrointestinal tract of normal healthy dogs and 
cats. These healthy animals are described as being colo-
nized. Although the relationship between colonization 
and subsequent infection is complex, patients entering 
an ICU with prior colonization may be at higher risk of 
subsequent infection and may act as reservoirs for other 
noncolonized patients.10,11

Nosocomial infections may complicate the course of 
both medical and surgical diseases. They may range 
from mild superficial skin infections to infection causing 
sepsis and septic shock. In human medicine, common 
nosocomial infection sites include blood stream infec-
tions (previously known as septicemia), urinary tract 
infections, surgical wound infections, infectious diar-
rhea, and pneumonia. This would seem to be similar in 
veterinary medicine, although nosocomial pneumonia 
appears anecdotally to be less common. This may reflect 
the fact that relatively few veterinary patients undergo 
long-term mechanical ventilation.

Although many bacterial species can cause nosocomial 
infections, including some that are easy to treat, a propor-
tion of nosocomial infections are caused by bacteria that 
are resistant to multiple antibiotics. These bacteria are of 
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problem of MRSA is evolving in the human field with 
recent identification of new strains of community 
acquired MRSA with increased ability to cause disease 
and new hospital strains with even more marked anti-
microbial resistance, including to the drug vancomy-
cin.18 To date, these strains have not been identified in 
veterinary patients.

Methicillin-resistant S. pseudintermedius (previously 
known as S. intermedius) has been reported recently as 
causing disease in canine and feline patients19,20; the 
emergence of resistant S. pseudintermedius is potentially 
a greater concern to veterinary patients as it is the prin-
ciple staphylococcal species colonizing healthy dogs.

Extended spectrum beta-lactamase Escherichia 
coli (ESBL E. coli)

E. coli is a gram-negative bacteria that is a commensal 
of the gastrointestinal tract. Multidrug-resistant E. coli 
(including ESBL E. coli) is emerging as a significant 
public health concern in human medicine. Reports of 
ESBL E. coli causing clinical disease in veterinary patients 
are limited21–22; however, it may be under-reported as 
veterinary microbiology laboratories rarely identify 
them specifically. Cultures of fecal samples from healthy 
dogs and pet therapy dogs have identified colonization 
by ESBL E. coli.23–24 As with other bacteria this is likely 
to represent a risk factor for subsequent infection. E. coli 
is commonly implicated in nosocomial infections,  
especially urinary tract infections, and a recent publica-
tion reported that 67% of bacteria isolated from IV  
catheter tip cultures were coliform bacteria.25 Prolonged 
ICU stay has also been shown to be associated with 
increasing proportions of resistant E. coli isolates from 
rectal swabs in veterinary patients.26 ESBL E. coli is of 
particular concern as they are resistant to many different 
antibiotics including the third-generation cephalospo-
rins, limiting the choice of therapy for these pathogens 
to carbapenems (e.g., imipenem) and occasionally 
aminoglycosides.

Vancomycin-resistant enterococcus
Vancomycin-resistant enterococcus (VRE) is another 
multidrug-resistant bacterium that can cause nosoco-
mial infection. To date, there have been very few cases 
of clinical infection reported in veterinary medicine,27–28 
but it has been found to colonize a small proportion of 
healthy dogs in both Europe and the United States.29 
Enterococci form part of the normal human and animal 
gut flora. They are gram-positive cocci with E. faecium 
and E. faecalis being the most frequent isolates. E. 
faecium is generally more resistant than E. faecalis. VRE 
was first identified in human hospitals in the United 

particular concern as they are often difficult and expen-
sive to treat. Moreover, they may represent a zoonotic risk 
to veterinary staff attending infected patients as well as 
being a risk to other patients in the ICU.

Bacteria causing nosocomial infection

Nosocomial infections may be caused by a large number 
of bacterial species. Much of the published information 
focuses on infection with specific multidrug-resistant 
bacteria (as described below), and infections caused by 
these pathogens can be particularly challenging to treat. 
However, these infections remain relatively rare in clini-
cal veterinary medicine. In the authors’ experience, these 
bacteria are the cause of a small but significant propor-
tion of veterinary HAI.

Methicillin-resistant Staphylococcus 
aureus (MRSA)
MRSA is one of the most significant bacteria causing 
nosocomial infection in human medicine and has been 
identified with increasing frequency in veterinary 
patients since it was first reported in 1999.12 Staphylo-
cocci are gram-positive cocci that are a common com-
mensal of mucosa and skin and do not typically cause 
disease in healthy individuals. In unwell humans and 
animals, they can cause a wide range of infections 
including postoperative wound infections, infection of 
implants, infections associated with catheters, endocar-
ditis, and sepsis. The antimicrobial methicillin was first 
used in human clinical practice in 1959, and the first 
human case of MRSA infection was identified in 1961.13 
Although methicillin is no longer used clinically, the 
majority of MRSA strains are also resistant to most 
other commonly used antibiotics, making infections 
hard to treat once they have occurred. Genetic analysis 
of MRSA isolates show that new strains have arisen on 
only a very small number of occasions; most infections 
are caused therefore by transmission of the bacteria 
from one individual to another. Moreover, the majority 
of MRSA strains isolated from small animal veterinary 
patients are identical to human hospital-acquired strains, 
and it is highly likely that humans are ultimately the 
source. Veterinary staff (including technicians) may be 
at higher risk of colonization with MRSA than the 
general human population with colonization rates of 
approximately 10% being reported in several studies.14–15 
Veterinary patients may also become colonized with 
MRSA, although the frequency and duration of coloni-
zation is unknown. There is also good evidence that 
MRSA can be passed between pet animals and owners 
with the possibility for zoonotic infections.16–17 The 
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Many of the principles employed will be of benefit in 
the control of all nosocomial infections. When designing 
a strategy for your clinic to minimize nosocomial infec-
tion, the following should all be considered:

• Hand hygiene

• Environmental hygiene

• Barrier nursing technique and isolation
 Including identification of at-risk patients

• Antimicrobial stewardship

Hand hygiene
Diligent hand hygiene is arguably the single most impor-
tant measure used in the control of nosocomial infec-
tion.34 Although the need and technique for surgical 
scrubbing is well recognized, techniques for hand 
hygiene outside the surgical suite are often overlooked, 
and experience suggests that hand hygiene is often a 
neglected priority in day-to-day veterinary practice. As 
people become increasingly concerned about and edu-
cated in the need for good hygiene practices to reduce 
the risk of hospital-acquired infections in human health 
care, they also expect the same high standards to be 
applied to their animals.

The importance of good hand hygiene has been rec-
ognized for over 150 years. A Hungarian obstetrician 
working in Vienna named Ignaz Semmelweis first sug-
gested it was important in 1847. He noted that puerperal 
fever was more common on a maternity ward staffed by 
medical students and doctors than one staffed by mid-
wives. The medical students and doctors worked in 
other areas of the hospital including the morgue, whereas 
the midwives did not. Semmelweis introduced a policy 
of requiring all medical students and doctors to wash 
their hands before entering the maternity ward. Although 
very unpopular with the doctors, the infection and mor-
tality rate in Semmelweis’s hospital dropped dramati-
cally, from ∼20% to around 1%-2% when handwashing 
was introduced. Unfortunately, the importance of Sem-
melweis’s discovery was not widely recognized until after 
his death.

Hand hygiene can be performed in a number of ways, 
including

• Hand washing with plain soap and water

• Antiseptic hand washing

• Using alcohol-based hand rubs

• Surgical hand hygiene/antisepsis

The aim of all hand hygiene procedures is to reduce 
the number of potentially pathogenic bacteria on the 
hands.

There are two major groups of microorganisms found 
on skin, which are the following.

States in the 1980s. There is little clinical experience with 
it in small animal patients, but treatment is likely to be 
very challenging as VRE is generally resistant to all anti-
biotics. In some cases (e.g., urinary tract infection), the 
animal may manage to clear the infection itself if the 
underlying cause/predisposing factors for the infection 
can be resolved.

Transmission of infection and colonization

The majority of bacteria that cause nosocomial infection 
exist as commensal organisms in healthy individuals as 
well as pathogenic organisms. It is well recognized that 
the hands of healthcare workers represent the main 
mode of transmission of these bacteria between patients 
with the main reservoir being other infected or colo-
nized patients or colonized healthcare workers.30 The 
percentage of veterinary staff and animals entering our 
clinics that are colonized is unknown; however, it is safe 
to say that it is not zero. All strategies to minimize noso-
comial infection must recognize this fact.

Contamination of the environment may also play a 
role in infection with veterinary staff picking up bacteria 
from environmental surfaces and transferring them to 
patients. Survival of bacteria in the environment varies 
with bacterial species, but it is known that MRSA can 
survive in conditions similar to those found in the hos-
pital environment for long periods of time (days) and 
that thorough cleaning of the environment is necessary 
to control outbreaks of MRSA.31

Airborne transmission is thought to be much less 
important for the majority of nosocomial infections. It 
is possible that veterinary staff could become colonized 
by inhaling MRSA and can then transmit the infection 
to other patients.

Control strategies for nosocomial infection

Considering the potential for nosocomial infection to 
cause increased morbidity and mortality, infection 
control measures and prevention strategies are a key 
part of the management of nosocomial infections. Tech-
nician and nursing staff have a vitally important role to 
play in this. Evidence-based information specifying the 
importance of different control measures does not cur-
rently exist in the veterinary literature; however, there is 
a wealth of information from the human field including 
several guidelines focused on control of particular bac-
teria.32,33 A major challenge with interpreting published 
reports is that the majority of studies of successful 
control involve implementation of multiple interven-
tions concurrently, making it difficult to compare the 
efficacy and importance of each individual intervention. 
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• Transient (contaminating) flora. This refers to bac-
teria that do not usually live on the skin but may be 
found on the skin for short periods of time. Typically, 
these bacteria are acquired onto the hands following 
contact with the environment, other patients/people, 
or colonized sites on the same person (e.g., nose). 
Most nosocomial infections are caused by transient 
flora, which can be easily removed by hand washing.

• Resident (colonizing) flora. This refers to bacteria 
that live on healthy skin. They are not normally 
pathogenic and help protect the skin from invasion by 
pathogenic species. Rarely, however, they can cause 
infection, usually following surgery or other invasive 
procedures. They are difficult to remove completely, 
but their numbers are minimized by a surgical hand 
scrub.

Hand washing alone will remove dirt and a propor-
tion of loose transient bacteria. An antiseptic hand wash 
or use of an alcohol hand rub combines hand washing 
with an antiseptic solution. Both transient and resident 
micro-organisms will be killed. Furthermore, the multi-
plication of resident flora is also temporarily reduced if 
the antiseptic has persistent or residual activity. Surgical 
hand hygiene describes the conventional presurgical 
scrub procedure. This takes longer to perform than a 
simple antiseptic hand wash but leads to a greater reduc-
tion in resident flora. When nursing critical care patients, 
an antiseptic hand wash or use of an alcohol hand rub 
represents the most appropriate form of hand hygiene 
in the majority of situations.

There are a number of antiseptic products used for 
hand hygiene in veterinary practice. The most com-
monly used solutions are chlorhexidine, iodophors (e.g., 
povidone-iodine), and triclosan. They are all acceptable, 
although the iodophors in particular do not work well 
in the presence of organic matter; thus a thorough hand 
wash with soap and water must be done first.

How to perform a hygienic hand wash

Although it sounds simple, numerous studies have 
shown that hand washing is rarely performed correctly. 
To be effective, all surfaces of the hand and wrist must 
be washed. If using an antiseptic, it must also be in 
contact with the skin for a suitable period of time 
according to the manufacturer’s instructions, which for 
a chlorhexidine-based solution, for example, is typically 
1 minute. The most effective way to ensure all parts of 
the hand are cleaned is to follow a staged hand wash 
protocol (see Protocol 54.1), illustrated in Figure 54.1.

When a protocol is not followed routinely, hand 
washing is often inadequately performed with some 
areas of the hands not cleaned properly. The efficacy  

of a hand-washing protocol can be tested using  
hand creams that fluoresce under UV light if not  
properly washed off (e.g., www.glitterbug.com, www. 
germjuice.com).

Hand rubs

Complete and diligent hand washing takes a real amount 
of time to perform, and in a busy critical care environ-
ment it can be difficult to achieve on all the occasions 
in which it is required. Alcoholic hand rubs are an alter-
native to antiseptic hand washing that can be used pro-
vided the hands are not grossly dirty; that is, hands must 
be free of visible dirt, blood, or other proteinaceous 
material or body fluids. Recent recommendations in the 
human field suggest use of an alcohol-based hand rub 
is the preferred means for hand hygiene in most clinical 
situations.35,36 Alcohol hand rubs usually contain a com-
bination of an alcohol (typically 60%-95% ethanol or 
isopropanol), an antiseptic agent such as chlorhexidine, 
and an emollient. Both liquid and gel formulations are 
available and can be bought as wall dispensers or small 
bottles. The rub is applied to all parts of the hands 
(using a protocol similar to that used for antiseptic hand 
washing) for 15–20 seconds and the hands are allowed 
to air dry. Their use may be encouraged by wearing the 
small bottles on clinical clothing and/or by placing them 
strategically on kennel doors (see Fig. 54.2).

The advantages of alcohol-based hand rubs compared 
with antiseptic hand washing include a reduction in the 

Protocol 54.1  How to perform an antiseptic hand wash

Use free-flowing water at a temperature suitable for 
thorough wetting and rinsing of hands.
1.  Wet hands thoroughly and apply the antiseptic solution
2.  Rub hands together palm to palm
3.  Rub right palm over back of left hand and vice versa
4.  Rub hands together palm to palm with fingers interlaced
5.  Bend and interlock fingers (as if holding hands with 

yourself)
6.  Clean thumbs by grasping right thumb in left palm and 

vice versa
7.  Use fingers of right hand to rub left palm focusing on 

base of left fingers and vice versa
8.  Use left hand to rub right wrist and vice versa (optional)

•  Faucets should be turned off using a no-touch technique.
•  Hands should be dried using paper toweling.
•  Paper toweling should be disposed of in a foot-operated 

pedal bin.
•  The whole process should take around one minute.

http://www.glitterbug.com
http://www.germjuice.com
http://www.germjuice.com
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abrasions are covered with waterproof dressings. Artifi-
cial nails should not be used.39,40 All jewelry (other than 
a plain wedding band) and wristwatches should be 
removed, and sleeves should be short.

Timing of hand hygiene and use of gloves

There are many occasions on which hand hygiene should 
occur (see Box 54.1).41 For basic care procedures such as 
physical examination, correct use of an alcohol hand rub 
or diligent washing with soap and water using a routine 
process (see Protocol 54.1) is sufficient. Soap and water 
should always be used if the hands are visibly soiled and 
after the healthcare worker performs any personal 
hygiene procedures such as visiting the bathroom. An 
alcohol hand rub or an antiseptic hand wash should be 
performed before touching wounds or performing inva-
sive procedures and after dealing with infected or con-
taminated patients or tissues. Use of gloves can reduce 
the bacterial contamination of hands as well as acting as 
barrier protection during contact with body fluids. 
Gloves do not, however, provide complete protection 
against hand contamination; this may occur via small 
defects in the glove or via contamination of the hands 
during glove application and removal. Gloves should be 
worn whenever it can be reasonably anticipated that 
there will be contact with potentially infectious material 
or nonintact skin. Gloves should be removed after each 

Figure 54.1a–f The six steps of hand hygiene (with thanks to Professor S. Gregory, MRCVS, Royal Veterinary College, UK).

(a) (b) (c)

(d) (e) (f)

Figure 54.2 An alcohol hand rub placed on a kennel door.

time taken to complete effective hand hygiene, more 
rapid action, and less skin irritation. Alcohol-based 
hand rubs also do not require the presence of a sink or 
hand-drying facilities. All of these factors have been 
demonstrated to improve hand hygiene compliance in 
human medicine.37,38

Regardless of the technique chosen, it is important 
that fingernails are kept short and clean and any cuts or 
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priority with lack of administrative sanctions for 
noncompliers.45

Methods to improve hand hygiene compliance include 
education and teaching with constant reinforcement 
within the workplace, getting senior staff to set a good 
example, and making sure the staff-to-patient ratio is 
favorable. The introduction of conveniently placed 
alcohol hand rubs, removing the need to hand wash 
after every patient contact and allowing opportunities 
for hand hygiene remote from washing facilities, also 
facilitates compliance. Good hand hygiene is vitally 
important and should be adopted by all those working 
in clinical veterinary medicine (see Fig. 54.3). It is easy 
to perform, and if done well will result in a minimiza-
tion of risk of nosocomial infection. Technicians have a 
large role to play both in ensuring they themselves 
comply and in reminding the rest of the veterinary team 
as to its importance.

Environmental cleaning
Although the principle route of infection for most noso-
comial infections involves transmission of bacteria from 
one infected or colonized person or patient to another 
on healthcare workers’ hands, the role of the environ-
ment should not be ignored. The environment may act 
as a source for contamination of healthcare worker’s 
hands. Many of the bacteria that cause nosocomial 

procedure and if moving from a contaminated to 
another body site on the same patient. Hands should 
always be washed after removing gloves, and glove use 
should not reduce the frequency of hand washing. If 
hands are known to have become heavily contaminated 
with infected fluids during patient treatment, a full sur-
gical scrub may be performed.

Despite the fact that it is acknowledged that hand 
washing is the single most important means of pre-
venting nosocomial infections, there are major prob-
lems regarding compliance. Numerous studies in 
human hospitals show that many hospital care workers 
fail to perform hand hygiene at appropriate times.42,43 
Studies of poor compliance in human hospitals reveal 
that there are many factors associated with poor hand 
hygiene compliance, including being a doctor or 
nursing assistant (as opposed to a nurse), being male, 
working in a critical care environment, a high intensity 
of patient care, wearing gloves and gowns, undertaking 
activities with a high risk of cross-transmission, being 
too busy and failing to think about it, lack of easy avail-
ability of facilities such as sinks, and skin irritation with 
frequent washing.42 A lack of knowledge is also often 
highlighted with some reports of skepticism about the 
effectiveness of hand hygiene and lack of knowledge of 
hospital protocols.42 Additional perceived barriers 
include lack of role models44 and low institutional 

Figure 54.3 An appropriate area for hand washing in a veteri-
nary clinic.

Box 54.1  Hand hygiene guidelines

Hand hygiene should be carried out
•  Before and after touching or examining the patient*
•  Before and after touching any invasive devices such as 

intravenous catheters and urinary catheters*
•  After contact with any body fluids or excretions, mucosal 

surfaces, nonintact skin, or wound dressings*
•  If moving from a contaminated/infected body site to 

another body site of the same patient*
•  After contact with inanimate objects in the immediate 

vicinity of the patient
•  Before handling medication or preparing food
•  When arriving and leaving work
•  Before and after performing any personal hygiene 

procedures such as visiting the bathroom or blowing the 
nose

•  Before and after eating
•  Before and after removing gloves

*Glove use should be considered if there is a high risk that 
the hands may come into contact with potentially infectious 
material or nonintact skin.
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forgotten, and the cleaning schedule should include a 
frequent (e.g., weekly) general cleaning and inspection 
of these areas.

Garbage bins used for clinical waste should be covered 
and the cover should be foot-operated and not allowed 
to overflow. Soap, antiseptics, and paper towels should 
be replenished daily and fresh supplies stored for easy 
access if supplies run out. Animal bedding should be 
cleaned of gross soiling and then washed using a hot 
cycle (60°C, 140°F) with a biological washing powder. 
Drying in a hot tumble dryer is recommended. If the 
bedding has been exposed to an animal with a known 
infectious disease, it may need to be soaked in a suitable 
disinfectant for a period of time before laundering. If 
heavily soiled, it may be disposed of or washed and then 
autoclaved before returning to use. Feeding bowls should 
also be made of a material that can be disinfected. The 
use of disposable (cardboard) feeding bowls should be 
considered for patients with any infectious condition, 
including nosocomial disease.

Recently, there has been a focus on the concept of 
“high hand touch areas.” This refers to areas very close to 
the patient that are often touched just before or after a 
patient contact.47 Examples include infusion pumps, 
kennel doors, and monitoring equipment. Door handles, 
medical records, computers, and telephones are also con-
sidered to be high hand touch regions. These areas, 
although usually superficially clean, may be at greatest 
risk of becoming contaminated with bacteria due to their 
proximity to the patient and the high frequency with 
which staff touch them. They should be cleaned more 
regularly than other sites; some authorities recommend 
4× daily wiping with soapy water. Medical equipment 
used for physical examination (e.g., stethoscopes, ther-
mometers) may also be considered in the same way. Hand 
rubs should also be readily available near these sites.

Barrier nursing and isolation
All practices should have facilities and policies for isola-
tion and barrier nursing. These facilities may be used for 
animals with a known infectious disease but also on 
occasion for patients with a known risk of contracting 
an infectious disease, for example, unvaccinated or 
immunosuppressed animals. Barrier nursing may also 
be used for patients in which there is a high index of 
suspicion for a nosocomial infection prior to receipt of 
microbiological culture results, for example, those with 
chronic nonhealing wounds that have received multiple 
courses of antibiotics. Evidence to support strict isola-
tion as opposed to enforcement of strict barrier nursing 
procedures or cohort nursing is lacking in many human 
studies.48,49

infection can survive in the environment for prolonged 
periods of time.

Although specific responsibility for environmental 
cleaning may reside with one group of staff, all staff 
should take some degree of responsibility for maintain-
ing a clean clinical environment, and the policy of “clean 
as you go” should be adopted. This also applies to senior 
staff, who should set an example of good practice. Posi-
tive feedback is also extremely important, and the  
value of performing a cleaning task well should never be 
overlooked. All clinics should have a clear cleaning 
schedule with checks to ensure regular cleaning is being 
performed.

Floors and all surfaces should be cleaned at least once 
daily. Floors should be constructed of nonporous, 
nonslip materials, and ideally the junction between floor 
and wall should be curved to facilitate cleaning. Gross 
debris should be swept or vacuumed up and the floors 
cleaned with a disinfectant that is ideally virucidal, bac-
teriocidal, mycocidal, nonirritant, noncorrosive, and 
nonstaining (see Chapter 56, Antiseptics, Disinfectants, 
and Sterilization, for more information). Disinfectants 
should be used according to the manufacturer’s instruc-
tions; although there is a limited evidence, it is recom-
mended that their use should be rotated on a regular 
schedule to prevent resistance.46 Mops should be kept 
clean and replaced on a regular basis. Mop buckets 
should be emptied and rinsed after each use and should 
also undergo regular full bucket disinfection. Floors 
should be deep cleaned on a regular basis with the fre-
quency dependent on use and soiling.

Examination and operating tables should be disin-
fected after each use, using a suitable disinfectant with 
properties similar to those used on the floor. As most 
disinfectants are not effective in the presence of organic 
matter, any gross contamination should be removed 
using soap and water first.

Work surfaces in clinical areas and kennels should be 
constructed of material that can be thoroughly cleaned 
and is impervious to disinfectant. Seams should be 
sealed to prevent accumulation of contaminated mate-
rial, and junctions should be rounded to facilitate clean-
ing. They should be regularly disinfected at least twice 
daily but more regularly if they become soiled. If soiling 
is heavy, they may need to be cleaned more than once 
before the area is reused; the use of more than one dis-
infectant can be considered for synergistic effects. Simi-
larly to patients with any infection, movement of patients 
between kennels should be minimized. Sinks and 
showers must be kept clean, and in hard water areas lime 
scale should be controlled and soap scum removed daily 
with a scouring preparation. Areas not immediately 
visible, for example, the tops of kennels, should not be 
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appropriate disinfectant should be available on entry 
and exit of the area. Personal and environmental hygiene 
must be strict and all waste must be disposed of safely. 
Staff and owners should be apprised of any possible 
zoonotic risks, and owners should be allowed to enter 
only in exceptional circumstances. If owners are allowed 
to visit, they should observe the same hygiene and cloth-
ing precautions as staff members. Notices should be 
placed at the entrance of the isolation area or around 
the barrier nursing area clearly stating what measures 
must be instituted on entry (see Protocol 54.2). The 
veterinarian in charge of the case should consider care-
fully when to examine the patient dependent on his or 
her other patients and daily tasks; generally, examining 
the patient at the end of the working day reduces the 
risk of transmission to other patients.

The cost of isolating or barrier nursing patients is 
high in terms of both consumables and staffing, and 
therefore additional fees should be set and owners 
apprised of this. Owners should also be warned that 
highly intensive monitoring and treatment, which may 
otherwise be available, may not be possible to deliver in 
the isolation unit.

In some instances, it may be preferable or necessary 
to treat a patient with a nosocomial infection as an out-
patient. Many patients with nosocomial infections are 
clinically well and with appropriate owner information 
and consent may be managed at home. It is vital that the 

True isolation facilities are completely self-contained 
areas that do not share an air space with other animal 
accommodation. As the facility must be completely self-
contained, it must have its own equipment for feeding, 
nursing, and cleaning, including hot and cold water, 
medical supplies, and an examination table. Not all pra-
ctices have an area that fulfills all these requirements, 
and guidelines must be adapted for the local situation.

For animals where strict isolation is not required, 
barrier nursing may be more appropriate. This may 
include patients where an increased level of vigilance is 
appropriate to protect the animal from infection or 
where the animal has a known infection but is consid-
ered a low contagious risk. Barrier nursing may be pro-
vided within a separate ward or a partitioned area of an 
existing ward. It should be remembered that animals 
that are isolated are inevitably barrier-nursed; however, 
not all animals that are barrier-nursed are effectively 
isolated.

Regardless, each animal being isolated or barrier-
nursed should have dedicated equipment. Any equip-
ment can act as a fomite and facilitate transmission to 
other patients.50 The isolation or barrier-nursing area 
should have dedicated leads or leashes, thermometers, 
and stethoscopes. As far as possible equipment including 
bedding and feeding bowls used in this area should be 
disposable, and robust cleaning protocols should be in 
place for any equipment that will be used subsequently 
with other patients. If bedding is to be reused, it should 
be clearly identifiable as belonging to the isolation area; 
for example, it may be a color different from that used 
in the rest of the clinic. The location of the medical 
record should also be considered; if paper records are 
used, they should not then be carried to other sites in 
the clinic. Dedicated pens should be used.

Isolated patients should not have contact with other 
patients. If canine patients are allowed outside, it should 
be to an area that is not frequented by other canine 
patients. Procedures such as radiography or ultrasound 
that must be carried out in other areas of the clinic 
should be scheduled for the end of the day, and all staff 
involved should be alerted as to the nature of the patient’s 
disease. These areas should be thoroughly cleaned after 
use.

Staffing of isolation areas will depend on the size of 
the clinic. Ideally, one technician should be allocated to 
this area and this technician should have minimal 
responsibilities in other animal areas, especially with any 
high-risk patients. Protective clothing (disposable over-
alls and/or aprons, rubber boots or shoe covers, dispos-
able gloves, masks, and caps) should be worn when 
entering the area and must be removed on exit (see Fig. 
54.4). For true isolation areas, a foot bath containing an 

Figure 54.4 Clothing appropriate for use in an isolation area or 
when barrier nursing a patient.
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otic we “may be doing some good and are unlikely to be 
doing harm” to the individual patient. However, viewed 
on a population basis and considering the rise of anti-
microbial resistance, this thinking should be carefully 
questioned.

Antibiotic therapy may contribute to an increase in 
antibiotic resistance in a number of ways:

1. Some bacteria contain genes encoding inducible 
resistance; the presence of certain antimicrobials 
may induce synthesis of enzymes that inactivate 
that drug and potentially other drugs as well.

2. More importantly, the use of antimicrobials (espe-
cially broad-spectrum antimicrobials) alters selec-
tion pressures. Any commensal or colonizing 
microbes that display mechanisms of resistance will 
enjoy a selective advantage. New mechanisms of 
resistance arise rarely, but the use of antimicrobials 
encourages the dissemination of pre-existing resis-
tant strains. The clustering of multiple resistance 
genes on plasmids and other genetic elements 
makes the problem especially challenging, as expo-
sure to one antimicrobial may coselect for bacteria 
that are resistant to several unrelated agents.55

For most important nosocomial infections (i.e., 
MRSA, VRE, and ESBL E. coli), prior colonization of the 
skin, mucosa, or gastrointestinal tract with that bacteria 
results in a much-increased risk of nosocomial infection 
with the multidrug-resistant strain.56,57

owners are educated as to zoonotic risks and that if there 
are any concerns that humans in the animal’s environ-
ment are at risk, advice should be sought from medical 
professionals as to whether management at home is 
appropriate from the human health perspective. If 
patients are dealt with on an outpatient basis, it is essen-
tial that they are clearly identifiable on revisits. Owners 
should be educated to wait outside the clinic until their 
appointment time to reduce the risk of transmission to 
other patients in the waiting room. As far as possible, 
revisits should be scheduled for the end of the day to 
allow thorough cleaning of the consult room following 
the visit.

Antimicrobial stewardship
Antimicrobials are commonly prescribed drugs and are 
often used on an empirical basis, especially while await-
ing microbiological culture results. In human medicine 
approximately one third of hospitalized patients receive 
antimicrobial therapy at some point in their hospital 
stay, and a significant proportion of this use is unneces-
sary or inappropriate.51,52 Moreover, studies have shown 
that inappropriate antibiotic use is associated with 
higher mortality, which is not necessarily reversed if the 
antibiotic is changed once culture results are known.53,54 
Although this information does not exist for the veteri-
nary field, it seems likely that the figures are similar. The 
use of most common antimicrobials is rarely associated 
with adverse effects for that individual patient; most of 
the commonly prescribed drugs have a high therapeutic 
index and it is easy to feel that by prescribing an antibi-

Protocol 54.2  Suggested rules for use with a barrier nursed/isolated patient

Rules for isolation area
1.  Only designated personnel should enter the isolation unit; visitors are permitted only with the express permission of the 

attending clinician and must be accompanied at all times.
2.  Protective clothing should be worn when entering the area and should include:

•  Disposable plastic apron or gown
•  Plastic overshoes
•  Disposable gloves
•  Caps and masks

3.  All protective clothing should be removed and disposed of on exiting the isolation area.
4.  Hands should be cleaned (antiseptic hand wash) both before entering and on leaving the isolation area.
5.  All patients in the isolation area should be allocated a lead/leash, stethoscope, feeding utensils, litter tray (if appropriate), and 

thermometer for their sole use. These should be kept together in a plastic box and sterilized/disinfected between patients.
6.  Medications must not be removed from the isolation area.
7.  All clinical waste should be disposed of in the garbage bin within the isolation area and the bag should be sealed and double-

bagged before removal from the area.
8.  Disposable bedding should be used.
9.  The isolation area must be thoroughly cleaned once the patient has been discharged.
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of environmental screening results must be undertaken 
carefully and with knowledge of the screening method-
ology used. It is not reasonable to expect a hospital 
environment to be sterile, and assessment of the amount 
of bacteria present may be as important as whether they 
are present at all. Quantitative assessment of microbio-
logical load at high hand touch sites may be carried out 
using agar-impregnated slides (see Fig. 54.5) with the 
agar used chosen to reflect the microbe of interest.55

Screening of patients prior to hospital admission has 
been used in human medicine as a control strategy for 
certain microbes, notably MRSA. Some European coun-
tries (e.g., Denmark, Holland) have very low MRSA 
infection rates largely because they have a comprehen-
sive screening program for both patients and staff.67 
Patients are screened before admission for elective pro-
cedures, and if found to be positive for MRSA, the pro-
cedure is delayed until the person is decolonized. 
Although this technique has worked very well for mini-
mizing nosocomial infection with MRSA in these areas, 
it relies on a well-controlled and well-funded public 
health system and is therefore not currently applicable 
to veterinary medicine.68 It also minimizes the risk of 
infection only with the bacteria that is being screened 
for rather than reducing the global infection risk.

Screening of staff may also be discussed but has many 
challenges associated with it. As with patient screening, 
it minimizes risk associated only with a single bacterial 
species. Furthermore, identifying that a member of staff 
is colonized does not necessarily mean that the person 
is a source of infection; if the basic measures of good 

Numerous studies in human medicine suggest that 
prior use of antimicrobials is a major risk factor for a 
multidrug-resistant infection. Certain classes of antimi-
crobials appear to be particularly associated with subse-
quent development of resistant infections. For MRSA 
and ESBL E. coli prior use of fluoroquinolones and 
cephalosporins (especially third-generation cephalospo-
rins) have been consistently identified as a risk factor in 
various groups of patients.58,59 For VRE, third-generation 
cephalosporins and antibiotics with potent anti-
anaerobic activity have been implicated.60 Other studies 
have shown a reduction in rates of drug-resistant infec-
tions when use of antimicrobials has been controlled or 
restricted.61–62 The data are sometimes difficult to inter-
pret, as most studies are done in human hospitals in the 
face of increasing infection rates where multiple control 
strategies are implemented concurrently. However, it is 
widely accepted that rational antimicrobial use is an 
important step in helping reduce resistant infection 
rates. Of the drug classes most commonly identified in 
human medicine that are associated with increased rates 
of resistant infections, both the fluoroquinolones and 
cephalosporins are frequently used in small animal 
medicine. The evidence available in the small animal 
veterinary field regarding the role of antimicrobial use 
is less strong. One study documented changes in fecal 
flora in dogs hospitalized in a veterinary ICU and 
showed that the proportion of dogs colonized with resis-
tant bacteria increased with duration of hospitalization 
regardless of antimicrobial use. Dogs that were treated 
with enrofloxacin were 25.6 times more likely to be colo-
nized by a resistant strain.63 Other studies of the bacteria 
causing urinary tract infection in dogs have shown 
increasing levels of resistance.64,65

Thus it is clear that to minimize the risk of nosoco-
mial infection, the use of antimicrobials should always 
be considered carefully. Although technicians are not 
responsible for prescribing drugs, it is reasonable to 
question doctors on their decision making. It is also 
important that when antimicrobials are prescribed they 
are used at an appropriate dose and given at the correct 
time intervals.66 Following up on culture results with 
adjustment of antimicrobial therapy, if necessary, is also 
vitally important.

Role of screening for pathogenic bacteria
Screening involves taking microbiological samples from 
the environment, patients, or staff to look for the pres-
ence of multidrug-resistant bacteria.

Environmental screening to ensure that cleaning has 
been effective may be a useful technique to support mea-
sures to minimize nosocomial infection. Interpretation 

Figure 54.5 Agar dipslide, which may be used for quantitative 
screening of environmental cleanliness.
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hand hygiene and appropriate barrier nursing as 
described above are carried out, then a colonized staff 
member should pose minimal risk. Screening of staff  
is recommended only in the face of an outbreak, and 
advice should be sought from human healthcare profes-
sionals and infectious disease specialists prior to embark-
ing on this process.

Summary

Nosocomial infections can cause significant morbidity 
and mortality and can lead to increased expense and 
stress for owners. It is likely that as critical care continues 
to develop within veterinary medicine and we treat 
increasing numbers of high risk patients, nosocomial 
infections will become more common. Moreover, many 
of these infections may be with multidrug-resistant 
organisms, and the age of relying on ever more powerful 
antibiotics seems to be drawing to a close. To minimize 
the risk of nosocomial infection, it is vitally important 
that we utilize multiple infection-control strategies 
based on an understanding of the epidemiology and 
transmission of these microbes. Diligent hand washing, 
good environmental cleaning, and appropriate barrier 
nursing and isolation are all key parts of an infection 
control strategy where technicians have a very large role 
to play.
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55
Care of indwelling device insertion sites

Elana Moss Benasutti

Most indwelling devices used in the emergency room 
and intensive care unit are necessary because they aid in 
the provision of life-saving care, but their use is not 
without complication. These devices circumvent the 
patient’s innate immune system and often create a direct 
pathway between the external environment and the 
sterile environment of the body. Bacteria and other 
microorganisms can travel along these devices, which 
can lead to infection. For example, any device that passes 
through the skin compromises the integrity of the skin’s 
protective barrier and allows external microorganisms 
to gain access to interior sites. Any device that enters the 
body through a natural opening disables that opening’s 
natural mechanism for keeping pathogens out; urinary 
catheters, for example, abolish the one-way flushing 
mechanism that usually helps prevent retrograde bacte-
rial invasion. Indeed, infection is the one risk that all 
indwelling devices share. Noninfectious device compli-
cations include device dislodgement, device lumen 
occlusion, patient injury (e.g., vascular occlusion or 
thrombosis in the case of vascular catheters), or loss of 
device function for another reason.

A device-associated infection threatens the patient’s 
status in two ways: (1) the infection’s effects may be 
systemic (i.e., sepsis, the systemic response to infection), 
which can put the patient’s life at risk, and (2) even if 
the infection is localized with no systemic effects, the 
device itself may be lost. The device may need to be 
removed to prevent infection spread, or it may become 
displaced due to breakdown of local tissue, allowing it 
to slip. Either way, its loss can have dire consequences 
for the patient. For example, a lost thorocostomy tube 
may jeopardize a patient’s ability to breathe and may 
require a high-risk general anesthetic procedure for 

replacement. The loss of even a simple venous catheter 
can make patient treatment quite challenging.

Hospitalized patients are susceptible to nosocomial 
(hospital-acquired) infection, and it appears that each 
additional indwelling device further increases the risk.1 
The medical professionals handling the patient and its 
indwelling devices play a significant role in the spread 
of pathogens and thus in the likelihood of hospital-
acquired infection.2 Nosocomial infections increase 
morbidity and mortality, lengthen hospital stays, and 
add cost to patient care. In veterinary medicine, increased 
morbidity or cost can lead to euthanasia, as most owners 
have a finite amount of money to spend.

Attention to strict aseptic technique in the placement, 
handling, and maintenance of indwelling devices 
decreases the risk of infection significantly.3 The exis-
tence of set protocols for the placement, handling, and 
maintenance of indwelling devices and strict adherence 
to these protocols significantly decreases the incidence 
of nosocomial infection. Included in these protocols 
should be a good system of hand hygiene, as it has been 
shown that many nosocomial infections come from the 
hands of the healthcare worker.4 Because all devices 
circumvent the patient’s innate immunity, because 
modes of microorganism transmission are similar 
regardless of device or site, and because all devices can 
malfunction, most device insertion sites require the 
same basic care.

Device insertion site infection

Local device insertion site infections can occur without 
causing systemic problems, and device-associated  
systemic sepsis can occur without an insertion site  
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hygiene is performed, clean examination gloves should 
be worn before handling any device or insertion site. 
Sterile gloves may be indicated in some instances, such 
as when handling the inner cannula of a tracheostomy 
tube (see Chapter 24, Temporary Tracheostomy).

Maintenance
Most sites should be unwrapped, evaluated, and 
rewrapped regularly, at least once daily. The insertion 
site should appear clean with no redness, swelling, 
oozing fluid, or other signs of inflammation. The area 
should not feel excessively warm and should not be 
unduly painful to the patient. If the device is sutured in 
place, the sutures should be assessed for functionality 
and suture sites evaluated for inflammation. The device 
should be securely in place with no signs of slippage or 
migration. When a device is inserted, a note should be 
made on the treatment sheet as to the device’s size, func-
tionality (e.g., for an intravenous [IV] catheter, does it 
flush? does it aspirate?), and placement depth. Some 
devices have depth markers on them that can be used as 
a reference when performing daily evaluation. If there 
are no markers, the length of the device extending from 
the body can be measured and a note made in the treat-
ment sheet.

If the site shows any signs of inflammation or  
infection, it should be scrubbed with a 2% tincture of 
CHX preparation, the CHX should be left on the site, 
and the site should be allowed to air dry before rewrap-
ping.5 A doctor should be notified of the inflammatory 
change and the patient should be checked for signs of 
systemic infection. Similarly, any migration from the 
original position or altered functionality should be 
reported to the clinician. Device removal should be at 
clinician discretion. Insertion sites should be kept clean 
and dry.

Care of associated lines and connections
As long as they are clean and no complications are 
present, disposable lines or connections used with  
the indwelling devices (fluid lines, stopcocks) can remain 
in place for 72–96 hours;5 however, they should be 
changed immediately when dirty, or whenever contami-
nated with body fluids or feces. Injection ports may be 
preferable to stopcocks.4 All ports should be swabbed 
with 70% alcohol or an iodophor (e.g., povidone-iodine) 
prior to being punctured with a sterile needle, and when 
stopcocks are used, they should be capped aseptically 
when not in use.5 Each port to a device increases the 
chance for site or bloodstream (vascular catheters) 
infection, so port number should be kept to a minimum.

infection. Therefore, when a site infection occurs, the 
doctor must decide whether to remove the device or 
leave it in place. Risks and benefits must be considered, 
and close monitoring of rectal temperature, blood pres-
sure, complete blood count (CBC), and blood glucose 
concentration may aid in decision making. If the infec-
tion appears to be localized, it is sometimes best to leave 
the device in. For instance, in the author’s experience, 
localized feeding tube insertion site infections are often 
treated successfully with diligent, daily site cleaning with 
a 2% chlorhexidine (CHX) gluconate scrub; thorough 
site drying before bandaging; and sometimes systemic 
antibiotic therapy. Minor infection related to a human 
pediatric patient’s central venous catheter is sometimes 
managed with diligent site care and systemic antibiotics 
for up to three days, after which time the device is usually 
removed if the infection persists,1 though the Centers 
for Disease Control (CDC) recommend removal of  
vascular catheters if there is evidence of phlebitis or 
purulence.5

Hand hygiene

Good hand hygiene is an essential aspect of nosocomial 
infection prevention.6 Without adequate hand hygiene 
practices, other indwelling device site care practices are 
likely in vain. The CDC has extensive recommendations 
for how and when to perform hand hygiene measures,6 
which are detailed in Chapter 54, Minimizing Nosoco-
mial Infection. A hygienic handwashing protocol is 
available in Protocol 54.1.

General care of insertion sites

Insertion site care varies somewhat by patient and 
device, but some principles generally hold true across 
the board.

Bandaging
Insertion sites that penetrate the skin (excepting trache-
ostomy sites) should be kept covered with a sterile, non-
adherent pad, or a sterile, self-adherent bandage, and 
wrapped with gauze. Cast padding may be placed over 
the gauze to help secure it, and an outer, water-resistant 
wrap may be applied as a final barrier. This general 
bandage will work in many situations, but isn’t app-
ropriate for all devices. More specific wraps will be 
described later in the chapter.

Handling
As stated above, good hand hygiene is paramount in the 
basic care of indwelling devices. After proper hand 
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second scrub with 2% CHX may be the most effective 
at preventing catheter related infections; a 10% povi-
done iodine scrub for 2 minutes is also acceptable.4,5 
While 70% isopropyl alcohol is an effective antimicro-
bial for the skin, it should not be used on sensitive or 
delicate skin, as it drying and therefore can be damaging 
to such skin; sterile water can be used instead as a damp 
wipe/rinse for the scrub solution.4 Additionally, alcohol 
inactivates povidone-iodine, so alternating these two 
antiseptics for site preparation is not recommended (see 
Chapter 56, Antiseptics, Disinfectants, and Steriliza-
tion). See Protocol 55.1 for instructions on vascular 
device insertion site preparation.

After preparing the site, gloves are removed, hand 
hygiene again performed, and clean gloves donned  
prior to catheter placement (sterile gloves for arterial 
catheterization). Instruction on catheter placement  
is found in Chapter 4, Catheterization of the Venous 
Compartment, and Chapter 5, Arterial Puncture and 
Catheterization.

Care of specific insertion sites

Peripheral venous and arterial catheters
Venous access is required in most acutely or critically ill 
patients for administration of IV fluids and medica-
tions. Many critically ill patients require multiple simul-
taneous constant rate infusions, which often requires 
multiple venous catheter ports. Arterial catheters are 
indicated for direct blood pressure monitoring or fre-
quent sampling of arterial blood. Because vascular access 
plays a dominant role in quality veterinary care, the 
proper care of venous and arterial catheters is a top 
priority of good nursing.

Many catheter-related infections begin with the place-
ment of the catheter. Pathogen migration from the 
insertion site into the cutaneous catheter tract is the 
main cause of infection in peripheral catheters.5 Con-
tamination of the catheter hub is often the source of 
central venous catheter (CVC) infections.5 Systemic 
antibiotics should not be administered routinely before 
insertion or during the use of intravascular catheters  
for the purpose of preventing catheter-associated 
infection.5

Catheter materials

Choosing the appropriate catheter type is important in 
the prevention of catheter-related infections. According 
to the CDC, catheters made of Teflon® or polyurethane 
are preferred over those made of polyvinyl chloride or 
polyethylene, to help reduce the incidence of infection.5 
Also, catheter diameter has been shown to be significant 
in the formation of thrombi. To decrease the chance  
of venous thrombosis, the smallest catheter diameter 
required to meet needs should be used.7

Site preparation for peripheral IV and  
arterial catheters

The proposed insertion site should be completely clean 
and should be free of local trauma and infection. The 
region is clipped of fur as close to the skin as possible 
with a clean blade. When possible, a margin of 1.5–2 
inches (5 cm) of fur should be removed on all sides of 
the proposed puncture site.8

A healthy venous or arterial catheter site starts with 
proper aseptic placement. After performing appropriate 
hand hygiene (see Chapter 54, Minimizing Nosocomial 
Infection, and Protocol 54.1), clean gloves should be 
donned and the proposed insertion site scrubbed. The 
scrub should not be too vigorous, as damage to the skin 
invites infection.

There is not currently a single, definitive recommen-
dation for catheter insertion site preparation.5 A 30-

Protocol 55.1  Site preparation for peripheral IV and arterial 
catheters

Items Required
•  Clippers with clean blade
•  Examination gloves
•  Skin scrub

2% CHX scrub (preferred)
10% povidone-iodine scrub (acceptable)

•  Skin rinse
70% isopropyl alcohol
Sterile water (for sensitive or delicate skin)

Procedure
1.  Collect necessary supplies.
2.  Clip fur with a radius of 2 inches (5 cm) from proposed 

insertion site. Clip fur as close to the skin as possible.
3.  Perform hand hygiene and don clean examination 

gloves.
4.  Perform a gentle 30-second scrub with 2% CHX, or a 

gentle 1-minute scrub if using 10% povidone-iodine. Do 
not scrub so vigorously that skin is damaged.

5.  Rinse the skin with 70% isopropyl alcohol if using CHX 
and the skin is not overly delicate or damaged. Rinse the 
skin with sterile water if using povidone-iodine or the 
skin is delicate or damaged.

6.  Remove gloves, perform hand hygiene, and don clean 
gloves appropriate to the task prior to catheter insertion.
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Dressing

The catheter insertion site should be covered with sterile 
gauze or sterile, transparent, adhesive dressing.5 The site 
may then be dressed with clean gauze or cotton cast 
padding, as listed above in general recommendations. 
Topical antibiotic ointment or cream should not be 
applied to the catheter insertion site due to its tendency 
to promote fungal growth and encourage bacterial resis-
tance.5 It is unclear whether flushing catheters with 
heparinized saline is more effective at preventing cath-
eter failure than flushing with plain 0.9% NaCl.

The catheter should be protected so that the animal 
does not chew or lick the area. Many commercial pro-
ducts are available to limit animal access to vascular 
catheters, including Elizabethan collars, no bite collars, 
catheter guards, various wrapping materials, and 
noxious-tasting, antilick sprays.

Care and maintenance of peripheral vascular 
catheter insertion sites

A peripheral catheter should be evaluated at least every 
2 hours.9 The wrap should be snug, clean, and dry. Loose 
or soiled dressings should be changed immediately, and 
if the dressing is soiled or wet to the level of the catheter 
insertion site, the clinician should be notified. During 
the dressing change, the site should be cleaned with 2% 
CHX scrub; allowed to air dry or dried with sterile 
gauze; and rewrapped with new, clean dressings. The 
vessel above the site should not be hard or “ropey” on 
palpation, the skin above the site should not be exces-
sively warm, there should be no edema proximal or 
distal to the catheter, and there should be no bandage 
strike-through or oozing at the site. If any of these 
abnormalities are noted, the clinician should be notified 
and a dressing or catheter change considered.

There are not clear guidelines as to how often a vas-
cular insertion site should be directly evaluated.5 Stan-
dard veterinary practice is to unwrap and evaluate, and 
dress vascular catheter insertion sites with clean, new 
materials once daily.9 There should be no redness or 
swelling at the site. The site should be clean and dry with 
no leaking blood or fluid. Such abnormalities should be 
brought to the clinician’s attention; the CDC recom-
mends removal of temporary vascular catheters with 
evidence of phlebitis or infection.5

Proper hand hygiene (washing or alcohol-based hand 
rub) should be performed prior to any contact with a 
catheter or its insertion site, and clean gloves should be 
worn every time the catheter is accessed (see Chapter 54, 
Minimizing Nosocomial Infection, and Protocol 54.1). 
The catheter should be handled gently. Irritation of the 
vessel caused by catheter handling increases the risk for 

phlebitis. When accessing the catheter, be aware of the 
anatomy of the vessel and try to avoid bending the cath-
eter against the vessel’s direction. Take care not to dis-
lodge the catheter when accessing it. Always hold the 
catheter by the hub with one hand (properly cleaned  
and gloved) while accessing it with the other hand so as 
not to dislodge the catheter or its connections during 
manipulations.

Any vascular catheter that is no longer essential 
should be removed immediately. In human adults, it is 
recommended that peripheral venous catheters be 
replaced every 72–96 hours to help prevent phlebitis; 
however, it is recommended to leave uncomplicated 
catheters in place in children until they are no longer 
essential.5 Thus, although the most common veterinary 
practice is to replace peripheral venous catheters every 
72 hours, it is unclear whether this routine replacement 
is required. The CDC does not recommend the routine 
replacement of arterial or central venous catheters unless 
catheter-associated complications arise.5

Possible complications of indwelling  
vascular catheters

Despite the best care, complications can still arise. Local-
ized infection at the site, bloodstream infection or sepsis, 
phlebitis, thrombosis, and edema are all potential con-
sequences of intravascular catheters. The severity of 
these complications ranges from mild to life threatening. 
See Table 55.1 regarding some common complications 
of vascular catheters.

Catheter, line, or dressing damage or dislodgement

In the event of catheter, line, or dressing complication, 
unwrap the catheter. If the catheter or insertion site is 
wet or dirty, clean site with a 2% solution of CHX scrub 
and allow the site to air dry before being rewrapped.5 If 
air drying is impossible, dry the insertion site with sterile 
gauze prior to rewrapping. Do not rewrap a wet site, as 
this encourages the growth of pathogens. Before rewrap-
ping, make sure the catheter is at the proper angle in 
relation to the vessel.

Flush and attempt to aspirate blood back from the 
catheter while it is unwrapped to ascertain that the  
catheter is still in the vessel. If no blood appears after 
aspiration, place clean, gloved fingers above the inser-
tion site while injecting saline; if the catheter is still in 
the vessel one can sometimes feel a “jet” or “stream” of 
fluid as it flows up the vessel (particularly in a vein). If 
no intravascular fluid stream is palpable, watch this area 
closely while flushing. If the catheter tip is in the subcu-
taneous space, fluid will accumulate subcutaneously. 
Whenever flushing a catheter (wherever its tip may be), 
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inform the clinician, who may elect to replace the cath-
eter or continue to monitor the situation.

If the swelling distal to the catheter is warm, the skin 
is reddened, the limb seems painful, or the swelling does 
not pit with pressure from a finger, it may be due to 
phlebitis or infection. The clinician should always be 
notified in such cases, and the catheter will likely need 
to be removed.

Swelling above (or both above and below)  
the insertion site

Swelling above the insertion site often indicates phlebitis 
or thrombosis of the vessel. The site should be unwrapped 
and evaluated. If no signs other than edema are present, 
consider the patient’s vascular fluid retention status as 
above. However, if redness, heat, or pain is noted, phle-
bitis or thrombosis may be present. Signs are described 
in Table 55.1.

Phlebitis is inflammation of the vessel. If phlebitis is 
present, the catheter should ideally be removed. If vas-
cular access is limited and the catheter is still needed, the 
catheter should be flushed while unwrapped to make 
sure there is no leakage at the site. If the site leaks when 
flushed the catheter must be removed. If there is no 
leakage at the site the doctor should evaluate the patient 
and the site. If the phlebitis is minor and no signs of 
systemic inflammation are present, the clinician may 
elect to leave the catheter in place. At a minimum, the 
site should be cleaned with 2% CHX scrub, air dried or 
dried with sterile gauze, and rewrapped. If phlebitis has 
been found, the wrapped site should be checked every 2 
hours, unwrapped and evaluated every 6–12 hours,  
and the patient monitored closely for signs of systemic 
inflammation. If infectious phlebitis is suspected,  

consider the size of the animal, the prescribed fluid rate, 
and the animal’s ability to handle volume (and heparin 
if flushing with heparinized saline). This is especially 
important when working with very small animals such 
as toy breeds, neonates, and small mammals such as 
ferrets.

If unable to ascertain whether an IV catheter is in the 
vessel, but the clinician is reluctant to remove the cath-
eter, it should only be used to infuse plain fluids. Infuse 
slowly while observing closely for leaking or the subcu-
taneous accumulation of fluids. If fluids accumulate 
subcutaneously, the catheter must be removed.

The insertion site of an intact vascular catheter should 
be redressed with new materials as previously men-
tioned, and protected from animal-induced damage by 
using an Elizabethan collar or by wrapping more exten-
sively and applying a commercial antilick product. 
Commercial plastic catheter guards are also available. 
Secure the fluid line in such a way as to minimize pulling 
on the catheter itself, as trauma to the vessel leads to 
phlebitis and thrombosis.

Edema distal to the catheter insertion

Swelling distal to the catheter wrap usually indicates that 
the wrap is too tight. This swelling should be “cool” and 
should pit with pressure from a finger. In such cases, 
remove the bandage, rewrap the site more loosely with 
new bandage materials, and monitor. Evaluate the 
patient’s other limbs and its skin turgor for evidence of 
generalized edema, which could indicate a compromise 
in the patient’s vascular retention status due to low 
colloid osmotic pressure (COP; see Chapter 51, Osmo-
lality and Colloid Osmotic Pressure, for more details).  
If distal swelling persists despite a loosened bandage, 

Table 55.1 Signs of and appropriate actions for phlebitis and thrombosis of vascular catheter insertion sites

Condition Signs Action

Phlebitis •  Redness around site
•  Heat
•  Swelling
•  Pain on palpation of site or upon catheter flushing •  Inform clinician

•  Catheter should be removed
•  If clinician elects to leave catheter in place, 

clean site with 2% CHX, allow to dry, and 
redress with new, clean materials

Thrombosis •  Pain on palpation of site or upon catheter flushing
•  Vessel feels hard or “ropey”
•  Vessel appears distended without being occluded
•  Edema above or below site
•  Catheter becomes difficult to flush or aspirate
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Central venous catheter and peripherally 
inserted central catheter insertion sites
Insertion

CVCs and peripherally inserted central catheter (PICC) 
lines travel to the vena cava, and because they can dwell 
much longer (>1 month) than peripheral catheters, the 
CDC recommends they be placed with a more stringent 
aseptic technique than is necessary for peripheral venous 
catheters.5 The catheter with the fewest required ports 
should be inserted. During CVC or PICC insertion, the 
operator should don a full sterile gown, sterile gloves, 
cap, and mask, and a large sterile drape should be used 
to create a sterile field. Skin insertion site preparation is 
the same as for peripheral venous and arterial catheters, 
though a very wide margin of fur should be clipped in 
such cases. Dressing recommendations are the same as 
for peripheral vascular catheters.

Maintenance

A central catheter should be maintained in much the 
same manner as a peripheral catheter. Length of dwell 
time has been found to be a significant risk factor for 
catheter-related infection. Since these catheters are 
accessed frequently and are expected to dwell for 
extended periods of time, good hand hygiene and 
donning clean gloves when handling these catheters are 
imperative. The catheter should be unwrapped and the 
site evaluated at least every 48 hours if wrapped in gauze, 
and at least every 7 days if covered with transparent, 
adhesive dressing.5 The site should be checked for any 
redness, swelling, leakage of administered fluids, or 
oozing of the tissue at the site. The area around the 
insertion site should be gently palpated for any signs of 
pain or hardening of the vessel. The area should also be 
checked for excessive warmth. If any of these signs are 
present, the doctor should be notified and the situation 
addressed. Catheters with associated inflammation 
should be removed.5

There is not currently a single, definitive recommen-
dation for central catheter insertion site care.5 Standard 
veterinary practice is generally that central line insertion 
sites be cared for in a manner similar to peripheral cath-
eter insertion sites. Generally, sites are cleaned every 
time they are directly evaluated with a 2% solution of 
CHX scrub, and allowed to air dry or are dried with 
sterile gauze, then dressed again with new materials. 
Direct site evaluation, cleansing, and redressing should 
also be done any time the area is soiled or the site 
becomes exposed. The CDC does not recommend the 
routine application of povidone iodine or triple antibi-
otic ointment to the site, as the moisture encourages the 
growth of pathogens. The CDC does approve the use of 

systemic antibiotics are sometimes used. If there are no 
signs of improvement in the phlebitis within 1–3 days, 
or if systemic inflammatory signs have evolved and are 
believed secondary to the catheter, the catheter must be 
removed. Blood cultures may be taken aseptically, one 
from the infected catheter, and at least one from a dif-
ferent site, to help confirm and diagnose a catheter-
related infection.

Vessel thrombosis occurs with thrombus formation at 
the tip of or along the outer length of the catheter. A 
thrombosed vessel can be painful and increases the 
chance of pulmonary embolism. As with phlebitis, 
ideally the catheter would be removed, but sometimes 
that is not possible. Thrombosis varies in severity and 
common sense must be used when deciding when to 
leave or remove a catheter. The location and degree of 
edema should be considered. For instance, swelling only 
near the insertion site might warrant less drastic action 
than swelling that involves a large portion of a limb, and 
more severe edema may warrant catheter removal more 
often than milder edema. The degree of hardness or 
“ropiness” of the vessel should also be considered. Is it 
mild or severe, and how much of the length of the vessel 
is affected? Once the vessel begins to harden, a catheter 
may be left in for a short period of time (usually 12–24 
hours) before the condition worsens and the catheter 
needs to be pulled or ceases to function (leaking at site, 
no longer patent). If leaving a catheter in place, one may 
consider massaging and wrapping the limb to inhibit 
fluid retention.

Redness, heat, swelling, pain, or purulence  
at the catheter insertion site

Taken together, redness, heat, swelling, and pain are 
signs of inflammation or infection. The patient’s tem-
perature and other vital parameters should be assessed 
and reported to the clinician as soon as possible. The 
catheter should be removed as soon as possible.5 If the 
doctor decides to leave the catheter in place, the site and 
the patient should be monitored closely and cared for in 
the same manner as for phlebitis, detailed above.

Oozing at the catheter insertion site

Ascertain whether the tissue itself is oozing, or if fluids 
being placed into the catheter are leaking out at the site. 
This is done by unwrapping the catheter and flushing it 
with sterile saline. Watch the insertion site closely for 
leakage while flushing the catheter. Tissue oozing may 
indicate infection and should be treated as such (see 
above). If fluids administered are leaking, the catheter 
should be removed.
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the needle is misplaced upon insertion, either because 
the catheter does not penetrate fully through the  
cortex and into the medullary cavity or because it has 
passed out of the bone’s medulla and through the far 
cortex, into the muscle. Fluid extravasation can also 
occur when the patient moves excessively after proper 
placement of the IO catheter. When hypertonic fluids or 
caustic medications extravasate, muscle necrosis can 
occur.

There are a few ways to confirm an IO catheter’s posi-
tion. When the IO catheter is properly positioned, it 
should flush easily with little resistance. Radiographic 
imaging shows the catheter’s placement as well. If 
administered drugs or fluids leak at the site, one should 
suspect the catheter is not properly seated, and it should 
be removed. Replacing the IO catheter in the same site 
is not recommended, as fluid may escape from the hole 
left from the first catheter. For the same reason, it is not 
recommended to make more than one attempt at the 
same site when placing the IO catheter.

Compartment syndrome

Compartment syndrome occurs when fluids extravasate 
from an IO site for an extended period of time. When a 
large amount of fluid leaks into the muscle, a pocket is 
formed within the muscle, which can cause muscle 
necrosis. It is recommended that there be no repeated 
attempts in the same bone if the first IO catheterization 
fails. Another site should be chosen, as fluid will some-
times leak from the hole made on the first attempt. The 
best way to minimize serious harm to the patient from 
compartment syndrome is to monitor the catheter site 
and associated limb closely.

Infection and osteomyelitis

Localized site infection or osteomyelitis occurs rarely, 
particularly if the IO catheter is removed after only a few 
hours’ time. Infection most often occurs when proper 
aseptic technique was not followed on insertion. The IO 
catheter should be removed if signs of infection are 
present; systemic antibiotics are usually indicated.

Thoracostomy tube insertion  
site maintenance
Great care must be taken to keep the insertion site of a 
thoracostomy tube healthy. Having to remove a tube due 
to infection, or having the tube migrate out of the 
pleural space due to breakdown of the tissue at the site 
due to infection, can greatly compromise the patient. 
Also, care must be taken not to introduce bacteria into 
the pleural space.

sponges impregnated with CHX at the CVC insertion 
site.5

Intraosseous catheter insertion sites
The intraosseous (IO) catheter is the epitome of the 
life-saving device because of the ease and speed with 
which the catheter can be placed in hypovolemic  
and neonatal patients. Resuscitative fluids, blood prod-
ucts, and most any drug that can be administered  
intravenously can be administered intraosseously.  
As with all indwelling devices, IO catheters have a few 
risks. Complications such as infection (such as osteomy-
elitis) can usually be avoided by proper aseptic place-
ment and proper care of the site and catheter once 
placed.

Insertion

IO catheter insertion site preparation is the same as for 
peripheral venous and arterial catheters. Once placed, 
the catheter should be secured by wrapping a tape but-
terfly around the hub and suturing the butterfly to the 
skin or periosteum. Some IO catheters come with their 
own permanent butterflies. If desired, the sutures may 
be glued to the patient with a cyanoacrylate glue. The 
manufacturer of the catheter should be consulted for 
compatibility. If possible, the secured catheter should be 
protected by an outer bandage. For more detail on 
placing and securing an IO catheter, see Chapter 4, 
Catheterization of the Venous Compartment.

Maintenance

IO catheters usually dwell for only a short period (3–4 
hours), until vascular access is achieved. If left in for  
an extended period, they should be maintained in  
much the same manner as an IV catheter. Hand hygiene 
should be performed and clean examination gloves 
worn every time the catheter is handled. Standard prac-
tice is to flush the IO catheter with a small amount of 
heparinized or plain saline every 6 hours. Rewrapping 
an IO catheter is not always feasible. There may be cases 
in which the patient is too small, too young, or too criti-
cal to make routine rewrapping possible. Once again, 
common sense must be used to decide what is best for 
the patient. An IO catheter should be left in for no 
longer than 96 hours.

Complications of IO catheters

Fluid extravasation

Extravasation of fluid may be the most common  
complication of IO catheters. This usually occurs when 
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insertion site clean helps to decrease pathogen introduc-
tion into the retroperitoneal space and the kidney. The 
bandaged tube should be evaluated every 2 hours, check-
ing for any wetness and making sure that the bandage 
and tube are still wrapped in the proper position. At the 
author’s institution, the site is unwrapped and evaluated 
every 8–12 hours.

Whereas most indwelling devices are situated in a 
fairly large space such as the pleural space, or a lumen 
as with a central line or a feeding tube, the nephrostomy 
tube is placed inside a tiny space within a delicate  
organ. Therefore it is vital that there be no tugging or 
pulling of the tube by handlers or the animal. The tubes 
are usually long enough to allow them to be curled 
several times before being wrapped closely to the body. 
A “butterfly” can be made of tape wrapped around  
the tube and then sutured to a stockinette, which is  
worn by the patient, or, if the surgeon chooses, sutured 
directly to the patient. Most cats and small dogs seem to 
prefer the stockinette to a bandage wrap. A sterile, trans-
parent, self-adherent bandage works well over the site. 
The stockinette provides a clean covering and takes the 
brunt of any pulling that may occur. Enough slack must 
be left in the tube so that when the stockinette is pulled, 
it does not affect the site. If a bandage wrap is used the 
excess tubing can be curled and incorporated in the 
wrap so any tugging will not affect the tube site. An 
Elizabethan collar should be used and the animal 
watched closely.

In addition to monitoring the site for signs of infec-
tion, the nephrostomy tube site should be watched for 
leakage. While this could imply infection, it could also 
indicate retroperitoneal urine leakage. If effusion is 
noted from the insertion site, a doctor should be alerted 
immediately so that uroabdomen can be ruled out.

Another complication of the nephrostomy tube is the 
tube becoming clogged with stones or debris. Once 
approved by the doctor on the case, gentle aspiration 
and retropulsion can be attempted. If this is not success-
ful, imaging may be necessary to determine the cause of 
the occlusion, and tube removal may be necessary.

Surgical drain insertion site maintenance

Jackson Pratt drain insertion sites

The Jackson Pratt (JP) drain is typically placed in the 
abdomen to drain peritoneal effusion postoperatively. It 
is also used to drain effusion from the subcutaneous 
space postoperatively in cases where excessive fluid 
buildup is expected. The drain consists of a surgical 
drainage tube placed inside the body, which attaches to 
thin rubber tubing that passes through the body wall to 
the outside and is then attached to a rubber squeeze 

Prior to contacting the thoracostomy tube or inser-
tion site, hands should be cleaned using good hand 
hygiene practice as recommended by the CDC and 
described in Chapter 54. Clean examination gloves 
should worn any time the site or tube system is handled. 
The insertion site should be kept clean and dressed. 
Though specific, evidence-based recommendations  
are unavailable, the site should probably be unwrapped, 
evaluated, and redressed at least as often as a vascular 
catheter insertion site, so probably at least every 24 
hours if no obvious complications are present. The  
site should be covered with a sterile, nonadherent pad 
before bandaging. Self-adherent, transparent bandages 
can be used in place of the nonadherent pad and are 
preferable in smaller animals where a bulky wrap would 
be uncomfortable. A body stockinette can be placed to 
further cover the site, and the tube itself can then be 
fastened to the stockinette with tape and suture, or 
plastic clamps.

It can be very challenging to keep a thoracostomy 
tube site properly bandaged. Large breed dogs are espe-
cially difficult due to their body conformation. It may 
help to criss-cross the bandage across the dog’s chest. 
But when a patient is mobile, all attempts at keeping the 
site covered sometimes fail. One solution is to cover the 
site with a sterile, self-adherent bandage. A clean T-shirt 
is then put on the dog and tied to a close on top of the 
dog’s back. A hole is cut in the shirt and the thoracos-
tomy tube is passed through the hole and clamped to 
the T-shirt. This method works well to keep the site 
covered and also helps to stabilize the tube from exces-
sive movement. This would not be suitable for a dog 
attached to a continuous suction device, in which case a 
more stabilizing wrap is needed.

Any animal with a thoracostomy tube requires con-
stant monitoring and an Elizabethan collar. No matter 
how closely watched, some animals still manage to 
remove their tubes and sometimes tubes can migrate out 
of the thorax and into the subcutaneous space just 
through the movement of the animal’s body. Thus, 
respiratory rate and effort should be watched closely and 
the chest ausculted frequently (every 2–4 hours). Care 
should be taken to ensure that the tube is not acciden-
tally pulled upon, as this can cause inflammation of the 
pleura and the insertion site.

Nephrostomy tube insertion site maintenance
The collecting tip of a nephrostomy tube is placed within 
the renal pelvis and the tube travels through the body 
wall with its egress end outside the skin. The draining 
end of the tube is outside of the animal, attached to a 
sterile, closed urinary collection system. Keeping the 
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site or the drain itself is handled, and clean examination 
gloves worn.

Care should be taken to ensure that the tubing does 
not become kinked, preventing suction. The bulb should 
be kept empty of air and fluid to ensure adequate 
suction. Fluid should be emptied from the drain as often 
as needed, and fluid volumes recorded in the patient 
treatment sheet.

Penrose drain insertion sites
The Penrose drain is a passive drain. It consists of a 
simple rubber tube placed in a wound or incision to 
drain fluid from the site out of the animal. This helps to 
prevent infection, and also aids in patient comfort.

The Penrose drain site is a messy site, with fluid 
draining out freely and being caught only by any  
bandage material. If present, the external bandage 
should be checked every 2 hours for strikethrough. 
When strikethrough is present the bandage should be 
removed and the site examined, cleaned with a 2% solu-
tion of CHX, dried with sterile gauze, and redressed. At 
the author’s institution, if there is no strikethrough 
present, the site is examined, cleaned, and rebandaged 
every 8 hours.

Care should be taken to prevent the animal licking or 
chewing the drain or site. This is best achieved with an 
Elizabethan collar.

Feeding tube insertion sites

Nasoesophageal and nasogastric tube 
insertion sites

Nasoesophageal (NE) tubes enter the nares and termi-
nate in the esophagus; nasogastric (NG) tubes terminate 
in the stomach. The tube is generally secured with a 
sutured or stapled tape “butterfly” just caudal to the 
nostril  and then again into the cheek of the animal. The 
nostril housing the tube should be monitored for signs 
of inflammation or infection such as pain or exudate, 
and treated accordingly.

There is significant risk of the tube leaving the esoph-
agus and entering the trachea. The tube should be mea-
sured and a note made in the record as to how much 
tubing is external. Every time the tube is used, external 
placement should be checked. The sutures should all be 
in place and the tube seated securely with no slippage 
visible. The tube should be aspirated and negative pres-
sure achieved if the tube is in the esophagus; negative 
pressure or gastric fluid if the tube is in the stomach. If 
gas is aspirated, a radiograph should be taken to check 
tube placement before anything is instilled into the tube. 
Animals with NE or NG tubes should always wear an 
Elizabethan collar.

bulb. When squeezed and then closed, the bulb creates 
suction, which draws fluid into the bulb where it is 
collected.

The insertion site of the JP drain should be kept clean, 
dry, and covered. The site should be covered with a 
nonadherent pad or a sterile, self-adherent bandage and 
then wrapped. The bandaged site should be checked 
every 2 hours, and the bandage should be dry. At the 
author’s institution, the site is unwrapped and evaluated 
every 8–12 hours.

Insertion sites into the cranial abdomen are fairly easy 
to keep covered. Insertion sites into the inguinal area are 
very difficult. The variations in the size and shape of the 
many breeds of dog make it necessary to be creative with 
the bandage material. Usually it is necessary to rewrap 
these sites often, as bandages seem to slide off of them 
easily. Also, the bandage may sometimes become soiled 
with urine or feces, which can wick up towards the inser-
tion site. If the urine or feces would not come into 
contact with the insertion site without the wrap acting 
as a wick, it may be better to forgo the wrap and just use 
a sterile, self-adherent bandage.

The tubing of the JP drain is long, and can be  
curled and then wrapped into the bandage material, 
with slack enough between the site and the wrapped 
portion of tubing that the weight of the bulb will not 
pull on the site. The bulb itself can also be taped to the 
bandage. In cases where the site is only covered with a 
sterile, self-adherent bandage, a clean t-shirt can be 
worn by the patient, brought to the top of the back and 
tied. The drain is passed through a hole cut in the shirt 
and attached to the shirt with a plastic clamp. A stocki-
nette can be used in place of the t-shirt in smaller 
animals.

The drain insertion site should be monitored for 
infection, and treated accordingly, as stated earlier in this 
chapter. When a site is inflamed, it may allow the effu-
sion to leak out at the site. If the drain is to be left in, 
some sterile gauze sponges should be added to the wrap 
to absorb the fluid. In cases where it is not physically 
possible to keep a bandage on, such as the inguinal area, 
care should be taken to keep the site and area around 
the site as clean and dry as possible. Fluid should be 
gently and aseptically wiped from the site, taking care to 
wipe in motions away from the site and not towards it. 
A 2% solution of CHX scrub should be used to clean 
the area. The area should be allowed to air dry if possible 
or be dried with sterile gauze. If the animal is recum-
bent, the limbs can be propped apart with clean towels 
to aid in keeping the area dry. Also if the animal is 
recumbent, sterile gauze can be placed around the site 
without an outer wrap. Of course, good hand hygiene as 
stated earlier in this chapter should be used any time the 
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iodine may be helpful in eliminating the infection. In 
general, it is not recommended to use iodine or triple 
antibiotic ointment on these sites, as the excess moisture 
promotes the growth of certain pathogens.

Epidural catheter insertion sites
Epidural catheters are often placed in cases in which 
pain management is expected to be difficult. These  
catheters must be placed aseptically and maintained 
with stringent aseptic technique. After placement, povi-
done iodine can be applied to the area around the site 
with sterile iodine-soaked swabs. Sterile gauze sponges 
can be placed under the injection cap, both to aid in 
keeping the catheter laying evenly along the animal’s 
back, and to absorb any leaking fluid. The site should be 
covered with a clear, sterile, self-adherent bandage. It is 
not recommended to unwrap an epidural catheter, so 
the clear bandage allows a periodic visual site check 
every few hours. It is not unusual to note clear fluid 
leaking from the site. This is one reason to place sterile, 
gauze sponges beneath the epidural catheter. If any 
colored fluid, swelling, or other signs of inflammation 
are seen, a doctor should evaluate the site immediately. 
If any sign of infection is seen, the catheter should be 
removed.

To avoid introducing bacteria into the epidural space, 
the injection cap to the catheter should be scrubbed with 
a 2% solution of CHX and a gauze sponge soaked in 2% 
CHX placed over it for a full 3 minutes prior to being 
punctured with a sterile needle. Proper hand hygiene 
should be performed as stated above, and sterile gloves 
must be worn when utilizing this device.

Extreme care should be taken to not displace the  
catheter. Although rare, epidural hematomas, epidural 
abscesses, and arachnoiditis are possible complications. 
There is a limit to the volume that can be injected into 
an epidural catheter. The doctor’s orders should be spe-
cific as to that amount.

Summary

The importance of properly caring for the insertion sites 
of indwelling devices cannot be overstated. Most inser-
tion sites will remain healthy and the device functional 
for as long as needed if well maintained. Paying close 
attention to the site can greatly reduce the incidence of 
infection and other possible complications.
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56
Antiseptics, disinfectants, and sterilization

Jennifer Devey and Connie M. Schmidt

Antisepsis is defined as the destruction or inhibition of 
the growth of microorganisms through the use of anti-
septics with the end goal of preventing infection. An 
antiseptic is a chemical agent or substance that kills or 
prevents growth of microorganisms on living tissue 
through topical application. This is as opposed to a dis-
infectant, which has the same role but is used on inani-
mate objects. Antiseptics and disinfectants are not 
expected to kill spores whereas sterilization is, although 
some disinfectants are sporicidal if left in contact with 
the surface for an extended period of time. Antiseptics 
and disinfectants typically have a broad spectrum of 
activity as compared with antibiotics, which target a 
specific bacterial population.

Disinfectants and antiseptics must remain in direct 
contact with the surface of the inanimate object or the 
tissue, respectively, for a certain length of time in order 
to be effective. This contact time must be continuous 
and varies with each chemical. For example, a surgical 
preparation of 2 minutes means 2 minutes of continu-
ous contact time of the antiseptic with the skin. Disin-
fectants and antiseptics have variable residual activity, 
or activity that remains after the initial contact time. 
Contact times and residual activities of different chemi-
cals will be described below.

The term aseptic technique is used to describe all of 
the precautions taken to prevent contamination and 
ultimately infection during medical and surgical proce-
dures. Aseptic technique should be used for all surgical 
procedures and all procedures where contact is being 
established between the inner and outer surfaces of the 
body. Aseptic technique requires the appropriate use of 
antiseptics as well as appropriate personnel preparation 

and sterile instruments, suture, fluids, tubes, catheters, 
bandaging material, and so on. While the use of caps, 
masks, sterile gowns, and gloves helps minimize surgical 
infection, it has been shown that skin disinfection plays 
a more important role, thus the importance of skin 
decontamination cannot be overemphasized.

Aseptic technique during placement of catheters and 
tubes is essential as is aseptic management while they 
are in use. Infections secondary to tubes and catheters 
can occur from direct contamination from hospital sur-
faces, hospital equipment, or from the hands of hospital 
personnel. Infections can also result from introduction 
of the patient’s own flora during the time of insertion, 
subsequent migration of microorganisms (either from 
the environment or contamination from the patient’s 
urine or feces) along or through the catheter or tube, 
secondary to contamination of catheter hubs or infusion 
of contaminated fluid. The goal is to minimize all of 
these factors as much as possible, particularly the factors 
that are more easily controlled.

Hospital surface disinfection is paramount in pre-
venting the spread of infectious disease, as many bacte-
ria, fungi, and viruses can persist in the hospital 
environment for extended periods of time. Unenveloped 
viruses like parvovirus and microorganisms that sporu-
late can pose a particular challenge, and surface disinfec-
tion products and techniques must be applied properly 
to be effective. Proper instrument sterilization is crucial 
to help prevent infections associated with procedures 
that involve introduction of devices into body parts 
usually protected from the outside environment.

This chapter focuses on the rationales behind and 
different properties of antiseptics, disinfectants, and 
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chemical sterilant since it has a broad spectrum of activ-
ity including being sporicidal. It acts by alkylating 
microorganism proteins. To ensure it is sporicidal the 
solution must be made alkaline. Unfortunately this leads 
to a steady loss of activity, which makes the glutaralde-
hyde solution ineffective after a maximum of 30 days. 
The shelf life varies depending on the formulation; 
therefore, manufacturer’s guidelines must be followed. 
In a 2% glutaraldehyde solution, most bacteria are killed 
within 2 minutes of contact; fungi, virus, and mycobac-
teria within 10 minutes; and spores within 3 hours. It is 
noncorrosive and most objects that can be submerged 
in water may be safely sterilized using glutaraldehyde. 
Like all chemical disinfectants it is toxic to cells and 
irritating to skin, membranes, and airways, so all materi-
als sterilized with glutaraldehyde must be rinsed thor-
oughly immediately prior to use.

Disinfectants and antiseptics

A disinfectant is a chemical agent or substance that kills 
or prevents growth of microorganisms on inanimate 
objects through topical application. In contrast, an anti-
septic is an agent applied topically to living tissue. Many 
of the antiseptic agents discussed below can be used as 
disinfectants. A disinfectant is usually of a higher con-
centration than one can use safely on skin and tissues; 
therefore, most disinfectants cannot be used as antisep-
tics. Some disinfectants should be diluted prior to use. 
Those that require dilution should always be diluted 
according to the manufacturer’s instructions.

An antiseptic is a chemical agent or substance that 
kills or prevents growth of microorganisms on living 
tissue through topical application. A variety of different 
antiseptics are available in veterinary medicine. Each has 
advantages and disadvantages, and none is effective 
against all organisms (see Table 56.1). Commonly used 
antiseptics include acids, alcohols, halogen-releasing 
agents, oxidizing agents, phenols, quaternary ammo-
nium compounds, silver, and honey. A discussion of all 
antiseptics is beyond the scope of this chapter and the 
reader is referred to other sources for more detailed 
information (see Recommended Reading at the chap-
ter’s end).

Many antiseptics are available as aqueous solutions; 
some are also available as scrubs, which are detergents 
or soaps. The presence of detergent or soap in wounds 
may also potentiate wound infection. Detergents and 
soaps are irritating and cytotoxic, and thus should only 
be used on intact skin, and should never contact mucous 
membranes or subcutaneous tissues. Product labels 
must always be consulted for proper mixing and diluting 
instructions. Over- or under-diluting the product can 

sterilization. Proper selection and use of these chemicals 
and methods are crucial to the prevention of nosoco-
mial (hospital-acquired) infection, whether the patient 
is undergoing a surgical procedure, has an indwelling 
device, is being mechanically ventilated, or is simply 
hospitalized. See Chapter 54, Minimizing Nosocomial 
Infection, for an expanded discussion of other precau-
tions against hospital-acquired infection.

Sterilization

Sterilization is defined as the use of a physical or chemi-
cal process to kill all microorganisms including bacteria, 
viruses, fungi, mycobacteria, protozoa, and spores. The 
two most commonly used methods of sterilization are 
autoclaving and gas sterilization. Autoclaving uses pres-
surized steam, which causes denaturation and coagula-
tion of microorganism proteins. Gas sterilization is 
performed with ethylene oxide. It works by destroying 
the organisms through alkylation of deoxyribonucleic 
acid. Most items that cannot be autoclaved such as plas-
tics and endoscopes can be safely gas sterilized.

Each method of sterilization requires that the item be 
packaged in a specific manner to permit penetration of 
the steam or gas. The exception to this is “flash” steriliza-
tion. If an instrument is needed on an emergency basis 
it can be sterilized in an open, unwrapped tray very 
quickly. Flash sterilization is not recommended for 
devices that are going to be implanted. All packs to be 
sterilized, whether by autoclaving or gas, should contain 
appropriate indicator strips that turn a specific color 
once the contents have been appropriately sterilized. 
Autoclaved sterile packs should not be placed into 
storage until they are completely dry. Gas sterilized 
items must be allowed to vent for an appropriate length 
of time per the manufacturer’s instructions. Sterile packs 
should be stored in closed cabinets.

Sterile items should not be used if the packaging is 
damaged in any fashion. Instruments must be packaged 
in such a manner that sterility is not broken as the wrap 
is opened. The size of the sterile field that is prepared, 
whether for an exploratory celiotomy or placement of a 
central venous catheter, should be large enough to 
ensure that instruments and devices do not become con-
taminated during the procedure. Indicators should 
always be checked to ensure sterility has been achieved 
prior to use of the pack contents.

Glutaraldehyde
Glutaraldehyde is used to “cold sterilize” instruments. 
It is the chemical used in cold sterile trays used in most 
veterinary hospitals. Glutaraldehyde is considered a 
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site. Alcohol is cytotoxic and neurotoxic when applied 
to open wounds.

Chlorhexidine
Chlorhexidine is a bisguanide and the most commonly 
used bisguanide antiseptic in veterinary medicine. Bis-
guanides work by binding with proteins in the cell wall 
thus disrupting the cell wall, which causes leakage of cell 
contents. Bisguanides also precipitate cell proteins that 
are released during this process. Chlorhexidine has a 
spectrum of activity against most gram-positive and 
some gram-negative bacteria (including Escherichia coli 
and Pseudomonas aeruginosa), although it has somewhat 
variable activity against many gram-negative bacteria.  
It is effective against mold, yeast, and many viruses 
although it has variable activity against enveloped 
viruses and is not considered effective against Lyssaviri-
dae (rabies virus). It is ineffective against bacterial spores 
and mycobacteria. It is suggested that there is an approx-
imately 90% kill within 30 seconds of contact time. 
Although a preparation time of 5 to 7 minutes is recom-
mended it is possible that two 30 second preps are suf-
ficient. Since chlorhexidine binds to keratin, contact 
time may be less of an issue than with some other anti-
septics. Chlorhexidine is considered to provide equally 
effective skin decontamination as povidone-iodine, but 
it has a longer residual effect than povidone-iodine of 
up to 2 days. When used as a wound lavage it has an 
immediate antimicrobial effect with a lasting residual 
effect. Chlorhexidine is generally not negatively impacted 
by the presence of alcohol, soaps, or lavage fluids, but 
the presence of moderate amounts of blood or organic 
matter can interfere with its effectiveness. Also, chlorhex-
idine’s activity is pH dependent, being more soluble and 
thus more effective at lower pH.

Chlorhexidine is toxic to eyes and should never come 
in direct contact with them. It should not be used in the 

result in poor efficacy or exacerbation of skin irritation 
and toxicity, respectively.

Acids
Boric acid and acetic acid are the most commonly used 
acid antiseptics and are typically used in wounds at 
concentrations of 0.25 to 0.5%. They primarily act by 
disrupting cell membranes and are effective against bac-
teria (especially urea splitting organisms such as Pseu-
domonas aeruginosa), yeast, and fungi. At a pH of 
approximately 3.6, acids are bacteriostatic, and at a pH 
of approximately 3 they are bactericidal; therefore, the 
pH of the product being used should be confirmed. 
They are toxic to fibroblasts but these acids’ impact on 
wound healing is unknown.

Alcohol
Alcohol is used both as an antiseptic and a disinfectant. 
It denatures proteins and disrupts metabolic function, 
causing precipitation of cell proteins and cell lysis. It also 
helps solubilize fats and may enhance the effectiveness 
of some antiseptics. It is effective against gram-positive 
and gram- negative bacteria, mycobacteria, some fungi, 
and some enveloped viruses; however, it has variable 
effectiveness against enveloped viruses and is not effec-
tive against Lyssaviridae (rabies virus). It is ineffective 
against bacterial spores. Unlike other commonly used 
antiseptics it has no residual effect because it rapidly 
evaporates. The presence of organic material such as 
blood or mucus also decreases its effectiveness. Ethyl 
and 70% isopropyl alcohol are the most effective forms. 
Within 2 minutes 90% kill is expected although effective 
kill of many bacteria occurs within 10 seconds of sus-
tained exposure. As a general rule, extended exposure is 
needed and a cursory swipe with an alcohol-soaked 
swab on an animal’s skin does little to disinfect the skin 

Table 56.1 Commonly Used Antiseptics

Antiseptic Spectrum of Activity Ineffective Activity Residual Activity Decreased Effectiveness

Alcohol Bacteria, unenveloped viruses, 
some fungi, mycobacteria

Variable enveloped 
viruses, no spores

None Organic material

Chlorhexidine 
solution

Gram-positive bacteria, some 
gram-negative bacteria, 
unenveloped viruses, fungi, 
mold, yeast

Variable gram-negative 
bacteria, variable 
enveloped viruses, no 
mycobacteria, no spores

4–6 hours, 
occasionally up 
to 2 days

Organic material

Povidone-iodine Bacteria, enveloped viruses, 
fungi, yeast, mycobacteria

Variable enveloped 
viruses, no spores

Up to 4–6 hours Organic material, 
alcohol
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ear if there is any concern that the tympanic membrane 
is not intact. It has a lower incidence of causing allergic 
reactions and skin irritation, and is less cytotoxic than 
iodine-based solutions; however, prolonged skin contact 
with concentrations of greater than 0.5% may be harmful 
and may impair fibroblast activity.

Currently solutions of 0.05% are recommended for 
wound lavage. This concentration can be prepared by 
diluting 1 part of a 2% stock solution with 40 parts of 
water (see Protocol 56.1). At this concentration chlorhex-
idine has been shown to help promote wound healing. 
If stock solution is diluted with tap water it is considered 
stable for 1 week. If it is diluted with distilled or deion-
ized water it is considered stable for 6 weeks. A 1% oint-
ment is useful for treatment of external wounds.

Halogen-releasing agents
Iodophors

Povidone-iodine is the most commonly used iodophor 
in veterinary medicine and is usually used as a scrub or 
solution commonly known as Betadine® (Purdue Fred-
erick Company, Stamford, CT), which is a 10% 
povidone-iodine formulation. Cadexomer iodine is 
available as an ointment or dressing. Iodophors contain 
polymerized iodine so the free iodine is slowly released 
with the goal of minimizing tissue irritation and enhanc-
ing the delivery of iodine to the tissues. The iodine pen-
etrates the cell wall where it causes oxidation of the 
intracellular contents and replaces microbial contents 

Protocol 56.1 Formulating a 0.05% Chlorhexidine Solution

Items Required
• Chlorhexidine stock solution
• Water: deionized, distilled, or tap water

Procedure
If stock chlorhexidine solution is 4%

• To make 250 mL total volume, add 3.1 mL of 4% 
solution to 247 mL of water.

• To make 500 mL total volume, add 6.2 mL of 4% 
solution to 494 mL of water.

If stock chlorhexidine solution is 2%
• To make 250 mL total volume, add 6.2 mL of 2% 

solution to 244 mL of water.
• To make 500 mL total volume, add 12.5 mL of 2% 

solution to 488 mL of water.

Solution will be stable for 1 week if tap water is used.
Solution will be stable for 6 weeks if distilled or 

deionized water is used.

Protocol 56.2 Formulating 1% Povidone-Iodine Solution

Items Required
• Povidone-iodine stock solution
• Water or electrolyte solution

Procedure
Stock povidone-iodine solution is 10%

• To make 250 mL total volume, add 25 mL of 10% 
solution to 225 mL of water.

• To make 500 mL total volume, add 50 mL of 10% 
solution to 450 mL of water.

Solution can be made using water or an electrolyte 
solution.

with iodine. It has a broad spectrum of activity against 
vegetative gram-positive and gram-negative bacteria, 
fungi, enveloped viruses, yeast, and mycobacteria. It is 
considered ineffective against bacterial spores and unen-
veloped viruses. Approximately 90% kill is expected 
within 30 seconds of contact time although a minimum 
of 2 minutes of contact time is advised and a 5 to 7 
minute scrub time is recommended. Povidone-iodine 
has a very rapid onset of activity and up to 4 to 6 hours 
of residual activity. It is inactivated by the presence of 
blood, plasma, and organic material so the presence of 
any of these rapidly diminishes the residual bactericidal 
activity. Iodophors are also affected by pH and tempera-
ture as well as the presence of alcohol and detergent. 
Alternating povidone-iodine with alcohol may actually 
decrease the effectiveness of the iodine by decreasing the 
contact time of the povidone-iodine with the skin. In 
addition, the presence of alcohol may interfere with the 
effectiveness of the povidone-iodine. The practice of 
alternating the povidone-iodine prep with alcohol is not 
advised. Although the presence of alcohol may decrease 
the effectiveness of povidone-iodine, alcohol-based 
iodophors have been shown to be more effective at 
decreasing central venous catheter colonization when 
compared with aqueous solutions.

Stock solution of povidone-iodine is usually 10%. 
Dilution of 1 part stock solution and 9 parts water 
creates the commonly used 1% solution (see Protocol 
56.2). Either water or an electrolyte solution can be used 
to dilute the stock solution. Dilution both increases the 
bactericidal activity and decreases the cytotoxicity, 
although even at concentrations of 0.5% povidone-
iodine can impair tissue fibroblast proliferation. At con-
centrations greater that 0.05% povidone-iodine can 
impair lymphocyte blastogenesis and granulocyte and 
monocyte viability and migration. Given that the most 
commonly used solution in practice is 1% it should be 
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up immediately prior to use and any remaining solution 
should be discarded.

Honey
Honey has been used to treat wounds for over 4000 
years. Its antiseptic properties are a result of its hyper-
osmolality, acidity, and ability to generate hydrogen per-
oxide; however, the concentration of hydrogen peroxide 
that is generated is 1,000 times less than that in 3% 
hydrogen peroxide. The phytochemical components, as 
well as the low pH of honey (approximately 3.6), also 
increase its antiseptic properties. It has a broad spec-
trum of activity against gram-positive and gram-
negative bacteria as well as yeast.

Oxidizing agents
Hydrogen peroxide (H2O2) is a commonly used, 
foaming wound irrigant that dislodges bacteria and 
debris by effervescence. It releases oxygen, which causes 
lipid peroxidation of cell walls. At the high concentra-
tions commonly found in disinfectants it is effective 
against vegetative gram-positive bacteria, gram-negative 
bacteria, mycobacteria, fungi, enveloped and unenvel-
oped viruses, and protozoa; is variably effective against 
fungi; and is a good sporicide. Significant tissue damage 
can occur at concentrations of greater than 3%. At the 
3% concentration used in antiseptic solutions, it is likely 
only effective against gram-positive bacteria, unless the 
bacteria contain catalase, in which case it is rendered 
ineffective. Its duration of effect is short-lived since it is 
not absorbed and has no residual activity.

Phenols
Phenols are effective antiseptics with a variable spec-
trum of activity that depends on the formulation. 
Phenols act primarily by binding cell membranes with 
subsequent disruption of the cell wall and leakage of 
intracellular contents, followed by binding with and pre-
cipitating the proteins that are released from the cell. 
Phenol (carbolic acid) has a broad spectrum of activity 
against gram-positive and gram-negative bacteria at a 
0.1 to 1% concentration, and mycobacteria and fungi at 
a 1 to 2% concentration. It has variable activity against 
enveloped viruses, is ineffective against spores except at 
very high concentrations (5%), and has questionable 
activity against protozoa. At concentrations greater than 
0.5% it has local anesthetic properties. Because phenol 
is highly toxic to tissues, it is not used commonly except 
at low concentrations (0.5%). It is highly corrosive and 
extended exposure can cause neurotoxicity.

Hexachlorophene has a broad spectrum of activity 
against gram-positive organisms. It is inactivated by 

kept in mind that at this concentration there may be 
negative side effects. These side effects do not appear to 
be clinically relevant in most patients. It may be clini-
cally relevant in some patients such as those with chronic 
wounds requiring repeated contact or those with under-
lying conditions predisposing them to delayed wound 
healing. Iodophors are more irritating to skin than bis-
guanides and can cause contact dermatitis and pruritus 
at concentrations as low as 0.1%.

Tincture of iodine is a commercially available solu-
tion of 2% iodine in 50% ethyl alcohol and is intended 
for use on intact skin only.

Iodophors should not be used on silicone.

Sodium hypochlorite

Sodium hypochlorite (household bleach) is an alkali 
that when mixed with an acid releases free chloride and 
oxygen. The chloride combines with water to form 
hypochlorous acid. It oxidizes and inactivates bacterial 
membranes and cytoplasmic enzyme systems, kills bac-
teria, and liquefies necrotic tissue. It has a broad spec-
trum of activity against gram-positive and gram-negative 
bacteria, mycobacteria, spores, fungi, enveloped and 
unenveloped viruses, and protozoa except for Crypto-
sporidium. It is also effective against biofilms. It has 
diminished activity in the presence of organic material 
and cationic detergents. It is corrosive and cytotoxic 
with a detrimental impact on neutrophils, fibroblasts, 
and endothelial cells at higher concentrations. For 
wound antisepsis it is used as a 0.5% solution (com-
monly called Dakin’s solution) which is made by dilut-
ing 1 part regular laundry bleach with 9 parts water. (see 
Protocol 56.3). Although some rapid kill occurs, approx-
imately 10 minutes of contact time ensures destruction 
of most microorganisms. It is unstable in solution and 
deteriorates rapidly, a process that is hastened with 
exposure to metal, high temperatures, light, and acid. 
Because of this instability the solution should be made 

Protocol 56.3 Formulating 0.5% Sodium Hypochlorite 
(Dakin’s) Solution

Items Required
• Household bleach
• Water

Procedure
• To make 250 mL total volume, add 25 mL of household 

bleach to 225 mL of water.
Use immediately and discard unused solution.



724  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

often not all surfaces of the hands come in contact with 
the soap or antiseptic.

Medical staff should wash their hands before coming 
on duty, before and after direct or indirect contact with 
patients, before and after performing any bodily func-
tion such as nose blowing or using the restroom, before 
preparing or serving food, before preparing and admin-
istering medication, after direct or indirect contact with 
a patient’s excretions, secretions, or blood, and after 
completing a shift.

Regular soap is not recommended for use in the surgi-
cal or intensive care unit setting. The primary action of 
soap is the mechanical removal of viable transient 
microorganisms. Regular soap should be used if gross 
contamination is present, and then always followed with 
the use of an antiseptic. If gross contamination is not 
present then this step can be skipped. Good hand hygiene 
can be achieved by using a waterless alcohol-based 
product or an antibacterial soap and water with ade-
quate rinsing (i.e., any hand washing product with anti-
microbial agents). An alcohol-based hand rub should be 
applied and the hands should be vigorously rubbed for 
at least 15 seconds. If an antimicrobial soap is being 
used, hands should be washed for at least 30 seconds.

Multiuse cloth hand towels should be avoided. Artifi-
cial nails and nails longer than 0.25 inches have been 
associated with an increased likelihood of infection. 
Please see Chapter 54, Minimizing Nosocomial Infec-
tion, for an in-depth discussion of hand hygiene and for 
a handwashing protocol.

Surgical scrubbing: personnel

All jewelry should be removed. Gross contamination 
should be removed using soap and water. Debris should 
be removed from under the nails using a nail pick under 
running water. Arms and forearms should be scrubbed 
starting with the fingers and progressing along the fore-
arms. A sponge should be used rather than a brush to 
prevent damage to the skin. Arms should be held upright 
to allow water and soap to drip toward the elbows thus 
preventing recontamination of the hands and fingers. 
The length of time the scrub is performed should 
proceed according to the recommendations for the anti-
septic being used. Chlorhexidine or an iodophor is  
recommended for the scrub solution. When using 
chlorhexidine, a 2% solution is considered only slightly 
less effective than a 4% and is significantly less irritating 
to the skin; 2% is thus the preferred concentration. 
Chlorhexidine solutions of greater than 1% concentra-
tion can cause significant eye damage so care must be 
taken to avoid eye contamination. A 5 minute scrub has 
been shown to be as effective as a 10 minute scrub and 

alcohol. It is primarily incorporated into hand-washing 
soaps where repeated use leads to buildup of a residue 
on the skin that prolongs its bacteriostatic action. 
Washing hands with any other soap removes this residue. 
Severe neurotoxicity can occur with prolonged contact 
to high concentrations.

Chloroxylenol is a manmade phenolic compound 
that is minimally affected by the presence of organic 
debris. It works by inactivating enzyme systems and dis-
rupting cell walls. It has a broad spectrum of activity 
against gram-positive bacteria and some gram-negative 
bacteria.

Quaternary ammoniums
Quaternary ammonium compounds are cationic sur-
factants, also known as detergents, that act by disrupt-
ing cell membranes, denaturing proteins, and inactivating 
enzyme systems. They are very effective against gram-
positive bacteria and enveloped viruses but have variable 
effectiveness against gram-negative bacteria, fungi, and 
protozoa. They are mycobacteriostatic and sporostatic. 
They are ineffective against unenveloped viruses. They 
are inactivated by hard water, soaps and detergents, 
cotton, iodine, rubber, and organic material; this list 
should be considered when applying quaternary ammo-
nium compounds. These compounds are corrosive at 
higher concentrations, are irritating to membranes, and 
can cause dermatitis after repeated use. However, the 
quaternary ammonium compound benzethonium, at 
0.1 to 0.2%, is a safe and effective topical antiseptic.

Silver
Silver compounds have been used for many years as 
topical antiseptics, predominantly in burn patients. 
Silver ions act primarily by binding with thiol groups, 
which precipitates proteins and impairs the metabolic 
activities of cells. Silver is most commonly used in vet-
erinary medicine as silver sulfadiazine, which is a 1% 
cream composed of two antibacterial agents. It has a 
broad spectrum of activity against gram-positive and 
gram-negative bacteria as well as yeast.

Handwashing

Handwashing plays a vital role in preventing infection. 
The importance of adequate hand washing in prevent-
ing infection was first noted by Oliver Wendell Holmes 
in 1843 and Ignaz Semmelweiss in 1846. Despite this 
knowledge and continued confirmation that infection is 
often transmitted by health care workers’ hands, compli-
ance rates remain poor. Even when handwashing occurs, 
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tion. Chlorhexidine 2% solution is the most commonly 
recommended antiseptic. It does not have as good in 
vitro effectiveness as 10% povidone-iodine; however, it 
has better in vivo effectiveness, especially against Staphy-
lococci, as well as a longer residual effect. In addition, 
iodine-based compounds may cause a hypersensitivity 
reaction in healthcare personnel.

Eyes
Sterile preparation before ophthalmic surgery requires 
treating the tissue surrounding the eye as well as the eye 
itself. To perform a sterile preparation around the eye, 
commercially prepared povidone-iodine swabs should 
be used. These swabs are soaked with a 10% povidone-
iodine solution. Detergents must not be used since they 
can cause breakdown of the epithelium and alkaline 
burns. Alcohol in or around the eye is extremely irritat-
ing to tissues. Chlorhexidine will cause the proteins in 
the cornea to coagulate and will produce an alkali burn 
to the eye.

For irrigation of the cornea, conjunctiva, and palpe-
bral fornices, a commercially prepared povidone-iodine 
5% solution is available. The solution should be left in 
contact for 2 minutes and flushed with sterile saline in 
a bulb syringe. Irrigation of an eye with a corneal ulcer 
or intraocular irrigation requires use of specific additive-
free products. Quaternary ammonium compounds are 
contraindicated since they can cause epithelial disrup-
tion. Generally a balanced salt solution is used.

Antiseptic treatment of wounds

The ideal antiseptic is effective without having signifi-
cant cytotoxicity so as not to interfere with wound 
healing (see Table 56.2). Little evidence is available 

2–3 minute scrubs have been shown to be as effective in 
many situations as 5 minute scrubs. A 1–2 minute scrub 
with chlorhexidine or an iodophor followed by applica-
tion of an alcohol-based solution has been shown to be 
as effective as a 5 minute scrub. If an alcohol-based 
surgical scrub is being used the hands and forearms 
should be washed with soap and water first, dried thor-
oughly and then the alcohol solution applied. Quater-
nary ammonium compounds are not advised as surgical 
scrubs due to their limited spectrum of activity.

Aseptic preparation of the patient

Skin
Surgical site infection is present when more than 105 
microorganisms are present per gram of tissue; however, 
if foreign material is present, then fewer organisms are 
needed to cause an infection. Most surgical infections 
are caused by the patient’s own bacteria that are intro-
duced into the surgical site from the skin, membranes, 
or hollow viscera (primarily the gut, but any hollow 
organ can potentially be a source of infection) during 
the surgical procedure.

Hair or fur should be clipped immediately before the 
procedure rather than in advance since advance shaving 
has been associated with an increased incidence of infec-
tion. A wide area should be clipped. In the case of 
wounds or a surgical exploratory celiotomy or thora-
cotomy the clip should be wide enough to ensure ade-
quate preparation has been performed in case drains or 
feeding tubes need to be placed away from the primary 
surgical site. In traumatic wounds this clip should extend 
at least 5 cm circumferentially beyond the known extent 
of the wound. In other situations such as vascular cath-
eter insertion sites, care should be taken to ensure that 
fur is clipped from the area immediately around the site, 
and that no fur can contact the catheter or insertion site 
during or after placement.

Gross contamination should be removed prior to 
using any antiseptic. In heavily contaminated wounds 
this may require the use of large volumes of tap water. 
Tap water has not been shown to increase infection rates 
or interfere with wound healing. Once this has been 
completed a surgical prep with an antiseptic should be 
performed (see Chapter 55, Care of Indwelling Device 
Insertion Sites; Protocol 55.1). In surgical patients this 
prep should be performed using sterile gauze in a sterile 
bowl, sterile saline, and personnel should be wearing a 
cap and mask. Concentric circles should be used starting 
from the location of the incision and working outward 
toward the periphery. There have been very few studies 
examining the effects of using different antiseptics on 
both surgical site colonization and surgical site infec-

Table 56.2 Properties of an ideal antiseptic

• Broad spectrum of activity
• Rapid onset of action and rapid kill
• Minimal likelihood of organism developing resistance
• Not affected by presence of organic material
• Residual effect
• Nontoxic to patient and user
• Easy to use
• Economical
• Environmentally friendly

Modified from Rutala WA, Weber DJ, Healthcare Infection 
Control Practices Advisory Committee, CDC Guideline for 
Disinfection and Sterilization of Healthcare Facilities, 2008.
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more information about oral care in patients with arti-
ficial airways.

Bacterial resistance to antiseptics and 
disinfectants

Intrinsic resistance
Bacteria can have natural resistance to antiseptics and 
disinfectants, and they can develop resistance to these 
chemicals in the same way they develop resistance to 
antibiotics. Gram-negative bacteria, mycobacteria, and 
spores have natural resistance. This is primarily due to 
the presence of a complex cell wall and the inherent dif-
ficulty in penetrating the membrane of the organism. 
Occasionally the organism has intrinsic properties that 
allow it to avoid the antiseptic’s action. This intrinsic 
resistance often means antiseptics are ineffective at con-
centrations that are safe to be used in patients. Staphy-
lococci occasionally have a natural resistance to 
antiseptics, which appears to be secondary to the pres-
ence of a protective slime around some strains.

Methicillin-resistant Staphylococcus aureus can be 
resistant to phenols and quaternary ammonium com-
pounds. Pseudomonas aeruginosa are often resistant to 
antiseptics due to the structure of their outer mem-
brane. More information about these resistant bacteria 
is found in Chapter 54, Minimizing Nosocomial 
Infection.

Biofilms
Pseudomonas and Serratia marcescens can rapidly 
develop resistance to chlorhexidine by forming a biofilm. 
A similar problem has been noted with povidone-iodine. 
A biofilm is a large number of bacteria covered in an 
extracellular material that have strongly adhered to the 
surface of an object. Bacteria inside biofilms are 1,000 
times more resistant to antimicrobial agents than when 
they are not in biofilms. Because of the fact that Pseu-
domonas and Serratia marascens can develop a rapid 
resistance to chlorhexidine, the common practice of 
having containers of gauze squares soaking in chlorhexi-
dine should not be permitted. Nor should large multiuse 
containers of chlorhexidine-based ointment be used.

Summary

Proper selection and use of antiseptics, disinfectants, 
and sterilization are crucial to the prevention of noso-
comial infection. Chlorhexidine is currently the antisep-
tic documented to have the broadest spectrum of activity 
and least toxicity. Disinfectants should be chosen for 
their specific activities against target organisms. New 

regarding cytotoxicity of antiseptics in vivo, and pub-
lished studies contain conflicting information. As a 
general rule wounds do not need to be irrigated with 
antiseptics. Antiseptics may have detrimental effects and 
no benefits have been seen when an antiseptic is used to 
irrigate a wound as compared to irrigation with 0.9% 
saline.

Infected wounds and chronic, nonhealing wounds 
appear to benefit most from the use of antiseptics. All 
antiseptics have the potential to be cytotoxic if used 
incorrectly, so close attention must be paid to ensure the 
appropriate dilution and formulation is being used on 
the patient. Chlorhexidine and povidone-iodine have 
been the most oft-studied antiseptics, and chlorhexidine 
appears to be the most effective antiseptic to use in 
infected and chronic nonhealing wounds. Although 
there are significant negative effects on fibroblasts by 
both antiseptics in vitro, no negative impact on wound 
healing has been demonstrable in vivo. At concentra-
tions of 0.5% or 1% chlorhexidine has been shown to 
have more bactericidal effect than povidone-iodine and 
longer residual effect of up to 6 hours. Chlorhexidine at 
0.05% has been shown to have 100% bacterial kill and 
no toxic effects on wound healing. In addition it did not 
make any difference whether the chlorhexidine was 
diluted in sterile water, 0.9% sodium chloride, or lac-
tated Ringer’s solution. Based on this it would appear 
that chlorhexidine at 0.5% should be used if it is felt an 
antiseptic is indicated for treating an infected or chronic 
nonhealing wound.

Newer compounds such as cadexomer iodine and 
some silver compounds definitively enhance healing and 
appear to be useful in the treatment of chronic wounds.

Hydrogen peroxide should be reserved for at most a 
one-time initial irrigation of dirty wounds. At a 3% 
concentration it does not appear to have detrimental in 
vivo effects on wound healing but it is a very ineffective 
antiseptic. It should never be delivered to wounds under 
pressure since its foaming action can force debris 
between tissue planes, enlarging the wound and causing 
accumulation of gas in tissues.

Mouth

Patients receiving long-term mechanical ventilation are 
at risk for developing oral lesions and ventilator-
associated pneumonia (VAP). Aspiration of oropharyn-
geal microflora has been shown to be a major cause of 
VAP. Oral rinsing two to four times daily for 30 seconds 
with chlorhexidine solution at concentrations of 0.05% 
to 0.2% has been shown to effectively reduce the inci-
dence of oral lesions and to delay the onset of pneumo-
nia. See Chapter 25, Artificial Airway Management, for 



Antiseptics, Disinfectants, and Sterilization  727

antiseptics are constantly being developed to overcome 
microbial resistance and reduce toxicity.
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57
Personnel precautions for patients with  
zoonotic disease

Megan Patterson Melcher and Christopher G. Byers

One of the risks inherent in the field of veterinary medi-
cine is the possibility of contracting a zoonotic disease, 
or zoonosis. Zoonosis (from the Greek “zoo” meaning 
animal and “nosos” meaning illness) is defined as a 
disease of animals transmissible to humans. With today’s 
environment of H1N1 influenza (“swine” flu), anthrax 
mailings, and bioterrorist threats, zoonotic diseases have 
increasingly become an area of concern and study.

Due to the unique proximity of animals and humans 
in veterinary hospitals, the risk of zoonotic pathogen 
transmission is higher than that for the general popula-
tion. This chapter will cover types of zoonoses that small 
animal emergency and critical care personnel may 
encounter, methods of transmission, prevention mea-
sures, and resultant legal and public health issues.

With more than 250 zoonotic organisms known to 
cause human disease, it is not possible to cover the full 
spectrum in this chapter. Rather, this chapter will address 
zoonotic pathogens specifically known to be transmis-
sible from dogs and cats to humans and therefore may 
potentially be seen in a small animal emergency and 
critical care hospital. The veterinary professional should 
remember there are far more zoonoses encountered in 
large animal and exotic/special species veterinary work.

Types of zoonotic diseases and transmission

Zoonoses are communicable diseases in which the caus-
ative agent is passed or carried from an animal to a 
human either directly or indirectly via fomites or vectors. 

The offending organisms may be viruses, bacteria, fungi, 
or parasites. See Table 57.1 for a listing of most of the 
known pathogens associated with dogs and cats.

Transmission
If an animal is ill with or potentially carrying one of 
these pathogens, they represent the first step in the 
Center for Disease Control’s (CDC) three necessary 
steps for disease transmission1:

1. A source of infection: This may include clinically ill 
animals, asymptomatic carriers, unaffected reser-
voirs, or fomites.

2. A susceptible host: Susceptibility typically depends 
on multiple factors, including the immunocom-
petance of the host, the virulence of the pathogen, 
and the success of the transmission. Physical suscep-
tibility (i.e., nonintact skin, loss of cough reflex, or 
gastric acid reduction) or immunological suscepti-
bility (i.e., immunocompromised individuals, 
people with underlying disease, pregnant women, 
and unvaccinated people) may increase a host’s risk 
of disease.

3. A method of transmission: This may be via direct 
contact (such as ingestion, cutaneous, percutane-
ous, or mucous membranes contact), contact with 
fomites, aerosol transmission (on mucous mem-
branes or on nonintact skin or inhaled), or vector-
borne (insects on the animal or insects or rodents 
that enter the hospital).
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Table 57.1 Pathogens associated with dogs and cats

Disease Method of transmission 
to humans

Disease Method of transmission 
To humans

Acariasis (mange)
Sarcoptes scabiei, Notoedres 
cati, others

Contact with skin (may 
be nonintact or intact)

Bartonellosis (cat scratch 
fever) Bartonella henslae

Contact with nonintact 
skin, via inoculation (bite 
or scratch), vector

Blastomycosis Blastomyces 
dermatidis

Via inoculation (bite, 
accidental needle stick)

Bordatellosis (kennel 
cough) Bordatella 
bronchiseptica

Aerosol

Brucellosis
Brucella melitensis, B. abortus, 
B. suis, B. canis

Aerosol, contact with 
nonintact skin

Campylobacteriosis
Campylobacter jejuni, C. 
fetus, C. coli

Fecal-oral contact

Chlamydiosis (mammalian) 
Chlamydiophila abortus, C. 
felis

Aerosol, contact with 
eyes

Coccidiomycosis 
Coccidiodes immitis, C. 
posadasii

Aerosol, via inoculation 
(bite)

Cryptococcosis
Cryptococcus neoformans

Aerosol Cryptosporidiosis
Cryptosporidium parvum

Fecal-oral contact

Dermatophytosis (ringworm)
Microsporum sp., Trichophyton 
sp., Epidermophyton sp.

Contact with skin (may 
be nonintact or intact)

Dipylidium (tapeworm)
Dipylidium caninum

Vector

Echinococcus
Echinococcus granulosus. E. 
mulitocularis

Fecal-oral contact Erlichiosis, Anaplasmosis
Erlichia spp., Anaplasma 
spp.

Vector

Giardiasis
Giardia intestinalis, G. lamblia

Fecal-oral contact Cutaneous larval migrans 
(hookworm)
Ancyclostoma sp.

Contact with skin (may 
be nonintact or intact)

Visceral, Ocular, Neuro larval 
migrans
(roundworm)
Toxocara canis, T. cati

Contact with skin (may 
be nonintact or intact)

Leishmaniasis
Leishmania spp.

Vector

Leptospirosis
Leptospira spp.

Contact with nonintact 
skin or mucus 
membranes, aerosol

Listeriosis
Listeria monocytogenes

Contact with skin (may 
be nonintact or intact)

Pasturellosis
Pasturella multocida

Via inoculation (bite or 
scratch)

Plague
Yersinia pestis

Vector, contact with 
nonintact skin, aerosol

Q fever
Coxiella burnettii

Contact via ingestion, 
aerosol, vector

Rabies
Lyssavirus

Contact with nonintact 
skin, via inoculation (bite, 
scratch)

Salmonellosis
Salmonella spp.

Fecal-oral contact Sporotrichosis
Sporothirix schenkii

Contact with nonintact 
skin

Staphylococcosis
Staphylococcus spp.

Contact with nonintact 
skin, aerosol

Streptococcosis
Streptococcus spp.

Contact with nonintact 
skin, aerosol

Toxoplasmosis
Toxoplasma gondii

Fecal-oral contact Tularemia
Francisella tularensis

Inoculation (bite, scratch), 
aerosol, vector
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scratches, but may also be transmitted via flea or tick 
vector, from a dog bite or scratch, or from saliva contact 
with nonintact skin. The feline carrier presenting to a 
small animal clinic will typically be a young kitten, feral, 
or stray cat, and is most often a subclinical carrier, since 
disease in cats is uncommon. If the organism does cause 
clinical signs in cats, these signs are usually mild and 
self-limiting, and may include pyrexia, uveitis, and 
lymphadenomegaly. Human disease is also mild in 
immunocompetant individuals. Symptoms may include 
papules/pustules at inoculation site that may progress to 
nonhealing wounds with regional lymphadenomegaly, 
fever, headache, and general malaise. There has been a 
reported human case of optic neuritis stemming from 
an infection with B. henslae.10 Fatalities have been 
reported in immunocompromised individuals from 
infections progressing to bacteremia, meningitis, and 
hepatitis.10

Leptospirosis

Leptospirosis may be caused by any of several serovars 
of the gram-negative spirochete Leptospira interrogans. 
The pathogen may be transmitted via contact between 
infected urine or tissue and mucous membranes and/or 
nonintact skin. Clinical disease is seen primarily in dogs. 
Cats are susceptible to infection, and though they seldom 
develop clinical symptoms, they may still transmit the 
disease. The patient with leptospirosis may present with 
a variety of signs, as the infection may be peracute, acute, 
subacute, or chronic. The peracute form of the disease 
results in sudden death with few or no clinical signs. In 
the acute form, dogs may have pyrexia, icterus, myalgia, 
vomiting, diarrhea, and peripheral vascular collapse. 
The subacute form may cause pyrexia, anorexia, vomit-
ing, dehydration, polydipsia, and often severe renal 
failure marked by oliguria or anuria. The chronic form 
is frequently characterized by pyrexia and renal and/or 
hepatic failure. The majority of cases seen in animal 
hospitals are subacute and chronic. In people, leptospi-
rosis may range from asymptomatic infections to flulike 
illness with fever, headache, myalgia, nausea, vomiting, 
diarrhea, abdominal pain, rash, conjunctivitis, and con-
junctival hemorrhage. The most severe form of leptospi-
rosis in people is known as “Weil’s disease.” It is caused 
by the serovar L. icterohemorrhagiae and results in icterus 
due to hepatocellular dysfunction and renal failure from 
tubular damage. This form has a 20%–40% mortality 
rate in immunocompromised people.11 Rarely, leptospi-
rosis infections in people may cause neurologic, respira-
tory, and cardiac manifestations.12 The leptospirosis 
vaccine may protect dogs from clinical illness, but vac-
cinated dogs are still able to acquire the pathogen and 

Bacterial zoonoses
Bacterial diseases are some of the most common zoo-
notic pathogens seen in small animal hospitals. Most, 
such as kennel cough (Bordatella bronchiseptica) and 
leptospirosis (Leptospira interrogans), will be instantly 
recognizable to today’s veterinary personnel.

Bordatellosis

Bordatella bronchiseptica is a gram-negative bacterium 
that primarily causes tracheobronchitis in dogs. The 
patient will often have a harsh, honking cough (“kennel 
cough”). Bordatellosis has also been increasingly identi-
fied as a cause of upper respiratory disease in cats.2 
Studies have shown the bacterium is transmissible 
between cats and dogs, cats and humans, and dogs and 
humans.3–5 The pathogen spreads via aerosol transmis-
sion. Any patient with suspected bordatellosis should be 
isolated, and the staff should follow protective measures 
against aerosolized pathogens. Immunocompromised 
individuals and people with pre-existing respiratory 
disease are most at risk for contracting bordatellosis. 
The disease usually involves the respiratory tract but has 
been associated with endocarditis, peritonitis, meningi-
tis, and wound infections in people.6

Brucellosis

Brucellosis is caused by the gram-negative bacterium 
Brucella canis in dogs. This disease may be transmitted 
to humans through contamination of nonintact skin 
with infective vaginal secretions, placental tissue, semen, 
and sometimes urine and blood. Presenting signs in 
dogs may include spontaneous abortion, epidydimitis, 
orchitis, scrotal dermatitis, and/or scrotal necrosis in 
intact males. Discospondylitis and uveitis in dogs of 
either sex has also been documented.7 In people, clinical 
illness may manifest after a 1- to 2-month incubation 
period. Symptoms are often flulike and include fever, 
sweating, headaches, back pain, weakness, orchitis/
epidydimitis in males, and spontaneous abortion in 
women. In rare cases, brucellosis has been linked to 
sacroiliitis, hepatic disease, endocarditis, colitis, and 
meningitis.7 The disease has been reportedly transmis-
sible between human mothers and babies in contami-
nated breast milk.8 Brucellosis is on the CDC’s nationally 
notifiable disease list for people in the United States.9

Bartonellosis

Bartonellosis, commonly known as “cat scratch fever,” is 
caused by the gram-negative bacterium Bartonella 
henslae (less commonly B. clarridgeiae). The disease is 
transmitted to people primarily through cat bites or 
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pathogenic. Staph may cause a number of different dis-
eases in dogs, cats, and humans, including skin infec-
tions, pneumonia, and bacteremia. Of particular concern 
to small animal veterinary personnel is methicillin-
resistant Staphylococcus aureus (MRSA). This is a noso-
comial and/or community-acquired human pathogen 
reportedly transmissible between small animals and 
people.17 As of yet, it appears MRSA infections in dogs 
have been cases of “reverse zoonosis” that are acquired 
from humans as opposed to the other way around.17 In 
a 2009 study, veterinary personnel were found to be the 
primary source of nosocomial MRSA infections in small 
animal hospitals.18 Transmission is via direct contact, 
fomites, or aerosolization depending on the disease 
process; in one reported case a person acquired a staph 
endocarditis from a dog bite wound.19 MRSA is a nation-
ally notifiable disease for humans in the United States.9

Tularemia

Tularemia is caused by the gram-negative bacterium 
Francisella tularensis. This disease is endemic in temper-
ate regions of the world where rodents and rabbits are 
the primary reservoirs. In small animal medicine, cats 
are the primary source of zoonotic infection. Transmis-
sion is commonly via bites or scratches but may also be 
contracted from aerosolized particles and vectors. Cats 
may present with a myriad of clinical signs including 
pyrexia, lymphadenomegaly, splenomegaly, hepatomeg-
aly, oral ulcers, icterus, and panleukopenia. Dogs appear 
to be relatively resistant to infection. In humans, clinical 
disease causes flulike symptoms with fever, headache, 
and general malaise. The infection may develop into 
either of the two main syndromes: ulceroglandular or 
typhoidal. In the ulceroglandular form, ulcerative skin 
lesions develop at the inoculation site, with regional 
lymphadenomegaly. The typhoidal form may present as 
systemic with diarrhea, vomiting, and abdominal pain; 
or as pneumonic with fever, cough, hemoptysis, and 
chest pain. Tularemia is nationally notifiable for animals 
and humans.9,14

Fungal zoonoses
Fungal organisms comprise an important category of 
potential zoonotic infection. Commonly seen fungal 
infections in small animal veterinary hospitals include 
blastomycosis, coccidiomycosis, dermatophytosis, and 
sporotrichosis.

Blastomycosis

Blastomycosis is a systemic mycotic infection caused by 
the fungus Blastomyces dermatitidis. This organism is 
endemic to many areas of the United States including 

shed it in their urine.13 According to the World Organi-
zation for Animal Health (OIE), leptospirosis is a nation-
ally notifiable disease for animals in the United States, 
but not, as yet, for people.14

Plague

Plague is caused by the gram-negative bacterium Yersina 
pestis. In the United States, rodents are the primary res-
ervoir (rats, squirrels, and prairie dogs) and cats are 
typically infected by fleas or ingestion of the aforemen-
tioned rodents. People may contract the disease through 
contact between blood or purulent exudates and nonin-
tact skin or via aerosols from cats with the pneumonic 
form. Dogs may contract the pathogen, but infection is 
often subclinical or may result in mild pyrexia and 
lymphadenomegaly. No human cases have ever been 
linked to infected dogs. In cats and people, plague may 
present in one of its three classic forms: bubonic, septi-
cemic, and pneumonic. Bubonic plague is associated 
with fever, dehydration, lymphadenomegaly, and hyper-
esthesia. This form is usually acquired by cats ingesting 
infected rodents and causes regional lymph nodes (sub-
mandibular, cervical, and retropharyngeal) to abcessate 
(buboes) and drain. Septicemic plague may progress 
from the bubonic form but is not always associated with 
bubo formation. In this form, the bacteria spread 
through the blood or lymphatic system to any organ in 
the body; the lungs and spleen are most commonly 
affected in cats and people. Clinical signs are due to 
septic shock and include fever, anorexia, vomiting, diar-
rhea, tachycardia, weak pulses, hypotension, cold 
extremities, disseminated intravascular coagulopathy 
(DIC), and leukocytosis. This form is usually rapidly 
fatal. Pneumonic plague may be secondary to the 
bubonic or septicemic forms or may be primarily con-
tracted from aerosolized plague bacteria. Cats do not 
typically contract primary pneumonic plague but have 
been implicated in the aerosol transmission of pneu-
monic plague to people.15 Clinical signs may include 
fever, cough, hemoptysis, and respiratory distress. Since 
1977, the CDC has reported 23 human cases of plague 
associated with aerosolized pneumonic plague droplets 
from infected cats. A quarter of the cases were in veteri-
nary staff.16 Plague has caused millions of human fatali-
ties through the ages, and is a nationally notifiable 
disease for humans and animals in the United States.9,14

Staphylococcal infections

Staphylococci (staph) are gram-positive bacteria whose 
principle habitats are the skin and mucous membranes 
of mammals and birds. Most staphylococci cause no 
disease to animals; however, all species are potentially 
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nodules, and the disseminated form may cause skin 
ulcers, bone lesions, heart inflammation, joint pain, 
meningitis, and death.23

Dermatophytosis

Dermatophytosis, often referred to as ringworm, is a 
fungal dermatological disease caused by species of 
Microsporum canis or Trichophyton sulphureum. Trans-
mission to people is usually through contact between 
nonintact skin and lesions of infected animals, though 
even contact between intact skin and asymptomatic car-
riers may transmit the fungus. The disease has widely 
varying signs and imperfect diagnostic tests; therefore, 
personnel should follow precautions in dealing with any 
animal evincing dermatologic disease. The fungus 
attacks the hair follicle, and clinical signs often include 
alopecia, scaling, and crusting. Some animals may have 
the classic ringlike lesion, but the disease may look like 
almost any other dermatological disease affecting cats 
and dogs. Cats are the primary species of concern with 
regard to zoonotic transmission. People often develop 
the ring lesions with circular alopecia, scaling, crusting, 
and ulceration.24 The disease may be more serious in 
immunocompromised individuals.

Sporotrichosis

Sporotrichosis is caused by the fungus Sporothrix 
schenckii, which is found in soil throughout the world. 
Transmission typically occurs via inoculation with the 
fungus, and in dogs (particularly hunting or free-
roaming dogs) is thought to arise from skin penetration 
with contaminated thorns or wood splinters.25 In cats, 
transmission is commonly via scratches or bites from 
other cats and is seen most often in intact males that are 
outdoors.25 The dog with sporotrichosis will typically 
have the cutaneous or cutaneolymphatic form. Clinical 
signs of the cutaneous form include nodules in the 
dermal and subcutaneous layers of the trunk and head 
that may be ulcerated. Those with the cutaneolymphatic 
form will have nodules on the distal part of a limb that 
progress along lymphatic vessels and is associated with 
regional lymphadenomegaly. In cats, nodules will occur 
in areas where inoculation occurred and typically 
resemble nonhealing abscesses and may progress to 
necrosis of the surrounding area. The organism may 
become systemic in cats and spread to many organs. 
Veterinary personnel are most at risk from cats, as the 
fungus replicates easily and is present in large numbers 
in ulcerated nodule exudates, as well as in other body 
tissues and feces.26 Most infections in people present as 
ulcerative, cutaneous lesions with purulent discharge 

the Mississippi, Ohio, and Missouri river valleys, and the 
Mid-Atlantic States.20 Most human infections are directly 
from the environment as they are for dogs and cats; 
however, transmission has been documented in the vet-
erinary field via inoculation from contaminated sharps 
during fine needle aspirates, necropsies, and from the 
bite of an infected dog.10 Patients that present clinically 
ill with blastomycosis commonly have clinical signs 
from inhaling infective spores. These may include weight 
loss, cough, dyspnea, anorexia, skin lesions, ocular 
disease, and lameness. A patient presenting with uveitis 
and concurrent skin or respiratory disease in an endemic 
region should raise marked suspicion for blastomyco-
sis.20 In people, blastomycosis also affects the lungs and 
may cause fever, chills, sweating, chest pain, coughing, 
and difficulty breathing. The fungus may also spread 
systemically affecting skin, bones, meninges, and the 
genitourinary tract.10

Coccidiomycosis

Coccidiomycosis is a fungal disease caused by the organ-
ism Coccidiodes immitis or C. posadasii. This fungus is 
primarily found in soil in the southwestern United States 
where it may cause the disease known as “valley fever.” 
The fungus develops airborne spores during rainy 
seasons in otherwise arid areas. These spores may be 
inhaled and cause clinical disease. In dogs, the fungus 
typically causes mild lower respiratory disease charac-
terized by coughing, pyrexia, anorexia, and weight loss. 
In more severely infected patients, the disease may 
become disseminated and cause pyrexia, lameness, 
anorexia, lymphadenomegaly, draining skin lesions, and 
even seizures, blindness, and death.21 In cats, the dis-
seminated form with its concurrent skin lesions is much 
more common and includes symptoms of weight loss, 
fever, and inappetance, and occasionally involves respi-
ratory distress.21 Zoonotic cases of coccidiomycosis have 
primarily involved veterinary personnel. Cases have 
involved transmission during a necropsy of an animal 
with disseminated disease21 and via a bite from a cat also 
with the disseminated form of the disease.22 There is also 
a potential for transmission of the fungus from bandage 
material placed on draining wounds infected with Coc-
cidiodes spp. The bandage may act as a warm, moist 
substrate for development of the infective aerosolized 
spores.21 Coccidiomycosis in people is similar to that 
seen in dogs and cats. There are three main forms of the 
disease: pulmonary, disseminated, and cutaneous. The 
disease is usually mild in healthy people and may result 
in flulike symptoms. In immunocompromised patients, 
the pulmonary form may cause pneumonia and lung 
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to respiratory failure.28 The mortality rate for rabies 
in veterinary and human patients is virtually 100%. 
Rabies is a nationally notifiable disease for animals and 
humans.9,14

Influenza

Influenza viruses from the Orthomyxoviridae family are 
infectious to humans and many species of animals, 
including dogs and cats. In the 1970s an influenza epi-
demic in people resulted in the contraction of symp-
tomatic flu in dogs.29 And in the recent 2009 outbreak 
of influenza A (H1N1), also known as “swine flu,” the 
American Veterinary Medical Association (AVMA) con-
firmed clinical disease in 14 cats and three dogs that had 
been in contact with infected humans.30 In cats and 
dogs, influenza may present with coughing, sneezing, 
nasal and ocular discharge, anorexia, pyrexia, lethargy, 
and occasionally secondary pneumonia. To date, influ-
enza is considered a “reverse” zoonotic disease with 
regard to dogs and cats. This means that they contract 
the disease from humans as opposed to humans con-
tracting the disease from them. However, influenza does 
pass back and forth between humans and other animals 
such as pigs and birds, so the risk of zoonotic transmis-
sion exists.

Fecal-oral zoonoses
Within zoonotic diseases there is a special subset that is 
transmitted primarily in fecal matter. These fecally 
transmitted zoonotic pathogens—Campylobacter, Cryp-
tosporidium, Giardia, Salmonella, and Toxoplasma—are 
some of the most common seen in small animal veteri-
nary medicine.

Campylobacter

Campylobacteriosis is caused in dogs, cats, and humans 
by the gram-negative bacterium Campylobacter jejuni. 
Transmission is primarily fecal-oral in the veterinary 
setting. Patients will commonly present with symptoms 
including diarrhea, vomiting, pyrexia, and anorexia. 
Clinical disease typically lasts about a week and is most 
common in puppies and kittens less than 6 months 
old.31 In people, C. jejuni is the most common cause of 
bacterial diarrhea in the United States with an estimated 
two million cases a year.32 The disease causes enteritis 
with symptoms of fever and malaise, progressing to 
diarrhea and abdominal pain. The disease is generally 
self-limiting in healthy adults but has been linked to the 
development of Guillain-Barre syndrome (GBS) in 
approximately 1 in 1,000 cases.32 GBS is an immune 
mediated myelitis/neuropathy.32 Another secondary 

and localized lymphadenomegaly. Systemic sporotri-
chosis is a danger to immunocompromised people and 
has been documented in people with human immuno-
deficiency virus (HIV), acquired immunodeficiency 
syndrome (AIDS), alcoholism, diabetes mellitus, and 
those receiving immunosuppressive medications.26

Viral zoonoses
Zoonotic viruses are another subset of diseases to which 
small animal veterinary personnel are exposed. Within 
this category, rabies is of paramount concern, but there 
is growing evidence that influenza may also be transmis-
sible between small animals and humans.

Rabies

Rabies is caused by a Lyssavirus in the Rhabdoviridae 
family. These viruses are found nearly worldwide and all 
warm-blooded animals are susceptible to infection. 
Pathogen transmission is nearly always via inoculation 
with saliva (bite) and/or contact with saliva and nonin-
tact skin or mucous membranes. A rabid patient may 
have a variety of clinical signs and a bite wound history 
and may or may not present with one of the classic 
rabies syndromes of paralytic or furious. Rabies typi-
cally starts with the prodromal phase in dogs and  
cats. This stage is characterized by pyrexia, apprehen-
sion, nervousness, anxiety, avoidance of company,  
and/or radical behavioral changes from the animal’s 
norm. Licking, biting, or scratching at wound site may 
be present. In dogs, the furious stage of rabies may 
develop following the prodromal phase and last for  
up to 7 days. Classic signs include irritability, restless-
ness, photophobia, ataxia, disorientation, generalized 
seizures, viciousness, and pica. Death usually occurs 
during seizure activity.27 Cats tend to manifest a more 
classic furious stage with erratic, vicious behavior, 
tremors, ataxia, and weakness. The patient with paralytic 
rabies will develop lower motor neuron paralysis spread-
ing from the infected bite wound.27 The classic clinical 
sign of paralytic rabies in dogs is a hanging jaw with 
concurrent ptyalism as the animal loses its ability to 
close its mouth or swallow. This results in death from 
respiratory failure within a few days.27 Cats primarily 
present with paralysis progressing from the infected bite 
area and an increase in vocalization with a marked 
change in voice.27 In people, rabies manifests in the pro-
dromal stage as fever, headache, pain at the bite site, and 
agitation. The furious phase includes violent behavior, 
restlessness, anxiety, and seizures that may result in 
death.28 The paralytic stage symptoms include the 
inability to swallow, progressive paralysis, and death due 
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The majority of affected dogs and cats are subclinical 
carriers, but when illness does present it is typically an 
acute enterocolitis with pyrexia, anorexia, lethargy, diar-
rhea with mucus or blood, abdominal pain, and mesen-
teric lymphadenomegaly.36 In some cases, clinical 
infection may result in septicemia, endotoxemia, and 
localized organ infection such as Salmonella pneumo-
nia.36 In humans, clinical salmonellosis usually follows a 
12- to 36-hour incubation period and includes symp-
toms such as headache, fever, vomiting, diarrhea, 
abdominal pain, nausea, myalgia, and dehydration. Of 
special concern is the transmission of highly drug-
resistant strains of S.typhimurium DT 104, which has 
been isolated in dogs and cats and was reported as the 
causative agent in an outbreak of salmonellosis in cats 
and people at three small veterinary hospitals.37 Salmo-
nellosis is a nationally notifiable disease for humans.9

Toxoplasmosis

Toxoplasmosis is caused by the coccidian protozoa Toxo-
plasma gondii. Domestic cats and other felines are the 
definitive hosts for this parasite and shed infective 
oocytes in their feces. All other species, including dogs 
and humans, are intermediate hosts and the protozoa 
will encyst and not be transmissible. In the general pop-
ulation, infection is normally from undercooked meat, 
contaminated water, and, much less frequently, cat feces. 
In veterinary hospitals, however, cat feces are of primary 
concern. The T. gondii oocyte is not infectious when first 
excreted. It takes 1–5 days, depending on temperature 
and humidity, to sporulate into the infective form. Once 
the oocyte has entered its infective phase, it may remain 
infectious in the environment for 18 months and is 
extremely hardy and difficult to eradicate. Most cats 
start shedding the oocyte approximately 3–10 days after 
infection and typically shed for 2 weeks. A majority of 
infected cats will not become clinically ill with toxoplas-
mosis but may still transmit the disease to people. A cat 
ill with toxoplasmosis may have varied symptoms, as the 
parasite potentially affects virtually any organ system. 
The most common systems affected are pulmonary, 
nervous, hepatic, pancreatic, cardiac, and ocular. Symp-
toms may include pyrexia, pancreatitis, hepatitis, 
encephalitis, polymyositis, pneumonitis, uveitis, chorio-
retinitis, fading kitten syndrome, vomiting, diarrhea, 
and anorexia.38 In dogs, illness is uncommon but may 
result in a rapidly fatal systemic disease involving the 
gastrointestinal tract, the respiratory system, the neuro-
muscular system, and/or the liver.38 Cats may shed 
oocytes for up to 2 weeks following initial infection and 
have been shown to be susceptible to contracting the 
parasite again after a previous infection. Cats with latent 

development that has been identified in human Campy-
lobacter infections is Reiter’s syndrome, which causes 
tenosynovitis, skin lesions, uveitis, and urethritis in 
approximately 7% of cases.32

Cryptosporidium

Cryptosporidium parvum is a coccidian protozoan that 
causes intestinal disease in dogs, cats, and humans and 
is transmitted via the fecal-oral route. Cats with crypto-
sporidiosis may have diarrhea, weight loss, tenesmus, 
blood in the stool, and abdominal discomfort. Disease 
in cats is typically seen in kittens or in immunocompro-
mised or stressed adults.33 In dogs, Cryptosporidium 
usually only causes disease in young puppies with con-
current parvovirus or distemper.33 Symptoms include 
diarrhea, weight loss, and malabsorption. In humans, 
the majority of people will develop mild, self-limiting 
diarrhea with the disease. However, cryptosporidiosis is 
a leading cause of life-threatening chronic diarrhea in 
immunocompromised patients, such as those with 
HIV.33 Of primary concern to the veterinary staff, oocysts 
present in fecal matter are highly infectious and highly 
resistant to environmental deactivation, and there is no 
routinely successful treatment for infections. Cryptospo-
ridium is nationally notifiable for humans.9

Giardia

Giardia duodenalis is a protozoan parasite transmitted 
via the fecal-oral passing of infective cysts. Dogs and cats 
may present as asymptomatic carriers or evince clinical 
disease with pale, malodorous, steatorrheic stool, and 
weight loss.34 Animals with clinical disease are primarily 
very young puppies and kittens, or adults that are immu-
nocompromised, stressed, or from kennel situations. In 
humans, G. duodenalis is one of the most common intes-
tinal parasites worldwide. The vast majority of cases 
stem from contaminated water; however, direct trans-
mission via the feces of infected animals is possible. 
Symptoms in people may include acute gastroenteritis 
with diarrhea or a more chronic infection with malab-
sorptive diarrhea, weight loss, and abdominal pain that 
waxes and wanes.35 Giardiasis is a nationally notifiable 
disease for humans.9

Salmonella

Salmonella enterica is a gram-negative bacterium with 
over 2,400 pathogenic serovars that cause primarily 
intestinal disease. S. enterica is a fecal pathogen that may 
survive for a long time in the environment and be trans-
mitted via the direct fecal-oral path, in contaminated 
food and water, on fomites, via contact with cat or dog 
saliva, and even aerosolized in dried airborne particles.36 
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certain high-risk areas or wildlife. The best case scenario 
is identification over the phone and isolation of the 
incoming animal before it enters the building. More 
commonly, rapid isolation of the patient in an examina-
tion room once the risk is identified and limitation  
of personnel contact are instrumental in reducing the 
likelihood of disease transmission. Signs should be 
posted to notify other personnel and clients that an 
infectious disease may be present and what precautions 
to take.

Hand hygiene
The single most important precaution veterinary per-
sonnel may take to prevent the transmission of zoonotic 
disease is good hand hygiene. Washing with regular soap 
and water removes debris and is effective in reducing the 
number of organisms on the skin. The added use of 
antimicrobial soaps and hand cleansers kills or prevents 
the replication of many viruses and bacteria. The use of 
gel, liquid, or cloth hand sanitizers is appropriate in 
most clinical situations; however, before and after eating, 
before and after using the restroom, or when hands are 
visibly soiled, hands should be washed with soap and 
running water. The proper procedure for hand washing 
is seen in Chapter 54, Protocol 54.1. Soap should be 
liquid or foam-based and not bar soap, as the latter may 
serve as a reservoir for bacterial growth. Soap dispensers 
should be the type that can be loaded with disposable 
soap containers and/or be emptied completely, cleaned, 
and disinfected before being refilled to prevent the colo-
nization of the dispensers with pathogens. When used, 
hand sanitizers should be rubbed into hands until dry. 
These procedures are further detailed in Chapter 54, 
Minimizing Nosocomial Infections.

Veterinary personnel should not wear long finger-
nails, particularly artificial nails, as they may inhibit 
adequate hand hygiene.40 Rings may also harbor organ-
isms that are not killed during hand washing and should 
be removed during procedures and hand washing. The 
longer the fingernails and the more rings a technician 
wears, the greater the surface area for germs to grow. 
Artificial nails provide dark, moist areas that are particu-
larly inviting to organisms, and rings may trap moisture 
and provide the same. According to a study published 
by the CDC in 2000, 16 deaths of human neonates from 
Pseudomonas aeroginosa were attributed to nurses with 
artificial nails and long, natural nails.41

Barrier protection
Barrier protection is another protective measure veteri-
nary personnel should take to prevent the transmission 

infections may sometimes re-shed oocytes after second-
ary infections.38 In people, infection with toxoplasmosis 
may cause abortion, chorioretinitis, blindness, hydro-
cephalus, epilepsy, mental retardation, myelitis, paraly-
sis, fever, malaise, myalgia, lymphadenomegaly, and 
hepatosplenomegaly.38 A 2003 study proposed a possible 
link between toxoplasmosis and schizophrenia.39

Other zoonoses
Despite the low occurrence of two zoonotic disease cat-
egories, a chapter on this subject would not be complete 
without a mention of both vector-borne zoonoses, such 
as anaplasmosis (Anaplasma spp.), erlichiosis (Erlichia 
spp.), leismaniasis (Leishmania spp.), Rocky Mountain 
spotted fever (Rickettsia rickettsii), and Lyme disease 
(Borrelia burgdorferii), as well as diseases from intestinal 
cestodes, nematodes, and ascarids.

Vector-borne diseases require an insect such as a flea, 
tick, or mosquito to pass a pathogen from a reservoir 
species to humans. Most cats and dogs are not definitive 
hosts for these diseases and so their role in transmission 
is to bring vectors into close contact with humans. Good 
insect and rodent control within the hospital and quick 
response to flea and tick infestation on incoming patients 
may be preventative.

Intestinal cestodes, nematodes, and ascarids, also 
known as “worms,” are zoonotic disease-causing agents. 
Some intestinal parasites, such as the cestodes (tape-
worms) Diplidium caninum and Echinococcus multiocu-
laris, are acquired by humans through the ingestion of 
fleas. In the case of the ascarids and nematodes Toxocara 
cati, T. canis (roundworms), Ancylostoma spp. (hook-
worms), and Strongyloides stercoralis, transmission may 
occur through ingestion of infective oocytes or via skin 
penetration by the larval stage present in contaminated 
soil. Again, as in the case of vector-borne diseases, rodent 
and insect control as well as immediate treatment of any 
animal infested with fleas may be preventative. In the 
case of soil contamination, removing stool from the 
outdoor environment quickly may prevent eggs from 
developing into the infective stage.

Personnel protection

Zoonotic disease prevention starts before the patient 
enters the hospital. Identification of potential zoonotic 
risk starts with knowledge of clinical disease signs and 
methods of transmission of a given disease. Solid knowl-
edge of disease states may allow the technician or recep-
tionist to identify possible zoonoses based on an animal’s 
symptoms, history, geographic region, and other risk 
factors, such as age, underlying illness, and proximity to 
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as surgical masks, face shields, or goggles, should be 
worn to protect the mucous membranes of the eyes, 
nose, and mouth against splashes or when performing 
procedures that may cause aerosolization of pathogens. 
Procedures such as dental cleanings, wound flushing, 
abscess draining, nebulization and coupage, suction, 
lavage, and necropsy have a high risk of this. In addition, 
avoid performing resuscitation by breathing into a 
patient’s mouth, nose, or endotracheal tube; rather, one 
should always use an Ambu® bag or mechanical ventila-
tor. According to the Compendium of Veterinary Stan-
dard Precautions for Zoonotic Disease Prevention in 
Veterinary Personnel,42 surgical face masks provide ade-
quate protection during most veterinary procedures, 
including those previously listed. Respiratory protection 
using particulate respirators is not commonly used in 
small animal veterinary practice but may have a place if 
certain diseases such as Coxiella burnettii, the causative 
agent of “Q fever,” become more prevalent. Information 
on respiratory protection and different types of respira-
tors is available through the department of Occupa-
tional Safety and Health Administration (OSHA).43

Bite and scratch prevention

As many zoonotic pathogens are transmitted through 
bites or scratches, it is important to prevent these in the 
veterinary hospital. Knowledge of aggressive tendencies 
in patients is key to preventing personnel injury. A com-
plete patient history at the time the animal presents to 
the hospital and comprehensive medical records allow 
veterinary staff to be forewarned when handling a 
potentially aggressive animal. Proper restraint by trained 
staff, including the use of muzzles, heavy gloves, and 
sedation, all may play an instrumental part in injury 
prevention.

High-risk procedures

There are certain procedures in veterinary hospitals that 
require full barrier protection. Birth, cesarean sections, 
and abortions are all considered high-risk events, as 
some extremely virulent zoonotic diseases may be passed 
in birthing tissue and fluids. Necropsies are also high-
risk procedures, particularly due to the use of saws and 
drills that may aerosolize zoonotic pathogens. Respira-
tory protection should be used if any power tools are 
used on a potentially zoonotic cadaver.

Isolation
Patients with potentially contagious zoonotic diseases 
should be isolated from other patients, the visiting 
public, and all personnel except those essential to their 

of zoonotic diseases. The most important and regularly 
used barrier are gloves. Gloves should be worn when 
handling any animal with unknown history or vaccina-
tion status and when handling feces, blood, or other 
bodily fluids, including during venipuncture and aspira-
tion procedures. They should also be worn when clean-
ing litter boxes or any surface in possible contact with 
bodily tissues or fluids, and when handling soiled 
bedding or any animal with blood or bodily fluid on it. 
Gloves should be removed immediately after use without 
touching the external surfaces. Gloves should be removed 
from the wrist and pulled inside out to prevent hand 
contamination. Hands should be washed immediately 
after removing gloves, as there may be small glove defects 
and/or hands may have been contaminated during  
glove removal.

Body protection

Disposable or washable gowns, such as surgery gowns, 
may be worn when holding or restraining a potentially 
infectious patient or whenever there is a risk of bodily 
contact with pathogens. Permeable gowns are typically 
used, but waterproof gowns should be used in cases 
where there is a risk of contamination with large volumes 
of bodily fluids. Any time a barrier gown is worn, gloves 
should also be worn. Gowns should be used for only one 
patient at a time and must be removed without touch-
ing the contaminated outer surface. To do this, untie  
the gown with gloved hands, pull away from the  
body by grasping the chest, again with gloved hands, 
pull down cuffs on each arm and slide gown off arms 
and away from the body. Then remove the gloves  
and wash hands thoroughly in case of accidental con-
tamination. If bodily fluid penetrates a semi-permeable 
gown, remove the gown and contaminated clothing, and 
shower immediately.

Foot protection

Foot covers and foot baths are useful in reducing the 
transmission of pathogens on shoes. Disposable surgical 
booties may be worn and removed just as with gloves to 
avoid hand contamination. Foot baths are typically 
composed of a 10% hypochlorite (bleach) solution and 
should be used when entering and exiting a designated 
isolation area. Further information on disinfecting foot 
baths may be found in Chapter 56, Antiseptics, Disin-
fectants, and Sterilization.

Facial protection

As discussed earlier in this chapter, some pathogens may 
be transmitted via aerosolization. Facial protection, such 
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Again, the use of disposable litter boxes is ideal, but  
if regular litter boxes are used, they may be cleaned  
and disinfected the same way as the overall environ-
ment. Food and water bowls may be washed normally 
with dish detergent if nondisposable ones are used.  
If a bodily fluid from a potential zoonosis is spilled, it 
should be sprayed with disinfectant and wiped up with 
absorbent material. All contaminated refuse should be 
bagged within the isolation area using gloves, and then 
rebagged in a second garbage bag outside the isolation 
area using a clean pair of gloves. The bags should be 
transported out of the hospital to an external garbage 
area immediately. Medical waste, including sharps and 
deceased animals, should be handled according to OSHA 
blood-borne pathogen standards.43 It should be reiter-
ated that no handling, transporting, or cleaning of an 
area with potential zoonotic contamination should be 
done without full barrier protection: gloves and gowns 
at a minimum, and shoe covers, masks, goggles, face 
shields, and/or respirators depending on the suspected 
pathogen.

Needlestick prevention
Many diseases are transmissible via needlestick injuries. 
One should rigorously follow safety guidelines when 
dealing with all sharps. The primary way to prevent 
needlesticks is never to recap a needle. Dispose of used 
needles and syringes in a puncture-proof sharps con-
tainer. If it is necessary to recap a needle, use the one-
handed scoop method or a tool, such as a hemostat, to 
hold the needle cap away from your hand. The one-
handed scoop method involves the following: place the 
cap on a horizontal surface such as a treatment table, 
hold the syringe, slide the needle into the cap, lift the 
plunger side of the syringe upward to angle the cap 
toward the table surface, and press down to tighten on 
a hard surface. Scalpels come with disposable handles 
and blades and these are ideal when dealing with poten-
tial zoonoses. If a scalpel blade must be removed from a 
handle, use a hemostat to grasp the blade at its base with 
the sharp edge facing away from that hand and gently 
work the blade up and off with constant light pressure 
and wiggling.

Vector control
Vector control is another important way to minimize  
the potential exposure to zoonotic pathogens. Insects 
and rodents are attracted to veterinary hospitals and  
are common vectors of zoonotic disease. Proper faci-
lity cleanliness, food storage, prevention of standing 
water, and blocking points of entry are necessary to 

care. If possible, these patients should enter the facility 
via a separate entrance directly into an isolation ward or 
a dedicated exam room. If a separate entrance is not 
available, the patient should be transported directly 
through the waiting room by personnel wearing barrier 
protection. Cats and small dogs should be transported 
in a carrier, and larger dogs on a gurney or stretcher. The 
animal should be moved into a designated isolation area 
as soon as possible, and this area should have a separate 
entrance from the main patient care area; furthermore, 
only personnel needed for patient care should enter the 
isolation area. Personnel entry should be restricted and 
monitored, and a record of all staff that have contact 
with the patient must be made. Signs must be posted at 
the entrance to the isolation area to alert staff to the 
zoonotic disease potential, to notify them of necessary 
precautions to take, and to warn away other staff. The 
isolation area should have its own ventilation system to 
prevent the aerosolization of pathogens to the rest of the 
hospital.

Disinfecting after a patient leaves

After a confirmed or potentially zoonotic patient has left 
the designated isolation area, the location should be 
fully cleaned and disinfected to prevent pathogens from 
living in the environment. Cleaning a potentially con-
taminated area involves general removal of large waste 
and debris; ideally a filtered, central vacuum unit should 
be used to clean an area and remove potentially aerosol-
ized pathogens. If this is not possible, personnel should 
take all recommended precautions against aerosolized 
pathogens. After removal of large debris, the area should 
be cleaned with a disinfectant shown to be effective 
against the particular pathogen. No one disinfectant is 
effective against every pathogen. Table 57.2 lists a 
number of classes of disinfectants and their efficacy 
against different pathogens. More information is avail-
able in Chapter 54, Antiseptics, Disinfectants, and Ster-
ilization. These products should be used according  
to manufacturer’s instructions for maximum efficacy.  
In dealing with potentially contaminated bedding,  
the fabric should initially be shaken gently over a  
contained area such as a garbage bag to dislodge poten-
tially overlooked debris and gross fecal matter. Full 
barrier protection, particularly gloves, should be worn 
in dealing with all bedding. The bedding should be 
washed with regular laundry detergent and dried  
normally. To prevent cross-contamination, dirty and 
clean laundry should be kept separate, but there is no 
other special precaution recommended with zoonotic 
patient laundry.42 Litter boxes should be emptied into a 
closed garbage container as soon as they are soiled. 
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Table 57.2 Disinfectants and their efficacy against various pathogens

Disinfectant Effective against Variable/limited
Effective against

Not effective 
against

Alcohols (isopropyl) Bacteria
Mycobacteria
Enveloped viruses
Fungi

Non-enveloped
viruses

Spores

Biguinides (chlorhexadine) Bacteria Mycobacteria
Viruses
Fungi

Spores

Hypochlorites (bleach) Bacteria
Mycobacteria
Viruses
Fungi

Spores

Iodine compounds Bacteria
Enveloped viruses
Fungi

Mycobacteria
Non-enveloped
viruses
Spores

Oxidizing agents (hydrogen
peroxide)

Bacteria
Mycobacteria
Viruses

Spores
Fungi

Phenols Bacteria
Enveloped viruses

Mycobacteria
Non-enveloped
viruses
Fungi

Quaternary ammonium
compounds

Gram-positive
bacteria

Gram-negative
bacteria
Mycobacteria
Enveloped viruses
Fungi

Nonenveloped
viruses
Spores

prevent potential vectors from entering the hospital. If 
an animal carrying fleas or ticks enters the hospital, it 
should be separated from other patients and immedi-
ately treated with the appropriate and safe insecticidal 
medication(s). Personnel working with it should wear 
protective clothing.

Client education
Client education is instrumental in the prevention of 
zoonotic disease transmission. Veterinary personnel 
should take an active role in informing clients of the 
importance of prophylactic vaccination against diseases 
such as rabies, bordatellosis, borreliosis (Lyme disease), 
and leptospirosis. Control of ecto- and endoparasites is 
also an important preventative measure, as is prohibi-

tion of predation on reservoir species. All of these steps 
protect not only the client, but also veterinary personnel 
who may encounter the client’s pet.

Vaccination
Prophylactic vaccination of veterinary personnel is 
another method of prevention. The CDC’s advisory 
committee on immunization practices recommends 
that all veterinary personnel who have contact with 
animals should be vaccinated against rabies. Pre-
exposure prophylaxis is a series of three injections that 
offer protection against unknown rabies exposure or 
when postexposure vaccination is delayed. Rabies titers 
should be checked every 2 years and boostered if the titer 
is too low to offer protection.
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specifics of the incident (including the date, time, and 
location), information on the animal involved, any 
medical treatment sought, any agencies notified, and 
follow-up.

Staff training
All of the above-mentioned methods and guidelines for 
prevention of zoonotic disease transmission hinge on 

Documenting exposure
In case of possible exposure to a zoonotic disease, a 
veterinary hospital must have a protocol for document-
ing and responding to the incident. Most hospitals have 
reporting procedures for bites or other injuries, and 
these may be readily altered to include contact with pos-
sible zoonotic pathogens. This written documentation 
(Fig. 57.1) should include a list of all personnel involved, 

Figure 57.1 Example reporting form for potential zoonotic disease exposure.

Potential Zoonotic Disease Exposure

Date(s) of potential exposure:_______________________  Time(s) of potential exposure:_________________
Location of potential exposure: _____________________   Employee name:___________________________
Date of birth:_____________ Occupation:______________Other individual(s) involved in exposure: ________
______________________________________________________________________________________
Date/time exposure reported to supervisor:_________________ Supervisor name(s):_____________________

Type of exposure:___________________________  Body part exposed:______________________________
Suspected zoonotic pathogen:______________________  Animal’s name:____________________________
Species:_____________ Breed:_________________ Age:_________________ Animal’s outcome (home, 
euthanized, other):_______________________ If animal belongs to a client, client information (name,address, 
telephone number):_______________________________________________________________________
______________________________________________________________________________________
Witness(es):_____________________________________________________________________________
How did the exposure occur (describe in detail):_________________________________________________

______________________________________________________________________________________
______________________________________________________________________________________
______________________________________________________________________________________

Treatment sought?:___________________________Date/time treatment sought:_______________________
Type of treatment given:___________________________________________________________________ 
Date/time treatment given:____________________Name of hospital/clinic/physician that treated  
employee:_____________________________  Address:_________________________________________
Telephone number: _____________________________Employee admitted to hospital?: ________________
Paramedics called?: _______________   Employee transported by ambulance?: ________________________
Notes: ________________________________________________________________________________
______________________________________________________________________________________
______________________________________________________________________________________
______________________________________________________________________________________

Zoonotic pathogen exposure confirmed?:________________ Employee notified?________________________
Other personnel notified?:_______________________ Client notified?:_______________________________
Hospital/clinic/physician notified?_____________________ Federal agencies notified (CDC, OSHA, DHHS, other)
______________________________________________________________________________________
State/local agencies notified (health department, agriculture, veterinary, other)?: _________________________
______________________________________________________________________________________

Outcome of potential exposure:______________________________________________________________
Corrective action taken to prevent further exposure events: _________________________________________
______________________________________________________________________________________
Notes: ________________________________________________________________________________
______________________________________________________________________________________
______________________________________________________________________________________
Employee signature:_______________________________ Date: ___________________________________
Supervisor signature: ______________________________ Date: ___________________________________
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regard to client risk, the legal ramifications of zoonotic 
diseases are still evolving. Veterinarians and veterinary 
staff have an ethical obligation to notify owners of 
potential zoonotic disease and to advise them to seek 
information from their personal physicians. There have 
been malpractice claims filed against veterinarians for 
human injury and exposure to rabid or potentially rabid 
animals,46 and such may be the future avenue of legal 
proceedings for zoonotic diseases.

In terms of public health and zoonotic disease, there 
are varying guidelines in most states and within the 
federal government defining which diseases must be 
reported and to whom. In response to the multiple and 
often confusing regulations, the National Academy of 
Sciences (NAS) presented a 2005 report calling for the 
establishment of a federal-level, centralized coordinat-
ing system for animal health oversight.47 This body 
would organize animal health data for industry, local, 
state, and federal agencies. Such an oversight body may 
have facilitated the earlier recognition of West Nile virus 
(WNV) in people. In the 1999 outbreak, physicians were 
misdiagnosing WNV patients with Guillain-Barre syn-
drome, meningitis, encephalitis, and aspiration pneu-
monia.48 However, a veterinary pathologist at the Bronx 
Zoo linked the human and animal outbreaks based on 
the deaths of crows and other birds, allowing identifica-
tion of WNV as the cause of human illness.49 A federal 
oversight body may prevent similar scenarios in the 
future.

Conclusion

It is unrealistic to believe that taking rigorous personnel 
precautions may eradicate all risk of zoonotic disease. 
The goal of any infection prevention protocol is to sub-
stantially lower the risk of disease transmission. In small 
animal veterinary medicine, the emergency and critical 
care staff are going to encounter patients with zoonotic 
diseases. By instituting the procedures outlined in this 
chapter and expanding knowledge of zoonotic diseases, 
personnel and hospitals may protect themselves, their 
clients, the public, and their patients against these 
pathogens.
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58
Drug administration

Jane Quandt and Elizabeth Olmstead

The patient that undergoes treatment and monitoring 
in the intensive care unit (ICU) setting receives numer-
ous drug therapies. How these therapies are adminis-
tered is crucial to the success of the treatment and the 
well-being of the animal.

Treatment sheet orders

All patients in the ICU should have an order sheet 
(Figure 58.1A, B) that delineates the treatment requested, 
the dose, the route of administration, and frequency of 
administration. The order sheet is also the place to note 
any the potential interaction that may occur between 
drugs. For example, a dog on a constant rate infusion of 
diazepam should not receive an intravenous (IV) anti-
biotic through the same IV line as the diazepam. Diaz-
epam is incompatible with other drugs and would form 
precipitates (small particles) in the line. The written 
order for the treatment drugs should match the label 
from the pharmacy in that it is the same name, be it 
generic or a trade name; for example, TorbugesicR is the 
trade name of butorphanol. The name on the order 
sheet and the name on the drug when it is received from 
the pharmacy should be one or the other or both names 
to avoid confusion. When a treatment is administered to 
the animal, the initials of the person giving the medica-
tion should be placed next to the treatment time. When 
questions arise, initialized treatments allow for tracking 
of the individual responsible for the action.

Medical records

All administered medications should be clearly noted in 
the medical record, whether it is paper or electronic. Any 

known allergies or adverse drug reactions should be 
flagged with either a red sticker on the outside of the 
paper record or an electronic warning on computer 
records. This indicator is vital to prevent the administra-
tion of a drug or a blood product to which the patient 
has reacted in the past. Either a prominent note should 
be made on the treatment sheet or a sign should be 
posted on the patient’s cage so that everyone in contact 
with that patient is made aware of the patient’s drug 
sensitivities.

The pharmacy should also be a source of safeguards 
against drug administration error. Pharmacy personnel 
should check medication requests for accuracy of dosing 
and administration route. To prevent accidental over-
dose, single drug doses should be dispensed, each in its 
own labeled syringe, unless the medication comes in a 
multiuse vial or container.

It is common in veterinary medicine to use extra-label 
drugs. Extra-label drug use is the use of an approved 
drug in a way that is not in accordance with the  
approved manufacturer’s instructions. Animals have 
diseases that require treatment with agents that have 
been registered for use only in human patients. The 
Animal Medicinal Drug Use Clarification Act explains 
extra-label drug use. It states that a veterinarian must be 
involved; that only FDA-approved drugs are to be used; 
that a client–veterinarian relationship must exist; that 
the drug is for therapeutic use only; and that there are 
to be no residues that may present a risk to public health. 
When using an extra-label drug, it is important to fully 
document the dose, route, administration times, disease 
being treated, and any withdrawal times. It is not a 
requirement that the client be told it is an extra-label use 
of a drug.
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tion of the bottle. In the same regard, prior to drug 
administration into an IV catheter port the site should 
be cleaned with an alcohol pad. For convenience, the 
swabs should be kept in multiple locations throughout 
the ICU room.

The most common route of drug and fluid adminis-
tration in the ICU setting is via an indwelling IV cath-
eter. Many of the medications given in the ICU can be 
delivered through the Y-port of the IV fluid line. Com-
patibility with the fluid and additives must be estab-
lished prior to drug administration through any IV  
port. When using the same fluid line for incompatible 

Routes of drug administration

The route of drug administration must be appropriate 
to prevent serious adverse effects or even death. Drugs 
can be given by various routes, but deviation from an 
established safe route could lead to severe complications, 
including death. The route of administration should be 
specified in the order sheet, and the drug must be veri-
fied as having been administered in the manner 
requested. When using a multiuse vial the top of the  
vial should be cleaned with an alcohol swab prior to 
insertion of the needle to prevent possible contamina-

Figure 58.1a ICU order sheet. Used with permission by the University of Minnesota Veterinary Medical Center

Date:

Clinician:

Student:
(Full name)

AUS

CBC

Chem.

Coag.

Surgery

CT

MRI

Other:
UA

Endoscopy

(a) VMC #80.1 (Rev. 6/o8) ICU Treatment Sheet

Beeper:
Home:
Beeper:
Home:

Resuscitation:
Visitation:

Full
Yes

CPR
No

DNR

PLACE PATIENT LABEL HERE

SMALL ANIMAL INTENSIVE CARE
TREATMENT SHEET
UNIVERSITY OF MINNESOTA
VETERINARY MEDICAL CENTER

Problem List:

Plan:

Clinician’s Signature: Date:

Weight:

Special Instructions:

Patient Status:

Updated Results/Problem List:

A B

Kg. Scale:
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the addition of fluid additives to avoid the potential of 
exceeding the ordered concentration.

Certain drugs such as mannitol or blood products 
may require the use of an in-line filter to prevent the 
infusion of crystals, particulate matter, or clots. Micro-
filters of 150–170 µm pore size are commonly used with 
blood products to remove clots, larger red blood cells, 
and platelet aggregates. Finer filters with 18–40 µm pore 
size can be used with drugs such as mannitol to remove 
microaggregates and crystals. Crystals can be seen as 
small white precipitates in the IV line or as a cloudiness 
in the IV line. The use of filters with blood products 
prevents the possible infusion and formation of emboli. 
Drug crystals can be irritating to the vein. Filters should 
be changed if they become occluded or with each new 

drugs, the line must be flushed between the administra-
tions. The flushing can be done with 0.9% NaCl or the 
fluid pump on the line can be allowed to run for 10 
minutes before administering the second drug, to allow 
time for the first drug to be moved through the line. 
Incompatibilities may range from immediate precipita-
tion (formation of particles) to an undetectable but 
potentially dangerous pH change. A compatibility chart 
of commonly used drugs in the ICU can be found in 
Table 58.1.

In an effort to minimize errors one person should be 
responsible for setting up the fluids. When a patient is 
initially set up on IV fluids the tubing should be purged 
of air by filling the line with fluid; this is done to prevent 
air embolus. Only one person should be responsible for 

Figure 58.1b ICU order sheet.

Temp
Freq 12p 1p 2p 3p 4p 5p 6p 7p 8p 9p 10p 11p 12a

Freq 12p 1p 2p 3p 4p 5p 6p 7p 8p 9p 10p 11p 12a

Pulse
Resp. Rate
MM color
Lung sounds R/L
PCV/TP
Glucose
Azostick
Weight (kg)/scale
Pain Assessment (1–5)
Medications & Treatments

Water
Diet Orders
Amount Eaten
Defecation/Vomit
Exercise
Urine Output

FLUIDS
Type #1

Type #2

Type #3

Rate
ml/hr

Rate
ml/hr

Rate
ml/hr
Initials(b)

Measure
Estimate
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Aminophylline c c c c ? c x c x c c c c x c c c c c x x c c c c c c c c
Ampicillin c ? ? x x c c c ? c x ? c x ? x c c x c c ? x c c
Atropine c c c c c c c c c c c c c c c ? c c
Butorphanol c c c c c c c c c c c c x c c c
Calcium Gluconate c ? c x x c c c c c c c x c c c ? c x
Cefazolin Sodium c x c c c c c c x c c c c c c x c c x c
Dexamethasone SP c c ? c c c ? c c x c c c c c c c
Diazepam c x x x x x x ? x x ? ? c
Diltiazem ? ? c x c c c c c c x ? c ? c c c c c c c c c c ? c c x
Diphenhydramine c c c ? c c c c c c c c c c c x x c x c c c
Dobutamine x c c x x c c c c c c x x c c x x c x x c x c
Dopamine c x c c c c c c x c x c c c ? x c c c c c x c x
Doxycycline c c c ? c c x c c c c
Epinephrine x x c c c c c c c c c c c x c c c c c x c
Famotidine c c c c c c c c c c c c x c c c c c c c c c c c c c c c
Fentanyl c c c c c c c c c c c c c c c c c x x c c c c c
Furosemide c c c c c x x x x c x c c c c c c c x x x x c c c c c
Heparin c c c c c c x ? c x c c c c c c c c ? c c c c c x c c c c c c c c c
Hydromorphone c ? c c ? ? x c c c c c c c c c c c c c c c c x c c x c c
Insulin x c ? x c c c c c c c x c x c
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Ketamine x c c c c c c
Lactated Ringers soln c c c c ? c c c ? c c c ? c c c c c c x c c c c c c c ? c c
Lidocaine HCl c x c x c c c c c x c c c c c c c c c c c c c x c
Magnesium Sulfate c c c x c c c c c c c c c c c c c c c x c c
Mannitol c c c c c x c c c
Metoclopramide HCl c x c c x c c c ? c c x c c c c c c c c c c c c c c c x c
Metronidazole c ? c c x c c c c c c c c c
Midazolam c x c c c c x c c x c c c x c c c c x c c c c c x c ? x x c x
Morphine x c c c c c c c c c c c c c x x c c c c c c c c c c c x x c c c x c c c
Multivitamins c c c x c c c c c ? c
Ondansetron x x c c c c c c c c c x c c c c c c c c c c c x c x
Pentobarbital Sodium c c x x x x c c c x x c c x c
Phenobarbitol c c c x x c x x c x c c x c c
Potassium Chloride c c c c c c c x c c x c c c c c c c c c x c c c c c c c c c
Potassium Phosphate ? c x x c c c c
Propofol c c ? c c c c x c c c c c c c c c c c c c c c ? c c c c c c c c
Ranitidine c ? c x c ? c c c c c c c c c c c c c x c c x x c c c c
Sodium Bicarbonate c x c x c ? x x x c c c c x c ? x x c x x x ? x x c c c c c x
Sodium Chloride c c c c c c ? c c c c c c c c c c c c c c c c c c c c c c c c c c c c ? c
Trimethoprim-
Sulfamethoxazole

c c c c c c x c ? c

Unasyn c c x x c c c c c x x c c

Sources: Plumb, Donald C., Veterinary Drug Handbook, 4th edition, PharmaVet Publishing, 2002; Trissel, Lawrence A., Handbook of Injectable Drugs, 11th edition, American Society of Health 
System Pharmacists, 2001; Trissel, Lawrence A., Pocket Guide to Injectable Drugs, American Society of Health System Pharmacists, 1998. C = compatible; x = incompatible; ? = conditional.
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time the patient is disconnected from fluids, patency can 
be difficult to assess due to bandages that are in place 
for catheter protection and support. Since catheters may 
not spontaneously bleed back when aspirated, palpation 
of the vessel that is being flushed may be necessary to 
ensure patency. If the flush is given in a pulsatile fashion, 
the fluid can be felt traversing the vein. Fluid that dif-
fuses into the surrounding tissue, resulting in tissue 
swelling, may be due to a catheter that is extravascular.

In the neonate or very small patient, an intraosseous 
(IO) catheter may be used. Intraosseous catheterization 
provides rapid access to the central circulatory system.3 
Intraosseous catheterization should not be performed if 
there are skeletal abnormalities, overlying skin or wound 
infections, abscess over the bone, bone fractures, or 
sepsis. The bony sites most commonly used include the 
flat medial surface of the proximal tibia, tibial tuberosity, 
trochanteric fossa of the femur, wing of ilium, ischium, 
and the greater tubercle of the humerus. If more than 
one hole is placed through a bone cortex, extravasation 
of fluid or medication into the subcutaneous tissue may 
occur. When administering fluids intraosseously, observe 
for fluid extravasation; if it occurs, the needle should be 
removed and another bone site chosen. A bone should 
not be reused for 12–24 hours after perforation of a 
cortex.3 If the needle is correctly placed and fluid does 
not flow freely, rotate the needle 90°–180° to move the 
beveled edge away from the inner core. A standard 
administration set is used to deliver fluids. The IO 
needle or catheter is secured by placing a tape butterfly 
around the hub and then suturing it to the skin. The 
entrance area should be covered and wrapped as with 
an IV catheter. The needle should be protected from 
breakage or bending. The fluid rate in IO needles 18–25 
gauge is limited to 11 ml/min with gravity flow and 
24 ml/min with 300 mmHg pressure.3 It is suggested that 
an intraosseous needle or catheter can remain in place 
for 72 hours if aseptic catheter maintenance is per-
formed.3 The risk factors for osteomyelitis are sepsis and 
catheter use that persists for several days. Substances 
that can be infused via an intraosseous needle or cath-
eter include blood and blood products, crystalloid and 
colloid fluids, amino acids, dextrose, aminophylline, 
antisera, antitoxins, atropine, aureomycin, calcium glu-
conate, cefoxitin, dexamethasone, diazepam, digitalis, 
diphenhydramine hydrochloride, dobutamine, dopa-
mine, epinephrine, insulin, morphine, penicillin, pro-
caine hydrochloride, radiopaque dyes, streptomycin, 
sulfadiazine, sulfathiazole, thiopental sodium 5%, and 
vitamins.3 The use of alkaline or hypertonic solutions 
results in edema, pyknotic marrow nuclei, and decreased 
cellularity. The changes will spontaneously resolve 
within 4–6 weeks.

syringe drug or bag of blood product. Frequent chang-
ing of the filter will assure its proper filtering function.

Drug delivery: Venous access

When an IV catheter is used for fluid or drug adminis-
tration, the catheter must be verified to be in the vein 
and patent. Though catheters are generally flushed each 

Case Study 58.1 A 4-year-old 6.8 kg domestic shorthair 
(DSH) male castrated (MC) cat was presented to the ICU for 
recovery following emergency surgery for a suspected liner 
foreign body. At surgery a single enterotomy was 
performed at the distal jejunum to remove a string foreign 
body. The GI tract was deemed to be healthy. Closure was 
done in a routine manner. The cat was stable through the 
surgical procedure with blood pressure, heart rate, 
respiratory rate, mucous membrane color, body 
temperature, and pulse oximetry monitored every 5 
minutes. Fluid therapy was to continue with Plasma-Lyte 
148R with KCl added at 20 ml/hr IV in the ICU. The ICU 
technician hung the bag of Plasma-Lyte 148R with the 
administration set attached into the fluid pump. A CRI dose 
of metoclopramide had yet to be added to the fluid bag 
and therefore the line had not been filled with fluid. 
Unknowingly, the surgeon hooked the administration set to 
the cat’s IV port, set the drip rate and started the fluid 
administration pump. Approximately 10 minutes later, the 
cat suffered a sudden cardiac arrest. The cat was taken 
from the cage and placed in left lateral recumbency on a 
central table; cardiopulmonary cerebral resuscitation (CPCR) 
was initiated. The cat was immediately intubated and 
external cardiac compressions were instituted. An IV dose 
of atropine at 0.02 mg/kg was given followed by an IV dose 
of epinephrine at 0.02 mg/kg. Resuscitation attempts 
continued for 10 minutes, with ventilation at 20 breaths per 
minute and cardiac compressions 100 times per minute. 
Red fluid was seen flowing up into the endotracheal tube 
and resuscitation efforts were discontinued. It was 
determined that when the fluid therapy was begun, the 
administration set had not been purged of air; when the 
fluid pump was started; the air in the set was given as a 
bolus to the cat via the IV catheter. This resulted in a fatal 
air embolism. A standard IV administration set either 60 
drops per ml or 10 drops per ml contains 10 ml of air. The 
drip set and extension line used in this case had an air 
volume of 24 ml.

The actual cause of death is entrapment of air in the 
right ventricular outflow tract leading to outflow obstruction 
and increased venous pressure due to an air lock and 
decreased myocardial contractility.1,2 The lesson of this case 
underscores the importance of having only one person 
responsible for setting up and instituting fluid therapy in 
the patient.
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doxycycline is not to be administered with dairy 
products.

Sucralfate is commonly given to treat GI ulcers and 
esophagitis. It is an orally administered agent, frequently 
given as a slurry, as the pill will readily dissolve in a 
syringe of water. Sucralfate may interfere with the 
absorption of other oral medications such as fluroqui-
nolones, fat-soluble vitamins, digoxin, and tetracyclines, 
and therefore dosing should be separated by at least 2 
hours. Sucralfate is most effective in an acidic environ-
ment; therefore, an oral H2 blocker should be given 
30–60 minutes after the administration of sucralfate. 
The best effect will be seen if the sucralfate is given on 
an empty stomach, 1 hour prior to feeding or 2 hours 
after feeding.4

Activated charcoal is used as an absorbent in the 
acutely poisoned patient. Charcoal is administered 
orally, and some patients will eat the charcoal if it is 
mixed with a small amount of baby food, cheese, or 
canned pet food. This mixing technique makes admin-
istration easier and potentially cleaner than using a dose 
syringe. If the patient will not readily eat the charcoal 
mixture, then the liquid charcoal is given via a dose 
syringe orally. If the animal will not tolerate an oral 
dosing syringe, an NG tube can be placed for adminis-
tration. The NG tube is placed in the same manner as 
for feeding. The tube length is measured to the last rib 
to ensure placement in the stomach. The nostril is 
numbed with a drop of viscous 2% oral topical lidocaine 
solution QualitestR. The tube is gently passed through 
the ventral nasal meatus; as the animal swallows it is 
threaded down the esophagus into the stomach. Proper 
tube placement is verified via a lateral radiograph of the 
thorax. The charcoal is then administrated through the 
NG tube. Due to the viscosity of charcoal suspension, it 
may require dilution with water to allow passage through 
the NG tube. Following administration of the charcoal, 
the NG tube can be removed or drawn back to the 
appropriate NE location for continued treatment. If the 
charcoal is given too rapidly, it can induce emesis and 
increase the risk for aspiration. The administration of 
charcoal should be separated by at least 3 hours from 
other orally administered agents.

Drug delivery: Subcutaneous route

The subcutaneous (SC) route is commonly used for 
insulin, famotidine, and metoclopramide. When giving 
a SC medication after entry under the skin the needle 
should be aspirated to ensure it is not in a vessel and  
still under the skin. Doses of SC medication are checked 
after injection to ensure that the site is not wet. If  
there is question as to whether the medication was 

Drug delivery: Enteral

Feeding tubes
Critically ill patients often have indwelling nasogastric 
(NG), nasoesophageal (NE), or gastrostomy tubes. These 
ports can be used to administer medications that are 
labeled to be given orally. When dealing with a fractious 
patient that makes administration of oral medication 
impossible, most oral medications can be crushed and 
dissolved in water to administer through the enteral 
feeding tube. An oral medication that has a film coating 
or is a sustained release preparation should not be 
crushed, as this will change the rate of delivery of the 
drug, usually resulting in a more rapid uptake and pos-
sible overdose. Many oral medications can be adminis-
tered via NE, NG, or gastrotomy tube; it is important to 
confirm how the oral medication is to be given prior to 
administration. Enteral medications should not be 
delivered via jejunal feeding tubes, as many of these 
drugs require the acidity of the stomach to allow their 
absorption. Oral vitamins could be given via a jejunal 
tube. Sucralfate is often used to coat the esophagus that 
has been injured by the presence of an esophageal 
foreign body; therefore, it must be given via the oral 
cavity. It is necessary to flush with a volume of water 
adequate to fill the feeding tube after drug administra-
tion to prevent the tube from clogging. If clogging of the 
tube should occur, first try to aspirate the tube with a 6 
or 12 cc syringe. If aspiration does not clear the tube, it 
may cleared by flushing the tube with an acidic brown 
soda such as Coca-ColaR. It is advisable to use a 1 cc 
syringe for the purpose.

Oral medications
Oral medication should be given only to those patients 
that are capable of active swallowing. Active swallowing 
is necessary to prevent aspiration or possible erosion  
of the esophagus. A caustic medication that is not prop-
erly swallowed can remain within the lumen of the 
esophagus. When a patient is allowed food and is  
eating it is usually best to give oral medication in some 
type of food, which may ease administration of the 
medication. If a patient is not allowed food, it may be 
helpful to follow the oral medication with a dose of 
water that is delivered via a small syringe. This helps to 
ensure that the medication is swallowed and decreases 
the likelihood of its adherence to the esophagus, where 
it could potentially cause esophagitis or stricture. Timing 
of oral medication administration in relationship to 
feeding can be important. Certain medications should 
be given with food, prior to feeding, or on an empty 
stomach. Medication administration should be avoided 
with certain types of food; for example, the antibiotic 
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The drug label on the fluid bag should be large and 
easy to see (Fig. 58.2). The label is to alert personnel that 
the bag has an additive, and therefore these fluids should 
not be used to give a fluid bolus to the patient. A fluid 
bolus from a bag containing an additive could be unsafe 
and potentially lethal, such as a fluid bolus containing 
KCl. It may be safer for certain agents to be given via a 
separate fluid bag or a syringe pump. The separate bag 
or syringe pump will allow for a more accurate rate of 
delivery and easier monitoring, and avoid potential 
under- or overdosing when fluid rates are changed. 
Accurate and obvious labeling is fundamental for all 
medications delivered by CRI. When labeling, the 
volume of diluent should be listed in case there is a ques-
tion as to concentration; listing the quantity of diluent 
allows calculations to be verified (Table 58.2).

When insulin is given as a CRI, it should be infused 
through an administration line separate from the fluid 

administered or went through the skin, the clinician 
should verify and determine whether redosing should  
be performed. When administering a SC medication it 
is best to administer the dose between the shoulder 
blades with the skin tented. If the area between the 
shoulder blades is not available due to trauma, bandage, 
skin infection, or scarring, the SC dose is administered 
where an appropriate skin tent can be obtained.  
In general when performing SC drug administration  
it is best to use a small gauge needle such as a 25 gauge 
to avoid leakage of the agent out of a larger skin punc-
ture. If a large volume of medication or fluid needs to 
be delivered, a larger gauge needle such as an 18–20 
gauge may be used in order to deliver the volume in a 
timely manner. Note that some fluid may leak from the 
skin hole.

Drug delivery: Intramuscular route

Intramuscular (IM) injection can be used for the 
administration of agents such as analgesics and insulin. 
The commonly used muscles for the site of injection  
are the epaxial, biceps femoris, semitendinosus, or the 
triceps. The gauge and length of the needle are impor-
tant to ensure that the medication is properly deposited 
in the muscle belly and not in the fat or fascial plane, 
which could diminish drug absorption or result in 
delayed adsorption.

Insulin can be given IV or IM for the treatment of the 
unregulated diabetic. Once the critical state resolves, 
long-term insulin therapy is usually initiated; long-term 
insulin therapy is generally administered by the SC 
route.

Furosemide can be given as a single IV or IM injection 
or as a constant rate infusion (CRI) in the treatment of 
renal failure, heart failure, and pulmonary edema.

Constant rate infusion

A CRI consists of a calculated volume of medication at 
a specific concentration that is added to a set volume 
and type of fluid for continuous delivery. A CRI can 
increase the efficacy of a drug because it delivers a steady 
dose of the agent, which can help maintain steady plasma 
concentration and enhance safety through slower deliv-
ery. A CRI may be used to deliver antibiotics, long-term 
analgesics, or even sedative drugs for animals that 
require longer-term sedation or anesthesia. The drugs 
can be given either mixed in the daily fluids with the 
fluid bag clearly labeled with the type, amount, and rate 
the additive is to be administered or via a separate 
syringe pump or fluid bag.

Table 58.2 Metoclopramide constant rate infusion

2.03 mls 5 of mg/ml metoclopramide
Have been added to 1,000 mls of fluid.
Delivered at a constant 
infusion of

100 ml/hour it will give 1 mg/kg/day.

There is 0.010 mg/ml metoclopramide.

Figure 58.2 A morphine, ketamine, and lidocaine CRI. The drug 
label should include drug concentration and rate of delivery. It 
should be initialed by the individual that made up the CRI.
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light-sensitive and therefore the fluid bag should have a 
covering to prevent light interaction. It is compatible 
with 5% dextrose in water, 0.9% NaCl, 2.5% dextrose in 
0.45% NaCl, Ringer’s, and lactated Ringer’s solutions 
(LRS).

Intravenous nutritional support

Total parenteral nutrition (TPN) is administered 
through a central venous catheter that is specifically des-
ignated for TPN. The catheter is placed using aseptic 
technique into the jugular, medial, or lateral saphenous 
veins and advanced to a central position. TPN is hyper-
osmolar; therefore, a central vein is needed for admin-
istration. If a central catheter cannot be obtained, partial 
parenteral nutrition (PPN), which has a lower osmolal-
ity, can be provided by use of a peripheral venous cath-
eter. This catheter should also be placed in a sterile 
manner. Once administration of PPN or TPN has begun, 
the administration IV line is never disconnected until 
the bag is empty. The bag travels everywhere with the 
patient to ensure sterility. If the patient is going to a 
visiting room the fluid pump can be placed on a mobile 
IV pole to allow the administration to continue. If the 
bag must be removed from the fluid pump, the line back 
flow of blood is prevented by clamping the roller clamp 
of the line and by clamping the t-port at the catheter. 
No other products should be given via this administra-
tion line or catheter in order to maintain sterility and 
decrease the potential for bacterial contamination.

Fluid additives

Additives are commonly added to fluids. The additive 
put in the fluid bag should be noted on the bag label. 
The label should note the amount of additive added; if 
it is an electrolyte, the final electrolyte concentration per 
liter should also be listed.

Additives commonly given to patients in the ICU 
include potassium salts such as potassium chloride 
(KCl) or potassium phosphate (KPO4). Potassium must 
be diluted as noted on the bottle and given slowly when 
administered intravenously. Undiluted and rapid IV 
administration may result in a fatal hyperkalemia. The 
rate of IV potassium chloride should not exceed 0.5 mEq/
kg/hr. The potassium chloride can be added to and is 
compatible with commonly used IV replacement fluids. 
The fluid bag should be clearly labeled that it contains 
potassium and the concentration of the potassium. It is 
best to have a consistent method for noting the concen-
tration, such that all measurements of potassium are 
denoted as per liter volume regardless of the bag volume. 
For example, to a 1000 ml bag of LRS with 4 mEq already 

therapy line. This separation of insulin from the  
fluids allows for adjustments to be made in the insulin 
dose without alterations in the fluid therapy rate. Regular 
insulin adsorbs to the surfaces of IV infusion tubing and 
filters. Insulin adsorption to the administration equip-
ment can lead to a 20%–30% decrease in its potency. 
The adsorption process is instantaneous, with most 
insulin adsorption occurring within the first 30–60 
minutes. To saturate binding sites and therefore deliver 
a more predictable dose when giving an IV infusion, run 
50 ml of the insulin-containing solution through the  
IV tubing, discard this volume, and then begin the 
infusion.5

Drugs such as diazepam are used as a CRI to treat 
severe seizure disorders. This light-sensitive drug may 
adhere to the plastic tubing of the IV line and also 
should not be stored in plastic syringes long-term. It has 
been found that 10 mg of diazepam in a 2 ml volume can 
be stored in a polypropylene-polyethylene syringe for 4 
hours; longer term storage in a syringe results in absorp-
tion of the drug to the plastic surface, which deceases 
the amount of drug available.6 The propylene glycol in 
diazepam is incompatible with most other fluids, and 
therefore the drug requires a dedicated delivery system. 
Do not administer if a precipitate forms and does not 
clear.7 Diazepam is irritating to veins and should be 
given only IV via a large central vein. It is suggested that 
high-dose dextrose, 7.5% or greater, is also best delivered 
by a central vein due to its hypertonicity. In addition it 
is recommended that drugs or agents that have an osmo-
lality greater than 600 mOsm/L be infused via a large or 
central vein to avoid the possible complication of vein 
irritation or phlebitis that may occur if small peripheral 
veins are used. Light-sensitive drugs are generally stored 
in brown bottles and therefore should be protected from 
the light if they are being delivered as a CRI.

The hyperosmotic agent mannitol is commonly used 
for treatment of head trauma, renal failure, and glau-
coma. Warming of the fluid line decreases the likelihood 
that the mannitol will recrystallize. Mannitol should be 
administered with a filter to prevent precipitates from 
being introduced intravenously. The filter should be 
changed with every separate dose syringe. Drawing up a 
1-hour volume and the use of a syringe pump are rec-
ommended to prevent crystallization of the mannitol 
and to ensure appropriate changing of the filter. Sodium 
or potassium chloride can cause mannitol to precipitate 
out of solution if the mannitol concentration is 20%  
or greater.8 Due to its hyperosmotic nature it is best 
to administer mannitol through a large central vein 
catheter.

Metoclopramide is commonly given as a CRI within 
the animal’s regular IV fluid therapy. Metoclopramide is 
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the vitamin K. IV administration is not recommended 
due to the potential for anaphylactoid reactions, and IM 
injections may result in bleeding. An initial SC dose is 
usually given and then oral long-term therapy is insti-
tuted. When giving the SC dose, use a small gauge needle 
and administer at multiple sites.14

Pralidoxime chloride (2-PAM) is used to treat organo-
phosphate poisoning. It works best as an antidote when 
used in combination with atropine. It can be given as 
IM or slow IV injection initially, with subsequent IM or 
SC doses.15

Antibiotics

Antibiotics that must be diluted prior to administration 
should have the dilution instructions listed on the bottle. 
It is important to note concentration, date, and time of 
reconstitution, as the shelf life can vary with different 
concentrations; this is also important for medications 
that come with a vial of diluent for dilution. Not all staff 
in the hospital may be clear on the procedure for dilu-
tion of that particular medication and may dilute the 
drug to a different concentration. How the dilution was 
prepared and how the antibiotic was given must be 
recorded. The antibiotic ampicillin at a dilution of 
100 mg/ml has a shelf life of 30 minutes before degrada-
tion of the product. The antibiotic ampicillin sodium/
sulbactam sodium, Unasyn®, diluted to 30 mg/ml has a 
refrigerated storage time of 72 hours.

Amikacin sulfate should be used cautiously—if at 
all—with the loop diuretics such as furosemide or 
osmotic diuretics such as mannitol, as there may be in 
increase in the nephrotoxic or ototoxic effect of the ami-
kacin.16 The concern for nephrotoxic and ototoxic effects 
will also hold true for the other aminoglycoside, genta-
micin sulfate.

Enrofloxacin is used extra-label as an IV injection. It 
is diluted 1:1 with 0.9% NaCl for slow IV administration 
over 10–45 minutes. The injectable form of enrofloxacin 
must not be mixed with or come in contact with any 
magnesium-containing solution such as Normosol and 
Plasmalyte, as microprecipitants may form and lodge in 
the patient’s lung leading to morbidity and mortality. 
Enrofloxacin should be used cautiously in cats, as doses 
higher than 15 mg/kg have been associated with ocular 
toxicity and subsequent blindness.17

Metronidazole is commonly used to treat anaerobic 
bacterial infections. Accurate dosing is important, as 
neurologic toxicity may result in dogs that receive a high 
dose either acutely or long-term. An aluminum hub 
needle should not be used with this drug, as the alumi-
num can cause a reddish-brown discoloration of the 
solution.18

present is added 16 mEq of KCl; the final concentration 
would be noted as 20 mEq/L KCl total on the bag label. 
In some patients there is a deficiency in potassium and 
phosphate, making the use of KPO4 warranted. KPO4 
must also be diluted prior to IV administration, and is 
compatible with dextrose in water and 0.9% NaCl.9 As 
with KCl, KPO4 should not be delivered at a rate greater 
than 0.5 mEq K+/kg/hr. KCl and KPO4 can be combined 
within the same fluid bag as long as the concentration 
of each potassium source is labeled and the appropriate 
rate of administration for the combined volume is listed 
on the order sheet.

Calcium gluconate or calcium chloride 10% are used 
to treat hypocalcemia. Calcium should be given slowly 
intravenously over a 10-minute period and the ECG 
monitored during the infusion to watch for the develop-
ment of bradycardia. If bradycardia develops, the 
calcium infusion should be slowed or stopped tempo-
rarily. Calcium chloride is extremely caustic if adminis-
tered extravascularly. Calcium gluconate can be given 
subcutaneously if diluted with an equal volume of 0.9% 
NaCl.10

Sodium bicarbonate is used to treat metabolic acido-
sis. A calculated dose is given slowly intravenously; an 
initial bolus dose can be given over 20–30 minutes with 
the remainder of the dose given over the next several 
hours. It can be given with fluids such as 5% dextrose in 
water, 2.5% dextrose in 0.45% NaCl, Ringer’s solution 
with dextrose, and 0.9% NaCl.11

Agents used to treat specific toxicities

N-acetylcysteine (NAC) is considered the treatment of 
choice for acetaminophen toxicity.12 The recommended 
regimen for use of NAC is an initial dose of 140 mg/kg 
IV up to 280 mg/kg if the toxicosis is severe, followed by 
70 mg/kg every 6 hours for seven additional treatments. 
NAC may cause nausea and vomiting when given orally. 
Hypotension and bronchospasm can occur with rapid 
IV administration. Phlebitis occurs with perivascular 
leaks. It is best given as an IV infusion of a 5% solution, 
made by diluting 10%–20% NAC in 5% dextrose or 
0.9% NaCl, over 30–60 minutes through a 0.2-µm 
filter.12

Fomepizole 4-methylpyrazole (4-MP) is used to treat 
ethylene glycol poisoning. Once the agent is reconsti-
tuted it should be used within 72 hours; it can be stored 
at room temperature. The reconstituted solution can be 
further diluted with 5% dextrose in water or 0.9% NaCl. 
The agent is given intravenously.13

Vitamin K1 is used in the treatment of anticoagulant 
rodenticide toxicities. Oral absorption is enhanced when 
given with fatty foods or by giving canned dog food with 
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dose is used to induce anesthesia followed by a CRI for 
maintenance. Pentobarbital can be diluted in 5% dex-
trose in water solutions, Ringer’s, LRS, or 0.9% NaCl.

Propofol is also commonly used to help maintain ven-
tilator patients or to treat refractory seizure conditions. 
Propofol is an IV anesthetic agent. It can be given as an 
IV bolus or as a CRI to maintain anesthesia. Propofol 
does not contain any antibacterial agent and has the 
potential to become bacterially contaminated. It should 
probably not be used beyond 24 hours once the bottle 
has been opened. Cats may develop Heinz body anemia 
from long-term use of propofol.23 The product should 
not be used if the emulsion has separated. Propofol is 
compatible with the commonly used IV replacement 
and maintenance fluids, and can be injected into a 
running IV line. When used as a CRI, propofol is best 
delivered via syringe pump to assure an accurate deliv-
ery rate. A new formulation of propofol has recently 
become available, PropoFlo 28TM by Abbott. The pre-
servative benzyl alcohol is added, allowing a shelf life of 
28 days. This product is only labeled for IV use in the 
dog and should not be used in the cat. Benzyl alcohol is 
potentially toxic to the cat due to the cat’s lack of ade-
quate glucuronic acid conjugation.

Inotropes and vasoactive agents

Inotropes and vasopressor agents may be necessary for 
the treatment of hypotension. Dobutamine and dopa-
mine are commonly used. If the hypotension is severe 
and does not respond to initial treatments, vasopressor 
agents such as norepinephrine, epinephrine, phenyleph-
rine, and vasopressin may be used. Dobutamine when 
diluted for administration should be used within 24 
hours. The diluent can be 5% dextrose in water or 0.9% 
NaCl. Dobutamine is compatible with 0.9% NaCl, 
dextrose–0.9% NaCl combinations, and LRS, and is 
administered as a CRI.19

Dopamine is also administered as a CRI. It is com-
monly diluted with 5% dextrose in water, 0.9% NaCl, or 
LRS and should be used within 24 hours. Solutions that 
are pink-, yellow-, brown-, or purple-tinged indicate 
decomposition of the drug and should be discarded.20

Phenylephrine is used treat severe hypotension via its 
alpha-adrenergic effects. It is given intravenously via 
CRI and is diluted in 0.9% saline or 5% dextrose in 
water. It should not be used if the solution is brown or 
contains a precipitate. Phenylephrine is compatible with 
the standard IV fluids.21

Additional agents used to treat hypotension include 
norepinephrine and vasopressin. Both are compatible 
with standard IV crystalloid fluids. They are commonly 
diluted in 0.9% NaCl to ease administration. As with 
other inotropes and vasopressors, it is recommended 
that each agent be in a separate bag or syringe to allow 
for independent adjustment of individual doses.

Nitroprusside sodium is used intravenously to treat 
severe hypertension. When using this agent, blood pres-
sure must be monitored diligently to prevent severe 
hypotension. Excessive doses, prolonged therapy greater 
than 3 days, or severe hepatic or renal insufficiency may 
lead to profound hypotension or cyanogen or thiocya-
nate toxicity. Nitroprusside powder is diluted in 5% dex-
trose in water and protected from light by covering the 
fluid bag. The solution may have a slight brownish tint, 
which is normal. Discard the product if the fluid is blue, 
dark red, or green in color. Once reconstituted, the 
nitroprusside solution will be stable for 24 hours. Nitro-
prusside should be given intravenously in a dedicated 
line, and extravasation should be avoided. An infusion 
pump is recommended for delivery, to avoid a sudden 
bolus of the agent.22

Analgesics and anesthetics

Animals that require mechanical ventilation often need 
heavy sedation or light anesthesia to tolerate the endo-
tracheal tube. Pentobarbital sodium is commonly used 
in long-term ventilator patients. An initial IV loading 

Case Study 58.2 A 4-year-old DSH MC was presented for 
upper airway dyspnea and retropharyngeal swelling. The 
cat developed cyanosis. He had a right arytenoidectomy 
and a temporary tracheostomy tube placed to improve 
ventilation and oxygenation. While in ICU the cat had 
several episodes of difficult breathing through the 
tracheostomy tube; each time the cat received IV propofol 
to facilitate removal of the tracheostomy tube in order for it 
to be cleaned of mucous plugs. As the cat improved the 
tracheostomy tube was removed for short periods of time; 
in order to reinsert the tube, IV propofol was used. The cat 
was in the ICU and received multiple doses of propofol over 
a 7-day period. On the seventh day a routine CBC showed 
a hematocrit (HCT) of 14% and 25%–50% Heinz bodies. On 
presentation the HCT was 40%; this was a significant 
anemia that required treatment with a packed RBC infusion. 
The packed RBC infusion improved the HCT to 19%, and the 
cat recovered. It is important when sedating on multiple 
days to be aware of the possible consequences that 
sedative and anesthetic drugs may have. This may be 
species-related or age-related, as older or debilitated 
animals will take longer to metabolize drugs, resulting in a 
possible prolonged effect.

Lidocaine is used to treat cardiac arrhythmias and as an 
analgesic. When used as a CRI, an initial loading dose is 
administered to achieve an effective plasma concentration, 
which is then maintained with the CRI. Lidocaine should 
be used cautiously in cats due to a high risk of adverse 
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maintain renal perfusion. Cisplatin, streptozoticin, 
L-spar, pamidronate, and dicarbizine are all commonly 
used chemotherapeutic agents for the treatment of 
osteocarcoma. Gloves should be worn when handling 
and administering these compounds. Gloves should also 
be worn when handling any bodily fluids from these 
patients.

Drug overdose

When a drug is inadvertently overdosed, an incident 
form should be completed and the doctor immediately 
notified of the event (Fig. 58.3). The incident form is 
used not to place blame but to track errors within the 

events.24 Lidocaine has the potential to be toxic, with 
clinical signs of ataxia, nystagmus, depression, vomiting,  
seizures, bradycardia, and hypotension. Lidocaine is com-
patible with the commonly used IV replacement fluids.

The fluid bag should be properly labeled as contain-
ing lidocaine. The lidocaine solution containing epi-
nephrine should not be infused intravenously; this 
product is used for local analgesia application, and IV 
use of this product could lead to cardiac arrhythmias.25

Chemotherapeutic agents

Many chemotherapeutics are given intravenously or 
even subcutaneously. Patients are given IV fluids to help 

Figure 58.3 Incident-error form. Used with permission by the University of Minnesota Veterinary Medical Center

Signature of reporter:

Pharmacist’s Investigation and Analysis, including financial impact to VMC (Note: If error by pharmacist, investigation
to be performed by alternate:)

Medical Error/Incident Form

Purpose:
Used by:
Reviewed by:

To document medication errors to develop systems or policies to reduce or prevent recurrence
Any VMC Clinician, student or staff member
Director of Pharmacy. Associate Director of Pharmacy. Veterinary Medical Center Pharmacy and Therapeutics Committee.
Medical Director. Director of Patient Services

Reported by:

Date/Time of Incident: VMC Cast #:

Brief Description of Error/Incident:

Service Area in which error was made (no names please):

Patient Type: Outpatient

Species:

Type of Error:

Severity of Error:

1) As expected, no harm noted to patient, no treatment required to remedy
2) Potentially could have caused prolonged therapy or morbidity; but no additional treatment required
3) Caused prolonged therapy and/or minor morbidity
4) Caused apparent significant morbidity
5) Apparent cause of mortality or resulted in euthanasia

Error made by: DVM Student Tech Student

Pharmacy Tech Pharm Tech Student DVM Other:

CVT Pharmacist

Verbal Miscommunication

Misadministration Wrong patient/case #

Prescribing Dispensing/Labeling

Drug name: # of doses administered incorrectly

Inpatient Wards Inpatient ICU Prep for Discharge

Date reported: Phone#:



Drug Administration  757

error. Record keeping is instrumental to the successful 
treatment and well-being of the patient in ICU.

References
 1. Ober CP, Spotswood TC, Hancock R. Fatal venous air embolism 

in a cat with retropharyngeal diverticulum. Veterinary Radiology 
& Ultrasound 2006;47:153–157.

 2. Walsh VP, Machon RG, Munday JS, Broome CJ. Suspected fatal 
venous air embolism during anaesthesia in a Pomeranian dog 
with pulmonary calcification. Clinical Communication. New 
Zealand Veterinary Journal 2005;53:359–362.

 3. Otto CM, Kaufman GM, Crowe DT. Intraosseous infusion of 
fluids and therpeautics. The Compendium of Continuing Educa-
tion Small Animal 1989;11:412–430.

 4. Plumb DC. Sucralfate In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
843–844.

 5. Plumb DC. Insulin. In: Plumb DC, ed. Plumb’s Veterinary  
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
479–484.

 6. Trissel LA. Dizepam. In: Trissel LA, ed. Handbook on Injectable 
Drugs, 9th ed. Bethesda: American Society of Health-Systems 
Pharmacists Product Development Office, 1996:333–341.

 7. Plumb DC. Diazepam. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
275–278.

 8. Plumb DC. Mannitol. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 
2008:55–556.

 9. Plumb DC. Potassium. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
731–732.

10. Plumb DC. Calcium. In: Plumb DC, ed. Plumb’s Veterinary Drug 
Handbook, 6th ed. Ames: Blackwell Publishing, 2008:125–129.

11. Plumb DC. Sodium bicarbonate. In: Plumb DC, ed. Plumb’s Vet-
erinary Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
822–824.

12. Rahilly L, Mandell DC. Methemoglobinemia. In: Silverstein DC, 
Hopper K, eds. Small Animal Critical Care Medicine. St Louis: 
Saunders, 2009:374–378.

13. Plumb DC. Fomepizole. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
410–411.

14. Plumb DC. Phytonadione. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
734–736.

15. Plumb DC. Pralidoxime chloride. In: Plumb DC, ed. Plumb’s 
Veterinary Drug Handbook, 6th ed. Ames: Blackwell Publishing, 
2008:750–751.

16. Plumb DC. Amikacin sulfate. In: Plumb DC, ed. Plumb’s Veteri-
nary Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
32–35.

17. Plumb DC. Enrofloxacin. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
342–345.

18. Plumb DC. Metronidazole. In: Plumb DC, ed. Plumb’s Veterinary 
Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
610–613.

19. Plumb DC. Dobutamine HCl. In: Plumb DC, ed. Plumb’s Veteri-
nary Drug Handbook, 6th ed. Ames: Blackwell Publishing, 2008: 
316–317.

hospital and to improve and refine protocols. The 
patient’s vital signs should be assessed to gather baseline 
data and to evaluate patient stability in the event an 
overdose leads to a reaction. If the drug is capable of 
being reversed, the patient’s clinician will determine if 
reversal is warranted. Reversal agents include naloxone 
for opioids, flumazanil for benzodiazepines, and ati-
pamazole for the alpha-2 agonists. The possible side 
effects of the overdosed drug should be investigated. If 
the overdose is severe and leads to increased length of 
hospitalization, higher costs, or the death of the patient, 
the hospital director should be informed. The owners 
should be made aware of the situation.

Case Study 58.3 A male intact Akita was seen for a 
several-month history of collapse and paralysis. A 
neurological exam was performed. A test for myasthenia 
gravis was performed. The dog received IV TensilonR 
(edrophonium) and the response was noted. The dog 
immediately improved and was able to move freely. This 
was considered a positive test for myasthenia gravis, and 
the dog then received IM neostigmine for treatment. At the 
time of neostigmine administration, it was noted by 
technicians involved with the case that the amount of drug 
seemed to be a large volume. The drug was given, even 
though there was concern about the amount of drug. The 
dog subsequently seizured, vomited, and defecated but 
seemed to recover. Vomiting persisted; treatment with IV 
and IM atropine was not effective. The dog developed 
cyanosis and dyspnea. Thoracaic radiographs reveled 
aspiration pneumonia. The dog required mechanical 
ventilation to treat hypercarbia and hypoxemia. The dog 
became hypotensive and developed acute respiratory 
distress syndrome. The dog’s condition worsened and he 
went into cardiac arrest and died. It was later determined 
that the neostigmine was inadvertently administered at 10 
times the recommended dosage. It is important to question 
drug doses that seem to be wrong either in amount, in 
type, in route of delivery, or for the species. If there is any 
doubt as to the validity of a drug administration, the 
clinician in charge of the case should be notified and the 
proper dosing information verified.

The medical therapies that are required in an ICU 
situation can vary with each patient. The patient treat-
ment sheet should have clear instructions as to dosage 
and routes of administration. It is vital to be aware of all 
drug interactions and affects of those medications in 
that patient. Mistakes can be made by anyone; if there is 
a question regarding a drug, a dose, or route of admin-
istration, it is better to investigate rather than make an 
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59
Administration of biological products

Jennifer E. Prittie

The administration of biologic products to veterinary 
patients has become common practice in the intensive 
care unit (ICU). Indications include treatment of 
anemia, coagulopathy, immune-mediated disease, hypo-
albuminemia, snake envenomation, and various toxici-
ties. While these products can have a positive impact on 
morbidity and mortality in selected candidates, their use 
is not without risk. Adverse transfusion-related events 
include acute allergy, delayed hypersensitivity, disease 
transmission, volume overload, acute respiratory dis-
tress, and immunosuppression. Detrimental effects can 
be minimized through thoughtful selection of candidate 
and product, appropriate administration practices, and 
careful monitoring to ensure early recognition of trans-
fusion reactions. This chapter reviews indications for 
available products, recommended administration pro-
tocols, and patient troubleshooting. Biologic products 
rarely utilized in the small animal ICU (i.e., vaccines 
with or without bacterins, bacterial extracts or toxoids, 
erythropoietin, and arsenic compounds) are beyond  
the scope of this chapter and will therefore not be 
discussed.

Red blood cell (RBC) products

Red blood cell transfusions are indicated for treatment 
of anemia caused by hemorrhage, hemolysis, or ineffec-
tive erythropoeisis. The decision to administer a RBC 
product is based on patient hematocrit (HCT), Hb level, 
and, most importantly, on clinical signs. Clinical indica-
tions for treatment of anemia include weakness or 
fatigue, dull mentation, tachycardia, tachypnea, and 
bounding femoral pulses that cannot be attributed to 
another etiology.

The primary goal of a RBC transfusion is improved 
oxygen delivery to the peripheral tissues. However, a 
threshold HCT or Hb level below which a RBC transfu-
sion is indicated is not clearly established. Tolerance to 
anemia varies with comorbid factors and the quantity 
and rapidity of blood loss. Furthermore, there is ongoing 
controversy regarding the in vivo efficacy of transfused 
RBCs.1

Human investigators have documented reduced  
in-hospital morbidity and mortality with restricted 
transfusion practices (maintaining the hemoglobin con-
centration between 7 and 9 g/dL) when compared with 
more liberal transfusion of RBCs (to maintain hemoglo-
bin concentration >10 g/dl).2 The lack of benefit and 
potential harm of transfused RBCs is postulated to 
result from storage effects on RBC viability and immu-
nomodulating and/or proinflammatory properties of 
transfused cells. Storage of product for > 15 days results 
in RBC morphologic alterations that adversely affect 
capillary navigation and result in compromised micro-
vascular flow; loss of the enzyme 2,3 diphosphogly-
conate (2,3-DPG), which normally facilitates oxygen 
unloading; and generation of proinflammatory cyto-
kines and complement (storage lesion).3–5 Transfusion-
related immunomodulation (TRIM) is associated with 
biologically active lipids or WBCs in stored blood, and 
results in downregulation of the recipient’s immune 
function and increased risk of infection.6–8

Adverse reactions
Reported adverse reactions to transfusion with RBCs  
in veterinary patients are broadly categorized as  
immune or nonimmune in origin (see Table 59.1). 
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Table 59.1 Transfusion reactions

Acute Immunologic
 Acute hemolysis
 Leukocyte/platelet sensitivity 

(febrile)
 Allergy
 Transfusion-related  

lung injury

Delayed Immunologic
 Delayed hemolysis
 Serum sickness
 Post-transfusion purpura
 Neonatal isoerythrolysis
 Immunosuppression

Acute Nonimmunologic
 Hemolysis from physical 

damage/contamination
 Embolism (air, clot)
 Sepsis
 Volume overload
 Dilutional coagulopathy
 Hypothermia
 Citrate toxicity
 Hyperammonemia

Delayed Nonimmunologic
 Infectious disease
 transmission

Table 59.2 Classification of hypersensitivity reactions

Immune reaction Mechanism Clinical
Manifestations

Timing

Type I
(IgE-mediated)

Binding of antigen-IgE complex with 
mast cells and release of 
inflammatory mediators

Fever, facial swelling, pruritus, urticaria, 
vomiting, diarrhea, anaphylaxis

Minutes to hours

Type II
(cytotoxic)
AHTR

Interaction between specific IgG or 
IgM antibodies and red cell-surface 
antigens

Intravascular hemolysis: Fever, vomiting, 
dyspnea, hypotension, hemoglobinemia/uria
Extravascular hemolysis: Fever, jaundice, 
decline in PCV

Minutes to hours

Type II
(Cytotoxic)
DHTR

Interaction between specific IgG 
antibodies and red cell-surface 
antigens

Extravascular hemolysis: Hyperbilirubinemia/
bilirubinuria, decline in PCV

3–21 days 
post- transfusion

Type III
(Immune 
complex); serum 
sickness

Deposition of antigen-antibody 
complexes in tissues with 
complement activation and 
inflammation

Fever, vasculitis, arthralgia, myalgia, 
lymphadenopathy, glomerulonephritis

1–3 weeks

AHTR, acute hemolytic transfusion reaction; DHTR, delayed hemolytic transfusion reaction.

Immune-mediated reactions (hypersensitivities) are the 
most common adverse reactions associated with admin-
istration of any biologic product; a detailed review of 
these reaction types is therefore indicated.

Hypersensitivity

Biologic products contain white blood cells (WBCs), 
RBCs, hemoglobin (Hb), platelets, clotting factors, 
albumin, immunoglobulins, and/or animal-derived 
lipids. These constituents may act as antigens in the 

recipient animal and result in hypersensitivity reactions. 
Hypersensitivity is particularly likely following infusion 
of foreign protein due to protein’s high antigenicity,  
and upon repeat exposure to an antigenic product (i.e., 
after prior sensitization). Previous exposure to a foreign 
substance primes the body’s immune system, and the 
body’s secondary (called “anamnestic”) response 
involves recruitment of preformed antibodies and aug-
mentation of the original humoral immune response.9 
Types I, II, and III hypersensitivity reactions are fre-
quently reported following administration of biologic 
products (see Table 59.2).

Type I hypersensitivity and febrile  
transfusion reactions

Type I hypersensitivity reactions are also termed acute 
hypersensitivity, allergy, or anaphylaxis. This type of 
reaction is mediated through recipient IgE antibodies. 
Donor antigen cross-links two IgE molecules on recipi-
ent mast cells, leading to mast cell degranulation and 
systemic release of inflammatory mediators.

Mild allergic reactions and leukocyte and platelet sen-
sitivity reactions, which result from binding of recipient 
antibodies to donor WBCs or platelets, are the most 
common adverse transfusion-related events in veteri-
nary patients.10–12 The latter reaction type is termed a 
“febrile nonhemolytic transfusion reaction” and is asso-
ciated with a temperature increase of at least 1°C during 
transfusion.12
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sis). Two main categories of hemolysis exist: extravascu-
lar and intravascular. Extravascular RBC destruction is 
mediated by the mononuclear-phagocytic system and 
results in decreased life expectancy of transfused cells 
but no significant clinical patient decline. Acute intra-
vascular hemolysis is the most dangerous RBC product 
hypersensitivity reaction and occurs secondary to 
donor-recipient incompatibility or previous sensitiza-
tion (in dogs). Prior sensitization is not necessary in 
feline patients because of the presence of naturally 
occurring alloantibiodies to RBC surface antigens. Intra-
vascular hemolysis can culminate in disseminated intra-
vascular coagulation (DIC), multiple organ failure 
(MOF), and death.9,10

Clinical signs of acute intravascular hemolysis include 
vomiting, pyrexia, tachycardia and tachypnea, severe 
hypotension, and seizures. Hemoglobinemia/uria may 
also ensue, which can help to differentiate this reaction 
type from extravascular hemolysis or from a type I 
hypersensitivity reaction (see Fig. 59.1).9

If acute intravascular hemolysis is suspected, the trans-
fusion is terminated and the patient treated aggressively 
for shock as needed with intravenous fluids, inotropes 
and/or vasopressors (see Table 59.3). Monitoring for 
MOF (e.g., respiratory distress, oliguria, coagulopathy) 
is essential. Additionally, careful inspection of the 

Clinical signs of allergy are typically mild and include 
fever, facial swelling, urticaria, pruritus, vomiting, and 
diarrhea. Much less commonly patients may exhibit 
hemodynamic collapse and acute respiratory distress; 
these clinical signs characterize anaphylaxis. A clinically 
identical reaction that involves complement-mediated 
mast cell degranulation without the participation of 
antibodies is an anaphylactoid reaction. While true type 
I hypersensitivity reactions require previous antigen 
exposure (sensitization to the antigen), anaphylactoid 
reactions do not.1

Management of allergic reactions involves stopping 
the product infusion and parenteral administration of 
antihistamines (see Table 59.3). Often the transfusion 
can be reinstituted with careful monitoring. Signs of 
anaphylactic shock require aggressive intravenous (IV) 
fluid resuscitation, IV glucocorticoid administration, 
and potentially treatment with epinephrine.

Type II hypersensitivity

Administration of blood to a genetically dissimilar 
recipient of the same species (an allogenic transfusion) 
can result in an immune response directed at donor 
RBC surface antigens. This immune response (type II 
hypersensitivity) results in RBC destruction (hemoly-

Table 59.3 Therapies for acute transfusion reactions

Type of reaction Therapeutic considerations

Acute hemolysis • Intravascular volume expansion (isotonic crystalloids, 20 ml/kg IV ± nonprotein colloids, 5 ml/kg 
IV to effect)

• Oxygen, bronchodilators for acute respiratory distress (Terbutaline, 0.01 mg/kg SQ B-QID)
• Dexamethasone sodium phosphate, 0.125–0.5 mg/kg IV

Allergy • Diphenhydramine, 2–4 mg/kg IM
• ± Dexamethasone sodium phosphate, 0.125–0.5 mg/kg IV

Anaphylactic/
anaphylactoid reaction

• Diphenhydramine, 2–4 mg/kg IM
• Dexamethasone sodium phosphate, 0.125–0.5 mg/kg IV
• Epinephrine (1:1000), 0.01 mg/kg SQ, IV
• Intravascular volume expansion
• Vasopressors as needed:

Norepinephrine, 0.25–2 µg/kg/minute

Citrate toxicity Calcium gluconate (10%), 50–150 mg/kg IV administered slowly with EKG monitoring; discontinue 
if bradycardia develops

Volume overload Furosemide, 2–4 mg/kg IV; oxygen therapy

Dilutional
coagulopathy

Frozen or fresh frozen plasma, 10–20 ml/kg IV until coagulopathy resolved
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Nonimmunologic transfusion reactions

Acute nonimmunologic transfusion reactions include 
hemolysis secondary to inappropriately high flow rates 
or pressures, circulatory overload, bacterial contamina-
tion, air embolization, or pulmonary embolism second-
ary to inappropriate product filtration.11 Additionally, 
massive transfusion (i.e., replacement of a patient’s 
blood volume in less than 24 hours) may result in hypo-
thermia, dilutional coagulopathy, and/or chelation of 
recipient calcium by donor product anticoagulant 
(citrate).16 Citrate toxicity causes hypocalcemic tetany. 
Hyperammonemia can result from administration of 
outdated blood products, because ammonia levels in 
stored blood rise with time.17 Clinical signs of ammonia 
accumulation include ataxia, dementia, head pressing, 
circling, and seizures.

Acute reaction in cats

Reports of transfusion reactions in cats are limited and 
occur in <10% of transfusion recipients, and typically 
adverse events (i.e., fever, facial pruritus, vomiting, ptya-
lism, volume overload) are acute and mild.20,21 Acute 
intravascular hemolysis is uncommon, but has been 
documented in type B cats receiving blood from type A 
donors.22

Acute reactions in dogs

Adverse transfusion-related events in canine recipients 
have been more commonly reported (3%-40% of recipi-
ents), but as with feline recipients, most reactions are 
mild. Documented reactions include acute hypersensi-
tivity or febrile reactions (92%), and acute (3.2%) and 
delayed (5%-20%) hemolysis.16,19

Tranfusion protocol
Prior to transfusion initiation, close product inspection 
is warranted. Bacterial contamination can result in 
purple or brown discoloration of the blood product 
from deoxygenation, formation of methemoglobin, 
and/or RBC hemolysis. Careful review of the label will 
ensure that the correct product type, quantity, species, 
blood type, and donor are selected. Expired blood prod-
ucts lack in vivo efficacy and may cause harm; these 
should be discarded.

RBC products

Blood products transfused for provision of RBCs include 
fresh whole blood, stored whole blood, packed RBCs 
(pRBCs), pRBCs in additive solution, and leukocyte-
reduced pRBCs (see Table 59.4). Fresh whole blood 
(WB) is composed of RBCs, leukocytes, platelets, coagu-

product for signs of contamination (e.g., product dis-
coloration) or donor-recipient incompatibility (e.g., type 
A blood administered to a type B cat) is warranted.

Type III hypersensitivity

Type III hypersensitivity, or serum sickness, is character-
ized by donor antigen interacting with recipient anti-
bodies and formation of immune complexes within the 
intravascular space. Subsequent systemic deposition of 
these immune complexes may result in vasculitus, syno-
vitis, arthalgia, myalgia, fever, lymphadenopathy, neuri-
tis, and glomerulonephritis.9 Clinical signs of serum 
sickness typically follow antigen exposure by 1–3 weeks. 
The treatment for serum sickness is largely supportive. 
Plasmapheresis may be considered for severe cases.

Transfusion-related lung injury

Documented in human transfusion recipients is 
transfusion-related lung injury (TRALI). This syndrome 
is characterized by acute dyspnea associated with non-
cardiogenic pulmonary edema, and typically occurs 
within 6 hours of transfusion initiation.13 The mecha-
nism of lung injury is complex and incompletely eluci-
dated, but probably involves antibodies in donor blood 
reacting to recipient WBCs (antibody hypothesis) and/
or biologically active lipids in stored cellular blood com-
ponents, known as biologic response modifiers (BRMs). 
These BRMs activate neutrophils in the lungs that have 
been “primed” by the underlying patient condition 
(two-event hypothesis).14,15 In human patients, TRALI is 
the leading cause of transfusion-related deaths.13,15 To 
the author’s knowledge, this syndrome has yet to be 
documented in veterinary patients.

Figure 59.1 Evaluation of acute transfusion reactions.

Transfusion Reaction

Evidence of hemoglobinemia/uria

YES NO

Suspect hemolytic reaction:
Stop transfusion
Gram stain and culture blood
     product; check for
     compatibility
Monitor closely for multiple
     organ failure  

Suspect allergic reaction:
Stop transfusion
Antihistamines ± corticosteroids
Reinstitute at lower rate 
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factors, plasma proteins, and all other plasma constitu-
ents; plasma is considered “fresh frozen” when stored for 
up to 1 year at <-18°C (see Table 59.6). These products 
are indicated for treatment of inherited or acquired 
coagulopathy resulting in clinically significant bleeding, 
or in preparation for invasive procedures in coagulo-
pathic patients. Cryoprecipitate has similar storage 
requirements and shelf life comparable to other plasma 

lation factors, and all other plasma constituents. It is 
administered within 6–8 hours of collection, ideally 
immediately. Stored WB is kept longer than 6–8 hours 
and contains RBCs, plasma proteins, and coagulation 
factors II, VII, IX and X. Labile coagulation proteins V 
and VIII and platelets decrease with storage. Indications 
for WB transfusion are significant hemorrhage associ-
ated with either decreased number or function of clot-
ting factors or thrombocytopenia/pathy (fresh WB 
only).

Packed RBCs contain concentrated RBCs and a small 
amount of plasma. The PCV of pRBCs is approximately 
80%. Additive solution and leukoreduction preserve 
RBC viability and function and decrease the incidence 
of FNHTR, respectively. Use of concentrated RBCs 
limits volume administered to the patient, and this is the 
blood component of choice for anemia without coagu-
lopathy in patients at risk for volume overload (e.g., 
history of cardiac or renal disease). RBC products are 
stored at 1–6°C in plastic bags (see Table 59.4). Shelf life 
varies with additive solution (see Table 59.5).

Plasma products

Plasma products readily available to the veterinarian 
practitioner include fresh plasma, fresh frozen and 
stored frozen plasma, and cryoprecipitate. Fresh, fresh 
frozen, and stored frozen plasma contain coagulation 

Table 59.4 Available red blood cell products

Product Preparation/Storage Contents Indications Dose

Fresh whole 
blood

Transfused within 6–8 hours of 
collection

RBCs, WBCs, platelets, 
coagulation and plasma 
proteins

Hemorrhage from trauma or 
coagulopathy, DIC, severe 
thrombocytopenia

20 ml/kg 
raises 
PCV 10%

Stored whole 
blood

Stored at 1–6°C in plastic bags,
Shelf life 3–4 weeks

RBCs, WBCs, plasma proteins, 
coagulation factors V and 
VIII, and platelets decrease 
with storage

Hypovolemic anemia 20 ml/kg

Packed RBCs Stored at 1–6°C in plastic bags,
Shelf life 3–4 weeks (questionable 
efficacy after 15 days)

RBCs Anemia without coagulopathy, 
concern of volume overload

10 ml/kg 
raises 
PCV 10%

Packed RBCs 
with additive

Stored at 1–6°C with Erythro-Sol,
Shelf life ≥ 37 days

RBCs with 100 ml of additive 
solution

Anemia without coagulopathy, 
concern of volume overload

10 ml/kg

Leuko-reduced 
packed RBCs

Stored at 1–6°C in plastic bags,
Shelf life 3–4 weeks

RBCs Anemia, concern of volume 
overload, history of febrile 
nonhemolytic transfusion 
reaction

10 ml/kg

DIC, disseminated intravascular coagulation; PCV, packed cell volume; RBC, red blood cell; WBC, white blood cell.

Table 59.5 Anticoagulant-preservative solutions

Solution Species Dilution Shelf life

Heparin Dog/cat 625U/50 ml Immediate

3.8% Sodium 
citrate

Dog/cat 1 ml/9 ml blood Immediate

ACD Dog/cat 1 ml/7–9 ml blood 21 days, dog
30 days, cat

CPDA-1 Dog/cat 1 ml/7 ml blood 20 days, dog
35 days, cat

Additive 
solutions

Dog 100 ml/250 ml 
pRBCs

37–42 days

ACD, acid-citrate-dextrose preservative; CPDA-1, citrate-
phosphate-dextrose-adenine preservative.
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before administration to avoid patient hypothermia. 
Warming techniques include the use of a commercially 
available blood warmer or dilution (for pRBCs) with 
warm 0.9% NaCl solution. Dilution volume of saline for 
pRBC products depends on additive or preservative 
solution used (see Table 59.5). Excessive dilution may 
result in volume overload in susceptible patients.

Frozen plasma products (with the exception of cryo-
precipitate) do not require dilution and are thawed in a 
water bath gradually warming the bath to 98.6°F (37°C) 
before administration. Cryoprecipitate is thawed simi-
larly and diluted with 0.9% NaCl solution. Excessive 
handling or rapid thaw of the fragile plasma bag may 
result in damage to product components. The plasma 
product is covered with a plastic bag while thawing to 
avoid contamination from the water. Frozen PC pre-
served in DMSO is thawed at room temperature a and 
gently swirled every 5 minutes during the thawing 
process.23 Warming of any blood product to greater than 
98.6°F (37°C) may lead to cell lysis, fibrinogen precipita-
tion, and degradation of serum coagulation factors and 
proteins.18,24 Once ready for administration, a hang-time 
limited to 4–6 hours will decrease risk of bacterial colo-
nization.18,24 If the patient requires administration of the 
transfusion over more than 4–6 hours (e.g., because of 
risk of volume overload) the product may be split prior 

products, and is the component of choice for patients 
with hemophilia A or von Willebrand’s disease.18

Other blood products produced from fractionation of 
plasma are platelet-rich plasma and platelet concentrate 
(PC) (see Table 59.6). A 6% DMSO-stabilized frozen PC 
is available (frozen canine platelet concentrate, Animal 
Blood Services International, Stockbridge, MI).

Investigators have recently demonstrated an inability 
of platelets in this product to aggregate normally in vitro 
following thaw.23 There are no data evaluating the in vivo 
efficacy of this product. As platelet products are difficult 
to store and labile in serum, and studies documenting 
the efficacy of available products in veterinary patients 
are limited, prophylactic platelet transfusion is not  
recommended at this time. However, platelet transfu-
sion may be beneficial for cessation of major bleeding 
in patients with severe thrombocytopenia (e.g., bone 
marrow dysfunction, immune-mediated thrombocyto-
penia) and/or platelet function defects (e.g., uremia, 
drug therapy, ehrlichiosis, and von Willebrand’s 
disease).24,25

Preparation/administration

RBC products are refrigerated to maintain RBC viability 
and retard bacterial growth. While warming is not nec-
essary, they are frequently warmed to room temperature 

Table 59.6 Available plasma and platelet products

Product Collection/Storage Contents Indications Dose

Fresh frozen 
plasma (FFP)

Harvested < 6 hrs of blood 
collection, stored at <-18°C, 
shelf life 1 yr

Coagulation and plasma 
proteins, immunoglobulins

Coagulopathy associated 
with clotting factor 
deficiency or dysfunction

10–20 ml/kg

Stored frozen 
plasma

Harvested > 6 hrs of blood 
collection, stored at <-18°C, 
shelf life 5 yr

Coagulation factors II, VII, 
IX, X, plasma proteins, 
and immunoglobulins

Same as above but amount 
coagulation factor VIII and 
vWF deficient for treatment 
of hemophilia A or vWD

10–20 ml/kg

Cryoprecipitate Harvested from partial thaw 
FFP, stored at <-18°C, shelf life 
1 yr

Concentrated amount of 
coagulation factor VIII, 
vWF,and fibrinogen

vWD, hemophilia A, 
hypofibrinogemia

1 unit/10 kg

Platelet-rich 
plasma

Prepared from fresh whole 
blood by centrifugation, stored 
at 20–24°C in plastic bags 
under continuous agitation

Platelets, smaller amounts 
coagulation and plasma 
proteins, immunoglobulins

Severe hemorrhage from 
thrombocytopenia/
thrombocytopathia

Platelets 
collected from 
1 unit whole 
blood/10 kg

Frozen platelet 
concentrate

Collected from single donor 
via plasmapharesis, preserved 
in DMSO

Platelets, small amounts 
FFP

Severe hemorrhage from 
thrombocytopenia/
thrombocytopathia

1 unit/10 kg

vWF, vonWillebrand’s disease; vWF, vonWillebrand’s factor.
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to dilution into a transfer bag and the remainder refrig-
erated until needed.

Blood products are most commonly administered 
intravenously. The intraosseous route is appropriate 
when vascular access is unavailable (e.g., neonates and 
exotic pets). When administering RBC products intra-
venously, the diameter of the catheter must be consid-
ered. Catheter lumens smaller than 23 gauge may impede 
flow and increase the risk of RBC lysis. Blood products 
may be administered through certain commercial infu-
sion pumps. Contact with manufacturers prior to pump 
use for transfusion purposes is advisable. In emergency 
situations, blood delivery can be hastened by an external 
pressure device. Pressure should be exerted evenly over 
the bag and limited to 300 mmHg.18,26

Administration of RBC and plasma transfusions 
through a dedicated IV line is recommended, and only 
0.9% NaCl is utilized for dilution purposes. Fluids con-
taining calcium (i.e, lactated Ringer’s solution) may 
inactivate citrate anticoagulant and result in clot forma-
tion when added to the transfusion product. Hypotonic 
or dextrose-containing solutions administered concur-
rently with a blood product may result in lysis of the 
infused RBCs. An in-line blood administration filter 
(170 µm to 220 µm) is also recommended to capture any 
debris or blood clots that may result in embolism. For 
smaller-volume infusions, use of an 18 µm filter attached 
to intravenous tubing (i.e., minivolume extension set) is 
an acceptable alternative.18,24,26

Initial dose

RBC products are generally transfused to attain a PCV 
20%-30% in small animal patients. This “target”  
PCV, however, will vary with disease and comorbid 
factors. The volume of WB or pRBCs required to achieve 
this approximate goal can be calculated utilizing Equa-
tion 59.1.

Kg

dogs

or

cats

Desired PCV Recipient PCV

Donor PCV
× −

90

70

( )

( )  
(59.1)

As a general guideline, 2 ml/kg of whole blood raises 
the PCV 1% and 1 ml/kg of pRBCs raises the PCV 1% 
(see Table 59.4). These guidelines are not specific and 
may underestimate the amount of blood required for 
transfusion. The recommended starting dose for frozen 
plasma products is 10–20 ml/kg (see Table 59.5). These 
products are redosed in coagulopathic patients until 
hemorrhage is controlled. The reader can refer to Table 
59.5 for recommended initial doses of other available 
plasma products.24

Monitoring

Prior to administration of any blood product, baseline 
vitals from the recipient are obtained, including attitude, 
mucous membrane color, capillary refill time (CRT), 
heart rate (HR), respiratory rate (RR) and effort, pulse 
rate and quality, and temperature. These baseline mea-
surements are obtained to allow for comparison with 
vitals taken during the transfusion process and to aid in 
detection of a transfusion reaction. The transfusion 
administration rate is started at 50% of the total calcu-
lated rate for the first 30 minutes of the transfusion. 
During this time, the recipient’s vitals and clinical status 
are monitored every 15 minutes for any change (see Fig. 
59.2). Changes in vital signs may indicate a transfusion 
reaction (see Table 59.2). If there are no signs of reaction 
within 30 minutes of initiation, the rate is increased to 
75% of the total calculated rate and the recipient vitals 
are obtained after 15 minutes at the increased rate. The 
full transfusion rate is instituted if the recipient demon-
strates no reaction after 45 minutes of product admin-
istration. Patient monitoring is continued every 30 
minutes until completion of the transfusion.

If a sign of reaction is observed at any point during 
the transfusion, the transfusion must be stopped and a 
veterinarian notified immediately of the change. The 
recipient will be evaluated to determine the type of reac-
tion taking place (see Table 59.2 and Fig. 59.1) and the 
veterinarian will determine the proper course of action 
(see Table 59.3).

Concentrated human albumin (HA) solution

Albumin is the major osmotically active protein in the 
body and is responsible for 80% for the plasma colloid 
osmotic pressure (COP) and preservation of intravascu-
lar volume (see Chapter 51, Osmolality and Colloid 
Osmotic Pressure, for more information). Albumin’s 
additional roles include maintenance of endothelial 
integrity, mediation of coagulation, scavenging of toxic 
compounds, transportation of exogenous and endoge-
nous substances, and inhibition of oxidative injury. 
Hypoalbuminemia is common in critically ill patients 
with systemic inflammation, and is due to fluid shifts 
from the intravascular space to the interstitium, gastro-
intestinal and renal losses, and decreased production. 
The consequences of hypoalbuminemia in this patient 
population include enteral feeding intolerance, hyperco-
agulability, poor wound healing, and MOF. Additionally, 
serum albumin concentration is inversely related to 
mortality in both human and veterinary patients.27–29

Despite the well-documented detrimental effects of 
hypoalbuminemia, the merits of albumin transfusion in 
critically ill patients remain unclear. Studies evaluating 



Figure 59.2 Example blood product tranfusion log.

Date: Technician Initiating Transfusion:

Transfusion Product:

Donor/Unit ID:

Product Volume:

Full rate: 1/2 rate: 3/4 rate: 

Start Time: End Time:

Total Volume of Transfusion:

Pre PCV TS Post PCV TS

If there is a significant change in vitals at ANY time please notify the DVM.

Time
Time

Increment Time due 
Actual

time done RR HR
Rate of
Infusion Temp Rate ml/hr

Volume
infused

Pre transfusion
0

If no change with 15 minute vitals, continue at 1/2 transfusion rate

15 minutes post 
start 15

If no change with 30 minute vitals, increase to 3/4 tranfusion rate

30 minutes post 
start 15

If no change with 45 minute vitals, increase to full tranfusion rate.

45 minutes post
start  15

60 minutes post
start 15

75 minutes post
start 15

90 minutes post
start 

120 minutes post
start 

150 minutes post
start 

180 minutes post
start 

240 minutes post
start 

360 minutes post
start 

300 minutes post
start 

15

30

30

30

60

60

60

Transfusion must be completed within 6 hours or discard remainder of blood
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itoring are paramount to safe administration of HA. 
Reasonable goals for HA administration are to increase 
serum albumin to 2.0–2.5 g/dL and COP to 14–20 mmHg, 
respectively.

Preparation/administration

Prior to administration, the product is inspected for 
turbidity or discoloration and, if present, discarded. 
Human albumin is administered within 4 hours of 
opening the vial to decrease potential of bacterial con-
tamination. A vented delivery set may be used as HA is 
supplied in a glass vial, or the contents can be aseptically 
transferred to a buretrol for administration. Transfusion 
filters are routinely used with HA to filter macroaggregates 
that may form in solution, but according to the package 
insert, a filter is not required. The product may be directly 
administered or diluted with crystalloids.33,35

Dose

Dosages are based on either a calculated albumin deficit 
or an extrapolated empirical dosage of 2–5 ml of 25% 
HA per kg. Albumin deficit can be estimated using 
Equation 59.2.

10 × −
×

( )serum albumin desired serum albumin of patient

body weeight kg albumin deficit( ) .× =0 3  
(59.2)

Monitoring

Baseline vitals are obtained prior to HA administration, 
and frequent monitoring of perfusion parameters, 
including CRT, HR, pulse rate and quality, RR and effort, 
and temperature, is required throughout transfusion. 
Infusion rates are typically started at a decreased rate 
and slowly increased to full rate if no sign of reaction 
occurs (see Fig. 59.1). Signs of acute reaction warrant 
cessation of transfusion or decrease of transfusion rate. 
Emergency management of hypersensitivity reactions is 
outlined in Table 59.2. Due to the hyperoncotic nature 
of HA solution, volume overload may complicate 
therapy, and close monitoring of respiratory parameters 
and volume status (e.g., central venous pressure mea-
surements) is also indicated.

After HA administration, re-evaluation of the patient’s 
interstitial edema status, serum albumin concentration, 
and/or COP will determine transfusion efficacy. While 
significant ongoing protein losses may interfere with 
reaching target albumin level, repeat administration of 
this foreign protein is ill-advised. Implementation of 
nonprotein colloid therapy and nutritional support are 
recommended to maintain plasma COP following HA 
transfusion.

the safety and efficacy of transfusion with albumin 
products have met with conflicting results, and a sur-
vival benefit associated with its administration has yet 
to be documented in any specific patient population.30–32 
Correction of underlying cause of hypoalbuminemia, 
use of nonprotein colloids to support COP and main-
tain intravascular volume, and provision of nutrition 
remain fundamental goals of treatment in all sick 
patients. Supplementation of albumin may be prudent 
in select patients with severe ongoing fluid losses and 
resultant intravascular volume depletion or significant 
peripheral and organ edema and associated organ 
dysfunction.

Currently, the only readily available source of species-
specific albumin is plasma transfusion, administration 
of which may be limited by cost, availability, and the 
potential for volume overload. An alternative and more 
effective means of affecting serum albumin concentra-
tion is infusion of a concentrated HA solution, produced 
from fractionation of human plasma (albumin (human) 
25%, Octapharma USA, Hoboken, NJ). However, while 
pharmaceutical HA does increase albumin concentra-
tion, this product has no proven survival advantage and 
is associated with significant complications in veterinary 
patients.33–35 The most clinically relevant adverse effects 
are related to the highly antigenic nature of HA. As a 
foreign protein, HA elicits immune responses in both 
critically ill and healthy dogs. Anti-HA IgG antibodies 
have been demonstrated in some dogs with no prior 
exposure to HA and in most dogs following a single HA 
infusion (typically 2–6 weeks after transfusion).36

Adverse reactions
Reported acute reactions in canine HA recipients  
include mild type 1 hypersensitivities and, less com-
monly, hemodynamic collapse and signs of hypovolemic 
shock that characterize anaphylactic/anaphylactoid 
responses.34,35,37 These reactions are documented follow-
ing both initial and repeat exposure to HA. More 
recently, occurrence of serum sickness has been docu-
mented in canine HA recipients.35 Facial and peripheral 
edema, vomiting and inappetance, urticaria, joint effu-
sion and lameness, acute renal failure, and death several 
days to weeks following HA infusion are reported. The 
more severe clinical signs attributable to serum sickness 
occur in healthy dogs. This dichotomy may be related to 
immunocompetence and normal serum albumin con-
centrations in these recipients.36

Transfusion protocol
Risk assessment, careful recipient selection, familiariza-
tion with available HA products, and close patient mon-
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IVIG and instead associated with the patients’ underly-
ing diseases.40,43 Vomiting was reported following infu-
sion of hIVIG in a healthy dog.43 Other potential adverse 
effects are related to the product’s hyperoncotic nature 
(i.e., volume overload, especially in patients with under-
lying cardiovascular disease) and antigenicity, which 
may result in acute or delayed hypersensitivity reactions. 
The potential for sensitization in veterinary patients has 
been postulated. This may preclude safe repeat infusion 
of this product in individual patients.

Transfusion protocol
Preparation/administration

Lyophilized hIVIG products can be stored at room tem-
perature for up to 24 months prior to rehydration.44 A 
variety of diluents may be used for reconstitution; these 
vary with product and manufacturer, but include sterile 
water, 0.9% NaCl, and 5% dextrose (Gammagard S/D 
package insert, Baxter Healthcare Corporation, Westlake 
Village, CA; Sandoglobulin® immune globulin intrave-
nous (human) package insert, Novartis Pharmaceuti-
cals, East Hanover, NJ). Rehydration is recommended 
over 15–20 minutes, and gentle handling of the product 
during this process is advisable to prevent foaming. 
Refrigeration is required following reconstitution, and 
the product must be administered within 24 hours to 
reduce risk of contamination.44

Immunoglobulin is administered via a designated 
peripheral or central venous catheter. Most hIVIG man-
ufacturers advocate the use of an in-line filter during 
transfusion; filter size recommendations vary.d,e The 
product is administered at room temperature for optimal 
patient comfort.44

Dose

The optimal dose of hIVIG in veterinary patients is 
unknown. Historical doses of hIVIG in animals range 
from 0.5 to 1.5 g/kg.40–43 In five dogs with ITP, a low-dose 
therapy (0.28–0.34 g/kg) was utilized and deemed 
efficacious.41

Monitoring

An infusion period of 6–12 hours is recommended in 
human patients to ensure safe delivery, and hang times 
of 4–8 hours are reported in veterinary patients.40–44 In 
all species, transfusion is initiated at a slow rate (0.01 ml/
kg/min) and gradually increased every 30–60 minutes to 
a maintenance rate not to exceed 0.08 ml/kg/min. Fluid-
sensitive patients may not tolerate high fluid rates. Fre-
quent monitoring during administration should include: 
CRT, HR, pulse rate and quality, RR and effort, and 
temperature (see Fig. 59.1). Signs of acute hypersensitiv-
ity warrant prompt, temporary cessation of the infusion 

Lyophilized canine albumin (5g), manufactured by 
Animal Blood Resources International, may become 
available in the near future, and will likely decrease the 
incidence of severe hypersensitivity reactions in dogs. 
The reader is referred to the manufacturer to check 
product availability and obtain information regarding 
dosage and administration protocols (canine albumin, 
Animal Blood Resources International).

Human intravenous immunoglobulin (hIVIG)

Human intravenous immunoglobulin (hIVIG) is frac-
tionated from plasma pooled from 1,000–10,000 blood 
donors. This product is comprised of at least 90% bio-
logically active IgG and smaller amounts of IgE, IgA, 
IgM, and IgD. The immunomodulating properties of 
hIVIG have proven beneficial in a variety of human 
immune-mediated disorders, including systemic lupus 
erythematosus, myasthenia gravis, pure RBC aplasia, 
immune-mediated neutropenia, vasculitis, and toxic 
epidermal necrolysis.38,39

The mechanisms of action of hIVIG are complex  
but are postulated to include phagocyte Fc receptor 
blockade and resultant decreased phagocytic activity  
of mononuclear cells, modulation of T-cell function 
(inhibition of cytotoxic T cells), and attenuation of 
complement-mediated damage and proinflammatory 
cytokines.38

Commercially available hIVIG has been utilized  
with some success in dogs and cats affected with 
immune-mediated hemolytic anemia (IMHA), immune-
mediated thrombocytopenia (ITP), myasthenia gravis, 
sudden acquired retinal degeneration syndrome 
(SARDS), myelofibrosis, erythema multiforme, and a 
variety of other immune-mediated dermatologic disor-
ders (i.e., toxic epidermal necrolysis, Stevens-Johnson 
syndrome).40–43

Adverse Reactions
Adverse effects in human patients following IVIG 
administration are uncommon, affecting <5% of 
patients, and are typically limited to fever and malaise. 
More serious effects reported include hypotension 
during infusion, renal failure, aseptic meningitis, hemo-
lytic anemia, thromboembolic events, and anaphylaxis 
in patients with IgA deficiency. Volume overload and 
resultant pulmonary edema and TRALI have also been 
reported.38

Similarly, complications associated with hIVIG 
administration in veterinary patients are infrequently 
reported. Dogs with IMHA treated with this product 
have developed transient thrombocytopenia and throm-
boembolism, but these findings may be unrelated to 
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(FabAV) (ovine, Protherics, Nashville, TN)47 (see Table 
59.7). ACP is an antiserum comprised of equine gam-
maglobulins. This product is rich in antibodies that 
target the venoms of all endemic pit viper species, but 
in addition contains allergenic equine protein contami-
nant. Fab antivenom has approximately five times the 
potency of ACP, and is more efficacious than ACP for 
treatment of crotalid-induced neurotoxicity.47,50 Fur-
thermore, FabAV is less allergenic than is ACP, as it is 
pure Fab immunoglobulin and as such contains less 
contaminant than does ACP antivenom.47,50,51 A poten-
tial drawback to FabAV is its shorter half-life, which may 
allow for recurrence of the effects of unneutralized 
venom and necessitate repeat dosing.51,52 While a multi-
center trial evaluating the efficacy of FabAV in veteri-
nary patients is under way, ACP is currently the only 
product licensed for use in animals in the western 
hemisphere.

Adverse effects
Adverse effects associated with antivenom therapy are 
uncommon, and most are related to patient hypersensi-
tivity to foreign proteins in the antiserum. Mild, self-
limiting type 1 hypersensitivity reactions have a reported 
prevalence of 14%-56% and 4% in humans and dogs, 
respectively.47, 51–55 In two reports of rattlesnake enven-
omation in dogs, ACP therapy resulted in type 1 hyper-
sensitivity in 1/22 and 0/23 patients, respectively.54,55 
Clinical signs referable to allergy in affected dogs were 
limited to facial swelling and pruritus. Anaphylaxis has 
not been reported in veterinary patients. The reported 
incidence of serum sickness in human snake bite victims 
treated with ACP or FabAV is 18%-86% and 16%, 
respectively.47 A single case of serum sickness resulting 
from ACP administration to a dog following Crotalus 

and antihistamine administration (see Tables 59.2 and 
59.3). Most patients tolerate reinstitution and comple-
tion of the transfusion at a slower infusion rate.

Specific immunoglobulin therapy

Very few small animal toxicities exist for which a specific 
antidote can be provided. Three such toxicities are poi-
sonous snake envenomation, tetanus, and digitalis gly-
coside overdose. In each case, the antidote provided is 
specific immunoglobulin(s) that target(s) the toxicant, 
limiting host toxicity via immunomodulation.

Snake envenomation

Approximately 20 species of snakes native to the United 
States are venomous. Most small animal envenomations 
occur in the southwestern part of the country, and are 
attributable to Crotalidae species, or pit vipers (i.e., 
rattlesnakes, cottonmouths, and copperheads). Of the 
pit vipers, the Eastern diamondback rattlesnake is 
responsible for the majority of human fatalities annu-
ally. Less frequently, envenomations are due to Elapidae 
(i.e., coral snakes).45–47

Snake venom consists of mixtures of enzymatic pro-
teins (i.e., hylauronidase, collagenase, proteases, and 
phospholipases) that cause local tissue injury and vas-
culitis, enhancing spread of the venom. Other proteins 
and enzymes, including fibrinolysins and thrombin-like 
enzymes, result in defibrination (depletion of fibrinogen 
and fibrin) and friable clot formation, respectively. The 
end result is coagulopathy characterized by bleeding 
propensity. Victims of snake bites are also at risk for 
renal failure and for neurotoxicity associated with neu-
romuscular blockade, the latter typically caused by Elap-
idae envenomation. Lethality following envenomation is 
associated with the smaller low-molecular-weight poly-
peptides in the venom that result in increased capillary 
permeability, intravascular volume depletion from third 
spacing of fluids, and hypovolemic shock.45,46,48

While supportive measures such as administration of 
intravenous fluids, analgesics, and antibiotics (for docu-
mented concurrent bacterial infection) are the standard 
of care for victims of snake bites, administration of anti-
venom plays the most important role in morbidity and 
mortality reduction in many of these animals. A mortal-
ity reduction of 36% was observed comparing dogs that 
were treated with antivenom with those who were not 
in one study.49 The two products that thatmost fre-
quently utilized for treatment of rattlesnake bites in 
human patients are antivenin (Crotalidae) polyvalent 
(ACP) (Fort Dodge Animal Health, Overland Park, KS) 
and Crotalidae Polyvalent Immune Fab antivenom 

Table 59.7 Comparison of crotalid antivenoms

Property ACP FabAv

Source Horse Sheep
Immunoglobulin IgG Fab fragment
Potency + +++
Antigenicity +++ +
Initial Dose 10–50 ml (1–5 vials) 4–6 vials
Clearance/need for 
repeat administration

+ +++

Approximate Cost $250/vial $3,500/vial
Licensure Human, animal Human

ACP, antivenin (Crotalidae) polyvalent; FabAV, Crotalidae 
Polyvalent Immune Fab (ovine).



770  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

tissue swelling and reassessment of coagulation status 
will help determine the need for antivenom redosing. 
The dose may be repeated as needed every 2 hours for 
clinically significant coagulopathy or if local swelling 
worsens despite therapy.45

Tetanus

Tetanus is an acute toxigenic illness that occurs subse-
quent to infection with the spore-forming bacillus Clos-
tridium tetani. In dogs and cats, the source of the 
infection is typically a contaminated penetrating wound, 
and clinical signs of illness occur 5–10 days following 
inoculation of the organism.

Clostridium tetani spores produce two toxins, tetano-
lysin and tetanospasmin, the latter of which is respon-
sible for the neurologic signs associated with infection. 
The toxin travels up peripheral nerves and hematologi-
cally to the central nervous system and inhibits the 
release of the inhibitory neurotransmitters gamma-
aminobutyric acid (GABA) and glycine. Loss of neuro-
nal inhibition of skeletal muscle and autonomic 
dysfunction ensue.

Clinical signs associated with infection include severe 
muscle rigidity and cranial nerve deficits (i.e., facial 
muscle spasms [risus sardonicus], lockjaw [trismus], 
third eyelid protrusion, and dysphagia). Additionally, 
disinhibition of the sympathetic nervous system and 
excessive catecholamine levels may result in tachycardia 
and hypertension.60,61

Specific immunoglobulins that target tetanospasmin 
in the blood are a mainstay of therapy. Two products 
exist for treatment of tetanus in dogs, cats, and  
humans: equine antitetanus serum (ATS) (Professional 
Biological Company, Denver, CO) and human tetanus 
immune globulin (TIG) (Bayer Corporation, Elkhart, 
IN).61,62 As both are comprised of foreign proteins, 
hypersensitivity reactions are possible during and fol-
lowing administration.

Protocol
Recommended antitoxin dosage varies widely from 100 
to 1,000 units/kg with a maximal dosage of 20,000 units. 
Antitoxin may be administered intravenously (ATS), 
intramuscularly (ATS, TIG), or subcutaneously (ATS). 
Other reported dosing regimens include 1,000 units at 
the wound site or 1–10 units intrathecally. However, 
intrathecal administration has been shown to increase 
morbidity and mortality in human patients and is not 
currently recommended.61

Patients receiving antitoxin are monitored closely for 
signs of acute hypersensitivity, and emergency drugs 
(see Table 59.2) should be readily available.

adamanteus envenomation has been reported.56 The dog 
developed fever, anorexia, lethargy, and generalized 
pitting edema 3 days after ACP therapy. The dog made 
a full recovery.

An antivenom formulated from hyperimmune equine 
serum (IgG) is also available for small animal victims of 
systemic elapid snake envenomation.57 Similar acute 
and/or delayed hypersensitivity reactions may compli-
cate therapy with this antivenom, with one fatal acute 
anaphylactic reaction reported in a canine patient fol-
lowing initial exposure to the product.58

Protocol
Antivenom therapy is recommended for victims of 
snake bites with worsening local injury, clinically signifi-
cant coagulopathy, or systemic signs of shock. The rec-
ommended initial dosage of antivenom varies with bite 
size and amount of venom injected, time elapsed since 
envenomation, severity of clinical signs, and patient size.

Preparation/administration

Skin testing for prediction of allergic response may be 
performed by injecting a 1:10 dilution of antivenom at 
0.02 ml subcutaneously. A positive reaction, manifested 
by a wheal surrounded by erythema, occurs within 30 
minutes.59 A negative skin test, however, does not guar-
antee a severe reaction will not take place, and the time 
it takes to perform the test delays prompt administration 
of the antivenom (the sooner the product is adminis-
tered, the more effective it is).48,59 Therefore, routine skin 
testing is not recommended.

Antivenom is reconstituted with the provided diluent. 
It should be swirled but not shaken, and the vial warmed 
to body temperature to facilitate reconstitution, which 
usually takes between 10 and 15 minutes.48 The recon-
stituted antivenom is diluted at a ratio of one vial to 
100–250 ml of isotonic crystalloids, adjusting the volume 
to prevent fluid overload in at-risk patients.59 The initial 
dosage is administered intravenously over 30 minutes.

Dose

The suggested starting dose ranges from 10 to 50 ml (one 
to five vials). Redosing depending on product and clini-
cal efficacy may be necessary. Antivenom is costly and 
financial constraints may need to be considered before 
administration.48

Monitoring

Careful patient monitoring during infusion is para-
mount for early detection of allergy or anaphylaxis, and 
emergency drugs including epinephrine, antihistamines, 
and corticosteroids should be readily available while 
monitoring for a reaction. Frequent measurement of 
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nary case reports, digoxin-specific antibody is adminis-
tered. 63–67

Digibind (Digoxin Immune Fab (ovine), GlaxoS-
mithKline, Research Triangle Park, NC) is ovine-derived, 
digoxin-specific Fab antibody fragment with a reported 
efficacy of >80% in patients with refractory, life-
threatening digitalis glycoside toxicity.65

Adverse reactions
Potential side effects associated with this therapy are 
infrequently reported in human reviews, but include 
allergic reactions (<1%), severe acute hypokalemia from 
reversal of pump paralysis (4%), and exacerbation of 
congestive heart failure.63–66 No detrimental effects have 
been reported in the few veterinary cases to which this 
therapy has been applied. However, the foreign nature 
of the Fab fragments (ovine-derived) imparts the poten-
tial for more serious allergic or anaphylactic reactions, 
and repeat dosing is currently not recommended in vet-
erinary patients.

Protocol
Preparation/administration

Digibind is diluted with isotonic saline and adminis-
tered through a 0.22 µm filter.64,67 It may be bolused in 
emergency situations; however, an infusion over 1–2 
hours is recommended when possible.64

Dose

Determination of appropriate Digibind dose is based on 
the digoxin body load (DBL), which is estimated by 
either the serum concentration or the amount ingested.64 
The serum digoxin concentration obtained 8 hours after 
the last dose is incorporated into Equation 59.3, where 
*V = volume of distribution in dogs (5.6 L/kg for digoxin 
and 0.56 L/kg of digitoxin).

DBL

Serum glycoside concentration ng/ml

* body weight kg

=

× ×
( )

(V ))

1000

 (59.3)

The dose of Digibind is then calculated utilizing 
Equation 59.4, where *DBL = digoxin body load (see Eq. 
59.3).64,67

*DBL

mg/vial
of vials

0 6.
#=  (59.4)

Alternatively, if the amount of digoxin ingested is 
known, this information can be utilized to determine 
Fab dosing. Approximately 0.6 mg of digoxin is  

Digibind

Digitalis glycosides (i.e., digoxin) are frequently pre-
scribed by practitioners for cardiovascular disease in 
veterinary patients. These agents exert positive inotropic 
effects via dose-dependent inhibition of the cardiac Na-
K-ATPase pump, and subsequent increased intracellular 
calcium and force of cardiac contraction (see Fig. 59.3). 
Antiarrhythmic effects are mediated through an increase 
in parasympathetic tone and include decreased sinus 
rate, depressed impulse conduction through the AV 
node, prolonged AV refractory period, and decreased 
automaticity of specialized atrial fibers. These effects 
make glycosides appropriate agents for management of 
supraventricular tachycardias and systolic dysfunction.

These agents, however, have low therapeutic to toxic 
ratios, and inadvertent overdose can be fatal. Extra-
cardiac effects associated with digitalis glycoside toxicity 
are common, and include depression and inappetance, 
nausea, vomiting, and diarrhea. More importantly, over-
dose can result in a variety of cardiac conduction dis-
turbances (i.e., atrioventricular block and bundle branch 
block), atrial and ventricular arrhythmias, and life-
threatening hyperkalemia and resultant cardiac 
dysrhythmias.

Treatment of toxicity may include gastric decontami-
nation, IV fluid therapy, administration of cardioprotec-
tive drugs (i.e., calcium and antiarrhythmic agents), and 
cardiac pacing. Additionally, in cases of life-threatening 
toxicosis in human patients and sporadically in veteri-

Figure 59.3 Mechanism of action of cardiac glycosides. Cardiac 
glycosides inhibit the cardiac Na+/K+ATPase pump. This inhibi-
tion leads to an accumulation of intracellular Na+, decreased Na+, 
Ca2+ exchange and a resultant increase in intracellular Ca2+. 
Higher intracellular Ca2+ concentration leads to increased force of 
ventricular contraction.

↑ SR Ca++
content

Na+

Na+

Ca++

↑ i[Na+]

↑ [Ca++]K+

↑ Cellular Ca++

↑ Force of
Contraction

Cardiac Glycoside



772  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

Specific indications and contraindications are not estab-
lished for veterinary patients.

Despite lack of established indications, thrombolytic 
agents have been utilized in dogs and cats with clots of 
the arterial and venous circulation. No survival advan-
tage has been documented associated with their admin-
istration, and reported adverse effects, including fever, 
hyperkalemia, significant hemorrhage, and acute death 
are common.72–76

Products
Available agents include streptokinase, urokinase-type 
plasminogen activator (u-PA), and tissue-type plasmin-
ogen activator (t-PA).

Streptokinase
Streptokinase is a bacterial protein produced by hemo-
lytic species of Streptococci that indirectly activates plas-
minogen to plasmin. Because of its bacterial origin, this 
protein can elicit an immune response in the recipient, 
particularly in patients with previous β-hemolytic Strep-
tococci infection. Circulating antibodies to streptokinase 
limit the efficacy of the agent (necessitating a loading 
dose initially) and may result in hypersensitivity reac-
tions. Reported signs in human patients include pruri-
tus, rash, and hypotension and bradycardia more 
commonly following rapid infusion and thought to be 
associated with histamine and/or bradykinin release. 
Additional detrimental effects associated with streptoki-
nase administration are systemic hemorrhage due to 
activation of fibrin-bound (thrombus-associated) AND 
circulating plasminogen, and ischemia-reperfusion 
injury when blood flow to ischemic areas is re-established. 
Reperfusion of such areas leads to systemic release  
of reactive oxygen species, metabolic acidosis, and 
hyperkalemia.

Tissue plasminogen activator
Tissue plasminogen activator is secreted by endothelial 
cells and circulates in the blood. Human recombinant 
t-PA is derived from mammalian cell tissue culture, and 
hypersensitivity reactions are possible in veterinary 
patients, as are systemic bleeding and reperfusion injury. 
However, as t-PA is more specific for thrombus-
associated plasminogen (as opposed to circulating plas-
minogen), severe hemorrhage is less likely than with 
streptokinase.

Urokinase
Urokinase is found in the urine and produced from 
human neonatal kidney cells in tissue culture. This 
enzyme has clot specificity in between that of streptoki-
nase and t-PA. This product has been infrequently 

neutralized for every 40 mg vial of Fab administered.67 
For acute ingestion, 40 mg of Digibind is administered 
for every 1 mg of digoxin consumed.67 If the DBL is 
unknown, an empirical Fab dose of 80 mg is 
suggested.64

Thrombolytic agents

Endothelial injury, alterations in blood flow, and hyper-
coagulable states increase the risk for thrombosis (clot 
formation). These risk factors (known together as Vir-
chow’s triad) are associated with many conditions 
common to critically ill veterinary patients, including 
but not limited to sepsis, systemic inflammatory response 
syndrome, hyperadrenocorticism, diabetes mellitus, car-
diomyopathy, neoplasia, protein-losing nephropathy or 
enteropathy, immune-mediated hemolytic anemia, bite 
wounds, snake envenomation, polytrauma, heat stroke, 
and burns. The end results of thrombosis are maldistri-
bution of blood flow (which may cause signs of shock), 
tissue ischemia, and hypoxia.

The fibrinolytic system is responsible for clot dissolu-
tion through the formation of the enzyme plasmin. 
Plasmin is derived from the inactive proenzyme plas-
minogen via the action of the body’s plasminogen acti-
vators. Once generated, plasmin is responsible for 
fibrinolysis (fibrin degradation and subsequent clot 
lysis) (see Fig. 59.4).

Thrombolytic agents augment fibrinolysis via conver-
sion of plasminogen to plasmin, and have been utilized 
for treatment of thrombi in both human and veterinary 
patients.

Indications for thrombolytic agents in human patients 
include massive pulmonary embolism complicated  
by right heart failure and/or hypotension, and > 50% 
obstruction of a major pulmonary artery. Contraindica-
tions include acute myocardial infarction, intracranial 
hemorrhage, head trauma, and ischemic stroke. 68–71 

Figure 59.4 Initiation of fibrinolysis.
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administered to veterinary patients and carries risks 
similar to other thrombolytic agents.

Protocol
The patient receiving thrombolytic therapy requires 
intensive monitoring and nursing care. The most 
common complication of these agents is hemorrhage, 
which may manifest as a dropping PCV in association 
with hematuria, gastrointestinal or oral mucosal bleed-
ing, bleeding from catheter insertion sites, dyspnea, or 
changes in neurologic status.71 Catheter-associated 
bleeding may be subtle and go undetected until a sub-
stantial volume of blood is lost, as hemorrhage can 
migrate down fascial planes or be covered by catheter 
wraps.73 Direct manual pressure may be applied to a 
hemorrhaging catheter site, and bleeding patients may 
require therapy with blood components. Frequent 
assessment of mucous membrane color and CRT, RR 
and effort, HR, pulse quality, blood pressure, and tem-
perature can aid in detection of ongoing bleeding. Meta-
bolic acidosis and electrolyte abnormalities such as 
hyperkalemia associated with tissue reperfusion are 
common complications of thrombolytic therapy and 
depending on severity can be fatal. Continuous ECG 
monitoring is indicated as rising serum potassium 
causes a progression of ECG changes. Narrow, peaked 
or “tented” T-waves, flattening and disappearance of the 
P waves, and widening of the QRS complexes typify the 
cardiotoxicity associated with progressive hyperkalemia. 
Tachypnea is nonspecific and may indicate a metabolic 
acidosis with secondary respiratory compensation, pain, 
pulmonary thromboembolism, or hemorrhage. Allergic 
reactions and anaphylaxis are not well documented in 
the veterinary patient, but result in pruritus, rash, and 
fever in humans.68

Conclusions

Most veterinarians would consider biologic products as 
an essential component of their armamentarium. These 
agents are indicated for a variety of clinical syndromes 
in critically ill patients but do carry significant risks. Safe 
administration of biologic products involves appropri-
ate patient selection, awareness of associated adverse 
effects and timely interventions if an untoward reaction 
is suspected. Implementation of evidence-based guide-
lines and standardized hospital protocols for adminis-
tration of these products are recommended.

References
 1. Prittie J. Triggers for use, optimal dosing, and problems associ-

ated with red cell transfusions. Veterinary Clinic Small Anim 
2003; 33: 1261–1275.



774  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

47. Gold B, Dart R, and Barish R. Bites of venomous snakes. N Engl 
J Med 2002; 347(5): 347–356.

48. Peterson M. Snake bite: pit vipers. Clin Tech Small Anim Pract 
2006; 21: 174–182.

49. Schaer M. Eastern diamondback rattlesnake envenomation of 20 
dogs. Comp Cont Ed; 6(11): 997–1006.

50. Consroe R, Egan N, Russel F, et al. Comparison of a new ovin 
antigen binding fragment (Fab) antivenin for United States Cro-
talidae with the commercial antivenin for protection against 
venom-induced lethality in mice. Am J Trop Med Hyg 1995; 53: 
507–510.

51. Dart R, Seifert s, Boyer L, et al. A randomized multicenter trial of 
crotalidea polyvalent immune Fab (ovine) antivenom for the 
treatment of crotaline snakebit in the United States. Arch Intern 
Med 2001; 161: 2030–2036.

52. Dart R and McNally J. Efficacy, safety, and use of snake  
antivenoms in the United States. Ann Emerg Med 2001; 37: 
181–188.

53. Jurkovich G, Luterman A, McCullar K, et al. Complications of 
crotalidae antivenin therapy. J Trauma 1988; 28: 1032–1037.

54. Willey J and Schaer M. Eastern diamondback rattlesnake (Crota-
lus adamanteus) envenomation of dogs: 31 cases (1982–2002). J 
Am Anim Hosp Assoc 2005; 41: 22–33.

55. Hackett T, Wingfield W, Mazzaferro E, et al. Clinical findings 
associated with prairie rattlesnake bites in dogs: 100 cases (198–
1998). J Am Vet Med Assoc 2002; 220(11): 1675–680.

56. Berdoulay P, Schaer M, and Starr J. Serum sickness in a dog 
associated with antivenin therapy for snake bit caused by Crotalus 
adamanteus. J Vet Emerg Crit Care 2005; 15(3): 206–212.

57. Heller J, Mellor D, Hodgson J, et al. Elapid snake envenomation 
in dogs in New South Wales: a review. Aust Vet J 2007; 85(11): 
469–479.

58. Kremer K and Schaer M. Coral snake (Micrurus Fulvius Fulvius) 
envenomation in 5 dogs: present and earlier findings. J Vet Emer 
Crit Care 1995; 5(1): 9–15.

59. Peterson M. Snake bite: coral snakes. Clin Tech Small Anim Pract 
2006; 21: 183.

60. Loose N and Carey S. A dog with generalized muscle stiffness. Vet 
Med 2004; 99(1): 1089–1097.

61. Linnenbrink T and McMichael M. Tetanus: Pathophysiology, 
clinical signs, diagnosis, and update on new treatment modalities. 
J Vet Emerg Crit Care 2006; 16(3): 199–207.

62. Coleman ES. Clostridial neurotoxins: tetanus and botulism. 
Comp Cont Ed 1998; 20(10): 1089–1097.

63. Smith T, Butler V, Haber E, et al. Treatment of life-threatening 
digitalis intoxication with digoxin-specific Fab antibody frag-
ments. N Engl J Med 1982; 307: 1357–1362.

64. Martiny S, Phelps S, and Massey K. Treatment of severe digitalis 
intoxication with digoxin-specific antibody fragments: a clinical 
review. Crit Care Med 1988; 16(6): 629–635.

65. Lapostolle Frederic, Borron S, Verdier C, et al. Digoxin-specific 
Fab fragments as single first-line therapy in digitalis poisoning. 
Crit Care Med 2008; 36: 3014–3018.

66. Antman E, Wenger T, Butler V, et al. Treatment of 150 cases of 
life-threatening digitalis intoxication with digoxin-specific Fab 
antibody fragments. Circ 1990; 81: 1744–1752.

67. Senior D, Feist E, Stuart L, et al. Treatment of acute digoxin toxi-
cosis with digoxin immune Fab (ovine). JVIM 1991; 5(5): 
302–303.

68. Jaffe A. Thrombolytic therapy. 1994 In The Pharmacologic 
Approach to the Critically Ill Patient pp. 347–364. Williams & 
Wilkins.

69. Whelan M and O’Toole T. The use of thrombolytic agents. Comp 
Cont Ed 2007; 29(8): 476–81.

25. Abrams-Ogg A. Triggers for prophylactic use of platelet transfu-
sions and optimal dosing in thrombocytopenic dogs and cats. Vet 
Clin Small Anim 2005; 33: 1401–1418.

26. Lewis, Heitkemper, Dirksen, et al. Medical-Surgical Nursing 2007. 
Section XI (31). St. Louis, Mosby-Elsevier.

27. Mazzaferro E, Rudloff E, and Kirby R. The role of albumin 
replacement in the critically ill veterinary patient. J Vet Emer Crit 
Care 2002; 12(2): 113–124.

28. Vincent J, Dubois M, Navickis R, et al. Hypoalbuminemia in acute 
illness: is there a rationale for intervention. A meta-analysis of 
cohort studies and controlled trials. Ann of Surg 2003; 237(3): 
319–334.

29. Michel K. Prognostic value of clinical nutritional assessment in 
canine patients. J Vet Emer Crit Care 1993; 3(2): 96–103.

30. Wilkes M and Navackis R. Patient survival after human albumin 
administration: a neta-analysis of randomized, controlled trials. 
Ann of Intern Med 2001; 135: 149–164.

31. Cochrane Injuries Group Albumin Reviewers. Human albumin 
administration in critically ill patients: systematic review of ran-
domized controlled trials. Br Med J 1998; 317: 235–240.

32. SAFE study investigators. A comparison of albumin and saline 
for fluid resuscitation in the intensive care unit. N Engl J Med 
2004; 350(22): 2247–2256.

33. Trow A, Rozanski E, deLaforcade, et al. Evaluation of use of 
human albumin in critically ill dogs: 73 cases (2003–2006). J Am 
Vet Med Assoc 2008; 233(4): 607–612.

34. Cohn L, Kerl M, Lenox C, et al. Response of healthy dogs to infu-
sions of human serum albumin. Am J Vet Res 2007; 68(6): 
657–663.

35. Francis A, Martin L, Haldorson G, et al. Adverse reactions sug-
gestive of type III hypersensitivity in six healthy dogs given 
human albumin. J Am Vet Med Assoc 2007; 230(6): 873–879.

36. Martin L, Luther T, Alpe D, et al. Serum antibodies against human 
albumin in critically ill and healthy dogs. J Am Vet Med Assoc 
2008; 232(7): 1004–1009.

37. Mathews K and Barry M. The use of 25% human serum albumin: 
outcome and efficacy in raising serum albumin and systemic 
blood pressure in critically ill dogs and cats. J Vet Emer Crit Care 
2005; 15(2): 110–118.

38. Mackay I and Rosen F. Immunomodulation of autoimmune and 
inflammatory diseases with intravenous immune globulin. N 
Engl J Med 2001; 345(10): 747–755.

39. Knezevic-Maramica and Kruskall M. Intravenous immune glob-
ulins: an update for clinicians. Transf 2003; 43: 1460–1480.

40. Kellerman D and Bruyette D. Intravenous human immunoglobu-
lin for the treatment of immune-mediated hemolytic anemia in 
13 dogs. J Vet Intern Med 1997; 11: 327–332.

41. Bianco D, Armstrong P, and Washabau R. Treatment of severe 
immune-mediated thrombocytopenia with human IV immuno-
globulin in 5 dogs. J Vet Intern Med 2007; 21: 694–699.

42. Byrne K and Giger U. Use of human immunoglobulin for treat-
ment of severe erythema multiforme in a cat. J Am Vet Med Assoc 
2002; 220(2): 197–201.

43. Scott-Moncrieff J and Reagan W. Human intravenous immuno-
globulin therapy. Sem Vet Med and Surg (Sm Anim) 1997; 12(3): 
178–185.

44. Murphy E, Martin S, & Valine-Patterson J. Developing practice 
guidelines for the administration of intravenous immunoglobu-
lin. Journ of Infusn Nurs 2005; 28(4): 265–272.

45. Najman L and Seshadri R. Rattlesnake envenomation. Comp 
Cont Ed 2007; 29(3): 166–177.

46. Juckett G and Hancox J. Venomous snakebites in the United 
States: management review and update. Am Fam Phys 2002; 
66(1): 30–38.



Administration of Biological Products  775

70. Menon V, Harrington R, Hochman J, et al. Thrombolysis and 
adjunctive therapy in acute myocardial infarction: The seventh 
ACCP conference on antithrombotic and thrombolytic therapy. 
Chest 2004; 126(S3): 549S-575S.

71. Thompson M, Scott-Moncrieff C, and Hogan D. Thrombolytic 
therapy in dogs and cats. J Vet Emerg Crit Care 2001; 11(2): 
111–121.

72. Killingsworth C, Eryster G, Adams T, et al. Streptokinase treat-
ment of cats with experimentally induced aortic thrombosis. Am 
J Vet Res 1986; 47(6): 1351–1359.

73. Moore K, Morris N, Dhupa N, et al. Retrospective study of strep-
tokinase administration in 46 cats with arterial thromboembo-
lism. J Vet Emerg Crit Care 2000; 10: 245–257.

74. Ramsey C, Burney, Macintire D, et al. Use of streptokinase in four 
dogs with thrombosis. J Am Vet Med Assoc 1996; 209(4): 
780–785.

75. Tater K, Drellich S, and Beck K. Management of femoral artery 
thrombosis in an immature dog. J Vet Emerg Crit Care 2005; 
15(1): 52–59.

76. Whelan MF, O’Toole T, Chan D, et al. Retrospective evaluation 
ofurokinase use in cats with arterial thromboembolism. J Vet 
Emerg Crit Care 2005; 15(S8).



776

60
Blood glucose monitoring and glycemic control

Erica L. Reineke

In animals, blood glucose concentration is maintained 
within a very narrow range due to a dynamic balance 
between production, storage, and release of glucose. 
Quantitively, glucose is the most abundant carbohydrate 
that exists in the circulation and serves as the principal 
fuel for peripheral tissues except during prolonged 
fasting.1 Glucose comes from intestinal absorption 
through digestion of carbohydrates, from breakdown of 
glycogen, or from production of glucose via precursors 
such as lactate, pyruvate, amino acids and glycerol. 
When blood glucose concentration rises, the anabolic 
hormone insulin is secreted from the β–cells in the pan-
creas.2 Ultimately, the effect of insulin is to lower blood 
glucose concentration by causing increased transport of 
glucose into cells where it is used to form energy or 
stored in the form of glycogen. In addition, insulin  
also decreases the production of additional glucose by 
inhibiting gluconeogenesis and glycogenolysis. When 
hypoglycemia develops, there is increased secretion of 
the counter-regulatory hormones: glucagon, catechol-
amines, cortisol, and growth hormone. These hormones 
increase blood glucose concentration though inhibition 
of peripheral glucose utilization, increasing hepatic  
glycogenolysis and gluconeogenesis, and inhibition of 
insulin secretion. The maintenance of a normal blood 
glucose concentration depends on appropriate hormone 
secretion in response to changing blood glucose concen-
trations in addition to normal hepatic glycogen synthe-
sis, glycogenolysis, and gluconeogenesis.2 Abnormalities 
in any of these physiologic functions can lead to either 
high or low blood glucose levels.

Abnormalities in glucose homeostasis

Abnormalities in glucose homeostasis (low or high 
blood glucose concentrations) occur commonly in the 
small animal patient. Normal blood glucose concentra-
tions vary from 53–117 mg/dL (2.9 to 6.5 mmol/L) in 
the resting state in dogs and 57–131 mg/dL (3.1 to 
7.2 mmol/L) in cats.3 The appearance of clinical signs 
related to altered blood glucose depends not only on the 
absolute glucose concentration, but also on the dura-
tion, degree, but rate of decline or rise of glucose.

Hypoglycemia
Hypoglycemia occurs when the blood glucose concen-
tration reaches <50 mg/dl in both dogs and cats. Clinical 
signs of hypoglycemia primarily manifest as cerebral 
dysfunction including behavioral changes, ataxia, col-
lapse, seizures, stupor and coma.4–6 These clinical signs 
occur because the brain, unlike most other tissues in the 
body, has an obligatory need for glucose for the produc-
tion of ATP.7 The brain has limited glycogen stores; 
therefore, it relies on hepatic glycogen breakdown to 
supply the glucose it requires for normal function. Other 
clinical signs of hypoglycemia which may occur in the 
small animal patient, such as pacing, vocalizing, restless-
ness, shaking and trembling, likely result from activation  
of the adrenergic system in response to impending 
hypoglycemia.5

When neuroglycopenia, or hypoglycemia of the 
central nervous system occurs, the reduction in  
cerebral ATP production results in dysfunction of the 
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Documented causes of hyperglycemia in veterinary 
patients include diabetes mellitus, hyperadrenocorti-
cism, acromegaly, stress, and pancreatitis. There are also 
iatrogenic causes such as the administration of glucose-
containing fluids, parenteral nutrition, and administer-
ing medications such as glucocorticoids. In addition, 
hyperglycemia has been also documented to occur in 
critically ill animals including those with head trauma, 
sepsis, and congestive heart failure.15–18

Hyperglycemia that occurs secondary to critical illness 
in nondiabetic patients has been termed stress hypergly-
cemia or diabetes of injury. Stress hyperglycemia likely 
results from a combination of low or normal insulin 
concentrations, increased counter-regulatory hormone 
secretion, peripheral tissue insulin resistance, and 
deranged hepatic autoregulatory mechanisms.14 Initially, 
this was considered to be an adaptive response of the 
body during illness or injury to maintain an energy 
supply to non-insulin dependent tissues such as the 
brain and immune system.19 However, a large body of 
evidence in the human medical literature suggests that 
even moderate hyperglycemia can contribute to both 
morbidity and mortality in critically ill humans with 
severe brain injury, trauma, burns, sepsis, myocardial 
infarction and stroke.20–26

Although hyperglycemia has been documented to 
occur in critically ill veterinary patients, its effect on 
outcome is less well defined. In a study of dogs and  
cats sustaining head trauma, hyperglycemia at admission 
was associated with worse neurologic disease but not 
outcome.15 However, in a study evaluating dogs and 
cats presenting to an emergency service with congestive 
heart failure, hyperglycemia at admission was associated 
with a worse outcome.18 Critically ill cats admitted to 
an intensive care unit were found to have a higher  
median blood glucose concentration (183 mg/dL, range 
51–321 mg/dL) than healthy controls and found to  
have similar hormonal derangements as critically ill 
humans.27 Similarly, in a subsequent study, 16% of 
critically ill dogs admitted to an intensive care unit  
were found to have hyperglycemia. In this study, non-
survivors had signi ficantly higher blood glucose concen-
trations than survivors. Interestingly, those dogs that 
developed hyperglycemia during hospitalization had  
a longer length of hospitalization and more septic 
complications.17

In conclusion, current veterinary research suggests 
that hyperglycemia is occurring in critically ill veterinary 
patients. However, further clinical research is needed to 
determine whether these elevations in blood glucose 
actually have detrimental consequences in our patients 
or whether hyperglycemia is just a reflection of disease 
severity.

membrane-associated Na-K-ATPase pumps. The result 
of this pump failure is cell swelling and release of excit-
atory neurotransmitters such as glutamate and aspar-
tate, which ultimately results in the clinical signs 
associated with cerebral dysfunction. Severe and pro-
longed hypoglycemia can lead to neuronal cell death.8,9 
Therefore, early recognition and emergency treatment 
of hypoglycemia is essential to prevent permanent neu-
ronal damage.

Hypoglycemia may occur in the small animal patient 
due to decreased production of glucose by the body or 
increased utilization. Common causes of hypoglycemia 
include juvenile and toy breed hypoglycemia, insulin-
oma or iatrogenic insulin overdose, hepatic failure, 
sepsis, and xylitol ingestion.

Hyperglycemia
Hyperglycemia is considered to be present when the 
blood glucose concentration exceeds 117 mg/dl in dogs. 
In cats, hyperglycemia is less well defined but is usually 
considered to be present when the blood glucose con-
centration exceeds 130 mg/dl. When only mild eleva-
tions in blood glucose concentration occur, clinical signs 
are generally absent. However, with severe elevations in 
blood glucose concentrations, clinical signs can include 
increased thirst and urination, dehydration, alterations 
in mental status, and coma.

Since glucose contributes to the osmolality of the 
blood, it is capable of causing the movement of water 
between body compartments. Hyperglycemia results in 
fluid shifting from the intracellular compartment into 
the intravascular space resulting in cellular shrinkage.10 
Once the glucose concentration in the blood exceeds the 
renal transport maximum, glucosuria will occur. The 
result is an osmotic diuresis, which may potentiate dehy-
dration and hypovolemia in animals who are unable to 
drink water to compensate for these fluid losses.11 In 
addition, chronic hyperglycemia and hyperosmolality 
induces the formation of osmotically active idiogenic 
osmoles in the brain. The purpose of idiogenic osmoles 
is to protect the brain against cerebral dehydration by 
preventing water movement from the brain into the 
blood.12

In addition to its effects on water distribution in the 
body, hyperglycemia can also contribute to the suppres-
sion of the immune system. Hyperglycemia has been 
found to inhibit cytokine release from macrophages and 
to impair phagocytosis and free radical production from 
leukocytes.13,14 Finally, hyperglycemia can contribute to 
an overall proinflammatory and prothrombotic state 
through release of pro-inflammatory cytokines and acti-
vation of the coagulation system.13,14
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results than capillary samples. However, in fasting sub-
jects the glucose values obtained in arterial, capillary, 
and venous samples are practically the same. It is only 
after meals when glucose uptake by the periphery may 
be rapid, which results in arterial and capillary glucose 
samples possibly exceeding venous samples.28

Glucose concentration, if not measured immediately, 
will decrease after blood collection due to ongoing gly-
colysis by red blood cells and leukocytes. This may lead 
to an artifactual lower blood glucose measurement.29 
Addition of preservatives, such as sodium fluoride, may 
help to avoid or delay this loss.28 Another option for 
avoiding artifactually low blood glucose measurements 
is to promptly separate plasma from the cellular com-
ponents in blood and measure the glucose concentra-
tion of the plasma.

Methods of measuring glucose concentration
Glucose measurements are based on one of three enzym-
es systems—glucose oxidase, glucose-1-dehydrogenase, 
or hexokinase—which cause glucose conversion.29,32 
These enzymatic reactions are either colorimetrically 
detected through reflectance or absorbance photometry, 
or amperometrically (electrochemical) detected. For 
example, glucose oxidase catalyzed reactions result in 
the production of gluconic acid and hydrogen peroxide. 
In colorimetric detection systems, hydrogen peroxide 
reacts with various hydrogen donors to produce a color 
change that is proportional to glucose concentration. 
This color change is measured using a reflectance  
photometer that converts the reflected light to an  
electronic signal for digital display.33 Amperometric 
detection systems utilize the glucose oxidase or glucose-
1-dehydrogenase enzymes. In amperometric measuring 
devices, an electrical current is produced from the reac-
tion that is directly measured. Finally, for systems utiliz-
ing the enzyme hexokinase, NADH reacts with a dye to 
produce a color change detected by the machine.33

Instruments used to measure glucose
Blood glucose measurements are typically performed 
either in a central laboratory or cage-side using portable 
devices. As pathologic changes in blood glucose concen-
tration require immediate intervention, blood glucose 
measuring devices need to provide rapid and accurate 
results. Unfortunately, central laboratory measurements 
of blood glucose concentration take too long to obtain 
to be clinically useful. Therefore, cage-side glucose mea-
suring devices are typically used in the clinical setting. 
In addition to providing rapid results, these cage-side 
portable blood glucose measuring devices also use 

Blood glucose monitoring

As derangements in blood glucose concentration are 
common, blood glucose measurements and serial blood 
glucose monitoring should be performed on all critically 
ill patients. For patients presenting on an emergency 
basis, a blood glucose measurement should be per-
formed at the time of presentation to the veterinary 
hospital, especially if clinical signs such as altered mental 
status, seizures, or coma are present. Hospitalized 
patients should have blood glucose measurements  
performed at least once daily or more often depending 
on the underlying disease process or administration  
of therapies, such as dextrose containing fluids or 
insulin, which are known to affect blood glucose 
concentration.

The method by which glucose is measured and the 
type of blood drawn (arterial, venous, or capillary) may 
lead to differing blood glucose measurements. There-
fore, it is important to become familiar with the various 
methods available to measure blood glucose concentra-
tion and possible confounding issues a veterinary tech-
nician and clinician might encounter.

Blood glucose measurements can be performed on 
whole blood, serum, or plasma. Glucose measurements 
performed on plasma or serum are approximately 12%-
13% higher than whole blood measurements.28 This is 
because the water content of red blood cells (73%) is less 
than that of plasma (93%), and because glucose is freely 
diffusible between plasma and erythrocytes; the greater 
the water content of plasma means that the glucose con-
centration per unit volume is higher.28 In addition, as 
the water content of whole blood is the sum of plasma 
water and red blood cell water, glucose concentration 
will strongly depend on the hematocrit of the sample. 
For example, in severe anemia, whole blood glucose and 
plasma glucose concentration will be nearly equal. With 
rising hematocrits, the disparity between whole blood 
and plasma glucose concentration increases.29,30 For the 
most part, the differences in glucose concentration 
between plasma and whole blood are minor (<20% dif-
ference) and will typically not affect clinical decision 
making. However, in human medicine, to avoid any 
potential clinical misinterpretation, it has been sug-
gested that only glucose concentration in plasma be 
reported. The current recommendation is to apply the 
constant factor of 1.11 for the conversion between con-
centration of glucose in blood and the equivalent con-
centration in plasma.31 No similar recommendations 
currently exist in veterinary medicine.

Measured glucose concentration may also vary 
depending on the location of the blood drawn. For 
example, venous blood samples will give slightly lower 
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mechanical impedance of plasma diffusion into the 
reagent layer of the strip at higher hematocrits, resulting 
in slower diffusion of glucose and hence lower glucose 
measurements are obtained.42 In patients with anemia, 
artifactually increased blood glucose measurements  
may be obtained, which may result in masking 
hypoglycemia.

Substances such as drugs may also affect glucose mea-
surements obtained by PBGMs. In a study published in 
2000 evaluating the effect of 30 different commonly 
used drugs on glucose concentration measured by seven 
different PBGMs, the investigators found that ascorbic 
acid (vitamin C), acetaminophen, dopamine, and man-
nitol were all found to interfere with glucose measure-
ments. Acetaminophen increased glucose measurements 
on several PBGMs.43 This effect may be clinically rele-
vant in small animals when acetaminophen ingestion 
can lead to hepatic failure and hypoglycemia. Dopamine 
falsely increased glucose measurements in some devices 
primarily at high drug concentrations, as did the drug 
mannitol.43

Partial pressure of oxygen, pH, and temperature have 
also been evaluated to determine their effects on blood 
glucose concentration obtained with PBGMs. When 
oxygen tension is high (PaO2 > 100 mmHg) investiga-
tors have found falsely lowered glucose readings in 
glucose oxidase systems.44 This may be relevant in 
patients receiving high concentrations of supplemental 
oxygen, such as those under general anesthesia. Con-
versely, lower oxygen tensions (PaO2 < 40 mmHg) had a 
negligible effect on glucose concentration. Blood pH, on 
the other hand, has not been shown to be a major source 

minimal amounts of blood thereby helping to limit 
anemia that may result from frequent blood sampling.

Common instruments currently used to rapidly eval-
uate blood glucose concentration in small animals 
include portable blood glucose meters (PBGM) and 
point-of-care (POC) analyzers such as the I-stat (Abbott 
Point of Care Inc., Princeton, NJ) and the NOVA Stat 
Profile (NOVA Biomedical, Waltham, MA). Point-of-
care refers to any laboratory test performed outside a 
clinical laboratory by nonlaboratory personnel.34

Due to the unacceptable time delay in laboratory 
glucose measurements, PBGM devices and POC analyz-
ers such as the I-stat and NOVA stat profile are extremely 
useful in the management of critically ill small animal 
patients. However, it is important for the veterinarian 
and technician to understand and recognize potential 
interferences that may exist with glucose measurements 
obtained by these devices, particularly with PBGMs.

Portable blood glucose meters
Many PBGMs are available from different manufac-
turers to measure blood glucose concentration. These 
devices were originally developed to allow for self-
monitoring of glucose by humans with diabetes melli-
tus. The benefits of glucose measurements provided by 
PBGM include rapid results, ease of use, minimal blood 
requirements, and cost-effectiveness. Portable blood 
glucose meters use test strips that consist of an enzyme-
impregnated reagent pad that is either sponge-like or 
covered with a mesh or membrane. When a drop of 
blood is applied to the surface, plasma soaks through 
into the reagent layer and red cells are retained on the 
surface.35 Depending on the particular device, it may 
use colorimetric or amperometric detection systems to 
measure glucose concentration.

The accuracy of PBGMs has been extensively evalu-
ated in the human literature. In several human studies, 
large variations in the accuracy of different PBGMs in 
different glycemic ranges have been found.36–38 Other 
factors such as hematocrit, inadequate sample volume, 
drugs, partial pressure of oxygen (pO2), and user error 
have also been documented to affect the accuracy of 
glucose measurements obtained with PBGMs.33,39–41 
User errors most commonly cited to affect the accuracy 
of blood glucose measurements obtained by PBGMs 
include failure to maintain the meter properly, incorrect 
techniques or operating procedures, or failure to follow 
instructions for meter use. Table 60.1 is a summary of 
some of the variables that may affect blood glucose mea-
surements obtained by PBGMs.

Increases in hematocrit decrease glucose measure-
ments and vice versa. In PBGMs, this may be caused by 

Table 60.1 Variables that may affect blood glucose 
measurements obtained with PBGM

Variable Affect on Glucose 
Measurement

Hematocrit:
• Increased Hemotocrit (polycythemia or 

dehydration)
Decreases

• Decreased Hematocrit (anemia) Increases
Drugs:
• Dopamine Increases
• Mannitol Increases
• Acetaminophen Increases
Oxygen Tension (pO2)
• Hyperoxia (paO2 > 100 mmHg) Decreases
• Hypoxia Increases
Small Sample Size (<3 υl) Decreases



780  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

To the author’s knowledge, the accuracy of the NOVA 
Stat Profile in measuring glucose concentration has not 
yet been evaluated in small animal patients. However, 
this device has been validated for use in human patients 
and is likely to provide results consistent with laboratory 
methods. The NOVA Stat Profile uses an electrode that 
is covered by a three-layered membrane in which glucose 
oxidase is immobilized. As glucose flows through the 
membrane, it reacts with glucose oxidase, resulting in 
the generation of hydrogen peroxide. The instrument is 
calibrated using an aqueous glucose standard solution.35 
Similar to measurements obtained by PBGMs, hemato-
crit may affect glucose values obtained by this method.53

Newer glucose monitoring devices

Recently, continuous glucose monitoring systems that 
measure interstitial glucose concentration have received 
intense interest in both human and veterinary medicine 
as an attractive method by which to monitor blood 
glucose concentration. Interstitial glucose concentration 
has been extensively studied and found to mimic blood 
glucose in a variety of species including rats, rabbits, 
dogs, and humans.54 This knowledge has led to the 
development of a continuous glucose monitoring system 
(CGMS) that measures interstitial glucose concentra-
tion within the subcutaneous space. The CGMS has 
been approved by the U.S. Food and Drug Administ-
ration (FDA) for use in human diabetic patients and  
has resulted in significant improvements in glycemic 
control.55

The Medtronic MiniMed™ CGMS® Gold (Medtronic 
Diabetes, Northridge, CA) consists of a recording device 
and a flexible electrode glucose sensor. The sensor is 
implanted in the subcutaneous space via a spring-loaded 
insertion device and is connected to a small monitor 
(170 g) that can be worn by the patient or placed in a 
cage. The sensor contains an electrode covered by a 
glucose diffusion limiting membrane. When glucose 
flows onto the membrane in the electrode, it is oxidized 
to hydrogen peroxide by glucose oxidase. Glucose is then 
determined amperometrically for glucose concentra-
tions between 40 and 400 mg/dL. The CGMS measures 
interstitial glucose concentrations every 10 seconds, and 
an average value is recorded by the device every 5 
minutes. Because changes in blood glucose are related to 
changes in interstitial glucose, the CGMS can be used to 
estimate blood glucose from the interstitial measure-
ments. To obtain this estimate, the CGMS must be cali-
brated with at least three blood glucose measurements 
during a 24-hour period.

Since its development, the CGMS has been used in 
clinically normal animals, as well as in diabetic dogs and 

of error at a pH range of 6.8–7.84.45–46 Finally, some data 
suggests that cold temperatures may adversely affect the 
accuracy of glucose measurements.47–48

Multiple studies evaluating 15 different PBGMs have 
been published in the veterinary literature.49–52 Some of 
these PBGMs have since been replaced by newer models, 
prompting a recent study evaluating six different 
PBGMs. In this study, the investigators evaluated blood 
samples from normal dogs, dogs with diabetes mellitus, 
and dogs that had a variety of medical conditions includ-
ing insulinoma. The investigators found that in general 
the glucose measurements obtained by most of the 
PBGMs were lower than laboratory measurements, and 
this effect was more pronounced in the hyperglycemic 
range. In contrast, results obtained by the AlphaTrak 
(Abbott Laboratories, Abbott Park, IL) did not consis-
tently provide results that were either higher or lower 
than the laboratory values. In almost all cases, even 
though the blood glucose measurements obtained by the 
PBGMs were different from the reference laboratory 
values, they were unlikely to adversely affect clinical 
decision making.52

In conclusion, despite pitfalls that may be encoun-
tered when using PBGMs, they will continue to be a 
valuable tool to measure blood glucose concentration in 
the veterinary setting. To prevent possible user error, it 
is important to always follow the manufacturer’s instruc-
tions on maintenance and calibration of the device. In 
addition, whenever a new PBGM is obtained by a vet-
erinary hospital, blood glucose results should be  
compared with laboratory measurements to ascertain 
whether these results are consistently higher or lower 
than expected. Finally, if a patient is identified as hypo-
glycemic on a PBGM, the veterinary clinician should be 
notified; however, treatment may be recommend only if 
the patient is exhibiting clinical signs consistent with 
low blood glucose. Alternatively, a comparison labora-
tory measurement of blood glucose concentration 
should be obtained.52

Point of care analyzers

The use of POC analyzers is becoming increasingly 
common in veterinary clinical practice. Similar to 
PBGMs, these analyzers require minimal amounts of 
blood, and results are rapid. The i-STAT is the only POC 
analyzer that has been evaluated in dogs thus far.51 The 
i-STAT measures glucose amperometrically through the 
glucose oxidation reaction. In a study published in 2000, 
investigators found that the i-STAT provided accurate 
glucose concentration results that varied from the refer-
ence method by only 15% and did not result in altered 
clinical decisions.51
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blood glucose is measured intermittently. This may be 
important in diabetic patients that are having blood 
glucose curves performed in order to evaluate insulin 
dose. In addition, stress associated with repeated han-
dling for venipuncture, especially in cats, can contribute 
to patient discomfort and elevations in blood glucose 
that could confuse the clinical picture. The CGMS 
devices are also extremely useful in patients in which 
repeated phlebotomy is either contraindicated due to 
underlying disease or cannot be performed.

Several disadvantages of the CGMS include the initial 
cost for the device, the cost of the sensors, and the need 
to obtain blood glucose measurements for calibrations. 
Another potential disadvantage of the interstitial glucose 
monitoring system is the time delay for rapid changes in 
blood glucose concentration to be reflected in the inter-
stitial space. Therefore, data obtained from these devices 
should be interpreted cautiously when large changes in 
blood glucose concentration are suspected. In these situ-
ations, evaluating blood glucose trends over time may 
be more clinically useful.

Placement of the CGMS in dogs and cats is a simple 
process. Figure 60.1 shows the placement of the Guard-
ian RT™ device in a patient for glucose monitoring. 
First, a small area of hair is clipped, usually just caudal 
to the shoulder blades. The area should not be cleaned 
with alcohol, as this may interfere with the adherence of 
the sensor. The sensor is then placed into the spring-
loaded insertion device. The insertion device is placed 
against the patient’s skin and the sensor is discharged. 
The transmitter is then attached to the sensor and both 
are covered with a clear adherent bandage. After a 2-hour 
initialization period, the CGMS device will begin to con-
tinuously display estimates of blood glucose concentra-
tion once it has been calibrated with data from a blood 
glucose measurement. The CGMS will then need to be 
recalibrated every 8 hours with either a portable blood 
glucose meter or point-of-care analyzer measurement of 
blood glucose. If there is any concern that inaccurate 
estimates of blood glucose are being obtained by  
the CGMS (either extremely high or low readings), the 
patient’s blood glucose should be checked with the 
device being used for calibration. If this measurement is 
different from the CGMS readings, the CGMS should be 
recalibrated with this new glucose measurement. If the 
problem persists, the sensor should be removed and 
replaced.

Glycemic control

Glycemic control implies the maintenance of blood 
glucose within a clinically acceptable range. This is 
achieved through the administration of dextrose, insulin, 

cats.56–58 In 1999, Rebrin et al. found that subcutaneous 
interstitial glucose sensing accurately mimics plasma 
glucose irrespective of changes in plasma insulin in 
experimental dogs. However, in this same study, it was 
shown that rapid changes in blood glucose result in 
slower changes in interstitial glucose, with a time delay 
between changes in blood glucose and interstitial glucose 
typically less than 10 minutes.54 Clinical veterinary 
studies have since been performed to evaluate the accu-
racy of the CGMS in stable diabetic dogs and cats. The 
investigators found that there was significant correlation 
(dogs, r = 0.81; cats, r = 0.82) between the CGMS device 
and blood glucose concentration.57,58 A final veterinary 
study evaluated the use of the CGMS in diabetic keto-
acidotic dogs and cats. The results of this study also 
found that the CGMS provides clinically accurate esti-
mates of blood glucose concentration and that these 
measurements were not affected by tissue perfusion(based 
on Doppler blood pressure measurements, blood lactate 
concentration, and rectal-axillary temperature gradi-
ents), body condition score, or degree of ketosis.59

Newer real-time and wireless devices, such as the 
Medtronic MiniMed™ Guardian® Real-Time CGMS 
(Medtronic Diabetes, Northridge, CA), DexCom™ 
Seven® System (DexCom Inc., San Diego, CA) and 
Abbott Freestyle Navigator® System (Abbott Laborato-
ries, Abbott Park, IL), have since been developed that 
allow clinicians to identify fluctuations in blood glucose 
as they are occurring in the patient. These real-time 
devices allow the clinician to avoid placing multiple 
catheters for blood sampling or performing repeated 
venipuncture to measure blood glucose, both of which 
can contribute to morbidity in the patient by contribut-
ing to patient stress, catheter complications, and even 
anemia in small animal patients. The addition of alarms 
that can notify veterinary technicians of either danger-
ously high or low glucose excursions make these devices 
even more clinically useful. These newer generations of 
CGMS devices are currently being investigated for use 
in clinical veterinary patients at several veterinary teach-
ing hospitals. In the future, these noninvasive glucose 
monitoring devices may replace portable blood glucose 
meters as the main method by which glucose is moni-
tored, especially in critically ill patients receiving insulin 
infusions that require frequent monitoring of blood 
glucose concentration.

The author’s experience with the Medtronic 
Minimed™ Guardian RT™ CGMS device is that it is 
both reliable and useful for monitoring blood glucose 
concentration in hospitalized patients. Compared with 
intermittent glucose monitoring, continuous monitor-
ing of blood glucose concentration may help to identify 
rapid changes that may be missed in patients in which 
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to the elevation of blood glucose. For example, stress 
hyperglycemia in cats associated with patient struggling 
can result in blood glucose as high as 613 mg/dL with  
or without glucosuria.63 Since stress hyperglycemia 
can last 90–120 minutes, one should wait at least 3  
hours before retesting or instituting treatment for 
hyperglycemia.

Hyperglycemia caused by diabetes mellitus requires 
administration of the hormone insulin. Insulin will 
promote peripheral glucose uptake, inhibit lipolysis and 
release of free fatty acids, and decrease glycogenolysis 
and increase glycogenesis.2 Insulin is available in several 
forms with differing durations of action. Typically, 
regular insulin, in which the duration of action is 
approximately 3–8 hours when given intramuscularly or 
1–4 hours when given intravenously, is administered 
during hospitalization until the patient is eating and 
drinking. Regular insulin is usually administered either 
intravenously as a constant rate infusion or intramuscu-
larly. Other newer, short-acting insulins, such as lispro 
(Humalog®, Eli Lilly) and aspart (Novolog®, Nova 
Nordisk) are currently being used in humans for treat-
ment of diabetes mellitus. The benefits of these newer 
insulin analogues include a faster onset of action and  
a shorter duration of action, allowing for finer control 

or medications known to raise or lower blood glucose 
concentration. Patients in whom interventions are 
required to maintain clinically acceptable blood glucose 
concentrations should have frequent blood glucose 
monitoring performed to avoid complications associ-
ated with hypo- and hyperglycemia. Frequent monitor-
ing is particularly important in the short- and long-term 
management of diabetic patients, in which glycemic 
control is achieved through adjustments in insulin 
therapy.

The benefits of glycemic control in human patients 
with diabetes mellitus include a reduction in mortality 
as well as a reduction in diabetes-related complications 
such as blindness, kidney failure, and heart failure.60 In 
addition to its value in patients with diabetes mellitus, 
glycemic control with insulin therapy in also utilized in 
critically ill humans who develop hyperglycemia during 
hospitalization.61–63 Currently, the use of insulin therapy 
to control critical illness associated hyperglycemia has 
yet to be evaluated in veterinary medicine.

Treatment of hyperglycemia

The treatment of hyperglycemia in veterinary medicine 
depends on the underlying disease process contributing 

Figure 60.1 Placement of Medtronic Minimed Guardian RT™ CGMS. (a) Equipment: monitor, spring-loaded sensor insertion device 
for accurate placement, blood glucose sensor with transducer attached, (b) small area of clipped fur just caudal to the scapula, (c) 
using the spring-loaded device for sensor insertion, (d) sensor with transducer attached, (e) clear adherent dressing being placed over 
sensor and transducer, (f) dog wearing sensor with transducer attached.

(a) (b) (c)

(d) (e) (f)
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regular insulin (2.2 U/kg for dogs, 1.1 U/kg for cats) to 
250 mL of 0.9% NaCl. It is initially administered at a rate 
of 10 mL/hr in a line separate from that used for fluid 
therapy.65 At least 50 mL of the insulin-containing fluids 
should be run through the drip set prior to administer-
ing it to the patient because insulin readily adheres to 
plastic and glass.

Generally, the placement of two separate IV catheters 
is recommended: one catheter for insulin and an addi-
tional catheter for IV fluids and blood sampling. Sepa-
rate catheters are recommended in order to avoid 
starting and stopping the insulin infusion during blood 
sampling for glucose monitoring. In addition, if IV 
fluids containing dextrose are being administered, blood 
sampling for glucose monitoring should be done from 
a separate catheter to avoid falsely elevated blood glucose 
measurements that may occur from contamination with 
dextrose containing fluids. A multiple lumen catheter, 
either placed centrally or peripherally, may also be used. 
The most distal lumen of the central catheter is typically 
reserved for blood sampling. A separate peripheral cath-
eter, in addition to the central catheter, should be main-
tained for the administration of dextrose-containing IV 
fluids. This is to avoid contamination of the blood 
sample being obtained for glucose monitoring with the 
dextrose-containing IV fluids that may artificially elevate 
the glucose concentration. If the maintenance of a sepa-
rate peripheral catheter is not possible or the adminis-
tration of greater than 5% dextrose solutions necessitates 
fluid administration through the central catheter (see 
section on treatment of hypoglycemia below), a large 
presample should be obtained (5–10 mL of blood) prior 
to checking the blood glucose. If there is any question 
about the measured blood glucose concentration  
(i.e., suspicion of a falsely elevated blood glucose)  
even with the larger presample, direct venipuncture for 
blood glucose measurement should be obtained for 
comparison.

Blood glucose concentration should be monitored 
every 1–2 hours, and changes in insulin rate should be 
made based on each glucose measurement when insulin 
is administered intravenously. IV insulin is typically 
administered until the patient can be switched to a 
longer-acting insulin product in patients with diabetes 
mellitus or when insulin administration is no longer 
needed to maintain glycemic control.

Intramuscular insulin techniques

When given intramuscularly, regular insulin can be 
administered hourly or less frequently depending on the 
technique chosen. The hourly technique involves the 
intramuscular (IM) administration of regular insulin 

of blood glucose. A clinical study evaluating the use  
of lispro in the treatment of diabetic ketoacidotic  
dogs is currently under way; however, the use of these 
newer insulin analogues cannot be recommended at this 
time.

Insulin may also be used to treat persistent hypergly-
cemia that results from veterinarian directed interven-
tions. Both the administration of dextrose-containing 
fluids such as parenteral nutrition and the administra-
tion of medications that are known to affect blood 
glucose concentration such as vasopressors or steroids 
can cause hyperglycemia.

When the presence of hyperglycemia cannot be 
explained by either diabetes mellitus or veterinarian-
directed interventions, the patient should be re-evaluated 
by either the veterinary technician or doctor for worsen-
ing of the underlying disease condition or the develop-
ment of complications. This may involve performing a 
physical examination, hemodynamic monitoring, and 
diagnostic tests. In addition, persistent hyperglycemia 
needs to be definitively established prior to initiating 
insulin therapy.

Intravenous insulin constant-rate infusion

Table 60.2 is an example of an intravenous (IV) insulin 
infusion chart. The infusion is prepared by adding 

Table 60.2 Constant rate infusion of regular insulin

Blood Glucose 
Concentration 
(mg/dL)

Rate of Administration 
of Insulin Solution  
(ml/hr)*

% Dexrose Added 
to Maintenance 
Intravenous 
Fluids**

>250 10 None
200–250 7 2.5%
150–200 5 2.5%
100–150 5 5%
<100 Stop insulin infusion 5%

*Solution comprised of regular insulin at a dose of 2.2 U/kg 
for dogs, or 1.1 U/kg for cats, added to 250 ml 0.9% NaCl 
or lactated Ringer’s solution. Adjustments to rate of insulin 
therapy are made based on measurements of blood glucose 
concentration.
**These intravenous fluids are administered separately and in 
addition to the insulin infusion when needed to compensate 
for ongoing losses, dehydration, and to maintain intravascular 
volume in the patient.
Adapted from Macintire DK. Treatment of diabetic ketoacidosis 
in dogs by continuous low-dose intravenous infusion of insulin. J 
Am Vet Med Assoc 1993;202:1266–1272.
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and measurement of blood glucose concentration every 
hour. The usual initial dose for the IM insulin protocol 
is 0.2 U/kg of regular insulin. After one hour, the blood 
glucose concentration is checked, and if it exceeds 
250 mg/dL, 0.1 U/kg regular insulin is administered 
intramuscularly. This protocol is repeated on an hourly 
basis as long as the blood glucose concentration exceeds 
250 mg/dL. Once the blood glucose drops below 250 mg/
dL, regular insulin is administered intramuscularly 
every 4–6 hours or subcutaneously every 8 hours if the 
hydration status is adequate. In patients with diabetic 
ketoacidosis, a 2.5%–5% dextrose-containing infusion 
(see Fig. 60.2 for instructions on calculating a dextrose 
infusion) is initiated at this time.66 Once the blood 
glucose concentration has reached an acceptable clinical 
range, blood glucose is monitored less frequently. The 
goal of insulin therapy is to cause a gradual decline in 
the blood glucose concentration, preferably at a rate of 
about 50 to 75 mg/dL/hour.67 Subcutaneous administra-
tion of insulin is not recommended in the initial treat-
ment of critically ill diabetic patients, as dehydration can 
lead to erratic absorption of insulin.

In contrast to the hourly administration of regular 
insulin, regular insulin (0.25 U/kg) can be administered 
intramuscularly every 4–6 hours. This is less labor-
intensive compared with the hourly administration of 
regular insulin. Following the first dose of insulin, blood 
glucose is checked hourly but then the frequency of 
blood glucose monitoring can be decreased depending 
on the duration of insulin action. An hourly decline of 
50 mg/dL in the blood glucose concentration is ideal. If 
the blood glucose is dropping too rapidly, the veterinar-
ian should be notified and subsequent insulin dosages 
may be decreased.

Initiation of longer-acting insulin

Once the patient is eating and drinking, longer acting 
insulin therapy is often instituted for glycemic control. 
Several intermediate-acting and long-acting insulin 
products are available for use, including neutral prot-
amine hagedorn (NPH), purified porcine insulin zinc, 
protamine zinc insulin (PZI), and glargine insulin.

Purified porcine insulin zinc (Vetsulin®, Intervet/
Schering Plough Animal Health) is the only FDA-
approved insulin for use in both dogs and cats. Glargine 
insulin (Lantus, Aventis Pharmaceuticals, Bridgewater, 
NJ) is one of the newer insulin analogues being used in 
the diabetic management of companion animals. This 
insulin was introduced in 2001 and marketed as a long-
acting peakless insulin for use in humans. Glargine’s use 
in diabetic cats has been investigated, and initial reports 
suggest that it is safe and effective in the management 

Figure 60.2 Calculation of a percent dextrose solution using 
50% dextrose.

Desired Strength of Solution = Amount of Dextrose Needed (ml)
    50% Dextrose                              Volume of Infusion (ml) 

Consider making 1 L of a 2.5% Dextrose solution 
1. Convert percentage to decimals 

2. 0.025 Dextrose   =
0.50 Dextrose

X ml
1000 ml

0.025 (1000 ml) = 0.50 (X ml)
X = 50 ml of 50% Dextrose 

3. Add 50 ml of 50% dextrose to 950 ml (If you do not 
remove the 50 ml from the total volume, the solution 
will be slightly less than 2.5% dextrose) 

Consider making 500 ml of a 5% dextrose solution 
1. Convert percentages to decimals 

2.

0.05 (500 ml) = 0.50 (X ml)
X = 50 ml of 50% dextrose  

3. Add 50 ml of 50% dextrose to 450 ml

0.05 Dextrose   =
0.50 Dextrose

X ml
500 ml

of diabetes mellitus.69 Table 60.3 lists available insulin 
products and current initial insulin dose recommenda-
tions in dogs and cats.

Specific considerations when  
administering insulin

Insulin is commercially available in 40, 100, and 500 U/
mL concentrations, which are designated U-40, U-100, 
and U-500, respectively.68 Depending on the concentra-
tion of the insulin being administered, there are specific 
syringes, also labeled U-40, U-100, and U-500, that 
should be used. For example, glargine insulin should be 
administered only with a U-100 syringe. It is important 
to always check that the label on the insulin syringe 
matches the concentration of the insulin being 
administered.

Insulin syringes are also available in different sizes 
including 1 mL, 1/2 mL and 3/10 mL with different gauge 
needles. Lines on the insulin syringes are units. For 
example, the 1 mL insulin syringes are generally marked 
with a line for every two units, that is, 2, 4, 6, 8. The 
1/2-mL syringe is marked with a line for every unit. The 
3/10-mL syringe is marked with lines for every 1/2 or 1 
unit.

Insulin should always be stored in a refrigerator, as 
freezing and heat inactivate insulin in the bottle. The 
exception to this rule is glargine, which may be stored 
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occurs in patients with chronic hyperglcemia, cerebral 
edema may result. This is due to the development of 
active idiogenic osmoles within the brain. These idio-
genic osmoles are eliminated slowly, and a rapid reduc-
tion in serum osmolality establishes an osmotic gradient 
across the blood brain barrier leading to cerebral 
edema.12

During the treatment of a patient with hyperglyce-
mia, the patient should be observed closely for neuro-
logic signs, such as changes in mentation and seizure 
activity, which could indicate cerebral edema or hypo-
glycemia. If neurologic signs develop, a blood glucose 
concentration is typically checked to rule out hypogly-
cemia. If the patient is not hypoglycemic and the neu-
rologic signs are attributed to a rapid drop in blood 
glucose concentration, mannitol may be administered 
(0.5–1 g/kg intravenously over 20–30 minutes) to 
decrease cerebral edema.

Treatment of hypoglycemia
Acute hypoglycemia requires immediate therapy because 
the longer the hypoglycemic episode lasts, the greater 
the potential for irreversible brain damage. Patients  
who are presented on an emergency basis or who  
develop clinical signs attributable to hypoglycemia 
during hospitalization are often treated with an IV  
bolus of 50% dextrose (0.25–0.5 g/kg). 50% Dextrose  
is very hypertonic and ideally it is diluted to less  
than 10% with sterile water. This dose of dextrose is 
often repeated as indicated by serial blood glucose  

at room temperature once opened. Unopened glargine 
should be stored in the refrigerator. Once opened, 
whether refrigerated or not, glargine should be dis-
carded after 28 days according to the manufacturer. Cur-
rently, it has also been a common recommendation that 
other insulin preparations be discarded after 1 month. 
However, many veterinarians allow use of an opened 
bottle of insulin that is refrigerated for up to 3 months 
before discarding. However, if clinical signs recur in a 
previously well-controlled diabetic patient, loss of activ-
ity of the insulin could be the cause, and the insulin 
bottle should be replaced.

Prior to drawing insulin up in an insulin syringe, the 
bottle should be gently rolled between the palms of the 
hands (15–20 times) to allow for uniform resuspension 
of the insulin within the liquid. Failure to mix the insulin 
properly could decrease its effectiveness. It is important 
not to shake the insulin bottle, as this could create small 
air bubbles within the vial leading to inaccurate dosing.

Always administer the type of insulin as designated 
by the treatment orders. In other words, Vetsulin® 
should not be substituted for NPH as each insulin 
product will have a different duration of action and 
effect in each individual patient.

Glucose monitoring

When insulin is administered in the treatment of hyper-
glycemia, blood glucose concentration is monitored 
closely to prevent rapid changes in blood glucose and 
hypoglycemia. When a rapid decline in blood glucose 

Table 60.3 Insulin types and initial dose recommendations

Insulin Concentration Recommended Initial Dose

Dog Cat

NPH U-100a 0.25–0.5 U/kg every 12 hours 1 unit/cat every 12 hours
Porcine Zinc (Lente) U-40b 0.5 U/kg every 12 hours 1–2 U/cat or 0.25–0.5 U/kg every 12 hoursc

PZI U-40b Not recommended 0.4 U/kg or 1 U/cat every 12 hours
Glargine U-100a No currently recommended dosed 0.25–0.5 U/kg every 12–24 hours

aU-100: 100 units/ml.
bU-40: 40 units/ml.
cA recommended starting dose is 0.25 U/kg twice daily if the blood glucose concentration is between 216 and 342 mg/dL, and 0.5 U/
kg twice daily if the blood glucose concentration is >360 mg/dL. Alternatively, a dose of 1 U/cat twice daily for cats weighing less than 
4 kg and 1.5–2.0 U/cat twice daily for cats weighing > 4 kg can be used to initiate therapy.
dOnly one study evaluating the effect of glargine in diabetic dogs currently exists in the veterinary literature. These dogs were given 
glargine (0.05–0.1 U/kg) concurrently with NPH insulin (Mori A, Sako T, Lee P, et al. Comparison of time-action profiles of insulin 
glargine and NPH insulin in normal and diabetic dogs. Vet Res Commun (2008) 32: 563–573).
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bral edema by osmotically drawing water out of the 
brain. Common doses are as follows: mannitol 0.5–1 g/
kg IV or 7.5% NaCl 3–5 mL/kg IV over 15–20 minutes.

Hypoglycemia caused by insulinomas can be very 
challenging to treat. Dextrose administration in these 
patients can trigger tumor secretion of insulin and 
rebound hypoglycemia. Therefore, several other medi-
cations are available in the treatment of insulinoma with 
the effect of raising the blood glucose concentration by 
increasing endogenous glucose production. The steroid 
dexamethasone (0.5 mg/kg IV every 12–24 hours) is 
given to increase hepatic gluconeogenesis and glycoge-
nolysis as well as inhibit peripheral glucose uptake.74 A 
constant rate infusion of the hormone glucagon with 
concurrent dextrose infusion is an additional treatment 
for insulinoma-associated hypoglycemia.75,76 Glucagon 
should be reconstituted with the provided diluent and 
added to 1 L of 0.9% NaCl resulting in a solution with 
a glucagon concentration of 1 µg/mL. This medication 
is usually started at a dose of 5 ng/kg/min and the infu-
sion dose may be increased as needed up to 20 ng/kg/
min to maintain blood glucose concentration greater 
than 60 mg/dL.74,75 A syringe or IV fluid pump should 
be used to allow for accurate dosing of this medication. 
This medication cannot be given orally. Finally, the drug 
diazoxide, which inhibits insulin release and stimulates 
hepatic release of glucose via gluconeogenesis, is also 
potentially useful for treatment of hypoglycemia in dogs 
with insulinoma. In addition to the above-listed effect, 
diazoxide also causes adrenomedullary release of epi-
nephrine, which increases insulin resistance at the level 
of the insulin receptor. The dose ranges from 10 to 
40 mg/kg/day orally and is generally titrated as indicated 
by the blood glucose concentration.74 The most common 
side effect seen with use of this drug is gastrointestinal 
upset including diarrhea, vomiting, and anorexia, which 
may be minimized by administering this medication 
with food.76

Blood glucose should be monitored closely, at least 
every 2 hours if not more frequently, in all patients fol-
lowing a hypoglycemic episode until it can be estab-
lished that the primary cause has been resolved or 
effectively controlled. Any animal that presents with 
symptomatic hypoglycemia should be hospitalized until 
it is eating and drinking normally.

Conclusion

Blood glucose monitoring is an important aspect in the 
management of emergent and critically ill companion 
animals. The prompt recognition and treatment of both 
hyperglycemia and hypoglycemia is essential for the  
veterinary technician. There are a number of ways to 

measurements or until clinical signs are resolved. Dex-
trose and dextrose-containing fluids should never be 
given subcutaneously.

Following a bolus of dextrose, the patient may be 
placed on a constant rate infusion of 2.5%–5% dextrose 
in crystalloid solutions. To make 1 L of a 2.5% dextrose 
solution, 50 mL of 50% dextrose can be added to 950 mL 
of fluids (total volume of 1 L). To make 1 L of a 5% 
dextrose infusion, 100 mL of 50% dextrose is added to a 
900 mL of fluid (remove 100 mL of fluids from a 1 L 
bag). See Figure 60.2 for instructions on how to calculate 
a percentage dextrose infusion.

Both 2.5% and 5% dextrose infusions may be admin-
istered through a peripheral venous catheter. However, 
when higher concentrations of dextrose (>5% solution) 
are needed to maintain a normal blood glucose, higher 
concentrations of dextrose (>5% solution) may be 
administered through a central line. This is because 
glucose infusions greater than 5% are extremely irritat-
ing to the vascular endothelium and may result in 
thrombophlebitis.71 Therefore, administering higher 
concentrations of dextrose solutions in a larger vein will 
help to decrease the incidence of thrombophlebitis. 
Alternatively, rather than increasing the concentration 
of the dextrose infusion, the rate (mL/hour) of dextrose 
administration may be increased. This will allow for 
increased delivery of dextrose to the patient. Finally, 5% 
dextrose in water (D5W) may also be administered 
intravenously to supplement dextrose but should be 
given cautiously, as profound hyponatremia can develop 
if large volumes are administered. The goal of glucose 
supplementation is usually to maintain the blood glucose 
concentration within the normal physiologic range, as 
hyperglycemia can have deleterious consequences.

In addition to IV dextrose supplementation, hypogly-
cemic patients are often fed as soon as possible, which 
will also help to increase the blood glucose. However, 
feeding may not be recommended in patients with 
hypotension, low body temperature, vomiting, or other 
conditions in which feeding may be contraindicated.

If seizure activity is present in a patient with low 
blood glucose and does not resolve despite attaining 
euglycemia, anticonvulsant therapy such as diazepam 
(0.25–0.5 mg/kg), midazolam (0.2 mg/kg), or phenobar-
bital (2.0–4.0 mg/kg) should be administered intrave-
nously.72 Severe hypoglycemia and prolonged seizure 
activity can result in cerebral edema. Treatment for cere-
bral edema involves oxygen administration, elevation of 
the head 15–30° above the horizontal plane, and admin-
istration of hypertonic agents (see Chapter 61, Care of 
the Patient with Intracranial Disease).73 Hypertonic 
agents such as mannitol and hypertonic saline do not 
cross an intact blood brain barrier and thus reduce cere-
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15. Syring RS, Otto CM, Drobatz KJ. Hyperglycemia in dogs and cats 
with head trauma: 122 cases (1997–1999). J Am Vet Med Assoc. 
2001;218(7):1124–1129.

16. Hardie EM, Rawlings CA, George JW. Plasma-glucose concentra-
tions in dogs and cats before and after surgery: comparison of 
healthy animals and animals with sepsis. Am Vet Res. 
1985;46(8):1700–1704.

17. Torre DM, deLaforcade AM, Chan DL. Incidence and clinical 
relevance of hyperglycemia in critically ill dogs. J Vet Intern Med. 
2007;21(5):971–975.

18. Brady CA, Hughes D, Drobatz KJ. Association of hyponatremia 
and hyperglycemia with outcome in dogs with congestive heart 
failure. J Vet Emerg Crit Care. 2004;14(3):177–182.

19. Langouche L, Van den Berghe G. Glucose metabolism and insulin 
therapy. Crit Care Clin 2006;22(1):119–129.

20. Rovlias A, Kotsou S. The influence of hyperglycemia on neuro-
logical outcome in patients with severe head injury. Neurosurgery 
2000;46:335–342.

21. Jeremitsky E, Omert LA, Dunham CM, et al. Association of 
hyperglycemia with increased mortality after severe brain injury. 
J Trauma 2005;58:47–50.

22. Laird AM, Miller PR, Kilgo PD, et al. Relationship of early hyper-
glycemia to mortality in trauma patients. J Trauma 2004;56: 
1058–1062.

23. Gore DC, Chinkes D, Heggers J, et al. Association of hyperglyce-
mia with increased mortality after severe burn injury. J Trauma 
2001;51:540–544.

24. Bochicchio GV, Sung J, Joshi M, et al. Persistent hyperglycemia is 
predictive of outcome in critically ill trauma patients. J Trauma 
2005;58:921–924.

25. Capes SE, Hunt D, Malmberg K, et al. Stress hyperglycemia and 
increased risk of death after myocardial infarction in patients 
with and without diabetes: a systematic overview. Lancet 
2000;355:773–778.

26. Capes SE, Hunt D, Malmberg K, et al. Stress hyperglycemia and 
prognosis of stroke in nondiabetic and diabetic patients: a sys-
tematic overview. Stroke 2001;32:2426–2432.

27. Chan DL, Freeman LM, Rozanski EA, et al. Alterations in carbo-
hydrate metabolism in critically ill cats. J Vet Emerg Crit Care 
2006;16(2)(S1):S7–S13.

28. Burrin JM, Price CP. Measurement of blood glucose. Ann Clin 
Biochem 1995;22:327–342.

29. Steven L. Stockham and Michael A. Scott. 2008. Fundamentals of 
Veterinary Clinical Pathology, 2nd ed. Ames, IA: Blackwell 
Publishing.

30. Brunkhorst FM, Wahl HG. Blood glucose measurements in  
the critically ill: more than just a blood draw. Critical Care 
2006;10(6):178–179.

31. Orazio PD, Burnett RW, Fogh-Anderson N, et al. Approved IFC 
recommendation on reporting results for blood glucose. Clin 
Chem Lab Med 2006;44(12):1486–1490.

32. Price C. Point-of-care testing in diabetes mellitus. Clin Chem 
Med 2003;41:1213–1219.

33. Dungan K, Chapman J, Braithwaite SS, et al. Glucose measure-
ment: confounding issues in setting targets for inpatient manage-
ment. Diabetes Care 2007;30(2):403–409.

34. G.J. Kost, Guideline for point of care testing: improving patient 
outcomes. Am J Clin Pathol 1995;104: S111–S127.

35. Weiner K. Whole blood glucose: what are we actually measuring? 
Ann Clin Biochem 1995;32:1–8.

36. Brunner GA, Ellmerer M, Sendlhofer G, et al. Validation of home 
blood glucose meters with respect to clinical and analytical 
approaches. Diabetes Care 1998;21:585–590.

measure blood glucose concentration in veterinary 
patients; however, portable blood glucose meters and 
point-of-care analyzers are most commonly used to 
quickly measure blood glucose concentration cage-side 
in the hospital. Newer glucose monitoring devices are 
now available that allow for continuous glucose moni-
toring using interstitial glucose measurements. These 
noninvasive devices allow for minute-to-minute moni-
toring of blood glucose concentration potentially allow-
ing for quicker detection and treatment of aberrations 
in blood glucose concentration. Glycemic control in 
critically ill patients is achieved in most patients with the 
use of either insulin and/or dextrose. It is extremely 
important for both veterinary clinicians and technicians 
to understand the clinical indications for their use as 
well as how to safely and effectively administer these 
medications to our patients.
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61
Care of the patient with intracranial disease

Marie K. Holowaychuk and Sara M. Ostenkamp

Introduction

Animals with intracranial disease may have any one of 
a number of underlying disorders such as traumatic 
brain injury, idiopathic epilepsy, meningitis, encephali-
tis, or neoplasia. Signs associated with the disease will 
vary and the patients will differ in terms of the intensity 
of the nursing care they require. For example, one 
patient may be a dog hospitalized for observation fol-
lowing cluster seizures, while another may be a cat 
recovering from a craniotomy to remove a brain tumor. 
Regardless of the underlying disease or severity of signs, 
the goal for all patients with intracranial disease is to 
preserve their brain function. This is achieved by ensur-
ing adequate cerebral blood flow (CBF) by maintaining 
a normal cerebral perfusion pressure (CPP) of 50–
60 mmHg.1 In the normal or uninjured brain, pressure 
autoregulation maintains a constant CBF despite a wide 
range of mean arterial blood pressures (MAP; 50–
150 mmHg).1 When MAP is maintained within that 
range and CPP increases, cerebral blood vessels constrict 
to decrease overall cerebral blood volume and intracra-
nial pressure (ICP). However, as MAP decreases to below 
50 mmHg, CBF decreases and is dependent on MAP.1 In 
addition to MAP, CPP is affected by changes in ICP (see 
Eq. 61.1). Elevations in ICP will decrease CPP, thereby 
resulting in worsening of brain function.1 Henceforth, 
the aim in all patients hospitalized for intracranial 
disease is to ensure stability of cardiovascular parame-
ters, namely, blood pressure, and most importantly, to 
prevent elevations in ICP.

CPP MAP ICP= −  (61.1)

ICP may increase for many reasons including the 
underlying disease process itself. For example, masses 
such as tumors or abscesses, cerebral edema or hemor-
rhage following a traumatic injury, or hydrocephalus 
due to a congenital malformation are all space-occupying 
lesions that may cause elevations in ICP. Because a rigid 
nonexpandable skull surrounds the brain, if there are 
pathologic increases in intracranial tissue or fluid, the 
ICP will increase because of the additional intracranial 
volume (see Fig. 61.1).2 If surgery is not an option to 
remove the structural abnormality contributing to the 
increase in intracranial volume, other treatments must 
be employed. These may include the administration of 
steroids to reduce tumor-associated inflammation in 
patients with neoplasia or to reduce the production of 
cerebrospinal fluid (CSF) in patients with hydrocepha-
lus. Alternatively, mannitol or hypertonic saline may be 
given to decrease ICP (see Box 61.1). Ultimately, the goal 
with these treatments is to reduce intracranial tissue or 
fluid volume.

Intracranial volume and thus ICP can also be increased 
due to physiologic increases in blood volume. These 
physiologic alterations can be monitored and addressed 
by veterinary technicians, in an attempt to prevent 
increases in ICP. For example, increases in venous blood 
volume may occur due to jugular venous obstruction, a 
head-down position, or increases in central venous pres-
sure.2 Therefore, in order to decrease ICP, it is important 
that patients with intracranial disease be carefully posi-
tioned so as not to place pressure on the jugular veins 
or increase blood flow to the head. Additionally, increases 
in arterial blood volume and subsequently ICP can 
occur due to systemic hypertension, hypoventilation, 
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Box 61.1  Medications

Mannitol
Mechanism of action

•  Increases the osmotic gradient between the 
vasculature and brain causing fluid to move out of 
the brain and into the blood

Storage
• Room temperature for lower concentrations
•  Incubator for higher concentrations (>15%) 

to avoid crystal formation
• Bottles stored at room temperature can be heated in 

warm water bath or incubator, but should be body 
temperature upon administration

Administration
Dose

• 0.25–1 gram/kg IV22

• Give slowly via a syringe pump or slow push  
(over 15–20 minutes)

• Can be repeated every 4–6 hours as needed
Draw up using a filter needle (Monoject filter needle, 
Kendall Healthcare (Covidien), Mansfield, MA) or administer 
with an in-line filter (Hemonate filter, Gesco International, 
San Antonio, TX)

Administer in a dedicated line (i.e., do not mix with 
other medications)

Monitor
• Urine output
• Electrolytes
• Respiratory rate and effort (risk of fluid overload and 

pulmonary edema)
• Blood pressure

Hypertonic saline (NaCl 7%)
Mechanism of action

Increases the osmolality of the blood to cause  
water to shift from the brain into the intravascular 
space

Administration
Dose

• 4 mL/kg bolus over 5–10 minutes11,23

• Typically drawn into a syringe and administered 
via syringe pump or slow push

Monitor
• Urine output
• Electrolytes (sodium and chloride)
• Respiratory rate and effort (risk of fluid  

overload)
Cautions

• Repeated doses can cause local vascular irritation 
(preferably give via a central line)

• Fast administration may cause bronchoconstriction 
and vasodilation

• Can cause hypernatremia and hyperchloremia

Figure 61.1 Relationship  between  intracranial  pressure  (ICP) 
and volume. At low intracranial volumes, increases in intracranial 
volume produce minimal changes in ICP. However, small increases 
in intracranial volume will eventually cause dramatic increases in 
ICP.
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hypoxemia, or increases in cerebral metabolic rate due 
to seizures, agitation, or elevations in body tempera-
ture.2 Thus, it is imperative that patients with intracra-
nial disease maintain normal blood pressure, ventilation, 
and oxygenation, and that seizures are treated quickly 
and any temperature elevations are eliminated. Clearly, 
the veterinary technician has the very important task of 
monitoring for changes that may lead to ICP elevations 
and, if possible, preventing some of the physiologic 
changes that may lead to increases in ICP.

Because these physiologic changes can occur very 
quickly, resulting in rapid deteriorations in a patient’s 
status, animals with intracranial disease must be con-
stantly and closely monitored. Therefore, it is imperative 
that these patients receive 24-hour monitoring. This 
ensures that nursing care and appropriate monitoring 
will be provided continuously, so that changes in a 
patient’s status can be detected quickly and treated 
appropriately. Many of the monitoring devices or treat-
ment modalities required for patients with intracranial 
disease are available only at 24-hour or specialty hospi-
tals. For these reasons, in order to provide the best care 
possible, it is recommended that patients with intracra-
nial disease be transferred to a facility capable of provid-
ing 24-hour monitoring and nursing care.

Serial neurologic examinations

Patients with intracranial disease require constant  
monitoring, including serial neurologic examinations. 
Because the patient’s condition can change very quickly, 
it is important that the neurologic status is assessed fre-
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briefly stopped) to enable proper assessment of their 
mentation and level of consciousness (see Box 61.3). 
Normally, patients with mild intracranial disease will 
still have periods of alertness and responsiveness to their 
environment. As the severity of intracranial disease pro-
gresses, patients will become increasingly altered and 
less capable of responding to their environment. Addi-
tionally, some patients will exhibit an inappropriate 
response to environmental stimuli, such as excessive 
vocalization. Patients that progress to a stuporous or 
semi-comatose state will be less responsive to visual or 
auditory stimuli in their environment until they are 
responsive only to painful (i.e., noxious) stimuli. Finally, 
an animal that is comatose is unresponsive to all envi-
ronmental stimuli including repeated noxious stimuli.3

It is important when assessing patients with intracra-
nial disease never to assume that a patient is “sleeping” 
and for that reason not assess its mentation. A patient 
that has otherwise been responsive to environmental 
stimuli may progress into a semi-comatose to comatose 
state, and if one assumes the patient is “sleeping,” the 
patient’s condition may continue to deteriorate without 
intervention. Therefore, patients should always be awak-
ened every 1–2 hours if they appear to be sleeping, in 
order to properly assess their level of consciousness and 
ensure that it is not deteriorating.

It is also important that pupillary light reflexes and 
pupil size be assessed in patients with intracranial disease 
on a frequent basis. A pupillary light reflex (PLR) is 
tested by shining a bright light into the pupil and assess-
ing for constriction of the pupil (direct reflex).3 The 
opposite pupil should constrict at the same time (con-
sensual reflex). It is not necessary to assess the consen-
sual reflex if the direct PLR is present in both eyes.3 
Generally, a critically ill patient with mild elevations in 
ICP will have normal pupillary light reflexes that will 
progress to slow or completely unresponsive pupils in 
patients with moderate to severe elevations in ICP.4 In 
addition to alterations in the pupillary light reflex, 
patients with moderate to severe elevations in ICP will 
also exhibit changes in their pupil size. While patients 
with mild elevations in ICP will have normal to slightly 

quently in order to detect changes as they arise. The 
veterinary technician should contact a clinician imme-
diately if the patient’s neurologic status is deteriorating, 
or if the results of the neurologic examination are dif-
ficult to interpret. Neurologic examination findings will 
vary depending on the severity of the intracranial disease 
and may include mild to pronounced neurologic defi-
cits. It is very important that the veterinary technician 
coming on shift immediately assess any patients with 
intracranial disease in order to obtain a baseline from 
which to compare subsequent examinations. If an initial 
examination is not performed, observations by the vet-
erinary technician may be assumed to be “normal” for 
that patient when in fact they may have progressed from 
previous evaluations. Such a circumstance could result 
in a devastating failure to detect deterioration in a 
patient’s status in a timely manner.

The patient should be assessed frequently to deter-
mine its level of consciousness, pupillary light reflexes, 
pupil size, posture, and reflexes (see Box 61.2). Almost 
all patients with intracranial disease will have an abnor-
mal level of consciousness that will vary from a mildly 
altered mentation to a coma. If the patient is sedated, it 
may be difficult to assess its level of consciousness. 
Regardless, patients receiving sedative medications 
should be intermittently “woken up” (i.e., sedation 

Box 61.2  Serial neurologic examinations

Normal Findings
• Alert and responsive to the environment
• Normal pupillary light reflex
• Normal pupil size bilaterally
• Normal gait and normal spinal reflexes

Mild Intracranial Disease
• Depressed or inappropriate mentation
• Slow pupillary light reflexes
• Normal pupil size bilaterally
• Paresis

Moderate Intracranial Disease
• Stuporous/semi-comatose but responsive to noxious 

(i.e., painful) stimuli
• Absent pupillary light reflex
• Miotic (i.e., pinpoint) pupils
• Recumbency +/– extensor rigidity of the forelimbs

Severe Intracranial Disease
• Comatose and unresponsive to noxious stimuli
• Absent pupillary light reflex
• Mydriatic (i.e., dilated) pupils
• Recumbent +/– loss of muscle tone and spinal reflexes
• Loss of facial sensation or gag reflex

Box 61.3  Assessing mentation and level of consciousness

Normal: alert and responsive to the environment
Altered: abnormal or decreased response to environmental 

stimuli
Stuporous/semi-comatose: responsive only to painful stimuli
Comatose: unresponsive to painful stimuli
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While it would seem that a patient with intracranial 
disease is “stable” and its condition is unlikely to change, 
indeed patients with intracranial disease can deteriorate 
rapidly and without warning. Therefore, the importance 
of frequent and thorough neurologic examinations 
cannot be stressed enough, with the goal of detecting 
subtle changes in a patient’s neurologic status before 
they have progressed to a state in which the changes are 
irreversible.

Nursing care

Managing hospitalized patients with intracranial disease 
requires intensive monitoring and special attention to 
the animal’s comfort. A substantial component of 
nursing care for patients with intracranial disease is 
avoiding further brain injury as a result of increased ICP. 
Superior nursing care of these patients relies primarily 
on the ideal setup of the patient’s cage or kennel to 
reduce the risk of further brain injury. By selecting a 
cage that is free from unnecessary stimulation but easily 
visible for constant monitoring, veterinary technicians 
can quickly recognize any change in a patient’s menta-
tion that may be indicative of an increase in ICP. Whether 
the patient is active or recumbent will also guide the 
arrangement of the animal’s cage or kennel. Appropriate 
bedding should be selected that provides adequate cush-
ioning, allows the patient to be kept clean, and optimizes 
the comfort of the patient.

The cage location for a dog or cat with intracranial 
disease can play a major role in reducing unnecessary 
stimulation. Environmental stressors can induce an 
unsafe and prolonged increase in ICP. Ideally, these 
patients should be placed in a location free from loud 
noises, such as barking dogs. Avoid selecting a cage in 
an area with heavy foot traffic, and place signs on or near 
the cage alerting staff to keep loud noises at a minimum. 
If auditory stimulation cannot be minimized simply by 
cage location, cotton can be placed in the patient’s ears 
if tolerated. To avoid misinterpretation of decreased 
response to auditory stimuli or sending the animal 
home with cotton in its ears, always put white tape on 
the patient’s head and write “cotton in ears” on the tape 
(see Fig. 61.2).

Visual and tactile stimulation should also be reduced. 
Select a cage far away from bright lights in a darker 
corner of the intensive care unit. A cage isolated from 
others can reduce the number of veterinary technicians, 
doctors, and other animals passing by that could disturb 
the patient. Reduce tactile stimulation by clustering 
treatments together, which will minimize the frequency 
of entering the cage or kennel throughout the day.  
For example, treatments such as examination of PLRs, 

miotic (i.e., constricted) pupils, patients with moderate 
to severe elevations in ICP will have progressively altered 
pupil sizes ranging from miotic or pinpoint pupils to 
unilateral or bilateral mydriatic (i.e., dilated) pupils that 
are completely unresponsive to light.4 Miotic or mydri-
atic pupils in a patient with intracranial disease and 
previously normal-sized pupils represents an emergency 
and a clinician should be contacted immediately.

Ideally, patients with intracranial disease that are not 
sedated should have their posture and reflexes assessed 
frequently. Patients with mild intracranial disease will 
exhibit a normal posture, gait, and reflexes. As the sever-
ity of intracranial disease worsens, patients will exhibit 
varying degrees of paresis (weakness) progressing to full 
recumbency.4 Additionally, patients may exhibit other 
abnormalities including circling, a head tilt, decerebel-
late rigidity, or decerebrate rigidity. Decerebellate rigid-
ity is characterized by opisthotonus (extension of the 
head and neck), with the forelimbs extended.3 Animals 
exhibiting decerebellate rigidity also typically have flexed 
hips and normal mentation. In contrast, patients with 
decerebrate rigidity have a stuporous or comatose men-
tation that is associated with opisthotonus and exten-
sion of all limbs.3 Finally, a patient with severe intracranial 
disease may have a complete loss of muscle tone and 
decreased to absent spinal reflexes. The simplest spinal 
reflex to test in patients with intracranial disease is the 
withdrawal reflex. This reflex is elicited by applying a 
noxious stimulus to the tested limb by pinching the nail 
bed or toe with fingers or a hemostat.3 The normal reflex 
is contraction of the flexor muscles and withdrawal of 
the tested limb.

Cranial nerve reflexes should also be assessed, the 
easiest of which include the gag reflex and facial sensa-
tion. To assess the gag reflex, stimulate the pharynx with 
a finger to elicit a gag.3 An absent gag reflex may be due 
to excessive sedation if the patient is receiving sedatives; 
however, in the absence of sedating medications, loss of 
the gag reflex represents severe intracranial disease. The 
loss of a gag reflex is especially concerning because it 
puts the patient at risk for aspiration since the patient 
cannot normally swallow and protect its airway. There-
fore, if the patient is noted to have lost its gag reflex, a 
clinician should be contacted immediately and endotra-
cheal intubation considered. Facial sensation is assessed 
by touching the medial or lateral canthus of the eye to 
cause a blink (palpebral reflex), stimulating the nasal 
mucosa with a pen or hemostats to cause withdrawal of 
the head, or pinching the skin of the face with a hemo-
stat and observing for a blink or facial twitch on that 
side.3 Loss of facial sensation also indicates severe intra-
cranial disease, and if it is a new finding, the clinician 
should be contacted immediately.
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The safety and comfort of patients with intracranial 
disease are controlled by a carefully designed cage or 
kennel. Depending on the particular disease affecting 
the patient, the animal may be active or recumbent. 
Active or moving patients, such as those with vestibular 
signs that are circling or rolling, or animals experiencing 
generalized seizures will benefit from a cage that is 
heavily padded on all sides. A cradle can also be made 
using rolled towels or foam padding on either side of 
smaller dogs and cats, to protect them from injury (see 
Fig. 61.3). Keep in mind that a patient surrounded by 
extra bedding or moving excessively may develop hyper-
thermia; therefore, more frequent monitoring of body 
temperature may be warranted in these patients. A 
patient who continuously circles in the kennel or cage 
should not have any unnecessary fluid lines or monitor-
ing cords in their path. Coiled intravenous fluid admin-
istration sets prevent lines from lying on the cage floor 
and getting tangled, and can be mounted to the ceiling 
of the cage (see Fig. 61.4).

Recumbent patients are those who are stuporous or 
comatose, heavily medicated, sedated for mechanical 
ventilation, or recovering from surgery. These animals 
require more padding, such as a thick mattress, to limit 
pressure on joints and prevent the formation of decubi-
tal ulcers. Nonambulatory patients should ideally be 
kept in sternal recumbency or, if lateral, should be 
turned frequently (every 4–6 hours) to prevent atelecta-
sis of the dependent lung.6 Patients in sternal recum-
bency should still have their rear limbs or hips rotated. 
Passive range of motion and massage of the limbs should 

auscultation, and venipuncture can be conducted when 
the patient is due to be turned.

While reduction of stressors is important in cage 
selection, it is also important to keep in mind that the 
patient needs to be monitored closely. Veterinary techni-
cians should be able to identify any change in the ani-
mal’s level of consciousness, as this is one of the first 
signs of an increase in ICP.5 Other parameters such as 
the patient’s respiratory rate and character, blood pres-
sure, heart rate and rhythm, pulse oximetry, end-tidal 
CO2, and body temperature can all be monitored without 
disturbing the patient and can provide additional indi-
cations that a patient’s condition is changing. Patients 
with intracranial disease are also prone to have seizures 
and therefore must be in a location in which they can 
be readily monitored and accessed quickly if necessary. 
Additionally, it is important that clinician orders are 
already available in the event that the patient experi-
ences a seizure, so that the animal can be treated imme-
diately rather than after the clinician is called.

Figure 61.2 A  bulldog  is  intubated  following  treatment  for 
cluster  seizures  and  has  cotton  in  his  ears  to  prevent  auditory 
stimulation.

Figure 61.3 A chihuahua with vestibular disease is surrounded 
by padding and blankets to prevent it from injuring itself when 
it rolls.
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as a gag reflex. Positioning the patient on an incline may 
reduce the risk of aspiration if the patient vomits or 
regurgitates.9 When placing the patient’s cranial end in 
this elevated position, obstruction of the jugular veins 
should be prevented. This can be accomplished most 
easily by placing extra blankets or bedding under the 
patient’s forelimbs, neck, and head to angle the cranial 
portion of the body on an incline. It is important that 
incline does not exceed 30°, as excessive head elevation 
will decrease cerebral blood flow and thus decrease 
CPP.2

Ensure that the bedding is not placed only under the 
neck, as this may occlude jugular blood flow. Occlusion 
for venipuncture or catheterization or the placement of 
pressure bandages should also be avoided.

Often patients with intracranial disease receive oxygen 
therapy for treatment of hypoxemia. However, it is 
important to be cautious regarding the route of oxygen 
supplementation. Although administration of oxygen 
via nasal cannulae is relatively easy, it is imperative not 
to stress the animal or cause it to sneeze during cannula 
placement, as this may lead to elevations in the patient’s 
ICP and deterioration of the neurologic status.10 For that 
reason, clinicians may elect to provide oxygen supple-
mentation via flow-by, facemask, or oxygen cages or 
hoods.

Veterinary technicians are also relied on for the assess-
ment of pain in patients with intracranial disease. 
Patients most likely to exhibit pain due to their intracra-
nial disease are those with traumatic brain injury.  

be performed to reduce edema and stimulate blood flow 
to the extremities. See Chapter 46, Nursing Care of the 
Long-Term Anesthetized Patient, for more information 
regarding how to perform passive range of motion. It is 
also important to keep these inactive patients clean by 
frequently checking for urine and providing bedding 
that can wick away urine to prevent urine scald. Inter-
mittent urinary catheterization or placement of an 
indwelling catheter may be necessary in patients that are 
unable to void on their own and when bladder expres-
sion is not possible or contraindicated.

Another concern for the recumbent patient with 
intracranial disease is the positioning of the patient’s 
body. By using slanted grates or boards, or additional 
towels and bedding, the patient’s forelimbs and head 
should be elevated at a 30° angle at all times (see Fig. 
61.5). This positioning maximizes CSF outflow and 
cerebral venous drainage, thus alleviating risks of ICP 
elevation.7,8 Additionally, many of the comatose or 
sedated patients have a loss of protective reflexes, such 

Figure 61.5 A  Maltese  recovers  after  being  hit  by  a  car  and 
sustaining head and cervical trauma. Note that the dog is posi-
tioned  on  a  30°  incline  to  help  prevent  elevations  in  ICP  or 
aspiration.

Figure 61.4 A coiled fluid administration set is used on a cat to 
prevent  tangling of  the fluid  lines with excessive movement or 
circling.
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Because alterations in these findings can contribute to 
further brain injury in these patients, it is important that 
any abnormalities be treated immediately. Blood pres-
sure should be measured regularly in patients with 
intracranial disease, especially those patients with mod-
erate to severe intracranial disease. Hypotension as indi-
cated by a systolic blood pressure (SBP) < 100 mmHg or 
a MAP < 80 mmHg is dangerous because it may lead to 
decreased cerebral perfusion in patients with elevated 
ICP.12 The patient’s normal response to a decrease in 
cerebral perfusion is to vasodilate its cerebral vessels, 
which can lead to an increase in ICP. Likewise, elevations 
in blood pressure such as a MAP > 120 mmHg are unde-
sirable because it can lead to reflex cerebral vasocon-
striction, thus decreasing cerebral perfusion.12 If blood 
pressure measurements are outside the normal range 
(SBP < 100 mmHg or 120 mmHg < MAP < 80 mmHg), 
the veterinary technician should contact a clinician 
immediately.

In patients with severe intracranial disease, a Cush-
ing’s reflex may occur as a near-death event. This includes 
systemic hypertension that occurs as the patient mounts 
a final effort to maintain cerebral perfusion in the face 
of an elevated ICP.2 The patient’s heart rate may decrease 
dramatically in response to the hypertension. Thus, bra-
dycardia in conjunction with systemic hypertension rep-
resents a life-threatening emergency in a patient with 
intracranial disease, and the clinician should be con-
tacted immediately.

Pulse oximetry should also be performed regularly to 
assess oxygenation in patients with intracranial disease. 
Because hypoxemia can hasten the progression of brain 
damage, if an SpO2 < 95% is detected, a clinician should 
be notified.12 If the patient is intubated or has a nasal 
cannula in place, an end tidal carbon dioxide (ETCO2) 
monitor can be applied to provide a noninvasive method 
of measuring ventilation. ETCO2 correlates with PaCO2; 
therefore, an elevation in ETCO2 > 50 mmHg is sug-
gestive of hypoventilation. Hypoventilation can have 
serious consequences in patients with intracranial 
disease, as it may lead to cerebral vasodilation and eleva-
tions in ICP. Therefore, if increased ETCO2 is noted, the 
clinician should be contacted as manual or mechanical 
ventilation may be indicated.

Arterial blood gas (ABG) monitoring is another 
method by which the patient’s oxygenation and ventila-
tion can be assessed. An ABG is especially helpful in 
patients with intracranial disease that are stuporous or 
comatose or have an abnormal respiratory pattern. A 
PaO2 < 80 mmHg indicates hypoxemia, and if this is 
seen, oxygen supplementation should be provided. Like-
wise, an ideal PaCO2 is in the low end of the normal 
range. A PaCO2 > 50 mmHg indicates hypoventilation 

Unfortunately, assessment for pain in all patients with 
intracranial disease can be difficult given that patients 
are often heavily medicated, sedated, or exhibiting inap-
propriate mentation. Still, this is an important task for 
the veterinary technician because pain or anxiety that is 
untreated may lead to elevations in ICP that can worsen 
the patient’s condition.2 Therefore, if the patient exhibits 
any signs associated with pain, a clinician should be 
notified immediately so that appropriate analgesics can 
be administered. Fentanyl, a short-acting opioid, is typi-
cally the drug of choice because it provides immediate 
effective analgesia and can be titrated to effect.11 Addi-
tionally, because it is short-acting, the infusion may be 
discontinued if assessment of neurologic function is 
required. Similarly, its effects can be reversed with nal-
oxone if immediate evaluation of the neurologic status 
is desired.

It is also frequently the task of the veterinary techni-
cian to provide nutrition to patients with intracranial 
disease. While even the most neurologically abnormal 
patients can maintain a good appetite, it is important 
not to offer food or water to all patients with intracranial 
disease. Prior to doing so, the patient should be placed 
in sternal recumbency if it is not able sit or stand on its 
own. Additionally, a gag reflex should be tested to ensure 
that the patient is able to swallow. Next, a small amount 
of water can be offered via bowl or syringe, to ensure 
that the patient is able to drink normally and does not 
cough. If the patient is able to drink water, food may be 
offered. After feeding, if a patient remains laterally 
recumbent, it is recommended that they remain elevated 
on a 30° incline to prevent aspiration.

Fluid therapy is also required in the patient with in-
tracranial disease to ensure normovolemia and normal 
blood pressure and to minimize electrolyte abnormali-
ties.3 Fluids are typically administered intravenously at 
a maintenance rate unless the patient has abnormal 
ongoing losses such as with a fever. Additionally, animals 
receiving steroids may be polyuric and have higher fluid 
requirements. Similarly, patients that have received 
mannitol or hypertonic saline will also have increased 
fluid requirements. Fluids should be administered until 
the patient is able to eat and drink its recommended 
maintenance requirements. The adequacy of fluid admi-
nistration can be determined by monitoring daily body 
weight or urine output (normal should be 1–2 mL/kg/hr) 
in patients with indwelling urinary catheters.

Patient monitoring

It is extremely important to monitor patients with intra-
cranial disease closely to ensure that blood pressure, 
oxygenation, ventilation, and temperature are normal. 



796  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

with some forms of neoplasia and seems to occur fre-
quently in dogs with brain tumors, the mechanism of 
which is unknown at this time.16 Blood glucose should 
also be monitored frequently to ensure that the patient 
is not hypoglycemic, as this will confound a patient’s 
neurologic signs and put them at risk for seizures. Addi-
tionally, hyperglycemia has been documented in dogs 
and cats with head trauma and the degree of hypergly-
cemia was associated with the severity of head trauma.17 
Hyperglycemia has also been associated with increased 
mortality rates and poorer neurologic outcomes in 
experimental animal models and clinically in people.18,19 
If hypo- or hyperglycemia is noted in a patient  
with intracranial disease, the clinician should be con-
tacted immediately to determine whether treatment is 
indicated.

Advanced monitoring techniques

Electrophysiologic techniques such as electroencepha-
lography (EEG) are available primarily at teaching insti-
tutions and specialty hospitals. EEG provides a graphic 
recording of the electrical activity of the brain and is 
helpful for determining the presence and type of cere-
bral disease.20 The amount of voltage, speed of activity, 
and presence or absence of “spikes” (very fast activity) 
indicates inflammatory or degenerative changes and 
seizure activity.20 The EEG can change over time with 
progression or resolution of the disease; therefore, 
patients are sometimes monitored continuously (see 
Fig. 61.6). The EEG varies with the level of conscious-
ness, and drugs such as sedatives, tranquilizers, and 
anesthetic agents can also alter results.20

ICP monitoring is used frequently in human hospitals 
but only rarely in the clinical veterinary setting. Avail-
able methods for ICP monitoring include the use of an 

and is of concern in a patient with a stuporous or coma-
tose mentation. If the hypoventilation persists, a clini-
cian should be contacted because the patient may require 
manual or mechanical ventilation. Should an animal 
need to be intubated for manual or mechanical ventila-
tion, it is imperative that the intubation occur quickly, 
in order to avoid coughing or gagging that may further 
increase the patient’s ICP.3 Once the patient is intubated 
and manually ventilated, continuous monitoring of CO2 
via ABG or ETCO2 is crucial. Overventilation of patients 
with intracranial disease can be detrimental, as decreases 
in PaCO2 to < 25 mmHg will cause cerebral vasocon-
striction and reduced CPP.13 In an emergent situation, 
hyperventilation can be used to reduce ICP by reducing 
cerebral blood flow; however, if the patient is stable and 
being maintained with manual or mechanical ventila-
tion, a target of 35–45 mmHg for PaCO2 should be the 
goal.2

It is also important in patients with intracranial 
disease to maintain body temperature within the normal 
range. Patients with traumatic brain injury or those 
undergoing intracranial surgery can have impaired ther-
moregulation.3 Ideally, temperature should be moni-
tored continuously in the recumbent patient with the 
placement of a rectal probe, and appropriate measures 
to maintain the temperature in the normal range should 
be employed. Hyperthermia is associated with a poor 
outcome in patients with intracranial disease, as it may 
increase cerebral blood flow and lead to elevations in 
ICP.14 As such, steps should be taken to externally cool 
patients with intracranial disease and elevated body 
temperatures. Hypothermia decreases the cerebral met-
abolic rate and is thought to be neuroprotective; however, 
controlled hypothermia is not routinely practiced in vet-
erinary medicine and is not recommended at this time.

Because most patients with intracranial disease are 
not highly mobile, and because their condition can 
change from moment to moment, continuous ECG 
monitoring is beneficial and recommended. Not only 
can changes in heart rate be detected quickly, but the 
ECG can also be monitored for arrhythmias such as 
ventricular premature contractions (VPCs), ventricular 
tachycardia, sinus tachycardia, sinus bradycardia, or AV 
block, all of which can be seen in patients with intracra-
nial disease.

In addition to monitoring the cardiovascular and 
respiratory systems, patients with intracranial disease 
should also have their electrolytes, lactate, and blood 
glucose monitored regularly. Hyperlactatemia is often 
detected in patients with intracranial disease. Causes for 
hyperlactatemia in patients with intracranial disease 
include hypoperfusion, hypoxemia, and seizures or 
tremors.15 Hyperlactatemia has also been associated 

Box 61.4  Desired parameters for monitoring patients with 
intracranial disease

Blood pressure 80 mmHg < MAP < 110 mmHg

Pulse oximetry SpO2 > 95%

Heart rate Within normal limits for the species and 
size of the patient

Respiratory rate 10–20 breaths per minute

Temperature 37–38°C (98.5–100.5°F)

Blood glucose 80–120 mg/dL (4.4–6.6 mmol/L)

Blood gases PaO2 > 80 mmHg, 
35 mmHg < PaCO2 < 45 mmHg

End-tidal CO2 ETCO2 40–50 mmHg
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that has minimal visual and tactile stimuli but that 
enables continuous monitoring and easy access if 
emergency treatment is required.

• Patient comfort is imperative and may necessitate the 
use of a padded cage and thick bedding to prevent 
further injury.

• Patients with intracranial disease should be posi-
tioned on an incline with minimal pressure on the 
jugular veins to reduce ICP and prevent aspiration.

• Patients with intracranial disease require intensive 
care that often includes fluid therapy, nutritional 
support, oxygen supplementation, passive range of 
motion of the limbs, and pain management.

• Monitoring of blood gas values, electrolytes, and 
blood glucose is important as abnormalities can 
worsen the prognosis of patients with intracranial 
disease.
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Summary

• The goal for all patients with intracranial disease is to 
protect brain function by preserving cerebral perfu-
sion and preventing elevations in ICP.

• Steps must be taken to ensure that temperature, 
oxygenation, ventilation, and blood pressure are 
maintained within the normal range and that  
pain, agitation, and seizure activity are treated 
expeditiously.

• Patients with intracranial disease can deteriorate 
rapidly; therefore, continuous monitoring by ve-
terinary technicians at a 24-hour hospital is 
recommended.

• Serial neurologic examinations including assessment 
of the level of consciousness, pupillary light reflex, 
pupil size, posture, spinal reflexes, and cranial nerves 
is recommended.

• Veterinary technicians must ensure that patients with 
intracranial disease are housed in an environment 

Figure 61.6 A  boxer  is  continuously  monitored  with  an  EEG 
while undergoing mechanical ventilation.
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62
Care of the environmentally injured animal

Michael S. Lagutchik and Adrian Ford

This chapter will discuss care and management of dogs 
and cats with various environmental injuries. Specific 
injuries to be discussed include burns, cold-induced 
injury (frostbite and hypothermia), heat-induced injury, 
nonsurgical management of open wounds and necrotic 
tissues, and presurgical care of open fractures. The 
chapter will emphasize the specialized nursing guide-
lines that are critical to improve the likelihood of suc-
cessful outcome.

Burn injury

Burn injuries are typically caused by environmental 
factors (e.g., fires, scalding water, motor vehicle mufflers, 
stoves, caustic chemicals) or iatrogenic factors (e.g., heat 
lamps, electric heating pads). While uncommon, these 
injuries can not only cause severe pain and complicated 
local wounds, but also result in serious metabolic abnor-
malities and systemic infection that can lead to life-
threatening compromise. Burn injury management is 
labor-intensive and time-consuming; however, it is the 
quality of nursing care that often makes the difference 
between a successful outcome and severe complications 
or death.

Initial patient triage and evaluation
Be prepared to provide emergency therapy to establish 
an airway and provide supplemental oxygen therapy if 
the patient was exposed to smoke inhalation injury  
and has developed airway or pulmonary edema. Be pre-
pared to perform cardiopulmonary-cerebral resuscita-
tion if cardiac, respiratory, or cardiopulmonary arrest 
has occurred.

Burn evaluation
It is important to determine the severity of the burn 
once the patient has been resuscitated and stabilized. 
General characteristics of the wound that are important 
to examine include color, texture, presence or absence of 
pain, moistness, and extent of swelling, if present. These 
characteristics are summarized in Box 62.1.1

Box 62.1  Burn wound characteristics

Superficial burn: Skin is red and painful, similar to sunburn, 
involving the outer layer of the epidermis.

Superficial partial-thickness burn: Skin has a red or mottled 
appearance, with epidermal sloughing, fluid leakage, 
swelling, and extreme hypersensitivity (pain), involving 
the epidermis and variable amounts of dermis. Hair should 
not easily pull out.

Deep partial-thickness burn: Skin is black or yellow-white 
and hair follicles are destroyed. Skin surface is dry. These 
burns are generally less painful, as nerve endings are 
destroyed. If any hair remains, it will pull out easily.

Full-thickness burn: Skin is black, dry, and leathery. These 
burns have destroyed the epidermis and dermis and 
expose underlying connective tissue, muscle, and bone. 
Any eschar that forms is painless.

Total body surface area burn estimation
Estimate the percentage of the total body surface area 
(TBSA) that is burned by adding the estimated percent 
of burn from each of the following body areas:1

1. Head and neck (H&N): 9%
2. Chest (C): 18%

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.
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don barrier protection when handling deep partial-
thickness burns and full-thickness burns and to wear 
sterile gloves when handling wounds directly. To reduce 
the risk of cross-contamination, gloves should be 
changed and hands should be washed before handling 
other burn wounds and invasive devices on the same 
patient.

Provide excellent nursing care. Turn or rotate the 
patient every 4 hours if recumbent, and perform passive 
range of motion (PROM) exercises of all limbs except 
burned limbs every 4 hours. Provide soft, padded 
bedding. Prevent urine scalding and fecal soiling; con-
sider indwelling or intermittent urethral catheterization 
according to hospital policy. Provide nutrition, ideally as 
voluntary intake by the patient; consider assisted enteral 
or parenteral nutrition if the patient is inappetant or 
nutritional intake is not adequate.

Follow strict aseptic technique when placing invasive 
devices (e.g., IV [intravenous] catheters, urethral cath-
eters) and use at least clean examination gloves when-
ever handling patients and especially when manipulating 
catheters, adapters, fluid lines, and other equipment. 
Unless absolutely necessary, do not place invasive devices 
through burned skin. Provide antibiotic coverage as 
directed by the attending veterinarian. Note that severe 
infection and sepsis are major concerns due to loss of 
protective skin barrier; however, systemic antibiotics are 
generally not recommended unless the patient is immu-
nocompromised, has pneumonia or acute lung injury, 
or is septic or suspected of being septic.1,2 Proper man-
agement of the burn wound is the best way to reduce 
the chance of infection.

Burn wound management recommendations 
(see Protocol 62.1)

Depending on severity and extent of burn, the patient 
may require daily heavy sedation or general anesthesia 
to allow debridement and management. Even though 
burn patients may appear stable when awake, extreme 
care must be taken to monitor burn patients adequately 
during sedation or anesthesia to avoid complications. 
The level of monitoring provided should be as for any 
critically ill surgical patient.

Superficial or superficial partial-thickness burns are 
generally managed with daily cool water lavage, followed 
by topical silver sulfadiazine (SSD) cream application 
until healed or the wound worsens.1 Deep partial-
thickness and full-thickness burns need varying degrees 
of daily wound debridement. This may be accomplished 
by use of conservative debridement, chemical debride-
ment, or surgical debridement.

Conservative debridement of deep partial-thickness 
and full-thickness burns involves hydrotherapy using 

3. Abdomen (A): 18%
4. Each forelimb (L FL, R FL): 9%
5. Each hindlimb (L HL, R HL): 18%

TBSA H N C A L FL R FL L HL R HL= + + + + + +/  
(62.1)

For example, the estimated TBSA burn for a dog with 
burns to the chest and abdomen and left forelimb would 
be 18% (chest) + 18% (abdomen) + 9% (L FL) = 45%.

The percentage TBSA is important in assessing sever-
ity, anticipating problems, and determining prognosis. 
Patients with TBSA >20% often have severe metabolic 
problems (e.g., hypovolemic shock, albumin and elec-
trolyte losses, acidoses, renal failure); patients with TBSA 
>50% have a poor prognosis.1,2 Any discussion of prog-
nosis must take into consideration not only the TBSA 
but also the severity of the burn.2 Note that initial evalu-
ation of the severity of the burn wound may be inac-
curate, as wounds often progress over a period of 3–7 
days before completely manifesting ultimate severity.

General patient management 
recommendations
Monitor and treat for complications related to burn 
injury, to include shock, fluid losses, respiratory prob-
lems, and electrolyte abnormalities. Stabilize the patient 
first. Manage pain using appropriate analgesics; monitor 
pain using a pain scoring system (see Chapter 42,  
Pain Recognition and Management) every 4–6 hours 
initially.

Cool the burned skin using cool water (7–18°C [45–
65°F]) by immersion, application of compresses, or 
gentle spray for at least 30 minutes.2 Do not apply ice to 
any burned skin, as the vasoconstriction it causes may 
impede wound healing and may worsen the extent of 
tissue damage. Measure the patient’s rectal or esophageal 
temperature frequently to monitor for and prevent 
patient hypothermia.

Minimize potential contamination of burned skin. It 
is important to physically handle these patients properly 
every time, even more so than is done for critically ill 
patients. Hands must be washed thoroughly every time 
before handling burn patients. Clean exam gloves may 
be worn for superficial burns and superficial partial-
thickness burns; sterile surgical gloves must be worn 
when handling deep partial-thickness burns and full-
thickness burns. Generally, it is not necessary to don 
barrier protection (e.g., disposable gowns, face masks, 
head cover) for superficial or superficial partial-thickness 
burns; however, be sure that these wounds are not con-
tacted by things such as personal clothing, stethoscopes, 
or other instruments or monitors. It is recommended to 
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placed without increasing patient discomfort, the burn 
area is relatively small, and the bandage will not increase 
the potential for wound injury). Any bandage applied 
must be applied correctly and not cause chafing or 
mechanical movement. If there is any doubt about 
whether to bandage a burn wound or not, it is better to 
leave the wound unbandaged. A brief discussion of 
bandage application is found in Protocol 62.5 below and 
the section in this chapter on managing open and 
necrotic wounds. In most cases, a wet-to-wet bandage is 
recommended to keep wounds moist and to improve 
comfort. Bandages must be changed at least daily; more 
frequent changes may be necessary if wound exudate is 
excessive or the bandage becomes soiled.

Superficial and superficial partial-thickness wounds 
generally heal within 3 weeks.1 Deep partial-thickness 
and full-thickness burns generally require surgical 
closure at some point once a healthy granulation bed has 
formed. The timing of closure of open burn wounds 
depends on many factors (e.g., wound size and severity, 
wound location).

In summary, patients with burn wounds require 
intensive management, with utmost attention to mini-
mizing contamination and supportive care. The keys  
to proper nursing care include daily wound care and  
bandaging, prevention of wound contamination and 
cross-contamination, adequate analgesia, and general 
supportive nursing care. The more severe the burn 
wound, the more intense the nursing care required, and 
the more likely that excellent nursing care will make the 
difference between positive outcome and failure.

Cold-induced injury

Cold-induced injuries include local or regional injuries 
(e.g., frostbite of an extremity) and generalized hypo-
thermia (whole-body cold injury). Hypothermia is very 
common in veterinary practice. Frostbite, however, is 
uncommon in dogs and cats and tends to be related to 
geographic location (i.e., freezing climates) and use of 
the animal (e.g., as sled dogs).

Nonfreezing injuries
Nonfreezing injuries typically involve the extremities, 
occur despite the tissue not actually freezing, and are 
commonly due to prolonged cold exposure. In people, 
common terms to describe these types of injuries are 
“chillblains” and “immersion foot” or “trench foot”; 
similar terms are not used in veterinary medicine. With 
nonfreezing injuries, extremities (ear pinnae, paws, tail 
tip, scrotum) are exposed to cold temperatures above 
freezing for prolonged periods (>12 hours), causing 
intense erythema of the skin, pain, and pruritus. If skin 

sterile saline lavage under light pressure or application 
of a wet-to-dry saline dressing under a light bandage for 
several hours, followed by removal of obvious necrotic 
or dead tissue using aseptic technique.1 Enzymatic 
debridement may be performed using a topical agent 
containing enzymes that degrade and loosen necrotic 
tissue. Surgical debridement may be necessary in very 
deep or widespread wounds to more aggressively remove 
necrotic tissue.

Topical medication and bandaging are the next steps 
in burn wound management. Following debridement, a 
topical agent is applied. The most commonly used agent 
is SSD cream. This agent has antimicrobial properties 
against a wide range of bacterial agents and limited 
fungal agents, and stimulates re-epithelialization of 
wounds. SSD is applied in a thin layer directly on the 
wound and either covered by a nonadherent dressing (if 
the wound area is bandaged) or left uncovered (if ban-
daging is not permissible due to wound size or location). 
Other agents used topically include aloe vera and unpas-
teurized honey. While there are some benefits to these 
products, SSD offers the simplest alternative and is rec-
ommended by these authors.

Burn wounds are generally bandaged if the burn area 
is amenable to application (i.e., the bandage can be 

Protocol 62.1  Management of burn wounds

1.  Provide heavy sedation or general anesthesia to allow 
debridement and management, as directed by the 
attending veterinarian.

2.  Superficial or superficial partial-thickness burns
a.  Perform daily cool water lavage.
b.  Apply topical silver sulfadiazine cream.

3.  Deep partial-thickness and full-thickness burns
a.  Perform daily wound debridement as directed 

by the attending veterinarian using conservative 
debridement or chemical debridement.
i.  Conservative debridement: Perform 

hydrotherapy using sterile saline lavage under 
light pressure or application of a wet-to-dry 
saline dressing under a light bandage for 
several hours, followed by removal of obvious 
necrotic or dead tissue using aseptic technique.

ii.  Enzymatic debridement: Apply a topical agent 
containing enzymes that degrade and loosen 
necrotic tissue.

4.  Protect burn wounds
a.  Apply silver sulfadiazine cream, or other agent as 

directed by the attending veterinarian, in a thin 
layer directly on the wound.

b.  Apply a light protective bandage if the burn area is 
amenable to application.
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applying an Elizabethan collar to the patient to  
prevent self-trauma. In most cases, antibiotic use is not 
recommended.3 Aseptically aspirate large blisters that 
develop.3 In some cases, open wounds, infected wounds, 
or necrotic wounds may develop in tissue that was 
frostbitten.

Hypothermia
Hypothermia is defined as a core body temperature that 
is below normal, and is subdivided into primary and 
secondary hypothermia.4 Core temperature refers to the 
temperature of the blood in the pulmonary artery, and 
is the “gold standard” for measurement of true body 
temperature. In veterinary patients, rectal or esophageal 
temperature measurements are more practical, even 
though they may be lower than core temperature in 
many instances. Primary hypothermia is caused by 
exposure to low environmental temperatures; secondary 
hypothermia has multifactorial causes, including low 
body temperature due to trauma, toxicity, underlying 
illness, anesthesia and surgery, and other factors. This 
differentiation is important, as patients with primary 
hypothermia can apparently tolerate much more severe 
hypothermia than patients with secondary hypother-
mia,4 and adverse effects due to hypothermia have been 
reported in patients with secondary hypothermia at sig-
nificantly closer-to-normal temperatures than patients 
with primary hypothermia.4 Regardless of the type of 

is exposed to damp conditions or submerged and 
exposed to cold, tissue edema and maceration may also 
develop.

Management of nonfreezing cold injuries

Treatment of nonfreezing cold injuries involves remov-
ing the animal from the cold environment and passively 
warming the affected tissues slowly. Passive warming of 
nonfreezing injuries can be accomplished by moving  
the patient to a warm room (e.g., a hospital) and gently 
wrapping the patient or affected body part in warm 
blankets or towels.

Freezing injury
Freezing injury, or “frostbite,” is the development of cold 
injury in which tissues actually become frozen, with 
crystallization (ice formation) of tissue and cell water. 
Frostbite is seen at environmental temperatures below 
0°C (32°F) and primarily affects the distal extremities, 
ears, nose, scrotum, and tail. Frostbite varies in severity 
from superficial (1st degree frostbite) to deep injury (4th 
degree frostbite).

Clinical signs of freezing injury

Clinical signs of superficial frostbite (1st and 2nd degree 
frostbite) include a gray to white, waxy appearance of 
affected skin; blistering of affected skin may be present 
with 2nd degree frostbite. Clinical signs of deep frostbite 
(3rd and 4th degree frostbite) include involvement of 
the entire epidermis, but no subcutaneous tissues (3rd 
degree) to involvement of subcutaneous tissues, to pos-
sibly include muscle and bone (4th degree frostbite). 
Tissues affected with deep frostbite may be black and 
friable. In all cases of frostbite, pain may be intense, 
especially during rewarming of tissues.

Management of patients with freezing injury 
(see Protocol 62.2)

Treatment of frostbite involves rapid warming of affected 
tissues, overall patient management (e.g., treatment of 
whole-body hypothermia, trauma, or shock as appro-
priate), analgesia, and protection of affected tissues.3 
Affected tissues may be warmed by immersion in a water 
bath that is 40–43°C (104–108°F) for at least 20 minutes 
or until thawing has occurred3 or by wrapping the 
affected tissue with warm, wet towels for 15–20 minutes, 
changing the towels every 5 minutes. Do not use dry 
heat to warm tissues, and never rub or massage the 
tissues, as further injury may occur. Provide systemic 
analgesia, as frostbite is extremely painful. Protect  
the affected tissues by applying loose protective ban-
dages, minimizing movement (confine to a cage), and 

Protocol 62.2  Management of freezing injury (frostbite)

1.  Treat whole-body hypothermia, trauma, or shock as 
directed by the attending veterinarian (see Protocol 
62.3).

2.  Provide systemic analgesia as directed by the attending 
veterinarian.

3.  Warm frozen tissues gently and slowly, using one of two 
methods:
a.  Immerse in a water bath that is 40.3–42.6°C 

(104–108°F) for at least 20 minutes or until thawing 
has occurred.

b.  Wrap with warm, wet towels for 15–20 minutes, 
changing the towels every 5 minutes.

c.  Do not use dry heat or rub or massage tissues to 
warm tissues.

4.  Protect affected tissues
a.  Apply loose protective bandages.
b.  Minimize movement (confine to a cage).
c.  Apply an Elizabethan collar to prevent self-trauma.

5.  Aseptically aspirate large blisters that develop.
6.  Manage open, infected, or necrotic wounds as described 

elsewhere in this text.
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32°C (86–90.3°F), as drugs are believed ineffective at 
temperatures below this.

Technicians must be aware that measures to correct 
hypothermia can actually cause complications to 
develop, such as “afterdrop” and “rewarming shock”;4,5 
thus, careful warming and close monitoring are essential 
when managing hypothermic patients. “Afterdrop” is the 
continued decrease in the patient’s core temperature as 
warming is provided and is due to the return of cold 
peripheral blood to the central circulation. To prevent 
“afterdrop,” it is important to warm the patient’s trunk 
(chest and abdomen), not the extremities. “Rewarming 
shock” develops with excessively rapid warming and is 
due to the sudden development of systemic vasodilata-
tion. This vasodilatation causes hypotension at a time 
when the circulatory system may not be able to react. 
The systemic hypotension is aggravated by the increased 
metabolic demand that develops as hypothermic patients 
are rewarmed, which increases the demand for perfu-
sion. To prevent or reduce “rewarming shock,” IV fluid 
therapy must be provided and assessment of volume 
status (e.g., serial body weight measurement, central 
venous pressure [CVP], clinical signs of hydration), sys-
temic blood pressure, and tissue perfusion (e.g., evalua-
tion of capillary refill time [CRT], lactate clearance, 
change in mentation, urine output) must be monitored 
carefully. Other possible problems associated with 
warming a hypothermic patient are due to changes in 
regional blood flow (e.g., development of cerebral 
edema, cerebral ischemia), reperfusion of tissue beds 
(e.g., development of systemic reperfusion injury,  
pancreatitis), and other factors (e.g., pneumonia, pul-
monary edema, acute respiratory distress syndrome 
[ARDS]).4

Management of patients with hypothermia 
(see Protocol 62.3)

Hypothermic patients must be warmed rapidly but care-
fully, and with anticipation for possible complications. 
Additionally, cardiovascular support (principally IV 
fluid therapy), management of coexisting problems, and 
prevention of rewarming complications are necessary.5 
The recommended rate of rewarming is to increase  
the core body temperature by 0.06–0.13°C (2–4°F) per 
hour.4–6

Rewarming can be by passive surface warming, active 
surface warming, active core warming, or a combination 
of these.4 Passive surface warming involves the use of 
external wraps, typically blankets or towels, to prevent 
heat loss while the animal “self-generates” heat; this 
method is typically effective for patients with mild 
hypothermia and adequate blood volume. Active surface 
warming involves the use of externally applied heat 

hypothermia, the mechanisms that lead to hypothermia 
are excessive heat loss, decreased heat production, or 
both. According to a revised classification scheme,4 
primary hypothermia is classified as mild (32.5–37.5°C 
[90–99°F]), moderate (28.0–32.5°C [82–90°F]), severe 
(20.2–28.0°C [68–82°F]), or profound (<20.2°C [68°F]). 
Using this same scheme, secondary hypothermia is  
classified as mild (37.0–37.5°C [98–99.9°F]), moderate 
(35.8–37.0°C [96–98°F]), severe (33.6–35.8°C [92–
96°F]), or profound (<33.6°C [92°F]).

Complications related to hypothermia

Hypothermia can cause many types of complications. 
The duration and severity of hypothermia, type of 
hypothermia (primary or secondary), and the patient’s 
ability to adapt directly affect which complications 
develop and how severe those complications become. It 
is most important for the healthcare worker to recognize 
the potential problems rather than specific temperatures 
at which to expect these problems.

Glucose, electrolyte, and venous blood gas measure-
ments should be performed at least every 6–12 hours 
initially. Hyperglycemia is common in mild and moder-
ate hypothermia; specific measures to reduce blood 
sugar are seldom necessary. Hypoglycemia can develop 
in severely hypothermic patients, and dextrose supple-
mentation may be necessary. Hypokalemia is common 
in mild to moderate hypothermia, and supplementation 
is necessary. Hyperkalemia is reported in severe hypo-
thermia; specific measures may be necessary (e.g., 
insulin-dextrose administration, bicarbonate adminis-
tration) if potassium is >7–8 mmol/L. Metabolic and 
respiratory acidosis are reported in most types and 
degrees of hypothermia; these typically correct with 
fluid therapy and patient warming.

Hemostatic defects are common. Patients are com-
monly in a hypocoagulable state with prolonged clotting 
times. Platelet abnormalities are also noted. Patients 
with mild hypothermia typically have increased platelet 
aggregation, whereas patients with severe hypothermia 
have decreased platelet aggregation. Serial platelet counts 
and coagulation testing should be performed on admis-
sion and every 6–12 hours after admission until patients 
are stable, to screen for abnormalities.

Tachycardia and hypertension are common in mild to 
moderate hypothermia. As hypothermia worsens, bra-
dycardia and hypotension develop, and other cardiac 
arrhythmias may develop. For these reasons, continuous 
electrocardiography (ECG) and blood pressure moni-
toring is recommended until the patient is stabilized. It 
is recommended3 to avoid giving drugs, to include anti-
arrhythmic agents, until the body temperature is >30–
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sources, such as forced-air devices, warm water bottles, 
heating pads or lamps, or dryers, to provide heat to 
offset the patient’s inability to generate heat; this method 
is recommended for patients with all types and severity 
of hypothermia. With active surface warming, especially 
in cats,4 it is important to provide IV volume support to 
maintain normotension and to prevent shock. When 
using this method, apply heat to the thorax and 
abdomen, and not the extremities, as this avoids periph-
eral vasodilatation and prevents the decreased thermo-
regulatory response seen when extremities are warmed, 
both of which contribute to persistent hypothermia and 
“afterdrop.”4 Active core warming involves the more 
aggressive use of heat provided centrally to rapidly 
increase core temperature, using methods such as 
heating inhaled air provided by endotracheal tube, 
warm peritoneal or pleural lavage, warmed IV fluids, 
and urinary bladder and rectal lavage with warmed 
fluids. This method is typically reserved for severe or 
profound hypothermia; of these, warming IV fluids to 
no more than 42.6°C (108°F) is easy to do (run the IV 
administration set tubing through a bowl of warm water, 
microwave the bag of crystalloid fluid before use, or use 
commercial fluid warmers), effective, and least prone to 
complications. The temperature of IV fluids should  
not exceed 42.6°C (108°F) to avoid injury to cellular 
components of the peripheral blood. The current 
recommendation4–6 is to warm hypothermic patients to 
a temperature of 37.2°C (98.5°F) and then cease use of 
all warming methods except passive warming, while 
providing blood volume support (i.e., IV fluids) at rela-
tively moderate rates to avoid volume overload (10–
15 mL/kg/h) that is possible in hypothermic patients 
being rewarmed.4,6

In summary, patients with cold-induced injuries 
require intensive management, with utmost attention to 
rapidly but carefully rewarming the patient while mini-
mizing complications and providing supportive care. 
The keys to proper nursing care include targeted rewarm-
ing of the trunk, adequate IV fluid therapy, and intensive 
monitoring.

Heat-induced injury

Heat-induced injury, primarily seen in dogs, develops 
when there is an increase in core body temperature as a 
result of exertion, exposure to increased environmental 
temperature and humidity, or both. The subsequent 
hyperthermia exceeds the capability of the patient to 
compensate. There are three types of heat-induced 
injury based on the severity of the resulting injury. In 
people, these are described as heat cramps, heat exh-
austion or prostration, and heat stroke. In veterinary 

Protocol 62.3  Management of hypothermia

1.  Warm rapidly but carefully.
a.  Increase the body temperature by 0.06–0.13°C 

(2–4°F) per hour.
b.  Warm to a temperature of 37.2°C (98.5°F) and then 

cease use of all warming methods except passive 
warming.

Mild hypothermia, adequate blood volume: Warm using 
passive surface warming (wrap patient in blankets or towels; 
hospitalize in warm environment).

Moderate-to-severe hypothermia; mild hypothermia with 
inadequate blood volume

a.  Warm using active surface warming (use of 
externally applied heat sources such as forced-
air devices, warm water bottles, heating pads or 
lamps, or dryers).

b.  Apply heat to the thorax and abdomen, and not the 
extremities.

c.  Perform passive warming as above.

Severe-to-profound hypothermia

a.  Warm using active core warming (heat inhaled air 
provided by endotracheal tube, warm peritoneal or 
pleural lavage, warm IV fluids, and urinary bladder 
and rectal lavage with warm fluids).

b.  Perform active and passive warming as above.
2.  Provide cardiovascular support

a.  Provide IV fluids at relatively moderate rates (2–3 
times maintenance rates, or 2–10 mL/kg/h) until 
normothermic.

b.  Once resuscitated and stabilized, provide continued 
IV fluids as directed by the attending veterinarian.

c.  Provide oxygen supplementation for severe to 
profound hypothermia to reduce risk of cardiac 
arrhythmias.

3.  Anticipate and manage complications
a.  Perform continuous ECG monitoring, and 

treat arrhythmias as directed by the attending 
veterinarian, but do not treat until body 
temperature is 30–32°C (86–90.3°F).

b.  Monitor for glucose, electrolyte, and acid-base 
abnormalities every 6–12 hours.

c.  Monitor platelet count and coagulation parameters 
every 6–12 hours.

d.  Provide analgesia as directed by the attending 
veterinarian.

e.  Perform continuous or intermittent blood pressure 
monitoring, lactate clearance, continuous or 
intermittent CVP measurement, serial body weight, 
changes in mentation, and urine output to monitor 
for “rewarming shock.”

f.  Perform continuous temperature measurement, 
to monitor for correction of hypothermia and 
“afterdrop.”
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cell death is a function of the degree and duration of 
hyperthermia.9 Veterinary technicians must be prepared 
to rapidly recognize and treat heat stroke, because the 
severity of organ injury related to heat injury is directly 
related to the length of time the patient is hyperthermic. 
Retrospective veterinary studies report multiple serious 
complications and high fatality rates in heat stroke 
patients despite proper treatment.10 These cases are chal-
lenging and require intensive treatment and monitoring. 
With aggressive medical therapy and intensive nursing 
care, many of these patients will successfully recover.

Causes of heat stroke
Heat stroke can be caused by a rise in core body tem-
perature due to physical activity or endogenous sources 
(exertional heat stroke) or due to exposure to increased 
ambient temperature or exogenous sources (classical or 
environmental heat stroke).9 A retrospective study10 
conducted at a veterinary teaching hospital found large 
and brachycephalic breeds were more likely than smaller 
breeds to present for heat stroke. Additionally, the mean 
environmental temperature on the days when animals 
presented with heat stroke was significantly increased 
when compared with average temperatures.10 In veteri-
nary patients, the cause of heat stroke is often a combi-
nation of exertional and environmental factors, to 
include high ambient temperatures, confinement in 
unventilated or poorly ventilated areas, and high ambient 
humidity.

Fundamental management concepts
The paramount treatment objective is to decrease body 
temperature in a controlled way as quickly as possible 
and support the cardiovascular system. Poor outcomes 
result from prolonged hyperthermia.11 Continuous core 
body temperature monitoring must be performed until 
body temperature has remained normal without tem-
perature support for 2 hours. Thereafter, these authors 
recommend that temperature be measured continu-
ously or at least every 4 hours. A myriad of concurrent 
problems may be present or develop; these must be 
anticipated and monitored for closely.12

Initial management considerations
Triage of the heat stroke patient is similar for other types 
of injury or illness, but with emphasis on assessing men-
tation, airway and breathing, circulation, and body tem-
perature. Patients typically present with obtundation or 
stupor; however, heat stroke patients can be alert and 
responsive, stuporous, or comatose. Patients presenting 
in stupor or coma are in imminent danger of death. 
Some heat stroke patients present actively seizuring.7

patients, heat-induced injury is better described as being 
mild (heat stress), moderate (heat exhaustion), or severe 
(heat stroke).6,7

Classification of heat-induced injuries
Heat stress is characterized by development of excessive 
thirst, discomfort associated with physical activity, and 
sodium and chloride abnormalities, but with controlled 
panting (i.e., the patient can control or reduce panting 
when exposed to a noxious inhalant such as alcohol).6 
Generally, treatment of heat stress involves removing the 
patient from the source of heat, stopping exercise, and 
cooling by use of fans or movement to an air-conditioned 
area. Close monitoring for several hours is necessary to 
ensure heat stress does not progress and that rebound 
hypothermia does not develop. Key parameters to 
monitor, in addition to frequent body temperature mea-
surement, include changes in mentation, development 
of petecchiae or ecchymoses, hematuria, weakness or 
collapse, clinical signs of shock (e.g., tachypnea, tachy-
cardia, weak pulse quality, pale mucous membranes), 
and anxiety or restlessness.

Heat exhaustion is present when the signs of heat 
stress are present, as well as weakness, anxiety, and 
uncontrolled panting (i.e., the patient cannot reduce 
panting when exposed to a noxious inhalant).6 Gener-
ally, treatment of heat exhaustion is the same as for heat 
stress, but more aggressive measures of cooling are often 
necessary. The patient must be removed from the source 
of heat and all activity must be stopped. Cooling by use 
of fans or movement to an air-conditioned area should 
be done if possible. The hallmark treatment for moder-
ate and severe heat injuries is to thoroughly soak the hair 
coat to the skin to reduce core body temperature. Close 
monitoring for several hours as stated for heat stress is 
necessary to ensure heat exhaustion does not progress 
and that rebound hypothermia does not develop.

Heat stroke is present when signs of heat exhaustion 
are present, coupled with varying degrees of central 
nervous system (CNS) abnormalities (encephalopathy). 
The most common CNS abnormalities include changes 
in mentation and level of consciousness (e.g., obtunded, 
stupor, coma), seizures, abnormal pupil size, cortical 
blindness, head tremors, and ataxia.7 Heat stroke is a 
life-threatening condition. It is characterized by a severe 
increase in core temperature and widespread, multiple 
organ injury with risk of progression to multiple organ 
dysfunction syndrome (MODS). No specific body tem-
perature defines heat stroke in veterinary patients; 
however, temperatures as low as 41.3°C (105.8°F) have 
been associated with pathology.8 Laboratory studies 
using animals have established that heat directly induces 
tissue injury and that the severity of tissue injury and 
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dissipation. Nasal oxygen delivery methods are often 
most successful.

Patients presenting with heat stroke with a rectal tem-
perature >40.9°C (105°F) require emergency cooling 
measures. Numerous cooling methods are described in 
human and veterinary literature; no one technique has 
been shown to be superior or ideal.8 In many cases, a 
combination of cooling methods is necessary. The rate 
of cooling should be as rapid as possible until the body 
temperature is 40.9°C (105°F).6 The most practical, 
most expedient, and most rapid method to reduce body 
temperature is to soak the patient to the skin with room-
temperature (“tepid”) water.7 The patient can be placed 
under running tepid water in a well-drained tub or run 
or submerged partially in a tub of tepid water. The key 
is to soak the entire patient as rapidly as possible, and to 
soak through the hair coat to soak the skin thoroughly.

The value of IV fluids in patient cooling and support 
cannot be overstated. Unless there are specific contrain-
dications, IV fluid therapy using room-temperature 
fluids should be initiated for all heat stroke patients.7 For 
conduction to maximize heat dissipation, adequate cir-
culating blood and plasma volume are required.9 Addi-
tionally, IV administration of room-temperature fluids 
reduces core body temperature.

Additional cooling methods can be used to supple-
ment wetting the skin thoroughly and using room-
temperature IV fluids. Fans can be directed on the 
patient to facilitate surface cooling, remembering that it 
is essential that the skin be thoroughly wet for fans to be 
effective. Further, to effectively use conduction to dissi-
pate heat from the patient, the ambient temperature of 
the treatment room should be reduced to maximize the 
temperature gradient between ambient environment 
and body.9 In most instances, however, this is not practi-
cal in a timely manner. Finally, some human studies 
suggest that cooling of carotid arteries (e.g., by ice packs 
placed over the neck) induces vasodilatation, which may 
increase cerebral perfusion.18 Future veterinary studies 
may reveal positive therapeutic modalities that include 
advanced brain hypothermia.

Note that cold IV fluids, ice-water baths, and surface 
cooling with ice water or ice packs are contraindicated 
because they cause peripheral vasoconstriction with  
sustained increase in core temperature; cause shivering, 
generates more internal heat; and promote capillary 
sludging, which contributes to coagulopathy. Similarly, 
placing isopropyl alcohol on the footpads is commonly 
done, but is generally ineffective because the paw  
pads have such a small surface area. Wetting a large 
percentage of the pet’s surface area to the skin with 
alcohol is required for adequate cooling, which, while 
potentially increasing conductive heat dissipation and 

The triaging technician should examine the airway by 
visual inspection if necessary, and evaluate inhalation 
and exhalation sounds at the upper and lower airway. 
The respiratory system is an important component in 
thermal regulation for two primary reasons: (1) exhaled 
gases are a source of heat loss, and (2) increases in the 
work of breathing can contribute to increased body tem-
perature. A common source of hyperthermia is partial 
or intermittent airway obstruction. The obstruction can 
be due to anatomical conditions or foreign objects. Con-
ditions such as elongated soft palate, stenotic nares, 
everted laryngeal saccules, narrow trachea, or laryngeal 
paralysis are predisposing factors to heat injury.13

Anticipate that in a state of hyperthermia, the patient’s 
initial physiological response will be to move blood to 
the surface vessels to maximize conductive cooling. The 
initial phase will generally include renal and splanchnic 
vasoconstriction, peripheral vasodilatation, and an 
increased cardiac output.14 Over time, if the body tem-
perature remains high, splanchnic and renal vasocon-
striction will eventually fail, creating conditions favorable 
for venous pooling and hypovolemia or distributive 
shock.13 Staff should monitor continuous ECG, blood 
pressure, mucous membrane color, and capillary refill 
time. Any abnormalities should be reported to the 
attending veterinarian immediately.

Although pulmonary artery temperature measure-
ment is the gold standard for evaluating core body tem-
perature, rectal temperature compares well and can be 
performed with little risk or expense. Note that rectal 
temperature may lag behind core body temperature by 
up to 15 minutes.15 Heat stroke patients may therefore 
be hypothermic, hyperthermic, or normothermic on 
presentation, based on cooling measures initiated by the 
owner or handler and length of time since onset of heat 
stroke.7

Emergency management of hyperthermic 
patients (see Protocol 62.4)

Emergency interventions must be performed immedi-
ately to optimize outcome.6,12 If the patient is apneic or 
is not breathing adequately, the patient must be intu-
bated and intermittent manual or mechanical positive 
pressure ventilation provided.16 It is important to note 
that if the patient is intubated, the airway must be pro-
tected during the cooling phase, as an open endotracheal 
tube presents a route for aspiration of running water. 
Supplemental oxygen therapy is necessary by routine 
means until normoxemia is confirmed with the patient 
breathing room air. The method of oxygen delivery used 
should not interfere with cooling efforts during the 
initial phase of care. Oxygen cages and oxygen masks 
can create increased humidity and prevent maximal heat 
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patient to prevent an excessive drop in body temperature 
(“rebound hypothermia”) from aggressive cooling mea-
sures.13 Although warming a patient with a temperature 
of 39.8°C (103°F) may seem counterintuitive, the nursing 
team should anticipate a period of rebound hypother-
mia. Additionally, the delay between rectal temperature 
and true core temperature probably means that the true 
core temperature may be lower.15

Monitor for and treat concurrent problems
Patients with heat stroke often present in shock and may 
develop sustained hypotension. IV fluid therapy should 

promoting evaporative cooling, is not worth the risk of 
combustion.7

Once the patient’s body temperature is <40.9°C 
(105°F), the rate of cooling can be reduced to avoid 
rebound hypothermia. Ancillary cooling measures can 
be removed (e.g., remove fans, return room temperature 
to normal), and the patient’s skin can be dried. Sup-
portive warming is necessary once the patient’s tem-
perature has been reduced to 39.8°C (103°F). At this 
point, all cooling efforts must cease, continuous tem-
perature monitoring must continue, and the attending 
technician should be prepared to actively warm the 

Protocol 62.4  Management of heat-induced injury

1.  Triage the patient as for other types of injury or illness: carefully assess mentation, airway and breathing, circulation, and body 
temperature.
a.  Establish and protect the airway if apneic.
b.  Provide supplemental oxygen therapy.
c.  Establish at least one IV catheter and resuscitate from shock and persistent hypotension.

2.  Emergently cool the patient if rectal temperature is >40.9°C (105°F), cooling as rapidly as possible until the body temperature 
is 40.9°C (105°F).
a.  Soak the patient to the skin with copious amounts of room-temperature (“tepid”) water.
b.  Administer room-temperature IV fluids at rates necessary to combat shock or persistent hypotension.
c.  Direct fans on the patient to facilitate surface cooling.
d.  Reduce the room temperature, if possible.
e.  Do not use cold IV fluids, ice-water baths, or surface cooling with ice water or ice packs.

3.  Reduce the rate of cooling once the patient’s body temperature is <40.9°C (105°F) to avoid rebound hypothermia.
a.  Cease cooling with water and dry the hair/skin.
b.  Remove fans.
c.  Return room temperature to normal.

4.  Provide supportive warming once the patient’s temperature has been reduced to 39.8°C (103°F).
a.  All active cooling efforts must cease.
b.  Continue temperature monitoring.
c.  Actively warm the patient to prevent rebound hypothermia if temperature is at or below 38°C (100°F).

5.  Monitor for and treat concurrent problems.
a.  Monitor blood pressures, lactate clearance, urine output, mentation, and other measures of perfusion to check for shock 

hypotension. Continue IV fluid therapy as directed by the attending veterinarian.
b.  Monitor blood glucose and venous blood gas analyses every 6–12 hours. Maintain normoglycemia with supplemental 

dextrose.
c.  Monitor arterial blood gas analysis or pulse oximetry and capnography to assess oxygenation and ventilation. IV fluids 

should be supplemented with dextrose as needed to maintain normoglycemia.
d.  Monitor for occult or active bleeding and petecchiae and ecchymoses; perform coagulation tests every 6–12 hours and 

serial CBCs every 12–24 hours to screen for thrombocytopenia and coagulopathies.
e.  Monitor the ECG continuously to detect cardiac arrhythmias, especially ventricular arrhythmias. Provide specific anti-

arrhythmic therapy as directed for hemodynamically unstable patients.
f.  Monitor for vomiting and diarrhea, provide excellent nursing care to maintain patient hygiene, provide gastro-intestinal 

protectants as directed, and provide enteral or parenteral nutrition as directed.
g.  Monitor urine output hourly and assess creatinine every 12–24 hours. Place and maintain urethral catheters as directed.
h.  Monitor respiratory rate hourly, perform thoracic auscultation at least every 4 hours, and perform thoracic radiographs 

if pulmonary edema or other abnormalities are suspected. Perform arterial blood gas analysis or pulse oximetry and 
capnography every 4–6 hours initially, then as needed, to assess oxygenation and ventilation. Consider mechanical 
ventilation if the patient cannot oxygenate or ventilate adequately.

i.  Monitor mentation and level of consciousness, vision, gait, and postural responses, and monitor for seizures.
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Renal insufficiency may develop. The full spectrum of 
urine laboratory testing will probably be ordered. The 
technician should anticipate placing a urinary catheter 
with a closed collection system to monitor adequacy of 
urine output. Urine production should be maintained 
at 1–2 mL/kg/hour. If the patient fails to produce urine 
at target rates, the veterinarian should be notified.7

As heat stroke often induces multiple organ dysfunc-
tion syndrome (MODS), careful monitoring of the 
respiratory system is necessary. During initial resuscita-
tion and for the next 12 hours, the respiratory rate 
should be monitored hourly, thoracic auscultation 
should be performed at least every 4 hours, and thoracic 
radiographs should be performed if pulmonary edema 
is suspected. Arterial blood gas analysis or surrogates 
should be performed as needed to assess oxygenation 
and ventilation, as discussed above. Mechanical ventila-
tion may be necessary if the patient cannot oxygenate or 
ventilate adequately.

Generally, CNS abnormalities resolve with mild or 
moderate cases of heat stroke. However, severe heat 
stroke may cause cerebral edema and necrosis, and thus 
careful monitoring is necessary. Cortical blindness 
usually resolves, but may take several days. Persistence 
of altered mentation, ataxia, tremors, or seizures strongly 
suggest increased intracranial pressure; specific therapy 
may be necessary (e.g., mannitol infusion).

In summary, patients with heat injury require inten-
sive management, with utmost attention to rapid reduc-
tion in body temperature. The keys to proper nursing 
care include rapid targeted temperature reduction using 
thorough soaking of the skin with tepid water, cessation 
of cooling measures at an appropriate temperature to 
prevent rebound hypothermia, and intensive monitor-
ing and supportive care to minimize development of 
myriad potential complications.

Open wounds/necrotic tissue

Patients with wounds are frequently presented for vet-
erinary care. Wounds commonly result from animal 
bites, motor vehicle trauma, or other trauma. In most 
cases, traumatic wounds can be classified as contami-
nated or dirty/infected wounds; the difference is based 
on how long the wound existed before presentation. 
Contaminated wounds generally are considered those 
<6 hours old, and dirty/infected wounds are considered 
those >6 hours old and generally with obvious exudates 
or infection.19 Wounds are often noted in conjunction 
with potentially life-threatening injuries; thus, in all 
patients presenting with wounds, a detailed systematic 
triage examination and a careful search for—and man-
agement of—more severe concurrent injuries must take 

be continued not only to cool the patient but also to 
maintain adequate tissue perfusion. In some cases, fresh-
frozen plasma or albumin transfusions may be indicated 
to treat concurrent problems such as disseminated intra-
vascular coagulation or hypoalbuminemia. Continuous 
or intermittent blood pressure measurement, lactate 
clearance, clinical assessment of perfusion, and assess-
ment of volume status should be monitored over time.

Glucose, acid-base, and electrolyte abnormalities are 
common, due to shock and reduced tissue perfusion. 
Blood glucose measurement and venous blood gas anal-
yses, to include measurement of blood lactate concen-
tration, are necessary, generally at intervals of every 6–12 
hours, depending on the severity of the derangements. 
If concurrent pulmonary abnormalities are present, 
arterial blood gas analysis (or surrogates such as pulse 
oximetry and capnography) may be necessary to opti-
mally assess oxygenation and ventilation. IV fluids 
should be supplemented with dextrose as needed to 
maintain normoglycemia.

Heat stroke patients are at an increased risk for devel-
oping hypercoagulable and consumptive coagulopathic 
states (e.g., disseminated intravascular coagulation 
[DIC]).7 Thus, the technician should be prepared to run 
the full spectrum of coagulation testing.8 In many cases, 
thrombocytopenia will develop in the first 24 hours; 
technicians should observe for clinical signs of this (e.g., 
petecchiae, ecchymoses) as well as perform serial com-
plete blood counts (CBCs) at least daily. Additionally, 
careful monitoring for signs of clotting abnormalities 
(e.g., hematoma formation, intracavitary bleeding, epi-
staxis, hematuria) is necessary throughout the hospital 
stay,17 and coagulation testing should be considered 
every 6–12 hours until the patient is stabilized. It is 
common for these patients to receive blood component 
therapy.8

Heat stroke patients are at increased risk for develop-
ment of cardiac arrhythmias, especially ventricular 
arrhythmias. Continuous or intermittent ECG moni-
toring is necessary to identify arrhythmias. Specific  
anti-arrhythmic therapy may be indicated if the  
patient develops hemodynamic instability due to the 
arrhythmia.

Patients suffering from heat stroke often will have 
concurrent vomiting and diarrhea. In some cases, the 
diarrhea will be hemorrhagic.8 Hemorrhagic diarrhea 
is common and can create husbandry challenges. 
Hygiene is critical, and bedding should be changed as 
needed, long hair shaved, tails wrapped, and patients 
bathed. Gastrointestinal protection agents may be 
administered.17 Nutritional support may be necessary 
during the hospital stay, to include enteral or parenteral 
feeding.8
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other factors. Many wounds will need to be managed as 
open wounds (although protected by bandages until 
smaller) before definitive surgical repair. The steps in 
daily wound evaluation are to assess the response to or 
need for antibiotics, debride dying or necrotic tissues 
and lavage the wound, assess for surgical closure, and 
protect the wound.19

Initial wound management 
recommendations19,20 (see Protocol 62.5)

Provide effective analgesia or anesthesia based on  
wound severity, location, and other factors. Apply sterile 

precedence over management of wounds. In all instances, 
wound care follows resuscitation and stabilization of the 
patient.

Considerations in wound management
The primary goal in wound management is to create a 
healthy wound bed, one that has adequate blood  
supply to support repair, and without contamination or 
necrotic tissue that will impede healing and increase the 
risk of infection.19,20 Unless simple and small, many 
wounds will require frequent evaluation, generally at 
least once daily, based on location, extent, severity, and 

Protocol 62.5  Management of open or necrotic wounds

1.  Triage the patient first for life-threatening problems.
a.  Provide appropriate resuscitation and stabilization before focusing on wounds.
b.  Apply direct pressure followed by a temporary pressure bandage to stop active hemorrhage at wound sites.

2.  Manage potential local and systemic infection.
a.  Collect and submit samples for microbial culture and sensitivity testing, preferably before antibiotic therapy is started.
b.  Initiate antibiotic therapy as directed by the attending veterinarian within the first 6 hours of the wound’s development, or 

as soon as possible thereafter.
c.  Culture the wound if obvious infection develops during any phase of wound management, if the wound fails to heal 

normally, or if systemic signs of infection develop.
3.  Provide initial wound management.

a.  Provide effective analgesia or anesthesia based on wound severity, location, and other factors, as directed by the 
attending veterinarian.

b.  Apply sterile water-soluble lubricant to the wound bed and then clip the hair generously around the wound.
c.  Gently cleanse the skin around the wound, but not the wound bed, with surgical scrub.
d.  Gently lavage the lubricant and gross contaminants from the wound using sterile saline or lactated Ringer’s solution (LRS).
e.  Debride grossly necrotic tissues and nonviable tissue carefully using aseptic technique and sharp dissection in accordance 

with hospital policy.
i.  Do not mass ligate tissues or use cautery excessively.
ii.  Do not damage, transect, or ligate major blood vessels (unless actively hemorrhaging) or nerves, as these are crucial 

to maintain effective blood flow and innervation distally.
f.  Lavage the wound to remove particulate debris and reduce bacterial contamination.

i.  Thoroughly lavage the wound bed with at least 1 L for this final lavage
ii.  Lavage under pressure, using a lavage pressure of 7–8 mmHg: use a 16-gauge hypodermic needle attached to an IV 

administration set attached to a 1 L bag of saline pressurized to 300 mmHg using a pressure cuff.
g.  Bandage the wound.

i.  Apply a primary layer to provide mechanical debridement initially, using a wet-to-dry bandage, consisting of sterile 
gauze sponges saturated with sterile saline, gently wrung to eliminate excessive moisture, and applied directly to the 
wound.

ii.  Apply several dry gauze sponges over the primary layer.
iii.  Apply a secondary layer over the primary layer, using cast padding or roll cotton +/- splints to provide support.
iv.  Apply a tertiary layer of nonadherent conforming bandage (e.g., VetWrap®), adhesive bandage (e.g., Elastikon®), or 

both, using light compression.
4.  Provide daily wound care, using appropriate analgesia, sedation, or anesthesia.

a.  Change bandages at least once daily, but more frequently if heavy discharge is present or the bandage is soiled or 
partially removed by the patient.

b.  Lavage the wound as above at every bandage change.
c.  Debride the wound as above at every bandage change.
d.  Apply a new bandage as above; however, change the primary layer to a nonadherent dressing once a healthy granulation 

bed is formed.
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varying degrees of contamination or infection), an 
adherent dressing is used. Once a healthy granulation 
bed has formed, convert to a nonadherent dressing.  
The most common adherent dressing is a wet-to-dry 
bandage, consisting of sterile gauze sponges that are 
saturated with sterile saline, gently wrung to eliminate 
excessive moisture, and then applied directly to the 
wound. Over the wet dressing, several dry gauze sponges 
are applied. In large wounds, laparotomy sponges may 
be optimal to cover more wound bed. The dry gauze 
“wicks” moisture and contaminants and exudate from 
the wound while the moist gauze provides some debride-
ment by the mechanical action of the gauze on the 
wound bed. The most common nonadherent dressing is 
a semi-occlusive cotton pad (e.g., Telfa®, Kendall Health-
care) that retains moisture against the wound bed and 
wicks exudate from the surface of the wound. The 
attending veterinarian will direct use of topical medica-
tions on the wound bed. Commonly used agents include 
SSD ointment or triple-antibiotic ointment. Sugar and 
honey have been used in grossly contaminated wounds 
with positive effects.20

The secondary layer is applied over the primary layer. 
Most commonly, rolled cast padding or roll cotton is 
used to provide support. Splints can be included in the 
secondary layer, if used. The tertiary layer typically con-
sists of nonadherent conforming bandage (e.g., 
VetWrap®, 3M, St. Paul, MN), adhesive bandage (e.g., 
Elastikon®, Johnson & Johnson, New Brunswick, NJ), or 
both. This layer holds the dressing and secondary layer 
in place, provides additional support, and provides more 
durable protection of the underlying layers. In most 
cases, the tertiary layer is applied just tight enough to 
hold the bandage in place, and without compression.

After initial placement, bandages are changed at least 
once daily. More frequent bandage changes may be nec-
essary if the wound has a heavy discharge or the bandage 
becomes soiled or partially removed by the patient. 
Once wound discharge is reduced and a healthy granula-
tion bed has formed, bandage changes become less fre-
quent, generally every 2–3 days.

Antibiotic use in patients with open  
or necrotic wounds

Systemic antibiotic use will be at the discretion of the 
attending veterinarian. In many cases of contaminated 
wounds, with proper management, the wound can be 
converted to clean-contaminated, and systemic antibiot-
ics may not be indicated. In most cases of dirty/infected 
wounds, antibiotics are clearly indicated for several days. 
Wound cultures are indicated at admission if the patient 
presents with a dirty/infected wound, if obvious infec-
tion develops during any phase of wound management, 

water-soluble lubricant to the wound bed and then clip 
the hair generously around the wound. Gently cleanse 
the skin around the wound, but not the wound bed, with 
surgical scrub. Gently lavage the lubricant and gross 
contaminants from the wound using sterile saline or 
lactated Ringer’s solution (LRS); do not use tap water 
except in very grossly contaminated wounds with large 
amounts of debris, in which case it may be more expedi-
ent to flush the wound with warm water under gentle 
pressure initially. The goal of this initial lavage is to 
remove gross contaminants and reduce the bacterial 
burden.

The next step is to debride grossly necrotic tissues and 
nonviable tissue carefully using aseptic technique and 
sharp dissection in accordance with hospital policy. Do 
not mass ligate tissues or use cautery excessively, as this 
usually leads to necrosis of these tissues and serves as a 
bed for infection. Use caution not to damage, transect, 
or ligate major blood vessels (unless actively hemor-
rhaging) or nerves, as these are crucial to maintain effec-
tive blood flow and innervation distally.

Lavage of the wound is necessary to remove particu-
late debris and reduce bacterial contamination. Thor-
oughly lavage the wound bed with copious amounts of 
sterile saline or LRS; use at least 1 L for this final lavage—
remember the adage, “The solution to pollution is  
dilution.” Use lavage under pressure. Most authors rec-
ommend a that a lavage pressure of 7–8 mmHg be used; 
less pressure will not allow adequate lavage, and greater 
pressure drives bacteria into deeper spaces and causes 
tissue disruption and edema that may impede healing.21 
Commercially available lavage devices are available. 
However, a simple device that has been shown to  
generate the ideal pressure uses a 16-gauge hypodermic 
needle attached to an IV administration set attached to 
a 1 L bag of saline pressurized to 300 mmHg using a 
pressure cuff.21 Other techniques commonly used 
(syringes and needles, lavage bottles and needles) have 
actually been shown to either generate too little or too 
much pressure, and should not be used.21 The use of 
antibiotics or disinfectants in the lavage solution is  
controversial; follow hospital policy as to whether or not 
to add these agents and concentrations to be used if 
added. In most cases, simple saline or LRS lavage is most 
important.

Bandaging recommendations

In nearly all cases, open wounds should be bandaged19 
to protect the wound from contamination and support 
the wound while it heals. The primary layer is the dress-
ing that actually contacts the open wound. When 
mechanical debridement is desired (i.e., in most wounds 
after initial management has been performed, with 
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if the wound fails to heal normally, or if systemic signs 
of infection develop.

In summary, patients with open or necrotic wounds 
require careful management, especially during initial 
wound care. The keys to proper nursing care include 
thorough wound lavage, removal of gross contaminants, 
microbial culture and sensitivity, appropriate antibiotic 
use, and wound protection using carefully applied ban-
dages. Daily wound care and debridement are critical to 
the long-term wound healing, and are the key areas 
where excellent nursing care will make the difference 
between positive outcome and failure.

Open fractures

Fractured bones and dislocated joints are generally not 
considered life-threatening emergencies. However, open 
fractures, in which the skin and subcutaneous tissues 
overlying a fracture are injured and expose fracture ends 
and fragments to external contamination, pose a very 
real risk of increasing morbidity and mortality because 
they provide access to microbial organisms that can 
cause local infection (i.e., osteomyelitis, cellulitis) and 
serve as a nidus of infection for systemic infection. Thus, 
proper management of open fractures is an important 
part of the overall management of trauma patients. 
Early and proper management of open fractures is criti-
cal, and open fractures should be treated as a medical 
emergency, once more pressing problems are addressed.

Causes of open fractures
The majority of open fractures are caused by motor 
vehicle trauma. However, gunshot injury, entrapment 
injury, and blunt trauma from non-motor vehicle  
causes are also common. It is important to recognize 
that the forces involved in trauma that cause fractures 
are intense, and probably have caused trauma to more-
critical organ systems. Thus, addressing the overall 
patient for life-threatening injuries takes precedence 
over open fractures.

Initial nursing interventions  
(see Protocol 62.6)

Technicians must address life-threatening problems 
first, using the standard approach to trauma manage-
ment presented elsewhere. While fractures, especially 
open fractures, are generally obvious and attract intense 
attention, skilled technicians will focus on the “ABCs” of 
initial trauma patient management. While evaluating 
the entire patient and initiating life-saving therapy, it is 
wise to protect the open fracture site, as follows.22 Do 
not attempt to reduce bone(s) protruding at fracture 

Protocol 62.6  Management of open fractures

1.  Address life-threatening problems first!
a.  Use a standardized approach to trauma 

management.
b.  Focus on the “ABCs” of initial trauma patient 

management.
c.  Protect the open fracture site.

i.  Do not attempt to reduce bone(s) protruding at 
the fracture site.

ii.  Remove any large gross contaminants from the 
wound (e.g., leaves, rocks, stick fragments), 
but do not attempt to clip the hair or cleanse 
the wound at this point.

iii.  Cover the fracture and wound with sterile 
nonadherent dressing and apply a light 
bandage.

2.  Prevent bacterial infection, provide analgesia, and 
promote normal healing pending surgical fracture repair.
a.  Culture open fracture sites as soon as possible after 

presentation and before antibiotic use if possible.
b.  Administer antibiotics as directed by the attending 

veterinarian.
c.  Never withhold antibiotic therapy in any patient 

with an open fracture.
d.  Provide appropriate analgesia; reassess pain every 

4–6 hours using a pain scoring system.
e.  Manage soft tissue injuries over the fracture site 

appropriately (see Protocol 62.5).
3.  Manage orthopedic injuries.

a.  Immobilize the fracture if directed to do so, to 
minimize pain, improve function, and prevent 
further injury to the neurovascular bundle and 
bone. Use a spoon splint, lateral plastic splint, or 
Robert-Jones bandage.

b.  If an immobilizing device is not applied, apply a 
sterile wet-to-dry bandage to open fractures (see 
Protocol 62.5). Change bandages at least once 
daily, based on degree of strike-through, soiling, or 
loosening.

4.  Monitor patients with open fractures.
a.  Focus on the overall status of the patient.
b.  Recognize common complications due to open 

fractures.
i.  Assess pain frequently and provide appropriate 

analgesia.
ii.  Base continued antibiotic use on the initial 

culture and sensitivity results.
iii.  Monitor the open fracture site at least daily 

for evidence of local infection, and monitor 
the patient frequently for evidence of systemic 
infection.

iv.  Assess adequacy of immobilization, if applied, 
and monitor for complications of immobilizing 
devices (e.g., chafing, distal swelling, pain, skin 
wounds, tissue maceration).
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moist for optimal healing. Change bandages at least 
once daily, based on degree of strike-through, soiling, or 
loosening.

Monitoring of patients with open fractures
Monitor the patient, focusing on the overall status of the 
patient. Specific monitoring related to the open fracture 
involves recognizing common complications due to 
open fractures. Assess pain frequently and provide 
appropriate analgesia. Base continued antibiotic use on 
the initial culture and sensitivity results. Monitor the 
open fracture site at least daily for evidence of local 
infection, and monitor the patient frequently for evi-
dence of systemic infection. Assess adequacy of immo-
bilization, if applied, and monitor for complications of 
immobilizing devices (e.g., chafing, distal swelling, pain, 
skin wounds, tissue maceration).

In summary, patients with open fractures require 
careful management, with utmost attention to identify-
ing and treating life-threatening problems first. The keys 
to proper nursing care include protecting the wound 
and immobilizing the fracture initially, followed by 
appropriate antibiotic therapy, effective analgesia, daily 
wound care, fracture immobilization if appropriate, and 
supportive care pending definitive fracture repair.
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63
Safe handling and care of patients exposed  
to radioactive and antineoplastic agents

Michael S. Kent and Paul Primas

The safe handling and care of patients exposed to either 
radioactive or chemotherapeutic agents is essential. 
These patients present a particular challenge in that they 
may need extensive and intensive nursing care and have 
the potential to endanger the very people providing that 
care if proper precautions are not taken. Further, how to 
best protect oneself is not always straightforward. Mul-
tiple studies have shown that improper handling of the 
agents and patients treated can result in exposure of the 
nursing staff. This can carry a serious health risk for 
caregivers. In order to decrease this risk, procedures and 
protocols should be established at each practice using or 
caring for patients exposed to these agents. It is impor-
tant that staff at each facility have knowledge of federal, 
state, and local regulations when developing such a plan. 
Exposure to these agents can occur during chemother-
apy drug or radiopharmaceutical preparation or admin-
istration, or when handling an exposed or treated patient 
or waste from that patient. Limiting contamination of 
areas where drugs are stored and prepared and where 
these patients are treated and cared for is essential in 
maintaining a safe work environment. General radiation 
safety is also extremely important when using radiation 
to diagnose or treat patients; this includes the use of 
diagnostic x-ray machines. This chapter is divided into 
two parts covering radiation and chemotherapy safety.

Radiation

Definitions and terms
Radiation is energy that travels as waves or in the form 
of high energy particles. Radiation is only damaging to 

cells if it is ionizing, meaning that it has the ability to 
break bonds or liberate bound electrons from molecules 
within cells. X-rays, beta particles, gamma rays, elec-
trons, and photons are all different types of ionizing 
radiation that are used in veterinary medicine for diag-
nostic and therapeutic purposes.

The unit of absorbed dose for radiation is the gray 
(Gy), which is defined as joule/kg. This unit does not 
take into account the biological damage potential, which 
varies with different types of radiation. For example,  
10 Gy of alpha particles or neutrons will cause more  
severe damage to cells than will 10 Gy of electromag-
netic radiation. To help account for this variability, units 
of rem (roentgen equivalent in man) or sieverts (Sv; 
1 Sv = 100 rem) are used. These units of absorbed dose 
take into account a factor assigned to different types of 
radiation based on the severity of their biological effects 
on humans.

The curie (Ci) and the bequerel (Bq) are units of 
activity for a radioactive substance. A bequerel is the SI 
unit for radioactivity and is defined as 1 disintegration/
second. The curie is defined as the approximate activity 
of 1 gram of the isotope 226Ra (radium) and is equal to 
3.7 × 1010 disintegrations/second. Generally, mCi doses 
of a radiopharmaceutical are used for imaging or thera-
peutic purposes.

Dose limits
The Nuclear Regulatory Commission (NRC) is the body 
charged with regulating nuclear materials used for 
medical reasons within the United States.1 By special 
agreement with contract states, licensing a facility to use 
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most commonly used to treat hyperthyroidism in cats 
and occasionally to treat thyroid carcinomas in either 
dogs or cats.10–12 Table 63.2 lists the most commonly 
used radiopharmaceuticals and their half-lives.

Concept of half-life
How long a particular radiopharmaceutical is actively 
emitting radiation is based on the physical half-life (t1/2) 
of the particular isotope. The physical half-life is defined 
as the amount of time required for the radioactivity to 
decrease by half and is constant for each isotope. In 
general after 10 half-lives an element is considered no 
longer radioactive. This is the reason that if a patient dies 
directly after receiving a radiopharmaceutical, their 
body must be stored in a shielded freezer designated for 
this purpose and is not released for 10 half-lives. In the 
case of 131I this would be approximately 80 days.

The biological half-life is defined as the amount of 
time for a patient to eliminate one half of the activity of 
the compound from the body. Most agents are excreted 
in the urine and/or feces. When a radiopharmaceutical 
is given to a patient, the length of time the patient is 
actively giving off radiation is based on both the physical 
half-life of the element and the biological half-life. Com-
bining these terms gives you the effective half-life, which 
can be variable between patients due to variation in the 
biological half-life between individuals.

Radiation protection
As with patients who are exposed to x-rays for diagnos-
tic imaging (radiographs or computed tomography 
scans), patients receiving external beam radiation 
therapy are not radioactive and do not present a risk of 
exposure to caregivers. This is in contrast to patients 
who receive a radiopharmaceutical agent resulting in 
residual radioactive material being present in their 
bodies, leading to risk for anyone who comes in contact 
with them, their blood or other body fluids such as 
urine, or their feces. These patients also have the poten-
tial to contaminate the environment, which could also 

radioactive substances may also be delegated to the state 
government. The NRC has set maximum limits of radia-
tion exposure for humans. These limits are different for 
the public, radiation workers, fetuses, and other groups 
(see Table 63.1).2 These differences are based on the rela-
tive risk of each group. For example, fetuses are more 
sensitive to radiation damage than adults, particularly 
during the first 3 months of gestation, so they have a 
relatively low legal limit for exposure. The general public 
is also to be protected from increased exposure as com-
pared with radiation workers.

A stochastic effect is a side effect that can occur at any 
dose exposure, but whose risk increases as the dose 
increases. The risk of developing cancer after radiation 
exposure is one example of this. Compared with 
someone who was not exposed, exposure to even low 
doses of radiation increases the risk of developing cancer 
later in life. However, the increased risk of developing 
cancer with low-level exposure, on the order received 
treating and handling radioactive patients when proper 
precautions are taken, is difficult to quantify but is prob-
ably very low.

Radiopharmaceuticals
Veterinary uses
A radiopharmaceutical is a radioactive drug that is used 
either to diagnose or treat disease. The radiopharmaceu-
ticals most commonly used in veterinary medicine are 
technetium-99 (99mTC) and iodine-131 (131I), although 
others such as samarium-153 (153Sm) and phosphorus-32 
(32P) have also been used.3–6 Technesium is used in diag-
nostic radiology and has a relatively short half-life. 
When bound to pertechnetate it is most commonly used 
for the diagnosis of portosystemic shunts and thyroid 
disorders. When bound to methylene diphosphonate 
(MDP) it is taken up by osteoblasts and can be used to 
identify active areas of bone remodeling and is therefore 
commonly used to help identify patients with osteosar-
coma or other cancers with bone metastasis.7–9 131I is 

Table 63.1 Annual dose limits for whole body exposure 
(adapted from NRC Regulations [10 CFR] PART 20, Standards 
for protection against radiation)

Adult: occupation dose limit 5 rems (0.05 Sv)
Member of the public 0.1 rem (1 mSv)
Minors (under 18 years of age): 
occupational dose limit

0.5 rems (0.005 Sv)

Embryos/fetus: for mother who is a 
radiation worker

0.5 rem (5 mSv) over 
term of pregnancy

Table 63.2 Commonly used radiopharmaceuticals used in 
veterinary medicine and their corresponding half-lives

Radionucleotide Approximate Physical Half-life (t1/2)

Technesium-99M (99mTc) 6 hours
Iodine 125 (125I) 59 days
Iodine 131 (131I) 8 days
Samarium 153 (153Sm) 1.93 days
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designated to regularly hold animals for radiographs; 
this task should be shared among trained individuals, 
thus limiting the exposure to any one person. Lastly, 
anyone taking radiographs should have received training 
in the proper use of equipment and the steps that can 
be taken to reduce the risk of exposure. Anyone taking 
radiographs should be properly monitored using a radi-
ation detection device (dosimeter) to ensure that he or 
she is not receiving too large of a cumulative dose. Radi-
ation detection badges are usually checked monthly or 
quarterly and reports are to be made available to the 
individual so he or she is aware of what exposure may 
have been received.

Radionucleotide safety
Any facility using a radionucleotide will have a desig-
nated radiation safety officer and a radiation safety plan 
as part of their licensing requirements. This plan will 
detail how long a patient needs to be held after exposure 
and safety procedures. If a treated patient is brought into 
a practice for care other than where it was initially 
treated, the facility should be contacted and notified. 
Each treating facility will have a plan in place for han-
dling radioactive patients and should be familiar with 
local rules and regulations. The length of time after 
exposure for which there is a concern for people working 
with the animal or its blood depends on the particular 
radionucleotide. For technesium there is little concern 
of exposure after 48 hours, while patients treated with 
131I this can present a hazard for a month or more. It 
should be remembered that their blood, urine, and feces 
are also radioactive. These patients should be isolated, 
their cages labeled as radioactive, and contact mini-
mized until it is determined if they still present a hazard. 
Minimal precautions to be taken include wearing gloves, 
gowns, plastic shoe covers, and a face shield when 
coming in contact with these patients. Cages should not 
be hosed to limit the risk of aerosolizing and spreading 
radioactive material present in excreta. Geiger-Muller 
counters can be used to measure electron or photon 
radiation directly from the surface of a patient or from 
areas that may have become contaminated. These detec-
tors generally give readouts in counts per minute or 
milliroentgen (mR) per hour.

In a patient treated with 131I, a Geiger counter can be 
placed over their thyroid area and over any waste or 
bodily fluids to check for radioactivity. To see if the work 
environment is contaminated, wipe tests should be done. 
Wipe tests are done by taking swabs of the cage, coun-
ters, floors, and other areas where a radiation patient was 
present and placing the wipes in a scintillation counter. 
Wipe tests are generally part of any radiation safety plan 

place their owners or caregivers at risk for exposure to 
radiation.

The most basic concept of radiation protection is to 
limit exposure as much as possible. This concept should 
be applied to anyone potentially coming into contact 
with any form of radiation. The term “ALARA” (as low 
as reasonably achievable) is a mainstay of radiation pro-
tection and should be closely adhered to. In order to limit 
one’s exposure when working with radiation or with a 
radioactive patient, the three main factors to keep in 
mind are time, distance, and shielding. Limiting the 
amount of contact time with a patient will decrease the 
amount of dose that the caregiver absorbs. Since radia-
tion dose falls off as the distance squared, increasing the 
distance from a patient substantially decreases the dose 
received. For example, if a person is 2 meters away from 
a patient who is radioactive, that person will receive one 
quarter of the dose that would have been received if he 
or she were standing one 1 meter away. Shielding the 
radioactive source or patient will also greatly reduce 
potential exposure. For all of these reasons patients 
treated with a radiopharmaceutical are housed separately 
from other patients and kept out of commonly entered 
areas. This can be difficult if the patient is ill, however, 
particularly in the first few days after being treated.

External beam radiation protection
One potential source of exposure to radiation occurs 
while taking radiographs. While it is a well-established 
fact that one should never place any part of one’s body 
in the primary beam while holding a patient for radio-
graphs, exposure may still be received from scatter radia-
tion. Whenever possible everyone but the patient should 
leave the room when a radiograph is being made. Chem-
ical sedation and the use of restraint devices such as sand 
bags can be used to limit the need to have someone in 
the room. In some states it is not permissible to be in 
the room while a radiograph is being taken. Regardless 
of the law, every attempt should be made to limit expo-
sure if someone is holding an animal during this proce-
dure. With critically ill patients it may at times be 
impractical to sedate or restrain the patient appropri-
ately for radiographs without having one or more people 
holding the animal. To decrease the time of exposure, 
careful technique should be used to decrease the number 
of repeat radiographs that are needed. Wearing lead 
gloves will not prevent exposure of one’s hands if they 
are in the primary beam, and the field should be prop-
erly collimated so that no one has any body part within 
the primary beam. Additionally, lead gowns, gloves, and 
thyroid shields will largely protect you from scatter radi-
ation and should be worn. No one person should be 



Safe Handling and Care of Patients Exposed to Radioactive and Antineoplastic Agents  817

have been found in people who regularly work with 
chemotherapy drugs.17,18 As with radiation the addi-
tional risk of developing cancer after exposure to low 
levels of chemotherapy is poorly understood.

Limiting exposure
The Occupational Health and Safety Administration 
states that sound practices require that a Hazardous 
Safety and Drug plan be developed at institutions  
where hazardous drugs are used to minimize the risk  
to employees.19

All chemotherapeutic drugs should be mixed in a bio-
logical safety hood. Minimally, a class II laminar flow 
biological safety cabinet should be used.15,19 A pharmacy 
isolator may be preferable, as it has been shown that the 
area directly outside laminar flow hoods can routinely 
become contaminated.20,21 The use of a closed drug 
delivery system such as the PhaSeal™ system (Carmel 
Pharma AB, Göteborg, Sweden) while administering 
chemotherapy can also decrease the risk of exposure and 
avoid contamination of the work environment.15,22 
Proper training in the use of a closed system is impor-
tant to help avoid accidents leading to contamination.23 
When spill of a chemotherapeutic drug does occur, a 
chemotherapy spill kit should be maintained to help 
with containment and decontamination. Several kits are 
commercially available.

One of the most important ways to protect oneself 
from exposure to patient or environmental chemother-
apy hazards is by wearing gloves.14 It is very important 
to use gloves designed for the particular agents being 
used. Glove thickness and length are also important in 
protecting the wearer from exposure. Specially manu-
factured chemotherapy gloves should be worn whenever 
mixing or administering drugs or when handling 
patients who have received chemotherapy. Chemother-
apy gloves can be made from several different materials, 
including latex, neoprene, and nitrile. Ideally, they 
should extend to cover a gown at the wrist so no skin is 
exposed. These gloves must undergo testing by the man-
ufacturer to ensure that they are not permeable to che-
motherapy agents. Examination gloves in general are 
not sufficient to protect from exposure.

The disposal of contaminated materials and waste 
from chemotherapy preparation and administration 
and from patients exposed to chemotherapy is regulated 
by federal (Environment Protection Agency), state, and 
local regulation, and an institutional plan should be 
developed to ensure that any facility using these hazard-
ous drugs is in compliance. In general all needles  
and other sharps should be disposed of in a separate, 
appropriately labeled chemotherapy designated sharps 

for a facility using radionucleotides. Remember that 
once an area is contaminated, it may take up to 10 physi-
cal half-lives for the area to be safe unless proper decon-
tamination procedures are followed. All waste from 
animals should be kept separately and checked for radio-
activity. It should be stored properly and shielded until 
it is no longer radioactive before disposal. As the local 
legal requirements vary for radioactive waste disposal, 
the treating facility should be consulted regarding waste 
disposal or withholding times before any animal waste 
is disposed of in municipal trash.

Although generally not required as part of routine 
employee monitoring, if there is concern that an expo-
sure might have taken place, a bioassay test can be per-
formed to see if an employee has absorbed any 
radionucleotide. This procedure requires specialized 
equipment. It is a noninvasive test where a gamma 
counter is placed near the neck area to see if a person is 
emitting gamma rays from absorbed radionucleotide 
that may have accumulated in the thyroid.

Chemotherapy

According to American Society of Health-System Phar-
macists, a drug should be considered hazardous if it is 
genotoxic, carcinogenic, teratogenic, and/or could lead 
to decreased fertility or cause serious organ or other 
toxicities at low doses in experimental animals.13 Drugs 
that are classified as chemotherapuetic or antineoplastic 
agents fall into at least one of these categories and should 
be handled with care. Drugs for which there are no data 
regarding these potential toxicities such as new or inves-
tigational drugs should also be handled as hazardous 
materials.

As there is little information available as to a safe level 
of exposure to any one particular drug or chemical, it is 
always safest to limit exposure to as low as is reasonably 
achievable. In a sense it is the same concept as presented 
for radiological hazards earlier in this chapter.

The risk of exposure to a hazardous agent is based on 
the properties of the drug itself and the amount to 
which one is exposed. Exposure can occur by drugs 
being inhaled (if they are aerosolized), absorbed through 
the skin, or ingested. Sources of exposure to hazardous 
chemicals for the nursing staff can occur during trans-
port and handling of chemotherapy drug vials, drug 
preparation, administration, handling of the patients 
themselves after receiving a cytotoxic drug, handling of 
animal waste, and from working in an environment that 
has become contaminated by any of the above.14

There are multiple studies of healthcare workers that 
show residual drug in their urine.15,16 In addition, chro-
mosomal changes consistent with exposure to mutagens 
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nary patients. One study showed that vincristine, viblas-
tine, cyclophosphamide, and doxorubicin could all be 
detected in dog urine after infusion.24 Another study 
looked at residual drugs in dog urine after they were 
treated with several commonly used chemotherapy 
drugs including cyclophosphamide, doxorubicin, vin-
blastine, and vincristine. After oral cyclophosphamide 
dosing there was no detectable drug in the urine after 
one day. With vincristine and vinblastine low levels of 
drug were detectable for up to 7 days post-treatment. 
Doxorubicin still had low but detectable levels of drug 
at 3 weeks after administration.25 In a separate study 
these same investigators found that most serum samples 
contained little to no detectable drug by 7 days after 
treatment.26 These results indicate that care should be 
taken when handling chemotherapy patients for up to 
several weeks after treatment.
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64
Medical charting

Karl E. Jandrey and Sharon Fornes

Veterinary medical records serve several purposes. There 
are four main reasons to maintain accurate and up-to-
date medical records.

1. A medical record is a legal document of patient 
care. As a legal document, a complete medical 
record can be used in court as a representation of 
the treatment that was planned and completed on 
an animal. If the record is incomplete or is in error, 
the courts may rule in favor of the client even if no 
negligence can be proven from the record.1 The 
components of a complete medical record will be 
discussed later in the chapter.

2. The medical record makes the path of patient care 
obvious to all readers. A primary function of the 
medical record is to document the path of patient 
care and the thought process behind it. To this 
extent, a complete medical record should detail all 
patient data and the assessment of those data. This 
patient-centered information leads to the unique 
and particular diagnostic and therapeutic path. For 
example, the reader of a medical record should be 
able to easily identify whether a patient’s data are 
within normal reference intervals, whether a trend 
is improving over time, which procedures were per-
formed on the patient, and the results of a particular 
intervention. A properly executed and comprehen-
sive medical record will facilitate the development 
of future diagnostic or therapeutic plans for the 
ongoing treatment of the animal.

3. The medical record allows for the documentation 
of all communication between veterinary staff and 

clients. Whether it documents communication 
between the animal’s owner and the staff at the 
practice or within the practice itself, the medical 
record is an essential tool to maximize continuity of 
care. By facilitating effective communication, 
medical records ensure that all doctors and associ-
ated hospital staff members involved in the patient’s 
care are aware of the treatment plan. If documented 
correctly, a medical record can thereby allow for 
consistent and accurate standardization of patient 
care.2

4. The medical record allows for documentation for 
research or publication.2 Along with the legal 
implications of medical records, the importance of 
a complete and comprehensive medical record is 
underscored by its use in clinical research. Medical 
records provide data from which case reports or 
research papers may be written. Missing medical 
record information can grossly diminish the impact 
of a research publication by reducing the amount of 
usable data, which then may function to reduce the 
sample size. To avoid this, the medical record should 
present its information in a clear and concise format 
that allows research personnel to obtain the infor-
mation quickly.

Medical record documentation

Because a medical record is frequently referenced, an 
accurate and clearly written record is of the utmost 
importance. Taking care to appropriately document data 
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[SOPs]) may have some variation. The following are 
arguments for the exclusive use of black pen in a 
medical record:4 better reproduction on a photo-
copier, better contrast on white paper, and the ten-
dency to be more permanent. However, an advantage 
of blue ink over black ink is to provide contrast to 
the black ink of preprinted forms. With blue ink, 
new entries on preprinted forms may be more easily 
distinguished.

7.  Use of acronyms and abbreviations. Acronyms 
and abbreviations used in the clinic should be  
standardized. Confusion may arise, for example, in 
determining whether “mm” refers to millimeters or 
mucous membranes. The Academy of Veterinary 
Technician Anesthetists (www.avta-vts.org) has a 
published list of acceptable abbreviations. The devel-
opment of a list of acceptable abbreviations for each 
individual hospital could also be helpful to avoid mis-
communication between staff members. Beware, 
however, that records are often shared between facili-
ties. Other facilities may not understand a particular 
hospital’s abbreviation standards unless provided 
with a key.

Medical record organization

A standardized medical record organization is impor-
tant for many reasons. During a patient’s stay in a  
veterinary hospital, much data is collected and assessed 
daily. If these data are consistently written in the  
same format, information retrieval is timely and  
accurate. This may help in legal cases, to evaluate thera-
peutic goals, and to use the medical record for clinical 
research. Data are most useful and clinical efficiency is 
maximized when information is placed in a consistent 
location.

An organized medical record is most commonly  
formatted in a chronological order. Reverse chronologi-
cal order (last visit on top and the first visit on the 
bottom) is a common method for assembly of the medical 
record.5

Medical records can also be organized by section (e.g., 
financial, authorization forms, treatment sheets,  
pharmacy, laboratory, plans, and progress notes). The 
creation of sections within a patient record facilitates 
quicker reference in a large comprehensive medical 
record.

Medical record format

There are two common formats used for the documen-
tation of medical records: the conventional method and 
the Problem-Oriented Medical Record (POMR). The 

can greatly facilitate the clarity and accuracy of a medical 
record. There are seven components to proper medical 
record documentation.

1.  Documentation of authorization for patient 
care. Authorization for patient care is necessary 
before treatment of the animal can commence. It is 
of great importance to ensure that appropriate 
forms have been signed and that witnessed oral 
consent is documented.3 These consent forms for 
each visit/procedure can be placed in the plans and 
progress notes of the complete medical record.

2.  Timely documentation of information in the 
record. This functions to better ensure accurate 
recollection of the data. It is important to time- and 
date-stamp any entry if possible. For example, if the 
animal is unstable, information that was obtained 
in the initial excitement of an emergency presenta-
tion may be recalled with less clarity hours later. Any 
history and pertinent information should be 
recorded in the appropriate place in the chart when 
it becomes possible. Alternatively, an assistant can 
document information as it unfolds if his or her 
participation is not essential to the emergency inter-
ventions ongoing for the patient.

3.  Clear indication of the person who performed a 
task or treatment. This is usually accomplished by 
documentation of the person’s initials on the record 
or treatment sheet. The purpose to initial the records 
will allow for questions to be directed to the appro-
priate parties.

4.  Legible handwriting. Legibility of the record is 
essential to prevent misinterpretation. If one cannot 
write legibly, one should consider typed or comput-
erized medical records.

5.  Appropriate notation of corrections to the 
record. Care should be taken if a correction in a 
medical record is required. To overwrite, scratch 
out, erase, black out with a marker, or use correction 
fluid or tape are inappropriate methods for correc-
tion. The appropriate method of correction is to 
initial and draw a single line through the entry that 
was created in error. The correction should then be 
written and initialed near the entry that was replaced. 
The use of any method other than the accepted 
convention could be considered as tampering with 
the record and may be used against the veterinary 
healthcare team in a court of law.1,3

6.  Use of proper writing implements. Permanent ink 
should be used to make entries in the handwritten 
medical record. There is controversy about the 
appropriate color of ink to use. Local regulation and 
clinic preferences (standard operating procedures 
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822  Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care

vidual medical information (allergies, behavioral) can 
be placed here.

Presenting complaint
The presenting complaint is recorded by the reception 
or medical records staff when the appointment is made. 
This is the information in the words of the client that 
transmits the reason for which they seek veterinary 
medical care.

History
A comprehensive history is obtained from the client on 
the initial visit and is updated periodically as the animals’ 
health status changes. A history needs to be taken every 
time an animal presents for a new illness (known as the 
history of the presenting illness [HPI]). Past pertinent 
history (PPH) can be helpful in determining onset of 
the problem or relationship to the HPI.

Physical examination
A physical examination may be completed one or mul-
tiple times daily and should be documented at least once 
daily throughout the animal’s hospitalization. All the 
body systems should be examined and documented 
properly to ensure and prove that they were examined.

Problem lists
Problem lists enumerate the conditions being managed 
during a hospitalization period. In a problem list, “prob-
lems” can be created, resolved, combined with other 
problems and renamed, or inactivated at any time. This 
provides the veterinarian with a means of obtaining an 
overview of all problems that the animal may have had 
and whether they were addressed or resolved, without 
the requirement to examine the entire record.3

A master problem list (Fig. 64.1) is often created and 
placed on the first page of the patient record. The master 
problem list is a summary of all the problems for which 
the patient has been examined. This includes the date 
the problem was identified, as well as when it was 
resolved (if applicable). It functions as a quick glance 
into the patient’s medical history and can thereby facili-
tate a focused search, much like a table of contents.

Progress notes
Progress notes are the daily SOAP (see the italicized 
words defined below that form the acronym) of the 
patient. Each day for each problem, an entry is created 
that contains the data relevant to that problem. Subjec-
tive and objective data are placed in this section and 
should include the information gained from diagnostics 

conventional method documents information as it is 
obtained. It may be less time-consuming than the POMR 
and tends to be used in general practice. The POMR 
records patient data according to the patient’s problem. 
POMRs are often used in academic and specialty prac-
tices to clearly document and transmit the logical 
forward-thinking approach that is required for patients 
with complicated disease processes. POMRs are also 
used as effective teaching tools because they allow the 
reader to readily uncover the thought process of the 
writer. However, though POMR records are very orga-
nized and detailed, a disadvantage is that they may be 
more time-consuming to produce.3

Components of a complete medical record

A complete medical record should include a thorough 
and accurate daily description of all data obtained for a 
particular patient, the assessment of these data, and a 
discussion of the resultant plan (which is comprised of 
diagnostic, therapeutic, and client education compo-
nents). The complete medical record should include 
nine components:

1. Client information
2. Patient information
3. Presenting complaint
4. History (from both the client as well as other prior 

medical records)
5. Physical examination
6. Problem lists
7. Progress notes
8. Communication log
9. Comments

Client information
This area of the medical record is devoted to the client 
where all pertinent information about the animal 
owner(s) is kept. All contact information (physical and 
mailing addresses, electronic contact, landline and 
mobile telephone numbers, and special notations) about 
the animal owners should be placed here. These listed 
people are the legal guardians of the animal and permit 
access to this information. Those not listed in this are 
unable to access patient information under privacy and 
confidentiality agreements. Although these are not com-
monplace in veterinary medicine, patient confidentiality 
must be respected by the hospital and all members of its 
staff. Release of patient information to a third party 
must be approved by the client.

Patient information
The patient data is recorded here and includes the sig-
nalment (age, breed, sex, birth date). Pedigree or indi-



Figure 64.1 Master problem list is a summary of all the problems for which the patient has been examined.
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and therapeutic interventions, as well as the new physi-
cal examination or any physiologic measurements. A 
patient’s response to treatments is also recorded in this 
section. A differentiation is made in human medicine 
between the information that comes from the patient 
(subjective) and that measured in analysis (objective). 
In veterinary medicine, the information given by the 
client may be treated as subjective. However, historical 
data from a client can be measured and clearly objec-
tive; therefore, “data” is a more proper term. The SOAP 
would therefore be referred to as the DAP. An assessment 
follows the data and should include information perti-
nent to the patient’s prognosis. The purpose of the 
assessment is to refine and document the new thoughts 
of the clinician. Based on the assessment of all the previ-
ous data, a new plan is created. This plan must discuss 
at least one of three distinct areas of focus: diagnostic 
plans, therapeutic plans, and/or client education plans.

Communication log
The communication log is the section of the POMR that 
contains the information about any and all contact 
between members of the hospital staff with the client 
and/or referring veterinarian(s). This includes detailed 
phone calls, e-mails, text messages, or client visits. Proper 
documentation also includes reference to client edu-
cation, date, time, names, and content of the commu-
nication. In a referral hospital, the names, contact 
information, and addresses of the primary care provider 
(PCP) and, if applicable, referring DVM (RDVM) 
should also be on the record.

The information found in the communication log is 
often equally as important as the daily SOAP. As this 
information is not likely to be organized in any other 
area of the POMR, the communication log should be 
carefully and comprehensively documented. Electronic 
medical records may be finalized and locked with a time 
and date stamp. However, communications logs should 
not be locked. Added information via telephone com-
munication may arrive without attachment to a hospital 
visit and, therefore, no daily POMR. This message may 
be added into the record in chronological order when 
the record is not locked. Information from delayed diag-
nostic tests can be recorded back to the visit to which 
they pertain. This communication is essential to provide 
continuity for the patient’s medical and surgical treat-
ment data since it may alter the assessment of the patient 
problem.

Comments
The comments section is the part of a complete medical 
record designed for other miscellaneous details. Often 
an additional page or pages are available if there was 

insufficient room in the space provided on a medical 
record or form. In some computerized medical record 
systems, this is the only other editable section to which 
information can be added once the medical record is 
finalized and locked.

Other additions to the patient record
Examples of additions to the patient record when appli-
cable include: medications (particularly drug sensitiv-
ity), pertinent patient information such as aggressive/
caution, special needs, mentation, appetite, food intake, 
visual analog pain scales, body conditioning score, and 
lab results. Other additions may include warning labels 
placed on the outside of the medical record or in the 
header of the computerized medical record. Alterna-
tively, these may be addenda to the plans and progress 
notes for hospitalized patients that are included in the 
description of patient observations.

Clinician order sheets and treatment/flow 
sheets

In addition to details about patient data, future treat-
ment and diagnostic plans, and client education, a 
medical record should include clinician order sheets and 
treatment/flow sheets. These function to help ensure 
quality and continuity of care for the veterinary patient. 
They are part of the progress notes since pertinent data 
from these are abstracted into the computerized medical 
record. In paper medical records, these sheets are inserted 
chronologically to accompany the daily DAP. The fol-
lowing section will focus on the information found  
in order sheets and flow sheets, and it will highlight 
appropriate methods to notate findings and interpret 
information.

Clinician orders
Many hospitals combine the clinician’s orders with 
patient observation or flow sheets. Order sheets can be 
simple for wards patients that are stable (Fig. 64.2) or 
they can be elaborate depending on the level of intensive 
care delivered (Fig. 64.3). In all cases, the appropriate 
treatment, diagnostic, and monitoring plans should be 
legibly written for clear documentation.

Treatment sheets
Treatment sheets are the part of the medical record that 
contain recorded data collected throughout the animal’s 
hospitalization. Treatment sheets (Fig. 64.4) can be as 
simple as recording observations and the treatments 
provided to an animal. The preferred format is to write 
in the medical order using a clear format. For example: 
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Figure 64.2 An example of a clinicians’ order form. The clinician writes the patient orders noting the drug, dosage, route and time; 
other therapies or procedures may be included. The time the treatment was given is circled.

825



Figure 64.3 An intensive care unit (ICU) clinicians’ order form. Space is provided for writing medications and treatments. A portion 
of the order form contains prompts and check boxes for ordering monitoring, laboratory and general nursing care. An area is included 
for writing contingency orders for example, if the heart rate is greater than 180 bpm, then call the doctor.

826
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well as every piece of the medical record. This enables a 
page that becomes detached from the record to be easily 
returned to the record. The date should also be included 
on each page, and a time may be appropriate for certain 
entries.

Patient weight

The patient flow sheet should include the patient’s 
weight at presentation as well as daily updates (Fig. 
64.5a). This is important to determine effective phar-
maceutical treatment and the assessment of need for 
other treatments. A patient’s weight may also be used to 
calculate the charges for care provided. Recording of 
weight may be delayed until certain initial interven-
tions required for more life-threatening conditions are 
completed.

“lactated Ringer’s solution qs 20 mEq/L at 120ml/hr IV” 
or “Famotidine 10 mg IV q12h.”

Daily patient flow sheets
Patient daily flow sheets may be complicated, multipage 
treatment sheets that give detailed information in areas 
of subsections of the document outlining treatments, 
monitoring, and observations (Fig. 64.5a-e). Though 
the format of these flow sheets is often tailored to the 
purpose and individual clinic, completed treatment 
sheets are considered part of the patient’s medical record 
and must contain basic information.

Patient identification

First, the patient’s basic identification must be found on 
each page of all forms on the flow sheet (Fig. 64.5a) as 

Figure 64.4 A patient observation form. The form is used by the technician to record his/hers nursing notes. An area is included to 
document appetite, urination, defecation and technician initials.



Figure 64.5a The first page of a multipage ICU flow sheet. The page includes an area for patient, clinician and caregiver (veterinary 
technician) identification. An area is included for the veterinary technician to write an end of shift patient summary. The purpose of 
the summary is to briefly discuss the highlights of the shift. Catheter care information is documented at the bottom of the flow chart.

(a)

828
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Figure 64.5b The vital signs section covers the various monitored parameters for the cardiovascular, respiratory, and neurological 
systems. The graphic section facilitates easy monitoring of trends. The input section contains space for documenting food, water, and 
IV fluids. The output section contains space for documenting urine, defecation, vomitus, and blood. Both input and output sections 
allow for keeping a running total of ins and outs.

(b)

829
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Figure 64.5c The lab section of a patient flow.

(c)
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Figure 64.5d ICU flow chart treatment section. The technician transcribes the clinicians’ orders to the treatment sheet. Sections are 
provided for treatments/monitoring, laboratory, medications and special instructions. The time the treatment was given is circled.

(d)

831



Figure 64.5e Controlled drug log and observation page of an ICU flow chart. The controlled drug section allows for documentation 
of controlled drug administration. Nursing notes are written in the observation section. Adhesive strips are used to attach ECG strips 
to the patient flow chart.

(e)
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exact amount of drug in milligrams administered. It is 
preferred to write the total dosage in milligrams (mg) 
with the appropriate time interval and not just a dose 
per body weight (mg/kg). Drug volumes should not be 
used due to the varying concentrations of preparations 
between manufacturers. It is expected that the veterinar-
ian who prescribes the medication will write the order 
clearly (e.g., ampicillin 250 mg IV q8h). An order in total 
dose such as “250 mg” is much clearer than “22 mg/kg” 
because drugs dosed in milligram/kilogram (mg/kg) are 
also subject to computational error. Before being written 
in the medical record or delivered to the patient, any 
clarifications should be addressed to the clinician who 
wrote the order. In some hospitals, the time for the treat-
ment to be completed is indicated on the treatment 
sheet by an open circle. When the treatment is com-
pleted, the time at which it was delivered is written in 
the circle. Alternatively, some hospitals prefer the treat-
ment order to be written as a number on the hour at 
which treatment should be delivered. When the treat-
ment is completed, the number is then circled indicating 
completion. A hospital standard for consistency in 
format of the orders should be followed.

As part of the medication section, special legal con-
siderations and maintenance of a controlled drugs log is 
essential. All controlled drugs administered to patients 
must be noted in both the patient record and in the 
controlled drug log (Fig. 64.5e). Some facilities have a 
drug log created at the time of dispensation by the use 
of automated dispensing equipment. This log will be 
proof required during audits by the Drug Enforcement 
Agency (DEA) or the state veterinary board. This should 
include patient information as well as the amount and 
route of the drug administered. The starting volume and 
remainder in a multiuse vials are also recorded.

Fluids

Accurate fluid orders include many specific parameters. 
The type of fluid, dose and concentration, rate (per unit 
time), additive solutions or medications, and total 
hourly/daily tallies should be clearly indicated to ensure 
adherence (Fig. 64.5b). The complete measurement of 
fluid input can be compared with all net fluid output 
over time to direct adjustments in fluid treatment orders. 
Whether the fluids were administered via intravenous 
(IV) or subcutaneous bolus with or without the use of 
a fluid pump should be noted. Daily catheter evaluations 
should also be noted (Fig. 64.5a). How often the catheter 
was checked (q24h at a minimum or as indicated) and 
by whom is also part of the fluid orders. Any informa-
tion regarding the catheter replacement (date, person-
nel, anatomic site, catheter size and length) is also helpful 

Nutritional considerations

What is to be fed and the frequency to offer food is 
essential. The volume in cups/cans or weight in grams 
should be noted for both the amount offered as well as 
the amount ingested. Special dietary needs and feeding 
instructions should be clear, especially if using various 
enteral feeding tubes or parenteral nutrition. In addi-
tion, nutritional considerations should be notated on 
the record. The patient that has no oral administration 
of food or medication should be labeled NPO (non per 
os). This is important for animals that are going to be 
anesthetized because preanesthetic protocol may require 
the removal of food from the animal at a certain time. 
Therefore, this information should be easily distin-
guished on a record so that the animal can undergo 
anesthesia at the intended time. If a hospitalized animal 
is to be fed or given water, the amount type of food and 
appetite or water consumption should be notated on the 
record (Fig. 64.5b). Some methods to indicate appetite 
are a number scale (0–5), where other methods use +/– 
symbols to indicate whether an animal ate/drank or did 
not eat/drink. Notation of the patient’s nutritional con-
siderations is important on two levels. First, the more 
nutritional information included in the record, the  
more fully will the staff understand the individual 
patient’s eating preferences. Second, because some 
owners may bring the patient’s own food or favorite 
treats to the hospital to encourage appetite, providing a 
record of nutrition will allow the hospital staff to tally 
and keep watch on the patient’s ingested calorie content. 
Ideally, the exact calorie content ingested should be 
documented.

Laboratory measurements

The data obtained from patient-side laboratory evalua-
tion should be placed in the appropriate section of the 
medical record and flow sheet (Fig. 64.5c). This notation 
in the record may be the only area it is recorded since 
some point-of-care machines do not have hard-copy 
printouts of these data.

Patient treatments and observations

Medications

The “rights” of pharmacotherapy include right drug, 
right patient, right time interval, and right route. Accu-
rate notation of pharmacologic information into the 
flow sheet (Fig. 64.5d) plays a major role in ensuring the 
correct method of administration of a drug. Medica-
tions and treatment regimens should be recorded in the 
sheet exactly as the veterinarian prescribed.6 Standard-
ized orders require all medications to be written in the 
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rhythm strips should be part of this portion of the 
medical record.

Respiratory system

Important parameters to annotate in the section devoted 
to the pulmonary system are respiratory rate, effort 
(apparent ease, origin of effort [e.g., thorax vs. 
abdomen]), associated sound (type of sound, origin, 
volume change in reference to phase of respiration), or 
irregularities in respiratory pattern.

Nervous system

Upon initial presentation or triage of the animal, obser-
vations of the patient’s level of consciousness and 
response to the surroundings is essential to the examin-
ing veterinarian.7 The mentation of an animal may 
range from alert to obtunded to stuporus to comatose. 
In the daily flow sheet, the writer must mention the level 
of consciousness and any behavioral changes in the 
patient. Changes in level of mentation are important 
markers or improvement or decline in health status. 
Behavior may also give an indication that there may be 
some neurologic changes in the animal. The animal may 
circle, head-press, or become aggressive or withdrawn. 
Modifications of these mental states should be inter-
preted in light of the treatments given as well as in 
postoperative states after anesthesia or pain control has 
been administered.6,7

Urinary system

Some animals have preference for the substrate on which 
to eliminate or respond to special commands taught by 
the owners. These unique data should be annotated in 
the area related to the urinary system. Any urinary cath-
eter, as is the case with an IV catheter, should have infor-
mation regarding the date of placement (and by whom), 
catheter type and frequency of care, and any problems 
with it (e.g., leaking). The amount of urine production 
(hourly/daily) is important to note in milliliters whether 
obtained as an estimates from voided urination or spe-
cific amounts measured from the urinary collection 
systems. Collected urine samples may be weighed and 
subtracted from the weight of hospital bedding to esti-
mate the urine output (UOP) as closely as possible. 
Normal UOP is 1–2 mL/kg/hour. Volumes more or less 
than this need to be addressed by the clinician once 
discovered. An Elizabethan collar may also be required 
to prevent premature removal of the catheter by the 
patient. This should also be notated on the record to 
ensure that nursing personnel keep the collar on the 
patient until the urinary catheter is removed.

for optimal patient care as well as troubleshooting in the 
event of a catheter mishap. Annotate the removal of the 
old catheter and the site of placement of the new cath-
eter (including gauge, length, amount exposed, vessel 
quality, and whether it aspirates or can be flushed easily). 
Other information to include on the record regarding a 
new catheter placement is: the date of placement, the 
initials of the person who placed the catheter, site (i.e., 
left rear limb, lateral saphenous vein, or right jugular 
vein), and catheter size (e.g., 22g 1 ½ inch over the 
needle catheter or 5fr, 10 cm guide wire, double lumen 
catheter). Notations of the patient’s hydration status as 
measured by skin turgor, tear film, mucous membranes, 
and/or ocular position will help to gauge efficacy of 
therapy.

Body systems evaluations

The veterinarian uses the information found in the flow 
sheets to assess the response to treatment, to plan the 
next daily treatment, diagnostic, and monitoring plans, 
as well as to predict recovery of the animal. The body 
systems used for evaluation include: cardiovascular, 
respiratory, neurologic, and urinary (Fig. 64.5b). These 
body systems have parameters the veterinary technician 
can evaluate and notate in the medical record. Typically, 
data from individual body systems are organized in  
the medical record in proximity to one another. This 
arrangement facilitates evaluation by the caregivers to 
organize constellations of data into a more global per-
spective of the patient’s status.

Cardiovascular system

Initial or serial vital measurements (e.g., temperature 
[temp], heart rate [hr], pulse rate [pr], respiratory rate 
[rr]) must be included in the patient flow sheet. These 
will help assess whether a particular treatment is suc-
cessful and sufficient. For example, a flow sheet should 
include the following pieces of information necessary 
for the understanding of the patients’ perfusion: heart 
rate/pulse rate, pulse quality, mentation, extremity tem-
perature, mucous membrane color, and capillary refill 
time. Using these parameters, poor distal perfusion may 
be assessed in shock, where the rectal-extremity (inter-
digital) temperature difference may be large (>4°C 
[9°F]) due to peripheral vasoconstriction. Similarly, pale 
mucous membranes with a slow capillary refill time, 
tachycardia, weak femoral pulses, and decreased menta-
tion are all signs of poor perfusion. Normal capillary 
refill time (CRT) should be approximately <2 seconds. 
Conversely, an extremely rapid CRT accompanied by 
bright pink or red mucous membranes may indicate 
vasodilation.7,8 Electrocardiogram interpretations or 
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Standards and guidelines of veterinary medical record 
keeping can be found at the local, state, and national 
veterinary associations. The following are some sug-
gested associations where the salient details can be 
found: American Veterinary Medical Association 
(AVMA, www.avma.org), American Animal Hospital 
Association (AAHA, www.aahanet.org), state Veterinary 
Medical Boards (VMB; e.g., for California, go to 
www.vmb.ca.gov), and the Veterinary Emergency and 
Critical Care Society (VECCS, www.veccs.org).
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Patient privacy

Although there are strict regulations and laws in place 
to protect the identification of human patients in both 
verbal and research communications, veterinary medi-
cine does not have a global policy for client/patient 
privacy.9 Veterinary caregivers should be sensitive to 
client/patient privacy especially with the advent and 
growth of social networking sites. Written, photographic, 
and verbal confidentiality should be maintained for 
clients and patients. Client consent forms for the use of 
patient images and data are used to avoid inappropriate 
use against the clients’ wishes. There may be local or 
regional confidentiality agreements. Be aware of the laws 
regarding the patient and client confidentiality. Obtain 
a client release3 for anything that you may need to dis-
close to a third party.

Conclusions

The most accepted charting methods are those that are 
found to be user-friendly. The choice of charting method 
lies within the judgment of each clinic. For example, the 
use of a 24-hour clock may be preferred to a 12-hour 
a.m./p.m. clock. Despite the fact that a 24-hour clock is 
best used to avoid any confusion in a hospital where 
24-hour service is provided, most people are not com-
fortable with this method. Internal standardization 
within a practice enables clear and precise communica-
tion among the veterinary healthcare team.

Storage of records may vary by area. State veterinary 
medical boards have mandated the minimum length of 
time that records must be maintained. When records are 
purged, security must be maintained due to the confi-
dential information therein. Shredding of documents is 
an acceptable and preferred method of securely purging 
medical records. Many companies provide this service 
when a large number of medical records is culled.

http://www.avma.org
http://www.aahanet.org
http://www.vmb.ca.gov
http://www.veccs.org
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65
Compassion fatigue: healing with a heart

Katherine Dobbs

Veterinary medicine is often more than just a career; it 
is a calling. It attracts compassionate, caring individuals 
who want to help those animals that are ill and injured. 
By the very nature of companion animal medicine, vet-
erinary professionals find themselves helping pet owners 
and families through the suffering and sorrow as well. 
Yet veterinary professionals do this work of caring for 
others in emotional and physical pain at a cost to them-
selves: the “cost of caring,” otherwise known as compas-
sion fatigue.1 Nowhere is this truer than in emergency 
critical care.

Compassion is being aware of another’s suffering, but 
also feeling compelled to help relieve this suffering. Vet-
erinary professionals see the need of animals in pain or 
discomfort, and feel obliged to act. Fatigue is simply the 
process of becoming weary or exhausted while deliver-
ing this care. Compassion fatigue has been called the 
“hurt of the heart,” something anyone in the veterinary 
profession may suffer at any point along his or her 
career. The veterinary professional is a target for com-
passion fatigue because the profession attracts people 
with compassion. Without compassion, there would be 
no compassion fatigue; yet this ability to be compassion-
ate is a basic element of the veterinary professional. A 
professional with no compassion would not be able to 
deliver the highest quality care to those animals in need.

The veterinary professional may not be aware of this 
condition of compassion fatigue, even while suffering 
from its effect. It can create issues within relationships 
both at home and at work. Compassion fatigue can lead 
to physical illness that prevents the veterinary profes-
sional from feeling well and doing his or her best work. 

Compassion fatigue also has negative effects on the busi-
ness of veterinary medicine within an organization  
or practice. Individuals on the team with compassion 
fatigue can experience mental weariness and have diffi-
culty concentrating, which can make them prone to 
accidents including medical mistakes. The increased 
physical illnesses experienced by these team members 
will lead to a higher rate of absenteeism, and the over-
whelming effects of compassion fatigue can lead to turn-
over in the practice and attrition in the profession. These 
organizational symptoms can lead to a management 
nightmare, plus they negatively affect the bottom-line 
profitability of the practice. In the veterinary profession 
overall, it is likely that compassion fatigue both personal 
and organizational contributes to the ever-increasing 
rates of attrition. Although many will say they are leaving 
the profession due to lack of financial rewards, it may be 
because the emotional satisfaction is now lacking for 
them personally; it is no longer worth the paycheck to 
endure the hardships.

From the perspective of the individual, there are rec-
ognized causes of compassion fatigue that can make a 
person more susceptible:

Causes of compassion fatigue2

Placing needs of others before your own
Caregivers typically care for others better than they care 
for themselves. The irony is that the less they take care 
of themselves, the less they can take care of others, 
including the pets and families that sustain the veteri-
nary profession.

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.



Compassion Fatigue: Healing with a Heart  837

Then their attempts at communication manifest as 
whining, angry outbursts, excessive complaining, and 
the like. This can damage their personal and professional 
relationships, as well as their ability to have a positive 
outlook on life.

In order to diagnosis individual compassion fatigue, 
the symptoms must be revealed and recognized.

Symptoms of compassion fatigue2

Bottled-up emotions
Often, veterinary professionals lack the space, time, or 
inclination to release their emotions, particularly during 
their work day. Instead they stuff these feelings down 
inside until they are filled up and overflowing with 
emotion. Eventually, they will burst, and this may be in 
their workplace or their home, making innocent bystand-
ers the victims. In general compassion fatigue manifests 
itself at home by causing the person to become with-
drawn, have a decreased interest in intimacy, experience 
mistrust, and become isolated from friends, with a defi-
nite impact on parenting by causing projection of anger 
or blame and intolerance.

Impulse to rescue anyone (or anything) 
in need
Many veterinary professionals have a house full of 
rescued pets and can certainly relate to this impulse. It 
can happen in the personal life of the person as well, 
when he or she attracts those people who are needy; the 
desire to “fix” goes beyond animals at times.

Isolation from others
Veterinary professionals may feel themselves drawing 
back from people at work or at home, wanting to be 
alone in the midst of their negative swirl of emotions. 
Others may tire of their countless stories of death and 
misery from the work day, and may pull away from the 
veterinary professional. This creates a wall separating 
them from those who want to help.

Sadness and apathy
It may be easy enough for someone to recognize when 
he or she feels sad, but less obvious and more dangerous 
can be apathy. This is when it hurts too much to care 
anymore. This can be particularly harmful in the prac-
tice setting, when the veterinary professional may no 
longer be able to deliver the empathic client service and 
team support that is so necessary in the profession. It 
has been demonstrated that apathy or remaining emo-
tionally detached from patients (and clients) is not an 

Unresolved past trauma and pain
A veterinary professional may be more prone to com-
passion fatigue because of incidents or situations from 
his or her past. One theory suggests that those who 
already suffer from compassion fatigue tend to move 
into the helping professions. These people may have 
taken on the role of caretaker for others at a young age 
before beginning their professional life, and sought out 
a profession that allowed them to remain in the caregiver 
role.

Lack of healthy life coping skills
Resiliency is necessary for a person to bounce back from 
negative situations in his or her personal and profes-
sional life. Those who do not have the needed coping 
skills will suffer more quickly and more deeply when 
faced with professional challenges. They may not possess 
the coping skills to recover fast or fully.

Lack of self-awareness that limits growth
In order for the veterinary professional to grow in his or 
her personal and/or professional life, he or she must 
possess self-awareness. This includes an ability to iden-
tify strengths and weaknesses, set realistic goals, and 
possess the initiative and fortitude to obtain these goals.

Giving care to others under stress
This defines any care giving profession, although in vet-
erinary medicine there are two levels of care that may 
not be present in most nursing equivalents; the patient 
animal receiving direct care, which is unable to express 
itself with words, and the pet owner, who is speaking on 
behalf of the animal. The pet owner needs to be edu-
cated and convinced of the veterinary professional’s 
good intentions in order for him or her to trust the 
veterinary team with their pet. This adds a second 
dimension of complexity to the veterinary profession.

Lack of personal boundaries
Often, caregivers in general do not set up personal 
boundaries because they want to be all things to all 
people. They may have trouble saying “no,” both in their 
personal and professional lives, so that their boundaries 
are never protected and they allow themselves to become 
overextended. This makes them susceptible to compas-
sion fatigue, and at the same time can lead to feelings of 
guilt, which can be a dangerous combination.

Inability to communicate needs
Caregivers tend to ignore or hide their own needs, or 
express them in negative ways when the dam breaks. 
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Symptoms of organizational  
compassion fatigue2

Excessive amount of worker’s  
compensation claims
Individuals with compassion fatigue often have diffi-
culty concentrating and are mentally tired, leading them 
to be prone to accidents. When those accidents happen 
on the clock, they become worker’s compensation 
claims. Spikes in the number of injuries due to animal 
restraint in particular can be a red flag for the presence 
of organizational compassion fatigue; it is not likely that 
all of a sudden the team forgot how to restrain.

High absenteeism, turnover
When individuals with compassion fatigue experience 
those chronic physical ailments such as stomachaches, 
headaches, and other frequent maladies, their absences 
lead to higher absenteeism overall in the organization. 
When the physical stress becomes too much, the veteri-
nary professional will look for a way to escape. He or she 
will consider moving on to another facility, or another 
profession altogether.

Changes in coworkers’ relationships
As individuals with compassion fatigue begin to isolate 
themselves, they put a strain on their relationships with 
others in the practice. At a time when coworkers need 
each other more than ever, it is easier and safer for the 
affected person (or people) to hide his or her pain and 
avoid interaction altogether.

Inability for teams to work well together, 
and inability to complete assigned tasks
Sadness and apathy in affected team members make it 
difficult for the team to work together and accomplish 
its goals. If each person does not believe in the end result 
and put forth his or her fair share of effort, the team 
fizzles and the job is not accomplished. Difficulty con-
centrating makes it that much harder for each person to 
handle his or her share of the work load and complete 
it to the level of quality desired.

Team challenges rules and regulations, and 
displays lack of flexibility
That impulse of the employee to rescue anything in need 
is particularly difficult to police. Practices find they need 
policies in place to address abandoned animals, stray 
animals brought in by good Samaritans, and employees 
who want to adopt animals and use their employee 
privileges or discounts to provide medical care to these 
pets that would have otherwise been euthanized by their 

effective coping strategy; stress and emotional exhaus-
tion will still occur.

Need to voice excessive complaints  
about management and coworkers
Displaced emotions can result in anger or dissatisfaction 
that manifests itself as complaints about those sur-
rounding the affected veterinary professional. This can 
put the person’s career or position at risk and in general 
makes the person difficult to work with or employ.

Lack of interest in self-care practices
Often, veterinary professionals understand what they 
need to do to take care of themselves, but they lack the 
interest or motivation to really do the things that are 
necessary. These are typically the things that could help 
them the most in fighting compassion fatigue. They 
include measures such as eating right, getting enough 
rest, and exercising regularly.

Recurring nightmare and flashbacks
If a veterinary professional is having bad dreams about 
work when asleep, or reliving particularly bad moments 
or events when awake, this could be a sure sign that he 
or she is reaching an emotional limit.

Persistent physical ailments
Veterinary professionals may have nagging ailments that 
don’t ever seem to disappear, such as headaches, stom-
achaches, or backaches. The illness may not be enough 
to keep them home from work most days, but they make 
it more difficult to get through the work day and do their 
best work. When veterinary professionals do reach their 
limit, this is when compassion fatigue can result in 
higher absenteeism as they decide not to even try to  
face the daily struggle either for physical or emotional 
reasons.

Difficulty concentrating, mentally tired
Carrying all of that emotional baggage can wear a person 
out mentally, making it more difficult to stay on task or 
complete tasks.

Prone to accidents
This diverted mental energy increases the risk of making 
mistakes, both medical and physical. Compassion fatigue 
can result in clinical errors that could cost a patient its 
life.

When individuals on the team are affected by com-
passion fatigue, there will be symptoms present in the 
organization overall.



Compassion Fatigue: Healing with a Heart  839

ing compassion fatigue (also known as secondary 
trauma), compassion satisfaction, and burnout. Com-
pleting this test helps to assess where the veterinary pro-
fessional is in regards to these job factors. An individual 
can take this test at frequent intervals, perhaps monthly 
or quarterly, to monitor how well he or she is dealing 
with the realities of doing the work of a veterinary pro-
fessional in emergency critical care medicine. This 
testing can also be initiated by the practice management 
in order to continue awareness and improve diagnosis 
in a timely manner.

The phases of becoming a caregiver

With increased awareness, the veterinary professional 
can come to recognize that compassion fatigue is a 
hazard inherent to the veterinary workplace, and learn 
ways to minimize or cope with compassion fatigue. The 
organization as a whole can contribute to this awareness 
of compassion fatigue, and develop an action plan to 
overcome compassion fatigue. To begin, it can be helpful 
to understand how the animal caregiver becomes intro-
duced to this work of caring. Often, the veterinary pro-
fessional experiences a calling to help animals from the 
time he or she is young. This desire to provide care and 
comfort helps the professional obtain the education and 
experience needed to enter veterinary medicine. In the 
beginning, the veterinary professional is motivated and 
enthused to provide this care, and often the difficulties 
of the job are not apparent at first. However, as reality 
sinks in that there will be long hours, difficult cases, and 
emotional strife, the enthusiasm dampens. Veterinary 
professionals can experience emotions they were not 
expecting, such as anger and frustration. Physically and 
mentally these people begin to falter, or come to the 
realization that they must find a balance between the 
effort exerted at work on those animals that need care 
and the effort of taking care of themselves. This can be 
as simple as getting enough rest and proper nutrition, 
so they have the physical stamina to do the job. It can 
also be as complex as finding time to meet personal 
emotional needs by enjoying sources of satisfaction 
outside of veterinary medicine. If this balance is not 
achieved, the veterinary professional may choose to 
leave the profession altogether, feeling overwhelmed by 
the realities of the job they dreamed of for many years 
or perhaps a lifetime.

Stressors and satisfiers

As emergency critical care team members, there are 
numerous reasons to experience stress at work, but at 
the same time there is also satisfaction from the work 

family of origin. The battles can become fierce over the 
right thing to do both morally for the animal, and prac-
tically for the business.

Aggressive behavior among teammates
Those team members who are bottling up their emo-
tions will eventually explode, and the others around 
them at the time may be the victims of this undesirable 
if not aggressive behavior. The innocent bystander 
wonders what set off the affected person’s explosion, 
without understanding that the perpetrator had been 
bottling up feelings for weeks or months.

Unhealthy competition among teammates
If an incentive program is dropped into a mix of indi-
viduals affected by compassion fatigue, the competition 
will be fierce with more negative results than positive.

Rampant rumors and gossip
When team members resort to voicing excessive com-
plaints about their team members and supervisors in 
general, it is easy for them to complain in private to their 
allies, thus creating gossip and rumors as their unhap-
piness spreads through the team.

Constant changes in practice policies
As the management team tries in vain to put out all the 
“fires” that are sparking from the emotional contagion 
in the practice, they will rapidly change policies to try 
to fix the problems, with little or no success because the 
team also lacks flexibility and challenges the rules and 
regulations. The vicious cycle has begun, or continues to 
whirl.

Organizational compassion fatigue may present in 
other ways as well, including an increase in the percent 
of accounts receivable in a practice. The practice owner 
or members of management may feel powerless to 
provide the level of care they know they can deliver, 
because their clients may not be able to afford the care. 
So they let bills climb and invoices go unpaid or slowly 
paid, and therefore bear the financial burden of wanting 
to provide caregiving at any cost, and with this increased 
cost to the practice.

Diagnostic tools

To assess and monitor an individual’s level of compas-
sion satisfaction in his or her caregiving career, and his 
or her risk of burnout and compassion fatigue, the Pro-
fessional Quality of Life Scale (ProQOL V) was devel-
oped by B. Hudnall Stamm. This is widely recognized as 
the “golden standard” or most accurate way of measur-
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In essence, it was determined that compassion satisfac-
tion acts as an antidote to compassion fatigue. In order 
to minimize and cope with compassion fatigue in our 
profession of veterinary medicine, we need to focus on 
increasing those sources of satisfaction.

Compassion fatigue versus burnout

Burnout is another word that is commonly used in the 
veterinary profession. It often describes the veterinary 
professional’s feelings on a particularly tough day in 
practice, or perhaps in the midst of a string of tough 
days. Burnout has been defined in many publications, 
and the central concept is that burnout involves the 
veterinary professional’s interaction with the work envi-
ronment. This work environment includes the location 
of the facility, the nature of the professional’s commute, 
the work hours and level of pay, the type of equipment 
and facilities provided, and the nature of the team and 
management, among other factors. The compassion 
fatigue and satisfaction survey also measured the veteri-
nary team members’ risk of burnout, and the results 
suggest that veterinary professionals are at low risk for 
burnout. The low burnout risk is attributed to the pres-
ence of the compassion satisfiers, the good things about 
the work that keep veterinary professionals coming back 
every day. More often than not, when a colleague claims 
that he or she is feeling “burned out,” it is actually an 
expression of compassion fatigue. It is important to 
discern compassion fatigue from burnout in order iden-
tify, prevent, and minimize compassion fatigue.

The conditions of burnout and compassion fatigue 
have also been contrasted by members of the medical 
profession. While burnout involves the elements of the 
work environment, compassion fatigue involves the 
interaction between the clinician and the patient, and in 
the case of the veterinary professional, the client or pet 
owner. While the factors of the work environment can be 
changed, particularly at a different place of employment, 
compassion fatigue runs deeper. Simply put, burnout is 
more associated with where the veterinary professional 
works; if the job is left behind, the burnout may also be 
left behind. However, compassion fatigue is more associ-
ated with the work the veterinary professional does and 
the level of emotional care giving provided, and it will 
follow that professional wherever he or she goes as long 
as he or she remains in a caregiving role. Whenever the 
veterinary professional is exposed to relationships with 
clients and patients, compassion fatigue will be a factor. 
This is important to realize. Many times a veterinary 
professional will leave behind a position in one practice, 
only to experience the same emotional exhaustion (i.e., 

done in these challenging workplaces. Robert G. Roop 
performed a survey of the veterinary profession 
(Humane Society of the U.S., 2003–2004) called the 
Compassion Satisfaction and Fatigue Survey. The survey 
was completed by veterinarians, technicians and assis-
tants, office staff and managers to identify the top stress-
ors and satisfiers for each of these three categories of 
professionals. Veterinarians responded that their top 
three stressors are difficult and noncompliant clients, 
not enough time (specifically to devote to patient care), 
and discussing/disputing fees. The top three satisfiers 
identified by veterinarians included helping/healing 
animals, thankful clients, and working as a team. When 
examined side by side, it is apparent that as a stressor is 
reduced a corresponding satisfier is increased; reducing 
the number of difficult and noncompliant clients leads 
to more thankful clients.

Technicians and assistants identified their top three 
stressors as difficult or noncompliant clients, problems 
with coworkers, and not enough time (again, specifically 
to devote to patient care). Their top three satisfiers 
include helping/healing animals, working as a team, and 
thankful clients. Again, reducing the number of prob-
lems with coworkers would increase the satisfaction of 
working as a team, so the balance is tipped in a favorable 
direction. For the remainder of the support staff, front 
office and practice management, the top three stressors 
are difficult or noncompliant clients, time demands, and 
disputes over fees/billing. The top three satisfiers include 
thankful clients, daily contact with animals, and helping/
healing animals. These results illustrate that while the 
front office and practice management members are the 
farthest removed from the animals and delivery of 
patient care, they are involved in veterinary medicine 
because of their desire to be a part of the health care 
team. Overall, the results of this survey also point to the 
conclusion that an increase in client communication 
and satisfaction efforts will increase the satisfaction 
gained from thankful clients, while in turn reducing the 
number of difficult and noncompliant clients for the 
entire veterinary practice team. Since difficult and non-
compliant clients are the top stressor for every position 
in the practice, devoting time to this topic would be 
beneficial for the practice overall and the team members 
individually.

When the author of this survey decided to investigate 
compassion fatigue, it was soon apparent that the com-
passion satisfaction elements had to be considered as 
well. When looking at all the stressors apparent in the 
veterinary profession, there had to be sources of satisfac-
tion that helped to balance these stressors and motivate 
the veterinary professional to report to work each day. 
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expressed, or there could be memorial services for 
special patients at which everyone gets a chance for 
closure. Too often the veterinary professional must 
run straight from one catastrophe to the next patient 
that needs help, so there is no chance for closure. 
Again, the team should be involved in how they 
want to express their emotions and discuss difficult 
cases.

2. Take or make opportunities for continuing educa-
tion. Most veterinary professionals understand 
that continuing education is important for the prac-
tice of veterinary medicine. The field is ever-
changing, and the professional must stay on top of 
new advances in medicine. It is important to realize 
that continuing education (CE) can also help to 
prevent and combat compassion fatigue. It is one of 
those compassion satisfiers that is so needed, and it 
benefits the practice because everyone gains from a 
knowledgeable and skilled team. Everyone should 
be included in CE, from the reception staff to the 
kennel help and each position in between. These CE 
opportunities can be in-house seminars taught by 
the practice team members, or can be presented by 
outside sources. They can be online courses or Web 
seminars, or journals and text books. The opportu-
nities are endless, so a type of CE can be found that 
is appropriate for all team members and types of 
practices. Remember that when team members are 
sent to an outside conference, if the practice is 
investing money in their education, they should be 
prepared to come back and teach others what they 
have learned.

3. Take advantage of self-care benefits. Caregivers 
are encouraged to fight compassion fatigue by 
caring for themselves, and the practice can help 
them make a commitment to this process. Health 
insurance benefits are often the first thing that 
comes to mind, but it also needs to be determined 
if the employer is going to offer mental health ben-
efits or an Employee Assistance Program (EAP). 
Personal issues undoubtedly affect professional 
behavior and success, and the practice can help to 
keep employees emotionally healthy by providing 
these benefits. Even taking advantage of time off 
benefits is important for self-care. Many practices 
have moved to a system of paid time off or PTO, so 
that there is no explanation needed when time off 
is requested. This can be beneficial when a team 
member is sick physically, or weary mentally, and he 
or she no longer has to explain or pretend to be  
sick. There are other initiatives the practice may 
choose to take such as providing exercise or wellness 

compassion fatigue) with added new sources of stress at 
a new practice. At this point, he or she may request his or 
her job back at their previous practice. This boomerang 
effect indicates that the veterinary professional is likely 
experiencing compassion fatigue and has been unsuc-
cessful at outrunning its effects.

The three-pronged approach

There is a shared responsibility when it comes to moni-
toring and minimizing compassion fatigue. One per-
spective has been called the “three-pronged approach.” 
It emphasizes the need for the organization to care for 
the staff, the need for colleagues within the profession 
to support each other, and the responsibility of the indi-
vidual caregiver to care for him- or herself. A fourth 
prong can be considered an overarching concept, and 
that is the responsibility of the profession as a whole  
to recognize and manage compassion fatigue in the 
industry.

There are methods that can be used to create and 
maintain a healthy workplace, which satisfies this first 
prong in this approach. Patricia Smith, founder of the 
Compassion Fatigue Awareness Project, provides us 
with a template to creating a healthy practice called the 
Eight Laws Governing a Healthy Workplace.2 These laws 
can help define a way for the veterinary professional and 
the entire profession of veterinary medicine to prevent 
or minimize compassion fatigue within the business 
setting of veterinary medicine.

1. Take a break. Oftentimes veterinary professionals 
are so focused on their patients and the practice that 
they ignore their break and lunch times. Manage-
ment should insist that these breaks are taken; like-
wise, individuals should make it a priority. It is also 
beneficial to find a true place of respite, for these 
breaks to provide a change of scenery. This could be 
as simple as a picnic table outside on the back lawn, 
or as fancy as a gazebo within a memorial garden 
for the staff. Indoors, of course, a break room is nice, 
and perhaps the room can be decorated to represent 
a complete change of scenery. Be creative, and get 
the team involved in designing a special place just 
for them. When it comes to providing respite from 
the stressful events that can lead to compassion 
fatigue, there should be a place and time where it is 
safe to discuss the effects that these incidents have 
upon the team. This can be take the form of routine 
Morbidity and Mortality (M&M) rounds where dif-
ficult cases are re-examined and emotions are 
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Yet management is also in a position of susceptibil-
ity when it comes to compassion fatigue on a per-
sonal level. In fact, those managers who have “come 
up” within the veterinary profession often face a 
special set of circumstances. If they began as techni-
cians, as many have, they used to have daily contact 
with animals that they helped and healed, which 
provided a great amount of satisfaction. Now as a 
member of management, they have less time with 
the pets, more time with difficult clients, more time 
with problems among coworkers, and less time 
enjoying the team atmosphere. This creates an 
intense situation that leads to a distinct type of 
management compassion fatigue, yet the organiza-
tion depends on these people to manage the busi-
ness and the team. They must maintain a precarious 
balance, dealing with their own compassion fatigue 
as well as helping the team members deal with 
theirs. When creating a plan to prevent and mini-
mize compassion fatigue, the managers’ dual roles 
must be taken into consideration as well.

6. Create and maintain relationships. In the Com-
passion Satisfaction and Fatigue survey it was deter-
mined that working as a team is a satisfier for many 
veterinary professionals. It is important to foster 
good team relations for many different reasons 
relating to the business as a whole and to the veteri-
nary professional as an individual. Leaders should 
lead the way by being first to participate in activities 
during staff meetings and team events. Although 
they may not seem fun on paper, many of these 
activities are great ways to have a good time and 
learn a valuable lesson together as a team. On a 
more personal level, the practice can implement a 
Buddy System where team members encourage and 
monitor each other in their self-care efforts. This 
Buddy System can be initiated by either the team or 
the management of a practice.

7. Push open or walk through the “open doors.” An 
open door policy sounds good for many reasons, yet 
it can be difficult to achieve. While the manager 
needs to be available for employee needs, he or she 
also needs to have uninterrupted time to accomplish 
management tasks. Nonemergent issues may have 
to wait until a more appropriate time. The manager 
is trying his or her best to maintain accessibility and 
efficiency in the business of management just as 
everyone else is doing with their daily tasks. If the 
veterinary team knows when there is a better time 
they can approach management, yet understand the 
system for intervening in a crisis or emergency situ-
ation, then everyone will find balance. During group 
meetings, an open door policy means everyone 

equipment in-house or offering discounts to local 
fitness facilities. Additional preventive health initia-
tives can be suggested and provided by health insur-
ance providers. These can include wellness programs 
to help employees lose weight, stop smoking, or 
simply take better care of themselves.

4. Locate or request tools for the job. When a job 
needs to be performed, the proper tools to accom-
plish the task must be provided. This includes the 
training to get the job done. The employer should 
not expect a technician to run a CBC without the 
proper equipment and instructions, nor should they 
expect a front office team to communicate with 
other practices without a telephone and fax machine 
and phone numbers. Some tools involve equipment, 
supplies, and inventory, but some tools are less tan-
gible, such as the time and authority to complete the 
assigned task. This is particularly true if the indi-
vidual is involved in management or supervision. 
The upper management or practice owner may 
need to provide the motivation, mentoring, educa-
tion, and resources to help others manage the team 
and the practice operations.

5. Monitor and report workload. There can be mul-
tiple levels of management in an organization, 
depending on the size and structure of the facility. 
The person who monitors the workload of the indi-
vidual should be the supervisor closest to this 
employee. For example, a technician supervisor 
monitors the workloads of each technician,  
while the hospital manager monitors the workloads 
of the team supervisors. Workload can be docu-
mented and monitored using a Project Log that 
details what is on an employee’s ongoing to-do list. 
This can help the employee avoid becoming over-
whelmed or overcommitted. An employee may need 
to request scheduled designated “administrative 
time” to work on and complete the projects he or 
she needs to get done. It is often unrealistic for the 
leaders to expect a team member to complete an 
extra project during the spare moments in between 
main duties, yet often that is just what is asked. 
Team members should learn to recognize when they 
have become overloaded, and should prevent this 
from happening as much as possible in the future. 
The team member should be sure to reach agree-
ment with the manager when it comes to accepting 
deadlines, and get his or her help in reprioritizing 
the projects on the list according to what the prac-
tice needs; this can often fluctuate. The manage-
ment team is important in helping each person, the 
entire team, and the practice overall resist compas-
sion fatigue.
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times a day, and the cumulative effects of the results of 
these choices can wear on the veterinary team. Team 
members must realize that they cannot judge or let their 
personal feelings cloud the situation, because they 
cannot speak for that family or that pet owner. It can be 
difficult for veterinary professionals to understand the 
decisions an owner is facing in the life of his or her 
family and pet. It is the veterinary team’s duty to provide 
what care is allowed for the pet, and respect the pet 
owner’s choices and decisions along the way.

If there are ways to improve the team’s response in an 
emergency situation, then this should be discussed 
without placing blame or becoming defensive. The team 
is faced with learning opportunities every day, and they 
will continue to improve how they care for pets if they 
recognize these opportunities when they present them-
selves. At times, this moment of learning is simply to 
understand that there was nothing different that could 
have been done to change the outcome for that pet or 
that family. The team must be mindful that “success” is 
often seen by them as the recovery of the pet, yet “success” 
in the minds of the family could be as simple or as 
complex as humane euthanasia when that is their choice. 
It is not the team’s choice to make, nor is it their blame 
to carry.

When it comes to satisfying the second prong of the 
“three-pronged approach,” veterinary professionals 
helping to support their colleagues, it is important to 
realize that no one is alone; every veterinary professional 
is susceptible to compassion fatigue, and most will suffer 
its effects at some point during his or her career. Infor-
mation gained on compassion fatigue can help team 
members provide this support. When an employee is 
experiencing the more difficult phases of care giving—
when his or her enthusiasm has dampened and he or she 
begins to feel overwhelmed—an attentive colleague can 
intervene and lend a listening ear. Following a traumatic 
scenario, colleagues can check in with each other, both 
validating the presence of negative emotions and offer-
ing support to each other. There are even many small 
ways through which colleagues can improve the envi-
ronment for themselves and each other, such as remem-
bering basic politeness and gratitude.

The third prong is self-care, and each team member 
must be responsible for him- or herself. It is necessary 
to provide the body with its needs such as rest, nutrition, 
and protection. It is also necessary to maintain good 
mental or emotional health. Some basics of self-care 
include acknowledging needs and wants, clarifying 
goals, creating a sustainable plan, and finding balance. 
This balance should include hobbies outside veterinary 
medicine and scheduling special time to enjoy interest-
ing activities. To start, identify five things that must be 

should feel free to participate in open communica-
tion and encourage their teammates to do the same. 
The team can also take advantage of submitting 
anonymous suggestions to management in a safe 
way such as a confidential suggestion box.

8. Acknowledge and express grief. In medicine, a 
patient death is often accompanied by a debriefing 
process for the staff present. This can involve outside 
counselors and resources brought in for the employ-
ees. However, in veterinary medicine, the team can 
experience a string of crises and deaths without so 
much as a mention of this reality; the team members 
often must suppress their emotions in order to 
move on to other patients and clients that need 
them and require their full attention. Ignoring these 
feelings and the difficult circumstances we face daily 
in veterinary medicine can be dangerous in the long 
run, and it is beneficial to prevent this “blanket of 
silence” that so often pervades veterinary practices. 
Each team can work together to invent what works 
for their individual practice.

Perhaps the practice can implement an Immediate 
Debriefing Form that provides a place to briefly describe 
the incident, list the employees present, note the attend-
ing doctor or lead technician who is responsible for 
reporting the incident, and provide notice of any 
employee who needs the management to follow up and 
ascertain their emotional well-being at a later time. On 
a personal level, it is beneficial for a team member to 
debrief with someone who has a similar base of experi-
ence and can understand the situation within the first 
24–72 hours following an incident. This type of inter-
vention is often called Critical Incident Debriefing. 
During the debriefing conversation it should become 
clear that the situation itself has led to the death, rather 
than the team members themselves. At the same time, it 
is beneficial to discuss what was done, and could be done 
better next time. This puts the focus on the future, and 
helps the team learn from the past if possible.

It is also important to help the team realize when the 
situation may have involved difficult choices made by 
the pet owner. There could have even been a dollar limit 
that the client had to spend on their pet, and the care 
was therefore too expensive for the family. It is particu-
larly difficult for the veterinary team to know they can 
help, yet lack the permission to proceed due to financial 
restraints. When the patient’s family must make a choice, 
there are times when the team may not agree with the 
decision. Yet it is that pet owner’s choice to decide to 
pursue diagnostics, continue treatment, or provide his 
or her pet with humane euthanasia. In the emergency 
critical care setting, these choices must be made many 
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As these factors leading to compassion fatigue among 
healthcare workers are examined, it is clear that there  
are plenty of ways to help the veterinary professional 
move through and out of the fog of compassion fatigue. 
Professional training should be provided from an 
employee’s first day, and colleagues should never stop 
encouraging each other to continue their learning and 
growing. Mentoring is perhaps the most important task 
that can be used for individuals to support each other 
and the profession, yet it requires sensitivity to know 
which employees need mentoring and how they can be 
best served. It also requires time to create personal 
bonds, set professional boundaries, and develop trust so 
that employees are open and responsive to being men-
tored by other members of the team. Low staffing is a 
reality for many practices, and the unexpected loss of an 
employee often leads to filling in that space using the 
“warm body” technique. This is avoidable if the manage-
ment team continually accepts resumes and applications 
for all positions even when there is no opening, and 
conducts ongoing interviews to line up the best candi-
dates for when an opening occurs. If the management 
has established open communication with each team 
member, the management is also better prepared to 
know when an employee may be reaching a personal or 
professional goal that will take him or her from the 
practice (e.g., graduating school, completing certifica-
tion) or to realize when an employee is struggling and 
thus when involuntary termination is unavoidable. 
Employee loss should never be a surprise, in most cases. 
If it is, then the management is not projecting employee 
needs very far into the future, and they are not forming 
successful relationships with team members.

Organizational culture is so important to minimizing 
the effects of organizational compassion fatigue. The 
management team (including practice owners and all 
levels of supervision) must encourage, value, and recog-
nize exemplary displays of compassion by the employ-
ees. This could be extra time spent with a grieving client 
in the examination room, staying late to provide patient 
care that is necessary, or supporting a teammate through 
a difficult case. The practice leadership must be careful 
not to assume this is unprofitable “down time” or just 
employees “riding the clock,” when instead it may be the 
extension of compassion that really needs to be dis-
played by the team members. Management should freely 
use the word “compassion” as often as possible when 
describing activities that they are praising, as this will 
help the team members make the connection that it is 
this display of compassion that is being recognized and 
rewarded. Managers in general find it is easy to focus on 
the problem or trouble employees who constantly need 
guidance and counseling. However, those employees 

done every day, such as shower, eat, or go to work. Then, 
the veterinary professional adds five more things that 
would energize him- or herself. To help answer this, the 
veterinary professional can determine what he or she 
would do with a complete day off, with no work, no 
chores, and no errands. The fun activities could include 
visiting with a friend, reading for pleasure, taking a walk 
in nature, and so on. Then each week or two, the veteri-
nary professional can add one of these new self-
energizing ideas to his or her routine. The professional 
should stick to this plan and see how it feels to be caring 
for him- or herself for a change.

Another simple thing that can help is called a “role-
shedding ritual.” When it is time to clock out and step 
out the door, the veterinary professional can designate a 
literal or figurative ritual that will help him or her to 
transition from work mode to home mode. Some people 
already do this without really thinking of it as a role-
shedding ritual. It can involve changing out of scrubs 
and into street clothes before leaving work, listening to 
music or audio books in the car, stopping by the park to 
take a quick walk, or even putting a little note or picture 
on the outside of the garage door that serves as a 
reminder that now it is time to enjoy being home.

Professionals in emergency critical care in particular 
often have patients they are leaving behind when they 
clock out and go home. This can make it particularly 
difficult for a caregiver to disengage and get his or her 
mind off of work. It can help to follow an organized 
process when wrapping things up at the end of a shift. 
After determining what needs to be finished or delegated 
and what can wait until tomorrow, there can be a routine 
that signals the end of the workday. There is someone 
else in charge of the patients, so the veterinary profes-
sional can remind him- or herself of this and feel com-
fortable leaving the practice and the patients under the 
care of others. Focus on the positive outcomes of the 
day, rather than the one or two negative moments, 
letting the satisfiers far outweigh the stressors.

Creating a compassionate culture

There have been factors identified that relate to compas-
sion fatigue among healthcare workers in particular. 
These include inadequate professional training, poor 
mentoring, low staffing, and an organizational culture 
that does not encourage, value, and recognize exemplary 
displays of compassion. It is believed that if employees 
do not feel respected and appreciated for their efforts, 
and if they do not feel cared about by those who have 
responsibility for them, it will be more difficult for them 
to establish and maintain a truly caring environment for 
patients.
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an emergency critical care facility. You have devoted 
your career, and often your life, to these special souls 
who cannot speak for themselves, and often your 
payment of puppy breath and kitten kisses, wagging tails 
and bright eyes, far exceeds any type of monetary value. 
While doing your important work, remember to take 
care of yourself so that these animals can continue to 
call on you during their time of need. Maintain your 
compassion, work to overcome your fatigue, and remain 
an essential part of the world of veterinary medicine.
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who probably deserve the support of management the 
most are those who need to see real proof of how much 
they are respected and appreciated. This goes beyond 
tangible rewards and “employee of the month” plagues 
to words and actions that provide employees the feeling 
that they are cared about. This is where that personal 
bond is so important.

There is no greater gift we can give as veterinary pro-
fessionals than providing care for animals that are sick 
and injured, and that find themselves in our care within 

Box 65.1  The Caregiver’s Bill of Rights, by Patricia Smith

As a caregiver, I have the right . . . 
 . . . to be respected for the work I choose to do.
 . . . to take pride in my work and know that I am making a 

difference.
 . . . to garner appreciation and validation for the care I 

give others.
 . . . to receive adequate pay for my job as a professional 

caregiver.
 . . . to discern my personal boundaries and have others 

respect my choices.
 . . . to seek assistance from others, if and when it is 

necessary.
 . . . to take time off to re-energize myself.
 . . . to socialize, maintain my interests, and sustain a 

balanced lifestyle.
 . . . to my own feelings, including negative emotions such 

as anger, sadness, and frustration.
 . . . to express my thoughts and feelings to appropriate 

people at appropriate times.
 . . . to convey hope to those in my care.
 . . . to believe those in my care will prosper in mind, body, 

and spirit as a result of my caregiving.

http://compassionfatigue.org
http://www.katherinedobbs.com
http://www.cliving.org/lifstrstst.htm
http://www.proqol.org/Home_Page.html
http://www.proqol.org/Home_Page.html
http://www.proqol.org/ProQol_Test.html
http://www.proqol.org/ProQol_Test.html
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A-a gradient, 290, 290t
AAMI, see Association for the 

Advancement of Medical 
Instrumentation

ABCs, in triage, 6–10
Abdominal countercompressions during 

CPCR, see Interposed abdominal 
compressions

Abdominal fluid analysis, 451, 454t. See 
also Abdominocentesis

Abdominal pain, 449. See also Analgesia
Abdominal pressure measurement, 455, 

455p
Abdominal ultrasound, see Ultrasound
Abdominocentesis, 451, 452p

blind, 451
ABP, see Arterial blood pressure
Absorption atelectasis, see Atelectasis
Academy of Veterinary Emergency and 

Critical Care Technicians,  
22, 23f

Acanthocytes, 625
Acariasis (mange), 729t
Accelerated idioventricular rhythm, 102f, 

102–103. See also 
Electrocardiogram interpretation

ACD (acid-citrate-dextrose preservative), 
763t

Acetaminophen (paracetamol), 553t, 
554, 779

and COX-3, 554b
Acetic acid, see Acids
Acetoacetate, 658–659
Acetone, 669t
Acetylcysteine, see N-acetylcysteine
Acid-base balance

for evaluating tissue perfusion, 
202–203

metabolic components, 655–660
plasma bicarbonate concentration, 

655–656
quantitative assessment of the 

metabolic contributions to,  
659b

respiratory component, 653–654
standard bicarbonate, 656
Stewart approach, 658

Acid-base evaluation, 651–664
arterial acid-base values for normal 

individuals, 652t
hydrogen ion concentration, 653
interpretation of acid-base 

measurements, 652t
interpretation of measurements, 651, 

652t
pH, 653
primary abnormalities, expected 

compensation for, 661–662
sampling and storage of blood for, 

651–653
Acid-citrate-dextrose preservative 

(ACD), 763t
Acids, as antiseptics, 721, 721t
Acoustic windows for echocardiography, 

178–180, 180f, 181f, 182f
Activated charcoal, 751

administration procedure, 458f, 464, 
465–466, 465f, 465p

indications, 462, 463, 465
Activated clotting time (ACT), 632,  

632p
Acupuncture GV 26 site

stimulation during cardiopulmonary 
arrest, 223

Acute abdomen, 449, 450t
Acute intravascular hemolysis, 761,  

761t
Acute kidney failure, 431–432
Acute kidney injury (AKI), 419, 421, 432, 

447
Acute nonimmunologic transfusion 

reactions, 762
ACVA, see American College of 

Veterinary Anesthesiologists
ACVIM, see American College of 

Veterinary Internal Medicine
Additives, 753–754, 763t
Aδ fibers, see Nociception
ADR, see Adverse drug reaction
Advance resuscitative directive, 221
Adverse drug reaction, 536
Afterload, 171f
Agar dipslide for environmental 

screening, 704f

Advanced Monitoring and Procedures for Small Animal Emergency and Critical Care, First Edition. Edited by Jamie M. Burkitt 
Creedon, Harold Davis.
© 2012 John Wiley & Sons, Inc. Published 2012 by John Wiley & Sons, Inc.

Note: Pages followed by "b" indicate boxes; "f," figures; “p,” protocols; and “t,” tables.

Air embolism, 67
Air leak from mechanical ventilator 

circuit, see Ventilator waveforms
Air trapping, see High-frequency 

ventilation; Mechanical 
ventilation; Ventilator waveforms

Airway control, emergent. See also 
Artificial airway; Endotracheal 
intubation; Temporary 
tracheostomy

basic supplies, 18–19, 19t
Airway humidification, see 

Humidification
Airway obstruction

during mechanical ventilation, see 
Ventilator waveforms

treatment, see Endotracheal 
intubation; Oxygen 
supplementation; Temporary 
tracheostomy

Airway pressure release ventilation 
(APRV), 376

Airway pressure targets during 
mechanical ventilation, see 
Mechanical ventilation

AIVR, see Accelerated idioventricular 
rhythm

Alarm, security, see Security
Albumin, 659, 668

concentrated human albumin 
solution, 765–767

Alcohol-based hand rub, 697, 698–699, 
699f, 700, 701

Alcohols, 432, 433b
as antiseptics and disinfectants, 721, 

721t
ethanol, 669t
isopropyl, 669t, 738t

Alfentanil, 545
Alkalinization, 661b
Allergic reactions, 761, 761t
Alloantibodies, 683
Allodynia, 526t, 529, 534
Alpha angle, on capnogram, see 

Capnogram
α-2 adrenergic agonists, 

560–561
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α-2 adrenoreceptors, 550
afferent, 541b
and noradrenaline, 550b

α-2 agonists, 550
analgesic effects, 550
cardiovascular effects, 550–551

Aluminum toxicity, 446
Alveolar plateau, on capnogram, see 

Capnogram
Alveolar-to-arterial difference, see A-a 

gradient
Alveolar-to-arterial gradient, see A-a 

gradient
Amantadine, 553, 553t
Ambu bag, see Bag-valve
Ambulatory continuous 

electrocardiogram, 87
American College of Veterinary 

Anesthesiologists (ACVA), 
position statement on treating 
pain, 529–530

American College of Veterinary Internal 
Medicine, guidelines for 
non-invasive blood pressure 
measurement, 135, 141–142

Amikacin sulfate, 754
Amino acid catabolism, 480
Amino acid receptors, 498
Amino acids, 486–487, 515

aromatic, 486
branched chain, 486

Aminophylline, 748t
Amiodarone, use in CPCR, 219, 224
Ammonium urate crystals, 415, 416f
Ampicillin, 748t, 754
Analgesia, 540–558, 755–756

adjunctive, 551
doses for, 553t

complications, 536–537
local, 559–571
multimodal, 532–534
opioids, 540–544
rationale for use, 529–530
timing, 534–536

Anaphylactic/anaphylactoid reaction, 
761t

Anaplasma platys, 631
Anaplasmosis, 735
Anemia, 446, 622b
Anesthesia, 755–756

capillary refill time, 576–577
depth, 574
eye position, 576
heart rate, 577–579
jaw tone, 576
mucous membrane, 576–577
physical parameters under, 574–576
physiologic changes that occur in 

patients through stages, 576f
response to stimulation, 577

scavenging systems, 17
temperature and, 586

Anesthesia monitoring record, 573–574, 
575f

Anesthetized patients
assessment and approach to common 

abnormalities in ventilation in, 
581t

blood pressure, 582
monitoring, 572–588
nursing care of the long-term, 

589–597
Animal Medicinal Drug Use Clarification 

Act, 743
Anion gap, 656–657
Anisocytosis, 625
Anorexia

causes, 497
medications that may cause, 497b

Antibiotics, 754–755
Anticoagulant-preservative solutions, 

763t
Anticoagulants, 615, 616t
Antidiuretic hormone (ADH), 641
Antifreeze (ethylene glycol), 432
Antimicrobial stewardship (responsible 

antibiotic use)
to decrease risk of nosocomial 

infection, 703–704
Antinociception, 541b
Antioxidants, 487
Antisedan®, see Atipamezole
Antiseptic hand soap, 697, 698, 698p
Antiseptic hand washing procedure, 698, 

698p. See also Hand hygiene
Antiseptics, general, 720–724
Antivenin (Crotalidae) polyvalent (ACP), 

769
Antivenom therapy, 769–770

administration, 770
adverse effects, 769–770
crotalid, 769t
dosages, 770
monitoring, 770
preparation, 770
protocol, 770

Anuria, 431, 432
Aortic cross-clamping, see 

Cardiopulmonary cerebral 
resuscitation; Internal cardiac 
massage; Tourniquet

Aortic thromboembolism, 
echocardiography of the affected 
cat, 187

APC, see Atrial premature complex
Appetite, environmental stressors that 

may affect, 498b
Appetite stimulants, 499, 499b
APRV, see Airway pressure release 

ventilation

Arachidonic acid, 547, 554
Arginine, 487
Arrhythmia, see Cardiac dysrhythmia
Arrhythmogenic right ventricular 

cardiomyopathy (ARVC)
echocardiographic appearance, 186

Arterial blood gas syringe, see Syringe
Arterial blood pressure, 426, 441,  

796b
in anesthetized patients, 582
correction factors for measurement 

not at right atrial level, 138t, 
139p, 141p

cuff for indirect measurement, 135, 
137–138, 138t, 139p, 140f, 141p, 
142f

definition, 107, 134
determinants, 107–108, 122, 134
diastolic (DAP), 128p, 134, 136t, 137, 

138, 141p, 582
direct measurement, 122–133, 128p, 

583
Doppler measurement, 135, 137–138, 

138t, 139p, 140f, 582–583
high-definition oscillometry (HDO) 

measurement, 139
indications for measurement, 108–109, 

109t, 122–123, 123t, 136–137
mean (MAP), 128p, 131t, 134, 136t, 

582, 789
noninvasive (indirect) measurement, 

134–144
oscillometric measurement, 138t, 

138–139, 141p, 142f, 583
photoplethysmography measurement, 

140–141
in pulseless electrical activity, 101f
systolic (SAP or SBP), 128p, 131t, 

136t, 582
waveform interpretation, 125–132, 

128p, 131p
Arterial blood sample collection, 

606–607, 607p
Arterial catheter

catheterization, see Catheter, arterial
sampling, 607, 608p

Arthritis, 674
Artificial airway maintenance and care, 

318–339
Artificial nose, see Heat moisture 

exchanger
ARVC, see Arrhythmogenic right 

ventricular cardiomyopathy
Ascarids, 735
Aseptic technique, 724–725

patient eye preparation, 725
patient skin preparation, 725

Aspart (Novolog®), 782
Aspiration pneumonia, 482
Aspirin, 445, 549
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Assist/control mechanical ventilation 
mode, see Mechanical ventilation; 
Ventilator waveforms

Association for the Advancement of 
Medical Instrumentation 
(AAMI), 109, 135

ATE, see Aortic thromboembolism
Atelectasis, 584, 590–596

absorption, 273
Atipamezole, 757

use in CPCR, 218t, 219
ATOT, 657–658
Atrial fibrillation, 94, 96f, 96–97, 100, 

235. See also Electrocardiogram 
interpretation

cardioversion for, 241, 242
effect on CVP waveform, 156, 156f

Atrial flutter, 96f, 96–97, 100. See also 
Electrocardiogram interpretation

Atrial premature complex, 94, 98f, 
98–99. See also Electrocardiogram 
interpretation

Atrioventricular block, 92. See also 
Electrocardiogram interpretation

1st degree, 94,
3rd degree (complete), 91, 97f, 97–98, 

101. See also Isorhythmic 
dissociation

Atrioventricular dissociation, see 
Isorhythmic dissociation

Atropine, 593, 748t
in CPCR, 218t, 219, 220f, 224

Augmented unipolar ECG leads, see 
Electrocardiograph leads

Auricular artery catheter, see Catheter, 
arterial

Authorization forms, see Medical record
Autoclave, 720
Auto-PEEP, see High-frequency 

ventilation; Mechanical 
ventilation; Ventilator waveforms

A-V block, see Atrioventricular block
A-V delay, in a pacemaker, 245, 255
A-V dissociation, see Isorhythmic 

dissociation
Azotemia, 417

Babesia species, 626
Bag-valve(-mask) for ventilation in 

CPCR, 218t, 220f, 222–223
Balcium, 646

concentration measurement, 646–647
voltage-sensitive calcium channels 

(VSCC), 554b
Balcium channels, 554b
Balcium chloride, 754
Balcium gluconate, 648, 748t, 754
Balcium oxalate crystals, 415, 416
Balloon-tipped catheter, see Catheter, 

pulmonary arterial

Bandages, 801
abdominal, 471–472

Barium sulfate, 450
Barrier nursing, 697, 701–703, 702f, 

703p, 735–736. See also Isolation
Bartonella henslae, 730
Bartonellosis, 730
Base deficit (BD; or base excess), 656

to evaluate tissue perfusion, 202–203
SBE (standard base excess), 656n

Basket cells, 629
Basophilic stippling, 626
Basophils, 614t, 628
BBB, see Bundle branch block
BD, see Base deficit
Benzethonium, 724
Bequerel, 814
Beta angle, on capnogram, see 

Capnogram
Betadine®, see Povidone-iodine
Bias flow in high-frequency ventilation, 

see High frequency ventilation
Bicarbonate, 655–656

as drug, see Sodium bicarbonate
standard bicarbonate and 

concentration, 656
Bilirubin, 411
Bilirubin reagent pads, 411
Bilirubinuria, 411
Biofilm, 726
Biologic response modifiers, 762
Biological products administration, 

759–775
concentrated humin albumin solution, 

765–768
digibind, 771–772
human intravenous immunoglobulin 

(hIVIG), 768–769
plasma products, 763–765
red blood cell (RBC) products, 

759–763
snake envenomation, 769–770
tetanus, 770
thrombolytic agents, 772–773

Biotrauma, pulmonary, 374, 375
Bisguanide antiseptic, 721, 738t. See also 

Chlorhexidine
Bite and scratch prevention, 736
Bladder care, 595–596
Blastomyces dermatitidis, 731
Blastomycosis, 729t, 731–732
Bleach, 723, 723p, 738t
Blink function, 590
Blood, 614–615

complete blood count analysis, 
615–617

composition, 614–615
fresh whole blood, 763t
occult blood in urine, 411
plasma, 614

sampling and storage of blood for 
acid-base evaluation,  
651–653

whole blood, 615
Blood–brain barrier, 543
Blood cells, 614, 614t
Blood clotting, 633
Blood collection sample types, 615

plasma, 615
serum, 615
whole blood, 615

Blood films, microscopic analysis, 
617–618

Blood flow, determinants, 107–108
Blood gas analysis, 286–292, 795,  

796b
sample collection for, 653p

Blood gas analyzer, 287
Blood gas syringe, see Syringe
Blood glucose, 796b

variables that may affect 
measurements obtained with 
PBGM, 779t

Blood glucose measurements, 778
portable meters, 779–780

Blood glucose monitoring, 776–788
Blood lactate, see Lactate
Blood pressure, see Arterial blood 

pressure
Blood products

effects on oximetry, 284
transfusion log, 766f

Blood sample collection and handling, 
601–610, 633–634. See also 
Venous blood sample collection; 
Venous blood samples

blood culture sample collection, 606, 
606p

from a catheter, 604–605
from central intravenous catheters, 

605
delayed sample separation or analysis, 

609
discard method, 605, 606p
handling of venous samples,  

607–609
hematoma formation, 610
iatrogenic anemia from frequent 

sampling, 610
from an intravenous catheter, 605p
mixing method, 605
needleless devices, 601, 602f
from peripheral intravenous catheters, 

605
physiologic processes, 634–635
platelet clumping, 609
preservation, 634
proper handling, 607
proper venous blood sample 

collection, 601–602



Index  849

protocol for collecting a blood sample 
for pH and blood gas analysis, 
653p

push-pull method, 605, 606p
safety concerns, 601
sample dilution, 609
specimen handing, 607
troubleshooting, 609–610
troubleshooting patient problems 

associated with, 609–610
Blood smears

evaluation of abnormalities found on, 
617b

microscopic evaluation, 635
morphologic abnormalities, 626
preparation, 618, 619p

sources of errors in, 620b
stains, 618

Romanowsky stains, 618
supra-vital stains, 618

Blood typing and cross-matching, 
682–692

canine blood types, 682–684
feline, 688
in-house feline, AB blood typing, 

688–689
Quick Test DEA 1.1, 687–688
Quick Test DEA A + B Feline, 689
RapidVet-H, 684, 687
RapidVet-H Companion Animal 

Crossmatch Test Kit Major, 691
RapidVet-H Crossmatch Test Kit, 690
RapidVet-H Feline, 689
tube crossmatch procedure,  

684–686p
washing of red blood cells, 687p

Blood volume, 442
Body condition score, 482
Body massage, 592
Body protection, 736
Body systems evaluations, 834
Body weight, 827

monitoring, 426
to surface area conversion, 166t

Boldenone, 499b
Bordatella bronchiseptica, 730
Bordatellosis, 730
Boric acid, see Acids
Bowel obstruction, 450
Bowel sounds, 596
Brachial plexus block, 563f, 564

complications, 564
contraindications, 564
indications, 564
with the use of nerve locator, 564p
without the use of a nerve locator, 

564p
Bradyarrhythmia, 542, 550

pacemaker indication for, 245–246, 
246t

Brain, and plasma osmolality changes, 
667

Break room, see Staff spaces
Breath stacking, see High-frequency 

ventilation; Mechanical 
ventilation; Ventilator waveforms

Brilliant cresyl blue, 618
Bronchoconstriction, appearance on a 

capnogram, 346, 346f
Brucella canis, 730
Brucellosis, 729t, 730
Bruises, 610
Bubonic plague, 731
“Bucking” the ventilator, see Mechanical 

ventilation; Ventilator waveforms
Buffers, 662–663
Buffy coat, 617, 621b
Bundle branch block (BBB), 92, 100, 

104–105, 105f. See also 
Electrocardiogram interpretation

Bundle of His, 82, 83f, 92, 98–99, 100, 
105

Bupivacaine, 390, 391, 560, 560t
Bupivacaine hydrochloride, 560
Buprenorphine, 540, 542t, 544, 545, 546, 

560t
Burn injury, 482, 799

burn evaluation, 799
burn wound characteristics, 799b
deep partial-thickness burns, 799b
full-thickness burns, 799b
initial patient triage and evaluation, 

799
management, 800–801, 801p
superficial burns, 799b
superficial partial-thickness burns, 

799b
total body surface area burn 

estimation, 799–800
Burnout, compassion fatigue and, 

840–841
Burns. See Burn injury
Butorphanol, 540, 542t, 545, 546, 748t

Cadexomer iodine, 722, 726
Cage design, 28–29, 29f, 30f
Calibration

for central venous pressure 
monitoring, 149p, 151p

of noninvasive arterial blood pressure 
monitoring equipment, 141

of a pressure transducer, 111, 112–114
Calorimetry, 481
Campylobacter jejuni, 733
Campylobacteriosis, 733–734
Canine blood types, 682–684

DMS card, 683p
Canine food, nutritionally complete 

canine formulation, 494t
Canine gastrointestinal formulas, 490t

Canine low-fat renal recipe, 494t
Canine low-fat uncommon ingredient 

recipe, 494t
Canine/Feline Critical Care Canned 

formulas, 488t
Canned enteral diets, 487–488, 488t
Canned food blended slurries, 488,  

490t
Cannon a wave, on CVP waveform, see 

Central venous pressure 
waveform interpretation

Cannula, inner, of tracheostomy tube, see 
Tracheostomy tube

Capillary refill time, 576–577
Capnogram, 340, 348p. See also 

Capnography; Carbon dioxide
abnormal examples, 346f, 347f
alpha angle, 345–347, 345f, 346f
alveolar plateau, 345–347, 345f, 346f
beta angle, 345–347, 345f, 346f
definition, 340
interpretation, 345–348, 348p
normal appearance, 342f, 345, 345f

Capnograph, see Capnography
Capnography, 340–348, 579–580. See also 

Capnogram; Capnometry; 
Carbon dioxide

in CPCR, 344
definition, 340
equipment setup, 342
indications for use, 344–345
mainstream, 340, 341f, 342f
microstream, 343
rationale for (physiology behind) use, 

342–343
sidestream, 340–342, 341f, 342f

Capnometer, see Capnometry
Capnometry, 340, 572, 580, 581t, 582, 

654, 795, 796b. See also 
Capnogram; Capnography; 
Carbon dioxide

confirming tracheal vs. GI intubation, 
304, 459t

in CPCR, 219, 220f, 222, 225
definition, 340
general indications, 344–345
in post-arrest period, 219

Capture, by pacemaker, see Cardiac 
pacing

Carbohydrate supplements, 489–490
Carbohydrates, 486
Carbolic acid, see Phenols
Carbon dioxide

arterial-venous gradient, 291
hypercapnia, 288–289, 580, 654, 661b; 

see also Hypoventilation
hypocapnia, 289; see also 

Hyperventilation
measurement, with capnograph, 

340–348
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normal arterial partial pressure 
(PaCO2), 288t

physiology, 342–343
surrogate markers of PaCO2, 654
total carbon dioxide concentration, 

656
venous, 291, 654

Carbon monoxide, see 
Carboxyhemoglobin

Carboxyhemoglobin, 274–277, 280t, 
282–283, 284

Cardell® blood pressure monitor, see 
Arterial blood pressure, 
oscillometric measurement

Cardiac arrest, see Cardiopulmonary 
arrest

Cardiac arrhythmia, see Cardiac 
dysrhythmia

Cardiac chamber measurements, see 
Echocardiography

Cardiac contractility, 169, 170, 171,  
171f

Cardiac dysrhythmia, 572
diagnosis, 92–94, 96–105. See also 

Electrocardiogram interpretation
direct arterial pressure measurement 

during, 130f, 131, 131p, 131t
pacemaker indication for, 245–246, 

246t
Cardiac glycosides, mechanism of action, 

771f
Cardiac output, 577

computer, 161, 163p, 165p
determinants, 134, 171f
effects from mechanical ventilation, 

353
measurement, 159–176, 165p

Cardiac pacemaker, see Cardiac pacing
Cardiac pacing (temporary), 245–260

indications, 245–246, 246t
output pulse by pacemaker, 254–255, 

257t
oversensing by pacemaker, 255, 257, 

257t
pacing spike, 255, 256
sensitivity of pacemaker, 255, 257, 

257t
temporary epicardial method, 246f, 

246–247, 247t, 252
temporary transvenous method, 246f, 

246–248, 247t, 248f, 249p
thump (fist or manual) method, 

246–247, 247t, 252–253, 252f
transcutaneous electrodes, 250–251, 

250f
transcutaneous (external or 

noninvasive) method, 246f, 
246–247, 247t, 248, 250f, 
250–251, 251p

transesophageal method, 246–247, 
247t, 253, 253p

transthoracic method, 246–247, 247t, 
253–254, 254p

undersensing, 255, 257, 257t
ventricular capture, 254–255, 257, 257t

Cardiac pump theory of closed chest 
compressions in CPCR, 223. See 
also Chest compressions

Cardiac tamponade, 190–191. See also 
Pericardial effusion

echocardiographic appearance, 
184–185, 185f

radiography in, 191
Cardiac work index, 165, 167t, 170, 173t
Cardiogenic oscillations, on capnogram, 

346f. See also Capnogram
Cardiopulmonary arrest, 217–226

echocardiographic evaluation during, 
188

recognition, 221–222
treatment, 221–225

Cardiopulmonary resuscitation, see 
Cardiopulmonary cerebral 
resuscitation

Cardiopulmonary cerebral resuscitation. 
See also Cardiopulmonary arrest

closed chest, 217–226
defibrillation, see Defibrillation
intratracheal drug administration, see 

Intratracheal drug administration
medications used, 218–219, 218t, 220f, 

224–225
monitoring efficacy, see Capnometry; 

Pulmonary perfusion
open-chest, 227–234
staff preparation, 221

Cardioversion, 236, 241–242. See also 
Defibrillation

for atrial fibrillation, 241, 242
Caregiver’s Bill of Rights, 845b
Carprofen, 548t, 549
Casts, 414–415

cellular, 414, 414f
granular, 414–415, 414f
hyaline, 414f, 415
waxy, 415

Catharsis, 466
Catheter, arterial

auricular artery placement technique, 
74–76, 77f, 78p

coccygeal artery placement technique, 
76–77, 80p

complications, 78–79, 711–713, 712t
contraindications to placement, 80–81
dorsal pedal (dorsal metatarsal) artery 

placement technique, 71–74, 72f, 
73p

femoral artery placement technique, 
74, 75p

insertion site preparation, 710–711, 
710p

maintenance and insertion site care, 
77–78, 710–713

placement considerations, general, 
70–71, 76t

radial artery placement technique, 76, 
79p

troubleshooting, 81
Catheter, central intravenous, 605

insertion site preparation, 713
maintenance and insertion site care, 

67, 713–714
placement over a guide-wire 

(Seldinger technique), 57–58, 57f, 
59–60p, 61f

placement of through-the-needle 
catheters, 58, 58f

thrombosis, in dialysis catheter, 445
types, 52f, 57, 57f, 58f

Catheter, hemodialysis, 436
double-lumen, 436
multilumen, 436
permanent, 436
placement, 436–437
temporary, 436

Catheter, intraosseous, 59t, 64, 65p, 66f, 
750

complications, 714
during CPCR, 218t, 219, 220f, 224
insertion site preparation, 714
maintenance and insertion site care, 

714
Catheter, intravenous, general

blood sample collection from, 
604–605

butterfly, 602
complications associated, 67–68
insertion site selection, 51, 52t, 59t
type selection, 51, 52t, 59t
maintenance, 64, 66–67

Catheter, peripheral intravenous
complications, 711–713, 712t
insertion site preparation, 710–711
maintenance and insertion site care, 

67, 710–713
mini cutdown for placement, 54, 54f, 

54p
placement, 52–56, 53f, 53p
surgical cutdown for placement, 

54–56, 55p, 56f
types, 52, 52f

Catheter, peripherally inserted central 
(PICC) intravenous, 56–57, 59t, 
517, 605

insertion site preparation, 713
maintenance and insertion site care, 

713–714
using through-the-needle  

catheter, 58

Carbon dioxide (cont'd)
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Catheter, peritoneal dialysis
Fluted-T catheter, 422
manufacturers, 423t
Missouri, 428
Missouri catheters, 422
Missouri Swan Neck, 428
Quinton Swan Neck Missouri 

Peritoneal Dialysis Curl Catheter, 
422

Quinton Swan Neck Peritoneal 
Dialysis Curl Catheter, 422

Quinton Tenckhoff Peritoneal 
Catheter, 423t

Stamey Percutaneous Suprapubic 
Catheter, 423t

Stamey Prepubic Percutaneous 
catheter, 422f

Swan Neck Curl peritoneal catheter, 
423t

Swan Neck Missouri catheter, 423t
Catheter, pulmonary arterial, 160–164

complications associated, 162, 164
design, 161, 161f
indications for placement/uses, 64,  

159
placement, 161–162, 162f, 163p

Catheter, urinary
care, 406
indwelling catheters, 405–406
indwelling catheter maintenance,  

406p
materials, 395
Minnesota olive-tip, 396
patient preparation and placement in 

male cat, 399p
securing indwelling catheters/

collection system, 405
tomcat-style, 396
without an inflation balloon, 405

Catheter whip, during nasal oxygen 
insufflation, 273

“Cat scratch fever”, 730
Caval syndrome, echocardiographic 

appearance, 187, 188f
Cefazolin sodium, 748t
Central pontine myelinolysis, 641
Central sensitization, see Wind-up
Central venous oximetry, see Venous 

oximetry
Central venous pressure (CVP), 587–588

continuous measurement technique, 
150, 151p

determinants, 108, 145
indications for measurement, 145–146
intermittent measurement technique, 

148–149, 148f, 149p
interpretation of value, 150–154, 153t
measurement using pulmonary 

arterial catheter, 161, 161f
normal value, 146, 172t

relationship to fluid responsiveness, 
152–153

troubleshooting measurement, 152t
waveform interpretation, 152t, 

154–157
waveform used for guidance of 

pulmonary arterial catheter, 162, 
162f

Centrifuges, 601, 608, 608f
Cerebral blood flow, 789
Cerebral perfusion pressure, 789
Cestodes, 735
C fibers, see Nociception
Charcoal, see Activated charcoal
Checklists, for hospital maintenance, 22
Chemoreceptor trigger zone (CRTZ), 

543
Chemosis, 593
Chemotherapeutic agents, 756

limiting exposure to, 817–818
Chemotherapy, 817
Chemotherapy elimination, 818
Chemotherapy spill kits, 817
Chest compressions during CPCR,  

223
Chest physiotherapy, 325–327, 331. See 

also Coupage
in the temporary tracheostomy 

patient, 336
Chest tube, see Thoracostomy tube
Chlamydiosis (mammalian), 729t
Chlorhexidine, 595, 721–722, 722p, 724, 

725, 726, 738t
Chloride, 642

concentration measurement,  
642–643

in urine, 418
Chloride-bicarbonate effect, 660
Chloride effect, 660
Chloroxylenol, see Phenols
Chordae tendineae rupture, 

echocardiography in, 186
Chronic renal failure, 432, 447
Cisplatin, 756
Citrate anticoagulation, 441
Citrate-phosphate-dextrose-adenine 

preservative (CPDA-1), 763t
Citrate toxicity, 761t, 762
Client areas, reception area, 12t, 12–13
Client education, 738
Clinician order form, 824, 825f, 826f
Closed chest CPCR, see 

Cardiopulmonary cerebral 
resuscitation

Closed suction drain, 472–473, 473f, 
474p

maintenance and insertion site care, 
715–716

Clostridium tetani, 770
cmH2O, conversion to mmHg, 146

CMPS (composite measure pain scale for 
pain assessment), see Pain

CO, see Cardiac output
Coagulation profiles, 632

activated clotting time, 632
activated partial thromboplastin time, 

632–633
one-stage prothrombin time, 632
prothrombin time, 632

Coccidiodes immitis, 732
Coccidiodes posadasii, 732
Coccidioidomycosis, 73
Coccygeal artery catheter, see Catheter, 

arterial
Code status, see Advance resuscitative 

directive
Codeine, 542t, 545, 546
Codocytes, 625
Cold-induced injuries, 801–804

freezing injuries, 802
nonfreezing injuries, 801–802

“Cold” sterilization, see Glutaraldehyde
Cole endotracheal tube, see Endotracheal 

tube
Colloid osmotic pressure, 573, 667–668, 

667f, 668f
measurement, 670–671

Colonizing flora, see Resident flora
Colorado State University Veterinary 

Teaching Hospital Pain Score for 
Dogs and Cats, see Pain

Communications log, 824
Compassion fatigue, 836–845

and burnout, 840–841
cause, 836–837
diagnostic tools, 839
organizational, 838
phases of becoming a caregiver, 839
stressors and satisfiers, 839–840
symptoms, 837
three-pronged approach to 

monitoring and minimizing, 
841–844

Compassion Fatigue Awareness Project, 
841

Compassion Satisfaction and Fatigue 
Survey, 840

Compensatory pause (on 
electrocardiogram), see Pause

Complete blood count analysis, 
automated, 616–617

impedance analysis (coulter counter), 
616

laser flow cytometry, 617
quantitative buffy coat analysis, 617

Compliance (dynamic and static), 
respiratory, 357, 358, 360, 
363–365, 363f, 363t, 365f, 
369–370, 369f

calculation, 369
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Composite measure pain scale for pain 
assessment, see Pain

Compressions, see Chest compressions
Computers

in examination rooms, 13
Internet access, 15, 18
programs, 17, 22–23

Conductimetry, 282
Conference room, see Meeting space
Confidentiality, 835
Congestive heart failure, right, due to 

cardiac tamponade, see Cardiac 
tamponade

Consciousness, 793
assessment of level, 791b

Constant rate infusion (CRI), 752
Contact time, definition, 719
Contaminating flora, see Transient 

flora
Continuing education, 841
Continuous glucose monitoring systems, 

780
placement, 781

Continuous nonsuction drainage 
systems, 390

Continuous positive airway pressure, see 
Mechanical ventilation; Ventilator 
waveforms

Continuous renal replacement therapies 
(CRRTs), 431

Continuous suction drainage systems, 
388–390

setting up, 389p
three-bottle system, 388, 388f

Contractility, cardiac, see Cardiac 
contractility

Control materials, 635
Control variable, in mechanical 

ventilation, see Mechanical 
ventilation

Controlled drugs, 544
Convection, 421
CO-oximeter, see CO-oximetry
CO-oximetry, 274, 275, 282–284. See also 

Carboxyhemoglobin; Fractional 
hemoglobin; Methemoglobin

CO-oximeter, 282–283, 282f
indications for performing, 275,  

283
procedures, 283–284
pulse CO-oximeter, 275, 276
sources of error, 284

CoPP, see Coronary perfusion pressure
Corn syrup, 489
Corneal reflex, 577
Coronary perfusion pressure

augmentation during open-chest 
CPCR to improve, 231–232

calculation, 228

Corrigan’s pulse
direct arterial pressure waveform 

appearance during, 129, 130f
Cough, in the temporary tracheostomy 

patient, 314, 315
Coulter counter, 616
Coupage, 327, 330, 330t, 337t

in the temporary tracheostomy 
patient, 315, 334t, 336

COX-1, 547
COX-2, 547–548, 548b
COX-3, acetaminophen (paracetamol) 

and, 554b
Coxiella burnetti, 736
CPA, see Cardiopulmonary arrest
CPAP, see Mechanical ventilation, 

Ventilator waveforms
CPCR, see Cardiopulmonary cerebral 

resuscitation
CPDA-1 (citrate-phosphate-dextrose-

adenine preservative), 763t
CPR, see Cardiopulmonary cerebral 

resuscitation
Cranial nerve reflexes, 792
“Crash” cart, 218f

minimum supplies, 217–221, 218t,  
237

Creatinine, 418–419
urine tests, 419–420

Critical care diets
amino acids, 486–487
carbohydrates, 486
energy, 485
fat, 486
nutrient considerations for,  

485–487
protein, 485–486

Critical DO2, 203. See also Oxygen 
delivery

Critical illness
calculation of nutritional 

requirements, 481
complications of providing nutrition, 

482–483
enteral diets for critically ill patients, 

485–495
monitoring anesthetized patients, 

572–588
nutritional assessment, 478–479,  

479b
nutritional plan, 479–480
nutritional requirements, 480–481

burns, 482
sepsis, 482
in special cases, 481–482
tetanus, 482

use of nonsteroidal anti-inflammatory 
drugs (NSAIDs), 550

Critocap chart, 618

Cross-clamp of descending aorta, see 
Cardiopulmonary cerebral 
resuscitation; Internal cardiac 
massage; Tourniquet

Crossmatch testing, 689–691
2+ incompatible reaction, 690f
3+ hemagglutination, 691f
3+4+ hemagglutination, 691f
appropriate RBC suspension color, 

690f
positive microscopic 

hemagglutination, 691f
Cryoprecipitate, 763t, 764
Cryptococcosis, 729t
Cryptosporidiosis, 734
Cryptosporidium parvum, 734
Crystalloid sodium solutions, acid-base 

impact, 663
Crystalluria, 415
Cuff for indirect blood pressure 

measurement, see Arterial blood 
pressure

Curare cleft, on capnogram, 346f. See 
also Capnogram

Curie, 814
Cushing’s reflex, 795
Cutdown

mini, for peripheral intravenous 
catheter placement, 54, 54f,  
54p

surgical, for intravenous catheter 
placement, 54–56, 55p, 56f

CVP, see Central venous pressure
Cyanocobalamin, 499b
Cyanosis, 577
Cylindruria, 414
Cyproheptadine, 499b
Cystine crystals, 415, 416
Cystocentesis, 407
Cystostomy tube, percutaneous prepubic, 

422
Cytauxzoon felis, 626
Cytology, 672–681

equipment for, 674–676, 676b
impression smear, 676–677
indications, 672–674, 673b

effusion analysis, 672–673
slide preparation, 676

fluid, 676
tissue, 676

slide scanning and evaluation, 678, 
679p

squash preparation, 676, 677f
stains, 677–678
troubleshooting, 678–680, 680p

nondiagnostic samples, 678–679
staining, 679–680

Cytopathic hypoxia, see Mitochondrial 
dysfunction
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Daily patient flow sheets, 827–834
Dakin’s solution, see Bleach
Damping, of a fluid-filled hemodynamic 

monitoring system, 111, 116–121, 
117f, 118–119p, 118f, 119f, 120f, 
120t, 131p

determining damping coefficient, 
118–119p, 119f, 120f

overdamping, 128–129, 129f, 132
underdamping, 128, 132

Dantrolene, 582
DCM, see Dilated cardiomyopathy
DEA 1.1, 684
DEA 1.1 blood typing, 684–688

DMS card, 684–687
Quick Test DEA 1.1, 687–688

Debriefing, 843
Decerebellate rigidity, 792
Decontamination, see Gastrointestinal 

decontamination
Decubitus ulcers, prevention and 

management, 592
Defibrillation, electrical, 235–244. See 

also Cardioversion
biphasic vs. monophasic, 237, 238t, 

240, 242, 243
defibrillator(s), 218f, 218t, 219, 239f, 

241f
doses, 238t, 242–243
drug-defibrillator interactions, 243, 

243t
indications, 238–239
internal, 231, 240p, 241f
procedure during CPCR, 224–225, 

239–241, 240p
risks to patient, 242
safety for personnel, 224–225,  

237–238
Delay in a pacemaker, see A-V delay
Delta (D) down, see Pulse pressure
Delta (D) up, see Pulse pressure
Dental nerve blocks, 565f
Dental wedge, see Oral care
Deracoxib, 548t, 549
Dermatologic diagnoses, 674
Dermatophytosis (ringworm), 729t,  

732
Desflurane, 586t
Design

hospital, 11–18
ICU, 24–47

Detergents, 720, 724, 725,
Dexamethasone SP, 748t
Dexmedetomidine, 551, 560, 560t
Dextrose, 786
Dextrose solutions, 515, 784f
Diabetes of injury, 777
Diabetes mellitus, 411, 782
Diabetic ketoacidosis, 411

Diagnostic electrocardiogram, see 
Electrocardiogram, diagnostic

Diagnostic peritoneal lavage, 451, 453p
Dialysate leakage, 428
Dialysate solutions, 424

in emergency situations, 424
hyperosmolar dextrose-containing, 

424
hypertonic dextrose, 424
recipe for homemade, 424b

Dialysis
definition, 421
peritoneal dialysis, 421–430

Dialysis disequilibrium syndrome, 429, 
444

Dialyzers, 435
hollow fiber, 435f

Diastolic (arterial) blood pressure 
(DAP), see Arterial blood 
pressure

Diazepam, 499b, 748t, 753
Dicarbizine, 756
Dicrotic notch, 125f, 125, 128p,

in overdamped waveforms, 129,  
129f

Diet history, 496, 497b, 498, 511
Diets, moisture content, 498
Diff-Quick/Diff-Quik stain, 618, 627, 

677–678
general guidelines for, 678p

Diffusion, 421
Diffusion impairment, 286–287, 286t. 

See also Hypoxemia
Digestive system, 450t
Digibind, 771

administration, 771
adverse reactions to, 771
dosages, 771–772
preparation, 771
protocol, 771

Digital palpation, 578f
Digitalis glycosides, 771
Digoxin, 432
Digoxin body load, 771
Dilated cardiomyopathy, 

echocardiography in, 186
Diltiazem, 748t
Dilutional coagulopathy, 761t
Dinamap® blood pressure monitor, see 

Arterial blood pressure, 
oscillometric measurement

Diphenhydramine, 748t
Dipstick tests, 410
Direct blood pressure measurement, see 

Arterial blood pressure. See also 
Fluid-filled hemodynamic 
monitoring systems

Dirofilaria immitis (heartworm), 626
Discard method, 606p

Disinfectants, general, 720–724, 737,  
738t

Disinfection, after a patient leaves, 737
Disposables, see Inventory
Distal pulse amplification, 125, 126f
“Do not attempt resuscitation” order, 

221
Dobutamine, 748t, 755
Dog erythrocyte antigen system (DEA), 

682. See also DEA
Döhle bodies, 628
Dopamine, 541, 748t, 755, 779
Doppler arterial blood pressure 

measurement, see Arterial blood 
pressure

Doppler echocardiography, 178, 180, 186
Doppler flow probe, 582
Doppler ultrasound

for cardiac output measurement, 170
echocardiography, see Doppler 

echocardiography
Dorsal metatarsal artery catheter, see 

Catheter, arterial
Dorsal pedal artery catheter, see Catheter, 

arterial
Dorsal pedal (metatarsal) artery 

palpation, 137, 137t
DO2, see Oxygen delivery
Doxycycline, 748t
Driving pressure, 107–108, 152–154
Drug administration, 743–758

case study, 750
routes, 744–750

Drug compatibility chart, 748–749t
Drug delivery

enteral, 751
feeding tubes, 751

intramuscular, 752
subcutaneous, 751–752
venous access, 750

Drug overdose, 756–757
Drug registry, 544
Drugs, controlled, 544

disposal, 544
record keeping requirements, 544
storage requirements, 544
supply, 544

Duty ratio of chest compressions in 
CPCR, 223

Dynamic response, of a fluid-filled 
hemodynamic monitoring 
system, 113p, 114–121, 117f, 
118–119p, 120t. See also 
Damping

Dyshemoglobinemia, 274–276, 282, 283. 
See also Carboxyhemoglobin; 
Fractional hemoglobin; 
Methemoglobin

Dysrhythmia, see Cardiac dysrhythmia



854  Index

Dyssynchrony, during mechanical 
ventilation, see Mechanical 
ventilation; Ventilator waveforms

Early mobilization, 592–593
Eating, enticing voluntary, 497–499
Ebb phase, 477
ECG, see Electrocardiogram
Echinococcus, 729t
Echinocytes, 625
Echocardiography, 177–189

cardiac measurements using, 180–184, 
183t

for cardiac output estimation, 170. See 
also Doppler ultrasound

normal measurements in dogs and 
cats, 183t

patient positioning, 178–179, 178f
E-collar, see Elizabethan collar
Edema, 446, 593
EDTA, 616t
Effusions

analysis, 672–673, 673t
joint effusions, 674
pericardial effusions, 673

Ehrlichiosis, 735
Einthoven’s triangle, see 

Electrocardiogram, leads
EKG, see Electrocardiogram
Electrical alternans, 191–192, 192f. See 

also Pericardial effusion
Electrical defibrillation, see Defibrillation
Electrocardiogram, 578, 579

artifact, 87–88, 88f, 94–95, 95f, 96f
continuous monitoring, 90–91
in cardiopulmonary arrest/CPCR, 

218f, 218t, 219, 221–222, 223–224
diagnostic measurement, 85–87, 85f, 

86f, 89–90
interpretation, 92–96, 93p, 93t
normal appearance and values, 91–92, 

91f, 93t
in pericardial effusion, 191–192, 192f
physiologic origins, 82–85, 83f,

Electrocardiograph, 82
electrodes, 85–86, 86f, 90, 90f, 91f
filter setting, 87
leads, 84–85, 84f, 84t, 85t, 85f, 90, 90f, 

91–92, 94, 95f
paper speed, 86
sensitivity, 86–87, 87f
telemetry, 87

Electroencephalography (EEG), 796
Electrolyte analyzers, 638, 639t
Electrolyte evaluation, 637–650

methods, 637–638
Electrolytes, 637

normal ranges and critical alert values, 
638, 640t

in urine, 418

Electromagnetic flowmetry, 166
Electromechanical dissociation (EMD), 

see Pulseless electrical activity
Elizabethan collar, 504, 509

for oxygen collar (oxygen tent), 
266–267, 266f, 266p

Embolism, air, see Air embolism
Emergency lateral thoracotomy. See also 

Internal cardiac massage
equipment, 228–229, 228t, 229f
procedures, 229–230

Enclosure, patient, see Cage design
Endocarditis, infective, echocardiography 

for, 187
Endotracheal intubation, 293–305. See 

also Endotracheal tube
airway management of intubated 

patient, 328–331, 328f, 329f, 330, 
330f, 330t

complications, 304–305, 328, 330
confirming proper intubation, 304, 

344, 344t
cuff inflation/use, 295–297, 594, 594f 

See also Manometer
facilitation techniques for difficult 

intubation, 302–304
guide-wire use, 302
indications, 293–295, 294t
materials required, 295–298, 295t, 

297f, 298f, 301p
for oxygen supplementation,  

270–271
pilot balloon use, 295–296, 297f, 298, 

300, 301p, 302, 303p
Posey Cufflator, 594, 594f
procedure for cats, 300–302, 303p
procedure for dogs, 299–300, 300f, 

301p
retrograde technique, 302
stylet use, 295t, 296, 297, 297f, 302, 

303p
Endotracheal tube, 295f. See also 

Endotracheal intubation
Cole, 297
cuff characteristics, 295, 296f, 297f
cuff use, 295–297
Murphy (eye), 295f, 296, 300, 301p, 

303p
pilot balloon, 295f, 296, 296f, 297f.  

See also Endotracheal 
intubation

polyvinyl chloride, 296, 296f
rubber, 295t, 296–297, 296f, 297f, 300, 

302
silicone, 296, 296f, 302
size selection, 298–299, 299f
as a temporary tracheostomy tube, 

306, 307f
tie, 594, 594f
types, 295–297

End-tidal CO2, see Capnography; 
Capnometry

End-tidal inhalant concentrations, 
586–587

Enema, 458f, 466–467
for constipation, 466–467
for gastrointestinal decontamination, 

462, 466–467, 467f; see also 
Gastrointestinal 
decontamination; Whole bowel 
irrigation

retention, 467
Energy dense uncommon ingredient 

formulas, 490t
Energy density of a diet, 510b
Energy requirements, estimation of in 

dogs and cats, 481b
Enrofloxacin, 754
Enteral diets, 487–490

blended canned slurries, 488, 489
canned enteral diets, 487–488
canned food blended slurries,  

488
fat intolerance, 491
feeding worksheet, 489b
gastrointestinal disease and, 490
home-cooked diet blended slurries, 

488–489
initiating nutrition support,  

492–493
liquid enteral diets, 487
liver disease, 492
monitoring, 493–494
renal disease and, 492
underlying conditions and,  

490–492
Enteral feedings, 480

assisted, 496–512
complications, 482

Environmental cleaning, to prevent 
nosocomial infection,  
700–701

Environmentally injured animal, 
799–813

burn injuries, 799
cold-induced injuries, 801–804
heat-induced injuries, 804–805

Enzymatic spectrophotometry, 637–638, 
642

Enzymuria, 419–420
Eosinophils, 614t, 628
Epidural block

location of needle placement,  
569f

procedure, 568–570p
Epidural catheter, 566–570

care of insertion site, 717
complications, 566
contraindications, 566–567
indications, 566
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placement, procedure, 570p
troubleshooting, 566

Epinephrine, 748t
for use in CPCR, 218t, 219, 220f, 224

Equine antitetanus serum, 770
Equipment

general recommendations for 
emergency practice, 16–18

general recommendations for ICU, 
37–39, 38t

placement, 14–15
Erythrocyte count, 620–623

automated erythrocyte count, 623
estimation, 622–623
manual count using the Neubauer-

ruled hemocytometer and 
Unopette system, 622p

manual evaluation, 620–622
Erythrocyte indices, 624–625, 624t

hematocrit, 624t
mean cell volume, 624t
mean corpuscular hemoglobin, 624, 

624t
mean corpuscular hemoglobin 

concentration, 624–625, 624t
mean corpuscular volume, 624
red cell distribution width, 625
reticulocyte count, 624t

Erythrocytes, 614, 614t
autoagglutination, 626
color, 625
crenated, 625
evaluation, 618–626
inclusions, 625–626

basophilic stippling, 626
Heinz bodies, 625
Howell-Jolly bodies, 625
nuclear remnants, 625

morphological evaluation,  
625–626

normochromic, 625
nucleated erythrocytes, 626
shape, 625
size, 625
in urine, 413

ESBL E. coli, see Extended spectrum 
beta-lactamase E. coli

Escape beat, see Escape rhythm
Escape rhythm, on electrocardiogram, 

97–98, 97f, 100–101, 100f, 102, 
105

Esophageal intubation (accidental), 
detection with capnograph, 344, 
344t, 346f

Esophageal stethoscope, 578–579
Esophagostomy feedings, 490, 491f
Esophagostomy tube, 504–507

complications and troubleshooting, 
503–504

feeding, 504–506

maintenance and insertion site care, 
504, 717

placement, 504, 505–506p
ETCO2, see Capnography; Capnometry
Ether, 669t
Ethyl alcohol (ethanol), see Alcohols
Ethylene glycol, 669t

intoxication, 415, 432
Evacuated syringe, for arterial blood gas 

sampling, see Syringe
Examination room(s), 12t, 13–14
Examination tables, 13–14
Expanded anion gap, 657

calculation, 657b
Exponential decaying waveform, see 

Ventilator waveforms
Extended spectrum beta-lactamase E. 

coli, 696, 703–704
External cardiac pacing, see Cardiac 

pacing, transcutaneous
Extracorporeal circuit, 434–436
Extracorporeal volumes, 435t
Exudates, 672, 673t

nonseptic, 672, 673t
septic, 672, 673t

Eye care, 593, 593p
Eye position, 576

Face mask, 736
for oxygen supplementation, see 

Oxygen supplementation
Facial protection, 736
Facial sensation, 792
Failure to capture in pacing, see Cardiac 

pacing
Famotidine, 748t
Fast flush device, on a fluid-filled 

hemodynamic monitoring 
system, 111, 113p, 116, 117f, 
118–119p, 124, 124f. See also 
Square wave test

Fast flush test, see Square wave test
Fat content, 498
Fat intolerance, 491
Fat supplements, 489
Fatigue, 836
Fecal-oral zoonoses, 733–735
Feeding, calculating feeding amounts 

worksheet, 510b
Feeding tubes, 499–510, 751. See also 

Tube feeding
materials/types, 499–500
unblocking, 504b

Feline blood types, 688
AB blood typing, 688–689
AB card, 683p
feline slide typing, AB, 684p
Quick Test DEA A + B Feline, 

689
RapidVet-H Feline, 689

Feline gastrointestinal formulas, 490t
Feline infectious peritonitis (FIP), 

672–673
Feline low-fat recipe, 492f
Feline low-fat renal recipe, 493t
Femoral artery catheter, see Catheter, 

arterial
Femoral artery palpation, 137, 137t
Femoral nerve block

location of femoral nerve block,  
567f

with the use of a nerve locator, 567p
Femoral venipuncture, 604, 604p
Fentanyl, 542, 542t, 544, 545, 560t, 748t, 

795
Fibrillation, see Atrial fibrillation; 

Defibrillation; Ventricular 
fibrillation

Fibrinogen, 633
Fibrinolysis, initiation, 772f
Fibronectin, 59
Fick principle for determining cardiac 

output, 166–168
Fick’s law of diffusion, 289
Finochietto rib retractors, 228t, 229f,  

230
FiO2, 290. See also Oxygen 

supplementation
FiO2 × 5 rule, 290t, 291
Firocoxib, 548t
1st degree AV block, see Atrioventricular 

block
Fish oils, 489
Fist cardiac pacing, see Cardiac pacing, 

thump method
Flail chest, 563
Flame photometry, 637, 641–642
Flowmetry, electromagnetic, see 

Electromagnetic flowmetry
Flow phase, 477
Flow sheet

body systems evaluations, 834
cardiovascular system, 834
controlled drug log and observation 

page, 832f
first page, 828f
ICU, 828–831f
lab section, 830f
nervous system, 834
patient identification, 827
patient weight, 827
respiratory system, 834
treatment section, 831f
urinary system, 834
vital signs section, 829

Flow-volume loop, see Ventilator 
waveforms

Fluid additives, 753–754
Fluid administration tubing, handling, 

709
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Fluid-filled hemodynamic monitoring 
system, 107–121, 123–125. See 
also Arterial blood pressure, 
direct measurement; Central 
venous pressure; Pulmonary 
arterial catheter

intravascular catheter selection, 
110–111

maintenance, 150, 150t
noncompliant tubing, 110, 111, 112f, 

113p, 116, 120t
system assembly, electronic, 113p, 

124f, 125f
system types, 109–110

Fluid line, see Fluid administration 
tubing

Fluid responsiveness, relationship to 
CVP, see Central venous 
pressure

Fluid therapy, 795
Fluid tubing, for fluid-filled 

hemodynamic monitoring 
systems, see Noncompliant fluid 
tubing

Fluids, 833–834
Flumazenil, 757

use in CPCR, 218t, 219
Flurazepam, 499b
Foley catheter, 595

deflating, 407
securing, 405

Foley-type urinary catheters,  
395–396

Fomepizole 4-methylpyrazole (4-MP), 
754

Food
adding salt to, 499
adverse reactions to, 490–491
sweetening, 498–499

Foot baths, 736
Foot covers, 736
Force feeding, 499
Fractional hemoglobin, 275–276, 282
Fractional shortening. See also Cardiac 

contractility
calculation, 182
evaluation using echocardiography, 

181–182, 186, 188
normal value, 183t

Fraction of inspired oxygen, see FiO2

Fractures, open fractures, 811–812
Francisella tularensis, 731
Freezing injuries, 802–803

clinical signs, 802
management, 802–803, 802p

Frequency response, see Dynamic 
response

Fresenius machine, 433
Frostbite, 801, 802
Functional hemoglobin, 275–276

Fundamental frequency (of a fluid-filled 
hemodynamic monitoring 
system), see Natural frequency

Fungal zoonoses, 731–733
Furosemide, 748t, 752

Gabapentin, 553–554, 553t
and neuropathic pain, 553b

Gag reflex, 792, 795
Gambro machines, 433
Gamma-aminobutyric acid (GABA),  

541
Gamma-glutamyl transpeptidase (GGT), 

419
Gas sterilization, 720
Gastric dilation and volvulus (GDV)

gastric trocarization for, 461, 462p
orogastric intubation for, 458–459, 

458f, 459p, 460–461
Gastric intubation, see Nasogastric 

intubation; Orogastric intubation
Gastric lavage, 458f, 462–464, 464f, 465p. 

See also Gastrointestinal 
decontamination; Orogastric 
intubation

Gastric tonometry, see Tonometry
Gastrointestinal decontamination, 

462–466, 463t, 466–467. See also 
Activated charcoal; Catharsis; 
Enema; Gastric lavage; 
Nasogastric intubation; 
Orogastric intubation; Whole 
bowel irrigation

indications 462–463, 463t
Gastrointestinal disease, 490
Gastrointestinal feeding 

contraindications, 513
Gastrostomy feedings, 490, 491f
Gastrostomy tubes, 508

advantages and disadvantages, 508f
complications and troubleshooting, 

509
feeding, 508f, 509
low-profile gastrostomy device, 508f
placement, 508, 509b
stoma site care, 509
unblocking, 509

GCMPS (Glasgow Composite Measure 
Pain Scale), see Pain

GDV, see Gastric dilation and volvulus
Geiger-Muller counters, 816
Gel tubes, 608
Genitourinary system, 450t
Gentamicin-induced nephrotoxicity,  

409
Giardia, 734
Giardia duodenalis, 734
Giardiasis, 729t, 734
Gibbs-Donnan effect, 668
Giemsa stain, 618

Glargine insulin, 784–785
Glasgow Composite Measure Pain Scale, 

see Pain
Glomerular filtration rate (GFR), 419
Glove use, for hand hygiene, 699–700, 

700t, 736, 817
Glucagon, 786
Glucocorticoid therapy, 628
Glucose, 776

instruments used to measure, 778–779
methods of measuring concentration, 

778
in urine, 411
wireless glucose monitoring systems, 

781
Glucose homeostasis, abnormalities,  

776
Glucose monitoring, 785

systems, 781
Glucosuria reagent strips, 411
Glutamate, role in nociception, see 

Nociception
Glutamine, 480–481, 486–487
Glutaraldehyde, 720
Glycemic control, 781–782
Glycerin, for oral care, 319t, 329, 329f, 

330t
Glycerol, 669t
Glycogen, 477
Granulocytopoiesis, 628
Gray (Gy), 814
Guide-wire use for intravenous catheter 

placement, see Catheter, central 
intravenous

Guide-wire use for tracheal intubation, 
see Endotracheal intubation

Guillain-Barre syndrome, 733

Half-life, 815
Hand hygiene, 697–700, 709, 724, 735

facilities, 36–37, 699f, 700f
guidelines, 700t
procedures, 698, 698p, 699f

Hand washing, see Hand hygiene
Healthcare-associated infection, see 

Nosocomial infection
Heart rate, 428, 577–579, 796b
Heart work index, see Cardiac work 

index
Heartworm disease, echocardiography of 

affected patients, see Caval 
syndrome

Heat exhaustion, 805
Heat-induced injuries, 804–805

classification, 805
management, 807p

Heat moisture exchanger, 320, 320f. See 
also Humidification

in the temporary tracheostomy 
patient, 314, 335
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Heat stress, 805
Heat stroke, 805

causes, 805
emergency management, 806–807
initial management, 805–806
management concepts, 805
monitoring and treating concurrent 

problems, 807–808
Heat support, see Thermal support
Heating pad, see Thermal support
Heimlich maneuver, 222
Heimlich valve, 390, 390f
Heinz bodies, 625
Heinz body anemia, 755
Hematocrit, 442, 618–620, 624t

evaluation, common abnormalities 
observed in, 621b

Hematologic evaluation, 611–636
blood clotting, 633
clinical instruments for, 635
commercial laboratory

advantages/disadvantages, 613
complete blood count analysis, 

615–617
components, 611
and concurrent drug administration, 

635
contamination of the blood sample, 

633
definition, 611
and diagnosis, 611
general considerations, 633
hemolysis of the blood sample, 633
improper blood collection, 635
in-house

advantages, 612–613
disadvantages, 613
equipment, 613b
equipment for, 613, 613b
safety, 613–614

inaccuracy of clinical instruments, 635
methods, 615–631
patient history, 635
processing technique, 635
purpose, 611–612
quality control programs, 635
results, 611, 612t
sample tubes, 633
spoiling of the samples, 633
and treatment, 611–612

Hematomas, 610
Hematopoietic system, 450t
Hematuria, 412, 413
HemoCue Whole Blood Hemoglobin 

System, 624
Hemodialysis, 421, 431

acute kidney failure, 431–432
anemia, 446
care and maintenance, 437–445
cat being dialyzed, 432f

catheter care, 439p
catheter specifications and blood flow 

rates, 437t
catheters, 436
Centrasystem 3 hemodialysis machine, 

434f
in chronic renal failure, 432
complications and special 

considerations, 443
dialysis disequilibrium syndrome, 444
edema, 446
ending treatment, 440–441
equipment for, 433–438
extracorporeal circuit, 434–436
gastrointestinal complications, 445
hemodialysis machine preparation, 

438–440
hemorrhage, 444
hypotension, 443–444
indications, 432b
infections, 445–446
intermittent, 431
location for catheters, 437
machine preparation, 438–440
machines, 433–434
malnutrition, 446
medication dosing, 446
monitoring during treatment,  

441–443
access pressure and blood flows, 442
adequacy, 442–443
blood pressure, 441
blood volume, 442
coagulation, 441
hematocrit, 442
oxygenation, 442

outcomes, 447
parameters to monitor during, 441b
patient care, 446–447
patient considerations, 432–433
patient outcomes, 447
patient preparation, 440
patient selections, 431–433
performing, 438–441
Phoenix hemodialysis machine, 434f
placement of catheters, 436–437
portable reverse osmosis unit, 435f
Prisma CRRT machine, 434f
record keeping, 443
respiratory complications, 444–445
starting treatment, 440
substances removed by, 433b
summary, 447b
technical complications, 443
thrombosis, 445
toxin removal, 432
water treatment system, 434

Hemodialysis patients, technical 
management, 431–448

Hemoglobin, 623–624

Hemoglobin saturation, see 
CO-oximetry; Fractional 
hemoglobin; Functional 
hemoglobin; Pulse oximetry; 
Venous oximetry

Hemoglobinuria, 412
Hemolysis, 609, 645
Hemorrhage, 444
Hemostasis, 631–632
Hemothorax, 378, 379
Heparin, 424, 647, 651, 748t, 763t
Heparinized syringe, preparation, 642p. 

See also Syringe
Hepatic encephalopathy, 492
Hepatic failure, 415
Hepatobiliary system, 450t
Hexachlorophene, see Phenols
HFJV, see High-frequency ventilation
HFOV, see High-frequency ventilation
HFV, see High-frequency ventilation
High-definition oscillometry, see Arterial 

blood pressure
High-frequency ventilation (HFV), 

374–377, 375f
air trapping (auto-PEEP, breath 

stacking, intrinsic PEEP) in, 376
bias flow, 375
biotrauma, minimizing through HFV, 

374, 375
contraindications, 376
high frequency jet ventilation 

definition (HFJV), 374
high frequency oscillometric 

ventilation definition (HFOV), 
374

indications, 375–276
High-pressure fluid tubing, see Non-

compliant fluid tubing
His bundle, see Bundle of His
Holter monitor(-ing), see Ambulatory 

continuous electrocardiogram 
monitoring

Honey, as an antiseptic, 723
Hospital-acquired infection, see 

Nosocomial infection
Hospital design, see Design
Howell-Jolly bodies, 625
H2O2, see Hydrogen peroxide
Human albumin

administration, 767
adverse reactions to, 767
dosages, 767
monitoring, 767–768
preparation, 767
transfusion protocol, 767

Human intravenous immunoglobulin 
(hIVIG), 768

administration, 768
adverse reactions to, 768
dosages, 768
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monitoring, 768–769
preparation, 768
transfusion protocol, 768

Human semi-elemental foods, 488t
Human tetanus immune globulin, 770
Humidification, airway, 318, 320–321, 

320f, 321f
in the endotracheally intubated 

patient, 330, 331, 338t
in the temporary tracheostomy 

patient, 314, 315, 316, 335, 338t
Humidifier

bubble humidifier, 320, 320f
heated, 321, 321f
heat moisture exchanger (artificial 

nose), 320–321, 320f
Humidity exchange filter, see Heat 

moisture exchanger; 
Humidification

Hydraulic pressure, 665–666
Hydrogen ion concentration, 653

correlation between pH and, 662t
Hydrogen peroxide, 723, 726, 738t
Hydromorphone, 542t, 543, 545, 748t
Hyperalbuminemia, 656, 659
Hyperaldosteronism, 643–644
Hyperalgesia, 525, 526t, 529, 534
Hyperammonemia, 762
Hyperbicarbonatemia, 656
Hypercalcemia, 646
Hypercapnia, see Carbon dioxide; 

Hypoventilation
Hyperchloremia, 642
Hyperchromasia, 625
Hyperglycemia, 483, 486, 514, 519, 777, 

803
treatment, 782–783

Hyperimmune equine serum, 770
Hyperkalemia, 432, 643, 803
Hyperlactatemia, see Lactate; Acid-base 

status
Hypermagnesemia, 648
Hypernatremia, 640, 661b
Hyperphosphatemia, 645–646, 659
Hypertension, 123t, 128p, 129–131, 131t, 

136–137, 136t
Hyperthermia, 421, 586, 796

emergency management, 806–807
Hypertonic saline, 790b
Hyperventilation, 580, 581t

appearance on capnogram, 346,  
346f

Hypervolemia, 573. See also Edema
Hypoalbuminemia, 428, 429, 446, 659, 

765
causes, 671t

Hypobicarbonatemia, 655
Hypocalcemia, 646, 661b

Hypocapnia, see Carbon dioxide; 
Hyperventilation

Hypochloremia, 642
Hypochlorite, sodium, see Bleach
Hypochromasia, 625
Hypoglycemia, 776–777, 803

treatment, 785–786
Hypokalemia, 418, 428, 520, 643, 644, 

661b, 803
Hypomagnesemia, 643, 648
Hyponatremia, 641
Hypophosphatemia, 645
Hyposthenuria, 417
Hypotension, 123t, 128p, 129, 131t, 136, 

443–444, 573, 582
echocardiographic evaluation during, 

188
Hypothermia, 421, 428, 796, 801, 

802–803
active core warming, 804
active surface warming, 803–804
“afterdrop,” 803
complications related to, 803
management, 803–804, 804p
passive surface warming, 803
rewarming, 803
“rewarming shock,” 803
therapeutic, after CPCR, 219, 225

Hypoventilation, 263, 580, 581t. See also 
Blood gas analysis; Carbon 
dioxide

appearance on capnogram, 346,  
346f

etiologies, 286, 286t
as an indication for mechanical 

ventilation, 349
secondary to oxygen supplementation, 

273
Hypoxemia, 263, 572, 584. See also Blood 

gas analysis
etiologies, 286–287, 286t
as an indication for mechanical 

ventilation, 349
Hysteresis, 365, 370

i-STAT, 779, 780
IASP, see International Association for 

the Study of Pain
Iatrogenic anemia, from frequent 

sampling, 610
Iatrogenic hyperchloremia, 642
ICP monitoring, 796–797
ICU design, see Design
ICU order sheet, 744f, 747f. See also 

Medical record
ICU patient area, see Treatment area
I : E ratio, see Mechanical ventilation
Illness Energy Requirement (IER), 481
Imaging area 12t, 15–16
Immunoglobulin, 768

Impedance analysis (coulter counter), 
616

Impression smear, 676–677
Incident-error form, 756f
Incisional blocks, 561–562

complications, 562
contraindications, 562

Incisura, see Dicrotic notch
Incubator, for oxygen therapy, 267, 267f. 

See also Oxygen supplementation
Indicator dilution cardiac output 

measurement methods, 159–161, 
164. See also Fick Principle

indocyanine green (ICG), 161
lithium, 161, 164, 165p
thermodilution, 160f, 164, 165p

Indirect blood pressure measurement, see 
Arterial blood pressure

Indirect calorimetry, 485
Indocyanine green (ICG) indicator 

cardiac output measurement, 
161. See also Indicator dilution 
cardiac output measurement 
methods

Induction agents, 574
Indwelling device insertion site care, 

708–718
Infection control

as pertains to ICU design, 36f, 44–46
environmental cultures, 46

Infective endocarditis, see Endocarditis, 
infective

Inflammatory bowel disease, 490
Inflection point on pressure-volume 

ventilatory loop, see Ventilator 
waveforms

Influenza, 733
Influenza A (H1N1), 733
Infraorbital nerve block, 565–566, 565f, 

566p
complications, 565
contraindications, 565
indications, 565

Infrared absorption, for PCO2 
measurement, 340, 341f, 343

Inhaled medications, 321–322
mucolytics, 327–328

In-house hematologic evaluation see 
hematologic evaluation

In-house laboratory equipment, see 
Laboratory

Inline blood sampling system, 605,  
605f

Innate immune system, 708
Inositol, 669t
Inotropes, 755
Insertion site care, see Indwelling device 

insertion site care
Inspiratory : expiratory ratio, see 

Mechanical ventilation

Human intravenous immunoglobulin 
(hIVIG) (cont'd)
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Inspiratory impedance threshold device, 
218

Inspired oxygen fraction, see FiO2

Insulin, 520, 748t, 752, 776, 782, 783
given as a CRI, 752–753
given intramuscularly, 783–784
initiation of longer-acting insulin, 784
specific considerations when 

administering, 784–785
Insulinoma, 786
Intensive care unit, see ICU
Intercostal nerve blocks, 563, 563f

complications, 563
contraindications, 563
indications, 563
location, 563f
procedure, 563p

Internal cardiac massage
equipment required, 228–229, 228t, 

229f
indications, 227, 228t
postresuscitation care, 232
procedures, 229–232, 230f, 231f
rationale for, 228

International Association for the Study 
of Pain (IASP) definitions, 525, 
526t

Interposed abdominal compressions 
(IAC), 220f, 223

Intestinal cestodes, 735
Intestinal obstruction, 450
Intoxication, see Toxicity
Intra-abdominal hypertension, 455
Intra-abdominal pressure monitoring, 

455, 455p
Intracellular acidosis, 661b
Intracranial disease, 789–798

advanced monitoring techniques, 
796–797

assessment for pain, 794–795
fluid therapy, 795
medications, 790b
monitoring, 790
nursing care of patients with,  

792–795
parameters for monitoring patients 

with, 796b
patient monitoring, 795–796
position of the patient’s body, 794
safety and comfort of patients with, 

793
serial neurologic examinations, 

790–792, 791b
temperature monitoring, 796

Intracranial pressure, 789
relationship between intracranial 

volume and, 790f
Intraluminal thrombosis, 445
Intraosseous catheter, see Catheter, 

intraosseous

Intraperitoneal block, 564–565, 564p
complications, 565
contraindications, 564
indications, 564

Intrapleural blocks, 562–563, 562f,  
563p

complications, 563
contraindications, 563
indications, 562

Intrapulmonary shunt, as cause for 
hypoxemia, see Hypoxemia; 
Shunt

Intratracheal (IT) drug administration 
during CPCR, 219, 220f, 224

Intravascular volume, echocardiographic 
evaluation, 187–188

Intravenous catheter, see Catheter, 
intravenous

Intravenous insulin constant-rate 
infusion, 783, 783t

Intravenous nutritional support, 753
Intrinsic PEEP, see High-frequency 

ventilation; Mechanical 
ventilation; Ventilator waveforms

Intubation, see Endotracheal intubation
Inventory, 18–22
Iodine 125, 131, 815t
Iodine compounds, 738t
Iodophors, 722–723. See also 

Povidone-iodine
Ion selective electrodes, 638
Isoflurane, 586t
Isolation, 736–737

procedures for minimizing 
nosocomial infection, 697, 
701–703, 703p

ward, 12t, 14, 31–32, 32f
Isopropyl alcohol, see Alcohols
Isorhythmic dissociation, 97f,  

97–98
Isosthenuria, 417

Jackson-Pratt drain, see Closed suction 
drain

Jackson tube, see Tracheostomy tube 
types

Jaw tone, 576
Jejunostomy tube, 509–510

complications and troubleshooting, 
511

feeding, 510
maintenance and insertion site care, 

510, 717
placement equipment, 509b
placement, 509–510
unblocking, 511

Jet ventilation
as a replacement for endotracheal 

intubation, 302
Joint effusions, 674

Joules (dose for defibrillation or 
Cardioversion), see 
Cardioversion; Defibrillation

Jugular catheter, see Catheter, central 
intravenous

Jugular veins, 437
Jugular venipuncture, 603, 603p

Karyolysis, 629
Karyopyknosis, 629
Karyorrhexis, 629
Kennel cough, 730
Ketamine, 553, 553t, 749t
Ketones, 411, 658–659, 669t
Ketonuria, 411
Ketoprofen, 548t

coagulation effects, 549
renal effects, 549

Kohler illumination, 675, 675p

LA : Ao, see Left atrial : aortic root 
diameter

Laboratory
equipment, in-house or point-of-care, 

14–15, 16, 33, 779, 780
facilities, 12t, 33

Lactate, 198, 200–202, 201t, 203, 206, 
206f, 208, 210, 658, 669t, 796

measuring blood lactate 
concentration, 202, 203p

serial evaluation, 201
Lactated Ringers solution, 749t
Lactic acidosis, see Lactate; Acid-base 

status
Larval migrans (roundworm), 729t
Laryngoscope, 294f, 295, 295t, 297, 298f, 

301p, 303p. See also Endotracheal 
intubation

Miller laryngoscope blades, 298f
use, 299–300, 300f, 301, 304

Laser flow cytometry, 617
L-asparaginase, 756
Lateral saphenous venipuncture, 

603–604
Latex catheters, 395
Laundry, 12t, 15, 18
Leads for electrocardiogram, see 

Electrocardiograph leads
Left atrial : aortic root diameter (LA : Ao 

or LA/Ao), 180
normal value in cats, 183t

Left atrial rupture, echocardiography in, 
186

Left bundle branch block, see Bundle 
branch block

Leishman stain, 618
Leishmaniasis, 735
Leptocytes, 625
Leptospira icterohemorrhagiae, 730
Leptospira interrogans, 730
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Leptospirosis, 729t, 730–731
Leukocyte esterase strip, 410
Leukocyte evaluation, 626–627

analysis of the cell monolayer, 627
automated differential leukocyte 

count, 627–628
automated total leukocyte count,  

626
differential leukocyte count,  

626–627
manual differential leukocyte count, 

626–627, 627p
manual total leukocyte count, 626
morphologic, 628–629
strip count technique, 627
total leukocyte count, 626

Leukocyte parasites, 629
Leveling, of a fluid-filled hemodynamic 

monitoring system transducer, 
109, 109f, 111, 112f, 113p, 114, 
115p, 115f, 147–149, 148f, 149p, 
150, 151p, 152t

LiDCOTM, see Lithium dilution cardiac 
output measurement

LiDCOTM Plus, see Pulse contour analysis
Lidocaine, 551–552, 553t, 560, 560t, 749t, 

755–756
use in CPCR, 217, 218t, 219, 224
use for endotracheal intubation, 295t, 

297–298, 298f, 301, 303p, 304
Light corn syrup, 489
Light-dark cycles, 498
Lighting

ICU, 34, 35f
treatment area, 14

Line blocks, 562p
Lipid emulsion, 515
Liquid enteral diets, 487, 488t
Liquid human foods, 488t
Liquid veterinary foods, 488t
Lispro (Humalog®), 782, 783
Lithium dilution cardiac output 

measurement, 161, 164, 165p
Liver disease, 492
Lobby, see Client areas
Local analgesia, 559–571
α-2 adrenergic agonists, 560–561
brachial plexus block, 564
drug choices, 559–560
drug dosages, 560t
epidural and epidural catheter, 

566–570
femoral and sciatic nerve blocks, 566
indications, 559
intercostal nerve blocks, 563
intraorbital, mandibular, mental nerve 

blocks, 565
intraperitoneal block, 564–565
intrapleural block, 562–563
lidocaine, 560

local infiltration, incisional blocks, 
ring blocks, 561–562

opioids, 561
Local infiltration, 561–562, 562p

complications, 562
contraindications, 562
indications, 561

Long-chain omega-3 polyunsaturated 
fatty acids (PUFAs), 487

Long-term anesthesia
basic indications for, 589
immobility complications,  

589–590
neuromuscular weakness,  

589–590
physical complications associated 

with, 589–596
Long-term anesthetized patient

bladder care, 595–596
complications associated with oral 

cavity, 590
decreasing stimulation, 596
decubitus ulcer prevention and 

management, 592
early mobility, 592–593
eye care, 593
gastrointestinal complications, 591
gastrointestinal tract, 596
nursing care of the, 589–597
ocular complications, 590
oral care, 593–595
patient positioning, 591–592
recumbent patient care, 591–593
urogenital tract complications, 590
venous stasis, 590–591

Lyme disease, 735
Lymph node evaluation, 674
Lymphadenomegaly, 674
Lymphocytes, 614t

atypical, 629
reactive, 629

Macrocytosis, 625
Magnesium, 520, 647–648

concentration measurement,  
648–649

Magnesium sulfate, 749t
Malignant hyperthermia, 580
Malnutrition, 446, 477–478, 513

in critical illness, basic physiology, 
477–478

identification, 478
Mandibular nerve block, 565f, 566p

complications, 565
contraindications, 565
indications, 565

Mannitol, 444, 669t, 749t, 753, 790b
Manometer, for tracheal tube cuff 

pressure measurement, 319t, 328, 
328f, 330t, 331, 335, 594, 594f

Manual complete blood count analysis, 
616

Manual external cardiac pacing, see 
Cardiac pacing, thump method

Mass evaluation, 674
Mass spectrometry, for PCO2 

measurement, 344
Massage, 592
Mean (arterial) blood pressure (MAP), 

see Arterial blood pressure
Mean cell volume, 624t
Mean corpuscular hemoglobin, 624
Mean corpuscular hemoglobin 

concentration, 624–625, 624t
Mean corpuscular volume, 624
Mechanical ventilation, 349–356, 589, 

655b. See also Ventilator 
waveforms

airway pressure targets, 350–351
assist/control mode, 350, 351
breath stacking (air trapping, 

auto-PEEP, or intrinsic PEEP), 
351; see also Ventilator waveforms

complications, 353–354
continuous positive airway pressure 

(CPAP), 350, 351, 355, 362p
control variable, 350, 352t, 357
cycle variable, 358
goals, 352–353
I : E ratio, 351
indications, 349
initial recommended ventilator 

settings, 351–352, 352t
minimum recommended ventilator 

capabilities, 38–39
modes of ventilation, 350, 352t, 358
patient-ventilator dyssynchrony 

(“bucking” the ventilator), 355, 
362p, 370

positive end-expiratory pressure 
(PEEP), 351, 352–353, 354, 355

recordkeeping for, 353, 353t
station within the ICU, 29, 31f
synchronized intermittent mandatory 

ventilation (SIMV), 350, 351, 
355, 358, 359f, 360–361, 362p

trigger variable, 350, 351, 352t, 
357–358

troubleshooting, 354–355
waveform analysis, 357–373
weaning, 355–356

Mechanical work of breathing (WOB), 
see Ventilator waveforms

Medetomidine, 551
Medial saphenous venipuncture, 604, 

604p
restraint of a patient for, 604f

Medical record, 743, 820–835
additions to, 824
authorization forms, 23, 821, 835
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comments, 824
communications log, 824
components of complete, 822

client information, 822
history, 822
patient information, 822
physical examination, 822
presenting complaint, 822
problem lists, 822, 823f
progress notes, 822–824

computerized, 22–23
documentation, 820–821

acronyms and abbreviations, 821
of authorization for patient care, 

821
legible handwriting, 821
notation of corrections, 821
of person who performed a task or 

treatment, 821
timely documentation of 

information, 821
writing implements, 821

flow sheet, 41, 41f, 42f, 43f, 824–827, 
834

format, 821–822
laboratory measurements, 833
medications, 833
nutrition, 833
orders, 40f, 41, 743, 744f, 747f,  

824
organization, 821
patient treatment and observations, 

833
Problem-Oriented Medical Record 

(POMR), 821, 822
reasons to maintain, 820
treatment sheet for emergency and 

intensive care, see flow sheet; 
orders

Medication doses, 446
Medications, for intracranial disease, 

790b
Medtronic MiniMedTM CGMS® Gold, 

780
Medtronic MiniMedTM Guardian RTTM 

CGMS device, 781
placement, 782f

Meeting space, 15, 27
Melbourne Pain Scale, see Pain
Meloxicam, 548t, 549

coagulation effects, 549
Mental nerve block, 565f, 566p

complications, 565
contraindications, 565
indications, 565

Mentation, assessment, 791b
Mentoring, 844
Meperidine, 546
Metabolic acidosis, 660

causes, 661b

Metabolic alkalosis, 660
causes, 661b

Metarubricytes, 626
Methadone, 542t, 543, 545–546
Methanol, 669t
Methemoglobin, 274–276, 282, 283,  

283t
Methicillin-resistant S. aureus (MRSA), 

696, 697, 703, 704, 731
Methicillin-resistant S. pseudintermedius, 

696
Methylene blue, 618, 678
Metoclopramide, 747t, 753

constant rate infusion, 752t
Metronidazole, 749t, 754
MFPS (multifactorial pain scales for pain 

assessment), see Pain
Microbial resistance, to antiseptics and 

disinfectants, 726. See also 
Antimicrobial stewardship

Microcirculatory and mitochondrial 
distress syndrome (MMDS), see 
Mitochondrial dysfunction

Microcirculatory dysfunction, 199–200, 
199t, 207, 209–210

Microcytosis, 625
Microfilaria, 626
Microhematocrit method, 618

abnormal plasma in tube, 621b
on anticoagulated blood, 621p
overfilling the tube, 622b

Microscope
adjustment, 675p
compound binocular, 674
Kohler illumination, 675, 675p
maintenance, 675, 675b

Microshock, 248, 256, 256t
Microsporum canis, 732
Midazolam, 749t
Miller laryngoscope blade, see 

Laryngoscope
Minimum alveolar concentration 

(MAC), 586, 586t
for cats and dogs, 586t

Mirtazapine, 499, 499b
Mitochondrial dysfunction, 200, 201t, 

202, 206–207
cytopathic hypoxia, 206–207

Mitral valve insufficiency
echocardiographic appearance, 185f, 

185–186
Mixed venous blood, 161f, 164

oxygen content, 167t, 172–173t
MMDS, see Mitochondrial dysfunction
mmHg, conversion to cmH2O, 146
M-mode echocardiography, 177–178, 

181f, 182
Modified transudates, 673, 673t
Monitor(s), patient, see Equipment
Monocytes, 614t

Morphine, 542, 542t, 543, 544, 545, 560t, 
749t

Morphine, ketamine and lidocaine CRI, 
752f

Mouth gag, syringe used as, 595f
MRSA, see Methicillin-resistant S. aureus
Mucociliary escalator, 318, 327
Mucolytics, see Inhaled medications
Mucous membrane, 576–577
Multifactorial pain scales for pain 

assessment, see Pain
Multifocal ventricular dysrhythmia, see 

Polymorphic ventricular 
dysrhythmia

Multiform ventricular dysrhythmia, see 
Polymorphic ventricular 
dysrhythmia

Multi-lumen intravenous catheter, see 
Catheter, central intravenous

Multimodal analgesia, 551, 552p
Multiparameter patient monitor, 587f
Multivitamins, 749t
Murphy eye/tube, see Endotracheal tube
Mycoplasma haemofelis, 626
Myocardial work index, see Cardiac work 

index
Myoglobinuria, 412

N-acetyl-β-glucosaminidase (NAG), 
419

N-acetylcysteine, 327, 754. See also 
Inhaled medications

NAD : NADH ratio, 200, 207
Naloxone, 540, 542t, 543, 546, 757

use in CPCR, 218t, 219, 224
Naltrexone, 540, 542t, 546
Nandrolone, 499b
Narrow QRS tachycardia, see 

Supraventricular tachycardia
Nasal insufflation of oxygen, see Oxygen 

supplementation
Nasal prongs, see Oxygen 

supplementation
Nasoesophageal and nasogastric tubes, 

500–504
complications and troubleshooting, 

503–504
equipment for placement, 501f
feeding, 500–503
for gastric decompression, 459–460, 

460t
indications for gastric decompression 

via NG tube, 459–460
maintenance and insertion site care, 

716
placement, 500, 501–502p
unblocking, 504b

Nasotracheal catheter for oxygen 
supplementation, see Oxygen 
supplementation
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Natural frequency, of a fluid-filled 
hemodynamic monitoring 
system, 116–121, 117f, 118–119p, 
118f

Nausea, medications that may cause, 
497b

NAVEL mnemonic for drugs acceptable 
for intratracheal administration, 
219, 224

Near-infrared spectroscopy, 200, 208
Nebulization, 321–323, 321f, 322f, 323f, 

323t. See also Humidification
pneumatic (or “jet” or “atomizer”) 

nebulizer, 322, 322f, 323t
in the temporary tracheostomy 

patient, 314, 315
ultrasonic nebulizer, 322, 323f, 323t

Necrotic wounds, 808–809
antibiotic use in patients with, 

810–811
management, 809p

Needles, 602
Needlestick injury prevention, 737
Nematodes, 735
Neoplasia, 378, 413, 646, 673
Neoplastic cells, 415
Nephrostomy tube

maintenance and insertion site care, 
715

Nervous system, 834
NE tube, see Nasoesophageal tube
Neubauer hemocytometer system, 627p
Neubauer-ruled hemocytometer, 

621–622, 622p, 626
Neuromuscular weakness, 589–590
Neuropathic pain, 525, 526t

gabapentin use, 553b
Neurotransmitter, 541b
Neutrophils, 614t, 628

hypersegmentation, 628
left shift, 628
toxic changes, 628

New methylene blue, 678
NG tube, see Nasoesophageal and 

nasogastric tubes
Nicotinamide adenine dinucleotide ratio, 

see NAD : NADH ratio
NICO2®, see Noninvasive carbon 

dioxide-derived cardiac output 
measurement

NIRS, see Near-infrared spectroscopy
Nitrituria strip, 410
Nitroprusside sodium, 755
NMDA receptor, see Nociception; 

Wind-up
N-methyl-D-aspartate (NMDA) receptor, 

see Nociception; Wind-up
Nociception

Aδ fibers, 527f, 528, 529
C fibers, 527f, 528, 529, 534

definition, 525, 526t,
Glutamate, 527f, 528, 529
N-methyl-D-aspartate (NMDA) 

receptor, 528–529, 534, 536,  
553b

nociceptive-specific neurons, 528, 
541b

physiology, 525–529, 527f
wide dynamic range neurons, 528

Noncompensatory pause (on 
electrocardiogram), see Pause

Noncompliant fluid tubing, 110, 111, 
112f, 113p, 116, 120t

Nonfreezing injuries, 801–802
Noninvasive arterial blood pressure 

monitoring, see Arterial blood 
pressure

Noninvasive carbon dioxide-derived 
cardiac output measurement, 
168, 580f. See also Cardiac output 
measurement; Fick Principle

Noninvasive cardiac pacing, see Cardiac 
pacing, transcutaneous method

Nonseptic arthritis, 674
Nonsteroidal anti-inflammatory drugs 

(NSAIDs), 547–548
adverse effects, 548
analgesic effects, 548
coagulation effects, 549
COX-1 and COX-2, 547–548
in the critical patient, 550
doses, 548t
drug interactions with, 549–550
gastrointestinal effects, 548–549
hepatic effects, 549
renal effects, 549

Noradrenaline, α-2 adrenoreceptors and, 
550b

Norepinephrine, 755
Normocytes, 625
Normocytosis, 625
Nose, artificial, see Heat moisture 

exchanger
Nosocomial infection, 695–707,  

708–709
associated with artificial airway 

management, 324
associated with indwelling devices, 

general, 708–709
definition, 695
etiologies, 695–697
prevention, 695–707

NOVA Stat Profile, 779, 780
NRS (numerical rating scales for pain 

assessment), see Pain
Nuclear Regulatory Commission, 

814–815
Nuclear remnants, 625
Numerical rating scales for pain 

assessment, see Pain

Nursing care of the long-term 
anesthetized patient, 589–597

Nutrients, conditionally essential/
essential, 480

Nutritional assessment, 478–479,  
479b

Nutritional plan, 479–480
Nutritional requirements, 477–484

calculation, 481
sepsis, 482
in special cases, 481–482
tetanus, 482
thermal burns, 482

Nye tourniquet, 604

Observation form, 827f
Occlusive cuff for noninvasive blood 

pressure measurement, see 
Arterial blood pressure

Ocular complications, 590
Office space, for emergency doctors and 

staff, 12t, 15
Ohm’s Law, as pertains to intravascular 

pressures, 107–108, 122, 134
Oliguria, 431, 432
Oncotic pressure, 668
Ondansetron, 749t
One-stage prothrombin time, 632
“120 Rule,” calculation from arterial 

blood gas, 290, 290t
Open abdominal drainage

changing the abdominal bandages, 
472p

complications, 472
suture, 470–471, 471f

Open-chest CPCR, see Cardiopulmonary 
cerebral resuscitation; 
Defibrillation; Internal cardiac 
massage

Open fractures, 811–812
causes, 811
initial nursing interventions,  

811–812
management, 811p, 812
monitoring of patients with, 812

Open wounds, 808–809
antibiotic use in patients with, 

810–811
bandages, 810
management, 809p

Opioid receptors, 540, 541t
delta, 540, 541t
kappa, 540, 541t
mu, 540, 541t
sigma, 541t

Opioids, 540–544, 541b, 561
affinity, 541b
agonist opioid, 540, 541b, 542t
analgesic effects, 540–541
antagonist, 540, 541b, 542t
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body temperature effects, 543
cardiovascular effects, 542
central nervous system effects, 

541–542
clinical use, 544
efficacy, 541b
gastrointestinal effects, 543
hepatic effects, 543
oral medications, 545
partial agonist, 540, 541b
potency, 541b
pure μ receptor agonists, 540
renal effects, 543
respiratory effects, 543
systemic administration, 544–545
tolerance and addiction, 543–544
transdermal patches, 544

OPS imaging, see Orthogonal 
polarization spectral imaging

Oral care, 319t, 328–330, 329f, 330f, 
330t, 593–595, 594p, 726

chlorhexidine-based oral rinse, 329
Oral cavity, packing with saline-

moistened or dilute glycerin-
moistened gauze, 595f

Oral medications, 751
Oral ulcers, 590, 595
Order sheets, clinician, 824
Orogastric intubation, 457–459

confirming tube location, 459t
indications, 457
procedure, 457–459, 458f, 459p

Oropharyngeal anatomy, 294f, 300f
Orthogonal polarization spectral (OPS) 

imaging, 200, 209
Oscillometric blood pressure 

measurement, see Arterial blood 
pressure

Osmolality, 417, 665
and colloid osmotic pressure,  

665–671
effective, 666
measurement, 417

Osmolar gap, substances that increase, 
669t

Osmolarity, 665
Osmole, 665
Osmometers, 417, 669–670

Advanced Micro Osmometer Model 
3300, 670

colloid osmometer, principles, 671f
freezing point depression, 417, 669, 

669f, 670
Model 4420 Colloid osmometer, 670f
vapor-point depression, 417, 669, 669f, 

670
Osmosis, 421, 666, 666f
Osmotic demyelination syndrome, 641
Osmotic pressure, 665
O2ER, see Oxygen extraction

Overdamping, see Damping
Overfeeding, 481, 514
Oxazepam, 499b
Oxidizing agents, 738t
Oximetry, venous, see Venous oximetry
Oxygen

arterial partial pressure of (PaO2), 
288t, 289–291

delivery systems, 18, 19t, 320, 320f
source(s), 15, 16–17, 34
venous partial pressure of (PvO2), 291. 

See also Oxygen extraction
Oxygen bag (oxygen hood) for oxygen 

supplementation, see Oxygen 
cage, see Oxygen supplementation

Oxygen collar (oxygen tent), see Oxygen 
supplementation

Oxygen consumption (VO2), 165, 167, 
167t, 171, 171f, 173t, 200, 
203–204, 206, 206f

calculation, 204t
Oxygen content of blood, 165, 167–168, 

171, 171f, 172–173t, 204, 205p
calculation, 167t, 204t, 205p

Oxygen delivery (DO2), 165, 167, 171, 
171f, 173t, 200, 201, 201t, 
203–204. See also Critical DO2

calculation, 167t, 204t
oxygen supply dependence/

independence, 203
Oxygen extraction, 159, 165, 167–168, 

167t, 171, 173t, 200, 203–204, 
207, 291

calculation, 168, 204, 204t, 205p
Oxygen extraction ratio (O2ER), see 

Oxygen extraction
Oxygen saturation, 442, 583–585
Oxygen supplementation, 263–273, 806. 

See also Oxygen delivery systems
complications, 272–273
endotracheal intubation, 270–271. See 

also Endotracheal intubation
by face mask, 265, 265f, 265p
flow-by, 263–264, 264f, 264t
nasal insufflation, 267–269, 267f, 268f, 

269p
nasal prongs, 269–270, 270p
nasotracheal catheter, 270, 271p
oxygen bag (hood), 265–266, 266p
oxygen cage, 264f, 267, 267f
oxygen collar (oxygen tent), 266–267, 

266f, 266p
prior to airway suctioning, 324, 325, 

326p
to the temporary tracheostomy 

patient, 335, 336
transtracheal, 270, 272p, 302–303
tracheostomy tube placement, 

271–272. See also Temporary 
tracheostomy tube placement

Oxygen supply dependence/
independence, see Oxygen 
delivery

Oxygen toxicity, 272–273, 354
Oxyhemoglobin equilibrium curve, 275, 

275f, 292, 584f
Oxyhemoglobin saturation curve, see 

Oxyhemoglobin equilibrium 
curve

Oxymorphone, 542t, 543, 545

Pacemaker, see Cardiac pacing
Packed cell volume (PCV), 453, 618–620

common abnormalities observed in, 
621b

determination, 621p
high PCV, 621b
low PCV, 621b
sources of errors in determination, 

622b
PaCO2, see Carbon dioxide
Pain, 540. See also Nociception

abdominal, upper right quadrant, 449
assessment/recognition, 530–532, 530f, 

531t, 531f, 533t, 534f, 535f, 561
caudal abdominal, 449
control, rationale for, 529–530
physiology, 525–529, 527f

Pain scoring scales, see Pain
Palatability of food, 498
Palpebral reflex, 577
Pamidronate, 756
Pancreatitis, 421, 482
PAOP, see Pulmonary arterial occlusion 

pressure
PaO2, see Oxygen
PaO2 : FiO2. See also Blood gas analysis; 

Hypoxemia
calculation, 291

PAP, see Pulmonary arterial pressure
Paracetamol, see Acetaminophen
Paraldehyde, 669t
Parasites, 626, 629
Parasternal view for echocardiography, 

see Acoustic windows for 
echocardiography

Parenteral feedings, complications, 482, 
483

Parenteral nutrition, 513–522
amount to feed, 514–515
building, 516p
central and peripheral nutrition, 515
characteristics, 515b
contraindications and complications, 

518
examples of complications, 519b
examples of calculations for meeting 

energy requirements with, 514b
goal rate of parenteral nutrition 

infusion, 514b
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hyperglycemia, 519
indications, 513
initiating nutrition support, 513–514
intolerance, 519

signs, 519b
maintenance of the infusion and 

catheters, 517–518
mechanical complications, 520
metabolic complications, 519–520
refeeding syndrome, 519–520
septic complications, 520
solution compositions, 515–516

amino acids, 515
dextrose solutions, 515
lipid emulsion, 515

solutions
compounding, 516–517
labeling bag with date and time it 

was hung, 518
lipid instability, 517b
preparation of sterile, 517
sensitivity factors associated with, 

516p
sensitivity to ultraviolet light, 518
stability, 516

Partial parenteral nutrition, 515, 753
Passive range of motion (PROM) 

exercises, 592
Pasturellosis, 729t
Patent ductus arteriosus, direct arterial 

pressure waveforms in, 129
Pathologic pain, see Hyperalgesia
Patient area, ICU, see Treatment area
Patient identification, 827
Patient observation form, 827f
Patient privacy, 835
Patient-ventilator dyssynchrony, see 

Mechanical ventilation; Ventilator 
waveforms

Pause, on an electrocardiogram
compensatory, 98f, 99, 100f, 101
noncompensatory, 98f, 99
sinus, 101

PCWP, see Pulmonary arterial occlusion 
pressure

Peak alveolar pressure (peak Palv), see 
Ventilator waveforms

Peak expiratory flow rate, see Ventilator 
waveforms

Peak inspiratory pressure (PIP), see 
Ventilator waveforms

PEEP, see Mechanical ventilation
PEFR, see Ventilator waveforms
PEG tube, see Percutaneous, 

endoscopically-placed gastric 
tube

Pelger-Huet anomaly, 628
Penrose drain, maintenance and 

insertion site care, 716

Pentobarbital sodium, 749t, 755
Percussion cardiac pacing, see Cardiac 

pacing, thump method
Percutaneous catheter drainage, 473–474
Percutaneous endoscopic gastrojejunal 

(PEG-J) tube, 509
Percutaneous, endoscopically placed 

gastric tube, 508
maintenance and insertion site care, 

717
placement equipment, 509b

Percutaneous facilitation for arterial 
catheterization, 71. See also 
Cutdown, mini

Perfusion monitoring, 198–216
Perfusion parameters, 8–9
Pericardial effusion, 673. See also Cardiac 

tamponade; Pulsus paradoxus
clinical signs associated, 191
echocardiographic appearance, 

184–185, 185f, 192–193, 192f
electrocardiography during, 191–192, 

192f
effect on CVP waveform, 156–157, 

156f
etiologies, 193t
fluid analysis, 193

Pericardial tamponade, see Cardiac 
tamponade

Pericardiocentesis
complications, 195, 195t
fluid analysis, 193
procedure, 193–195, 196p

Peripheral blood smears, 617–618
Diff-Quick staining, 620p

Peripheral venipuncture, 603
Peripherally inserted central catheter 

(PICC), see Catheter, peripherally 
inserted central (PICC) 
intravenous

Peritoneal dialysis, 421–430
Blake surgical drains, 423, 423f
catheter management, 424–426, 424b, 

424f
catheters, 422–423

Ash Advantage T-Fluted PD, 423t
Black Silicone Drain, 423t

complications, 428–429
contraindications to, 429
dialysate solutions, 424
drain first protocol, 426
equipment for, 421–422, 422b
flow sheet, 427t
future, 429
indications, 421
monitoring, 426–428
objectives, 429
protein losses, 429
site selection and preparation and 

fluid selection, 423–424

Peritoneal drainage, 470–474
changing abdominal bandages, 

471–472
closed-suction drains, 472–473
fenestrated catheters, 474
open abdominal drainage suture, 

470–471
percutaneous catheter drainage, 

473–474
Peritoneal evaluation, 449–456

abdominal fluid analysis, 451–455 
454t

abdominal imaging, 449–451
abdominal ultrasound, 451
abdominocentesis, 451, 452p
diagnostic peritoneal lavage, 451, 453p
differential diagnosis for acute 

abdomen, 450t
fluid analysis/evaluation, 451–455
intra-abdominal pressure monitoring, 

455, 455f
physical examination, 449

Peritoneal fluid analysis, 451–455
Peritoneum, mesentery and abdominal 

wall, 450t
Peritonitis, 429, 511
Permanent tracheostomy

care of the patient with/stoma care, 
337–338, 337t, 338t

supplies recommended for care, 319t
Peroxide, see Hydrogen peroxide
Pethidine, 546
P : F ratio, see PaO2 : FiO2

pH, 651
correlation between hydrogen ion 

concentration and, 662t
protocol for collecting a blood sample 

for pH analysis, 653p
urine, 411

Pharmacy
amenities, 33
emergency, 19t, 20–22

Phased-array transducer, see Transducer, 
ultrasonic, for echocardiography

Phenobarbitol, 749t
Phenols, 723–724, 726, 738t
Phenylephrine, 755
pHi, see Tonometry
Phlebitis, 67, 515, 709, 711, 712–713, 

712t
Phosphate, 645, 659

concentration measurement, 646
Phosphorus, 645–646
Photometric hemoglobin analyzers, 624
Photoplethysmograph (PPG)

for noninvasive arterial blood pressure 
measurement, see Arterial blood 
pressure

on a pulse oximeter, 277, 278, 279f, 
280, 280p

Parenteral nutrition (cont'd)
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Physiologic parameters, in awake dogs 
and cats, 573t

Physiotherapy, see Chest physiotherapy
PICC, see Catheter, peripherally inserted 

central (PICC) intravenous
PiCCO2, see Pulse contour analysis
Pilot balloon, on endotracheal tube, see 

Endotracheal tube
Pinna arterial catheterization, see 

Catheter, arterial, auricular
PIP, see Ventilator waveforms
Plague, 731
Plasma, 614, 615

abnormal plasma total protein 
concentration, 621b

Plasma osmolality
calculation, 668–669
measurement, 669–670

Plasma products, 763–764
Plasma separator tubes, 608
Plasma total protein concentration,  

631p
Plasmin, 772
Plateau pressure, see Ventilator 

waveforms
Platelet clumping, 609
Platelet concentration, 629
Platelet distribution width, 629
Platelet evaluation, 629–631

automated platelet count, 630
manual platelet count, 629–630

direct platelet count, 629–630
indirect platelet count, 629
using the Unopette and Neubauer 

hemocytometer system, 630p
mean platelet volume, 630
morphologic, 630–631

inclusions, 631
shape, 631
size, 630–631

Platelets, 614–615
Pleural effusion, 378

chylous, 378, 391t
exudate, 391t
hemorrhagic, 391t
modified transudate, 391t
nonseptic, 378
septic, 378
transudate, 391t
types, 391t

Pleural fluid analysis, handling samples 
for, 391–392

Pleural space, 378
Pleural space drainage, 378–392
Pneumomediastinum, 304–305
Pneumonic plague, 731
Pneumothorax, 378, 584

iatrogenic, from mechanical 
ventilation, 354

Poikilocytes (poikilocytosis), 625

Point-of-care laboratory equipment, see 
Laboratory

Polychromasia, 625
Polycythemia, 622b
Polymorphic ventricular dysrhythmia, 

102f, 102t, 103
Polyvinyl chloride airway tubes, see 

Endotracheal tube, Tracheostomy 
tube

Portable blood glucose meters, 779–780
Portable reverse osmosis unit, 435f
Posey Cufflator, 594, 594f. See also, 

Endotracheal intubation
Positive end-expiratory pressure (PEEP), 

see Mechanical ventilation
Potassium, 418, 643–644, 753

calculation of potassium 
supplementation, 644b

concentration measurement,  
644–645

concentrations in various fluid 
solutions, 641t

in urine, 418
Potassium chloride, 749t
Potassium phosphate, 749t
Povidone-iodine, 721t, 722–723, 722p, 

725, 726
Practice management software, see 

Computers, programs
Pralidoxime chloride, 754
PRAM, see Pulse contour analysis
Prebiotics, 487
Prednisolone, 499b
Pre-emptive analgesia, see Analgesia, 

timing
Preload, 145, 151–152, 155, 159, 171, 

171f
estimated by echocardiography, 

187–188
Premature ventricular complex, see 

Ventricular premature complex
Prerenal azotemia, 417
Pressure control ventilation, see 

Mechanical ventilation; Ventilator 
waveforms

Pressure cuff, for noninvasive blood 
pressure measurement, see 
Arterial blood pressure

Pressure necrosis, 509
Pressure recording analytical method 

(PRAM), see Pulse contour 
analysis

Pressure support during mechanical 
ventilation, see Mechanical 
ventilation; Ventilator waveforms

Pressure transducer, 110, 111–112, 113p, 
124f

calibration, 112–114. See also 
Calibration

fast-flush device, see Fast flush device

leveling, 114, 115p, 115f, 147–148, 150, 
151p, 152t. See also Leveling

zeroing, 112, 114p, 147–148, 150, 150t, 
151p, 152t. See also Zeroing

Privacy, patient, 835
Problem-Oriented Medical Record 

(POMR), 821, 822. See also 
Medical record

Professional Quality of Life Scale, 839
Professional training, 844
Progress notes, 822–824
Prophylactic vaccination, of veterinary 

personnel, 739
Propofol, 749t, 755
Prostacyclin (PGI2), 549
Prostaglandins, 547
Protein

concentration, 631
concentration in urine (UPC),  

419
requirements in critically ill patients, 

485–486
Protein catabolism, 477
Protein osmotic pressure, 668
Proteinuria, 409, 412
Prothrombin time, 632

manual, 633p
Prothrombin time/one-stage 

prothrombin time, Coag Dx 
Analyzer, 632

Pseudohyponatremia, 642
Pseudomonas aeroginosa, 736
PslCO2, see Tonometry
PSV during mechanical ventilation, see 

Mechanical ventilation; Ventilator 
waveforms

PtcCO2 (or PtcO2), see Transcutaneous 
gas measurement

Pulmonary arterial occlusion pressure 
(PAOP), 161–162, 161f, 162f, 
163p, 164, 165p, 171

normal value, 172–173t
Pulmonary arterial pressure (PAP), 

161–162, 161f, 162f, 164
determinants, 108
normal value, 173t

Pulmonary capillary wedge pressure, see 
Pulmonary arterial occlusion 
pressure

Pulmonary disease, see Blood gas 
analysis; Mechanical ventilation; 
Oxygen supplementation; 
Ventilator waveforms

Pulmonary mechanics evaluation, see 
Ventilator waveforms

Pulmonary hypertension, 
echocardiographic assessment, 
188

Pulmonary perfusion, monitoring with 
capnography, 344, 344t, 346, 347f



866  Index

Pulmonary thromboembolism, 590
Pulmonary vascular resistance (index), 

165
calculation, 167t
normal value, 173t

PulseCOTM, see Pulse contour analysis
Pulse CO-oximeter, 275, 276. See also 

CO-oximetry
Pulse contour analysis, 128, 168–169. See 

also Cardiac output
Pulse oximetry, 276–282, 795, 796b

indications for measurement, 277–278, 
324, 325, 326p, 335

interpretation of results, 280–282,  
585t

procedures, 278, 279f, 280p, 280t, 
329–330, 329f

pulse oximeter, 276–277, 583, 584
troubleshooting, 280t, 281t

Pulse pressure, 125–126, 125f, 126f, 129, 
137. See also Pulsus paradoxus, 
129, 130f

delta (D) up and (D) down, 127–128, 
127f

in pericardial effusion, 191
pulse pressure variation (PPV), 

127–128, 127f
systolic pulse variation (SPV), 

127–128, 127f
Pulse quality, 7f, 8t, 9, 137, 137t
Pulseless electrical activity (PEA), 101f, 

101–102, 224. See also 
Electrocardiogram interpretation

echocardiographic assessment for, 188
Pupillary light reflex, 791
Purified porcine insulin zinc, 784
PVC endotracheal tube, see Endotracheal 

tube
PvCO2, see Carbon dioxide
PvO2, see Oxygen
P’ wave (on electrocardiogram), 98f, 99, 

100. See also Electrocardiogram 
interpretation

Pyuria, 410, 413

Q fever, 729t, 736
Quantitative buffy coat analysis, 617
Quaternary ammonium compounds, 

724, 725, 726, 738t

Rabies, 733
Radial artery catheter, see Catheter, 

arterial
Radiation, 814–815

definition, 814
dose limits, 814–815, 815t
terms, 814
units, 814

Radiation protection, 815–816
external beam, 816

Radiography, see also Imaging
digital versus film system, 15, 16
view boxes, 13

Radionucleotide safety, 816–817
Radiopharmaceuticals, 815, 815t

veterinary uses, 815
Raman scatter, for PCO2 measurement, 

343
Ranitidine, 749t
Ranula, 590, 591
Rapid feeding, 480
Rattlesnake, 769
Rebreathing, appearance on capnogram, 

345, 346f
Reception area, see Client areas
Rectal catheter, 467–468, 468f

indications for placement, 467–468, 
468t

placement, 468p
Rectal examination, 449
Recumbent patient care, 591–593,  

591p
Red blood cell evaluation, 618–626

hematocrit, 618–620
packed cell volume (PCV), 618–620

Red blood cell products, 759, 763t
administration, 764–765
adverse reactions to, 759–760
hypersensitivity, 760–762

febrile transfusion reactions, 
760–761

type 1 hypersensitivity, 760–761
initial dose, 765
monitoring, 765
nonimmunologic transfusion 

reactions, 762
preparation, 764–765
transfusion protocol, 762–763
transfusion reactions in cats, 762
type II hypersensitivity, 761–762
type III hypersensitivity, 762

Red blood cell transfusions, 759
acute reactions in cats/dogs, 762
hypersensitivity, classification of 

reactions, 760t
reactions, 760t
therapies for acute transfusion 

reactions, 761t
transfusion protocol, 762

Red blood cells
agglutination, 682
autoagglutination, 682, 684
hemagglutination, 682, 684
leuko-reduced packed, 763t
packed, 763, 763t
packed RBCs with additive, 763t
red cell distribution width, 625
washing, 687p

Refeeding syndrome, 482, 496, 519–520
signs of, 519b

Reference point, for fluid-filled 
hemodynamic monitoring 
systems, see Leveling

Refractometers, 631
Refractometry, 415
Reiter’s syndrome, 734
Remifentanil, 542t, 545
Renal tubular defect cystinuria, 415
Resident flora (colonizing flora), 698
Residual activity of antiseptics or 

disinfectants, general, 719, 721t, 
725t

of chlorhexidine, 725, 726
of hydrogen peroxide, 723
of isopropyl alcohol, 721
of povidone-iodine, 722

Resistance, see also Ventilator waveforms
airway, 358, 363, 363t, 364, 365, 365f, 

366f, 369, 370, 370
vascular, 107–108

Resistance, microbial, see Antimicrobial 
stewardship; Microbial resistance

Resonant frequency, see Natural 
frequency

Respiratory acidosis, 654–655
causes, 654b

Respiratory alkalosis, 655
causes, 654b

Respiratory compliance, see Compliance; 
Ventilator waveforms

Respiratory distress, 263
Respiratory effects on arterial blood 

pressure, see Pulse pressure; 
Pulsus paradoxus

Respiratory effects on central venous 
pressure, see Central venous 
pressure waveform interpretation

Respiratory minute volume (RMV), 579
Resting energy requirements (RER),  

481, 482, 485, 496, 510b, 511,  
514

estimation, 514
Resuscitation cart, see Crash cart
Resuscitation to supranormal values, see 

Supranormal value resuscitation 
strategy

Retention enema, see Enema
Reticulocyte count, 623, 623p, 624t
Reticulocytes, 623
Retrograde endotracheal intubation, see 

Endotracheal intubation
Retropulsion, for urethral obstruction, 

407, 408p
Reverse osmosis unit, portable, 435f
Rib retractors, see Finochietto rib 

retractors
Right atrial pressure. See also Central 

venous pressure
waveform during pulmonary arterial 

catheter advancement, 162f
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Right bundle branch block, see Bundle 
branch block

Right-sided congestive heart failure due 
to cardiac tamponade, see 
Cardiac tamponade

Right ventricular pressure
waveform during pulmonary arterial 

catheter advancement, 162f
Ring blocks, 561–562, 562p

complications, 562
contraindications, 562
indications, 561

Ringing, of a direct pressure waveform, 
116, 117, 118–119p, 120f

Rocky Mountain spotted fever, 735
Role-shedding ritual, 843–844
Romanowsky stains, 618
Romanowsky-type stains, 677, 679
R-on-T phenomenon (on 

electrocardiogram), 102t, 103. See 
also Electrocardiogram 
interpretation

Roop, Robert G., 840
Rouleaux, 626
Rubber endotracheal tube, see 

Endotracheal tube
Rubricytes, 626
Rumel tourniquet, see Tourniquet

Saddle thrombus, see Aortic 
thromboembolism

Salmonella enterica, 734
Salmonella typhinmurium DT 104, 734
Salmonellosis, 729t
Samarium 153, 815t
Sanguineous effusions, 378
SaO2, see CO-oximetry; Hypoxemia
Saturation, oxygen, 442, 583–585

of venous blood, see Venous oximetry
SBE (standard base excess), see Base 

deficit
Scalars, see Ventilator waveforms
Scale(s), 13, 14
Scavenging system, see Anesthesia
Schistocytes, 625
Sciatic nerve block, 566

contraindications, 566
indications, 566
location of sciatic nerve block on a 

live dog, 568f
with the use of a nerve locator, 568p

Scrub, surgical, 724–725
ScvO2, see Venous oximetry
SDS (simple descriptive scale for pain 

assessment), see Pain
2nd degree AV block, see Atrioventricular 

block
Security, 12–13, 15, 37
Seldinger technique, see Catheter, central 

intravenous

Self-care, 843–844
benefits, 841–842

Sensitivity, pacemaker, see Cardiac 
pacing

Sepsis, 482
Septic arthritis, 674
Septicemic plague, 731
Serum lactate, see Lactate
Serum separator tubes, 608
Serum sickness, 762
Serum total protein concentration,  

631p
Sevoflurane, 586t
Shock, 559, 572

cardiogenic, due to pericardial 
effusion, 191

compensated vs. decompensated, 559
Shortening fraction, see Fractional 

shortening
Shunt, intrapulmonary, 286, 286t. See 

also Arterial blood gas; 
Hypoxemia; Venous admixture

Shunt fraction, see Venous admixture 
calculation

Sidestream dark field imaging, 209
Silicone airway tubes, see Endotracheal 

tube, Tracheostomy tube
Silver sulfadiazine, 724, 800, 801
Simple descriptive scale for pain 

assessment, see Pain
SIMV, see Mechanical ventilation; 

Ventilator waveforms
60-cycle interference (on 

electrocardiogram), 94–95, 95f, 
96f

Smith, Patricia, 841
Caregiver’s Bill of Rights, 845b

SmvO2, see Venous oximetry
Soaker catheters, 562p
Sodium, 418, 499

concentration measurement,  
641–642

concentrations in various fluid 
solutions, 641t

urine concentration, 418
Sodium bicarbonate, 749t, 754

dangers and avoidance of 
administration, 661b

how to calculate and administer a 
dose, 661p

use during CPCR, 218t, 219, 220f, 224, 
225

Sodium channels, 552b
Sodium chloride, 749t
Sodium citrate, 609, 616t, 763t
Sodium citrate tubes, 608
Sodium concentration, abnormalities, 

641
Sodium heparin, 616t, 642
Sodium hypochlorite, see Bleach

Sodium lactate, 658
Software, see Computers, programs
Sorbitol, 669t
Specific immunoglobulin therapy, 769
Spherocytes, 625
Sphygmomanometer, 137–139, 139p, 

140f, 141p
Spike, pacing, see Cardiac pacing
Sporothrix schenckii, 732
Sporotrichosis, 732–733
SpO2, see Hypoxemia; Pulse oximetry
Square wave ventilatory waveform, see 

Ventilator waveforms
Square wave test, 116–119, 117f, 

118–119p, 120f, 129, 131–132, 
131p

ST segment, on electrocardiogram, 91f, 
92, 93p, 93t, 94. See also 
Electrocardiogram interpretation

depression or elevation, 104, 104f
Staffing, 22
Staff space

break area, 12t, 15, 26–27
restrooms, 12t, 15
veterinary technician station, 26, 26f

Stains, 677–678
Stamm, B. Hudnall, 839
Standards, 635
Stanozolol, 499b
Staphylococcal infections, 731
Staphylococcosis, 729t
Starling’s law of the heart, 235
Stay sutures, for tracheostomy tube, see 

Temporary tracheostomy
Sterilization, 720

glutaraldehyde, 720
Stewart approach to acid-base balance, 

658. See also Acid-base balance; 
Acid-base evaluation

Stewart-Hamilton formula, 160. See also 
Cardiac output

Stoma care (airway), see Permanent 
tracheostomy; Tracheostomy tube

Stoma shield, for tracheostomy tube, see 
Tracheostomy tube

Stored whole blood, 763t
Streptokinase, 772
Streptozoticin, 756
Stress hyperglycemia, 777, 782
Stressors and satisfiers, 840
Stroke volume (SV), 134, 159, 160, 165, 

168–169, 170, 171f, 577
calculation of stroke volume index, 

167t
normal value for stroke volume index, 

173t
Stroke work index (right and left 

ventricular)
calculations, 167t
normal values, 173t
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Strong ion difference, 657. See also 
Acid-base balance; Acid-base 
evaluation

Struvite crystals, 415, 416
Stylet, for endotracheal intubation, see 

Endotracheal intubation
Subcutaneous vascular access port 

(SVAP), see Vascular access port
Sublingual venipuncture, see 

Venipuncture, sublingual
Sucralfate, 751
Suction(ing)

airway suctioning procedures, 
323–325, 326p

catheters for airway & oral suction, 
319t, 323–324, 324f, 329, 329f

complications of airway suctioning, 
324–325

sources, 17, 18, 19t, 319t, 325f
use with endotracheal tube, see 

Endotracheal intubation airway 
management

use with tracheostomy tube, see 
Tracheostomy tube

Sufentanil, 545
Supplements, nutritional, 489–490

carbohydrate supplements,  
489–490

fat supplements, 489
Supplies, see Inventory
Supranormal value resuscitation strategy, 

201, 203–204
Supraventricular premature 

depolarization (SPD), see Atrial 
premature complex

Supraventricular ectopic depolarization, 
see Atrial premature complex

Supraventricular tachycardia (SVT), 
99–100, 99f. See also 
Electrocardiogram interpretation

cardioversion for, 241–242
Supra-vital stains, 618
Surface area conversion, from body 

weight, 166t
Surfactant, cationic, see Detergents
Surgical scrub, see Scrub
Surgical patient preparation, see Aseptic 

technique
Surgical suite, 12t, 15
SV, see Stroke volume
SVAP, see Vascular access port
SVR, see Systemic vascular resistance
Swan-Ganz catheter, see Catheter, 

pulmonary arterial
Swine flu, 733
Synchronized intermittent mandatory 

ventilation, see Mechanical 
ventilation; Ventilator waveforms

Syndrome of inappropriate antidiuretic 
hormone secretion (SIADH), 641

Synthetic colloid fluids, 668
Syringe, 602

for arterial blood gas sampling, 69–70, 
70p, 288, 607, 642p

Syringe feeding, 499
Systemic analgesia, 540–558
α-2 agonists, 550–551
adjunctive analgesia, 551–554
nonsteroidal anti-inflammatory drugs 

(NSAIDs), 547–550
opioids, 540–547

Systemic vascular resistance, 108, 122, 
134, 169–170, 171, 171f

calculation, 167t
normal value, 173t

Systolic (arterial) blood pressure  
(SAP or SBP), see Arterial blood 
pressure

Systolic pulse pressure variation, see 
Pulse pressure

Tamponade, see Cardiac tamponade
Target cells, 625
Technetium-99M, 815, 815t
Temperature correction of blood gases, 

287
Temporary endocardial pacing, see 

Cardiac pacing, temporary 
transvenous method

Temporary epicardial pacing, see Cardiac 
pacing, temporary epicardial 
method

Temporary pacemaker, see Cardiac 
pacing

Temporary tracheostomy (procedure), 
306–317, 308–312f, 313p. See also 
Tracheostomy tube

complications during procedure, 
313–314

contraindications to procedure, 
311–313

equipment required, 307–308, 308t, 
313p

indications, 306
inner cannula for, 332, 333, 333f
procedure, 306–311, 313p
stay sutures for, 309, 310, 311f, 312f, 

313p, 316
Tension pneumothorax, 381–382
Tepoxalin, 548t
Tetanus, 482, 770
Thermal burns, 482
Thermal support, equipment, 16
Thermodilution cardiac output 

measurement, 160f, 160–161, 164, 
165p

balloon-tipped catheter for, 161–162, 
161f, 163p

transpulmonary, 160, 169
Thiamin, 520

3rd degree AV block, see Atrioventricular 
block

Thoracic pump theory of closed chest 
compressions in CPCR, 223. See 
also Chest compressions

Thoracocentesis, 379–381
in a dog in sternal recumbency,  

381f
equipment for, 381b, 381f
indications, 379
procedure, 379–381, 380p

Thoracostomy tube (chest tube), 
381–382

drainage systems, 388
equipment for, 382b
indications, 381–382
maintenance, 385–388, 714–715
manual drainage, 390
noninvasive surgical placement, 

382–384, 383p, 385–386f, 387f
pain management, 390–391
placement, 382–394
Trocar method of chest tube 

placement, 384–388, 384p
Thoracotomy, see Emergency lateral 

thoracotomy; Internal cardiac 
massage

“Thorn-apple” ammonium urate 
crystals, 416

Thrombocrit, 629
Thrombocyte evaluation, see Platelet 

evaluation
Thrombocytes, see Platelets
Thrombogram, 629
Thrombolytic agents, 772–773

products, 772–773
streptokinase, 772
tissue plasminogen activator,  

772
urokinase, 772–773

protocol, 773
Thrombosis, 68, 80, 445
Through-the-needle catheter, see 

Catheter, central intravenous
Thump cardiac pacing, see Cardiac 

pacing, thump method
Tissue perfusion, see Perfusion
Tissue plasminogen activator, 772
Tonicity, 666
Tonometry

gastric, 200, 208–209
sublingual, 200, 209

Total parenteral nutrition, 515, 753
Total plasma evaluation, 631
Total platelet count, 629
Total protein evaluation, 631
Tourniquet, 604

creating for use in open-chest CPCR, 
228, 229f, 231–232

Toxic granulation, 628
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Toxicity
carbon monoxide, 283. See also 

Carboxyhemoglobin
causing methemoglobinemia, 283, 

283t; see also Methemoglobin
Toxin removal, 432
Toxins, in urine, 420
Toxoplasma gondii, 734
Toxoplasmosis, 729t, 734–735
Tracheal drug administration, see 

Intratracheal (IT) drug 
administration

Tracheal trauma, from intubation, see 
Endotracheal intubation

Tracheal tube, see Endotracheal tube, 
Tracheostomy tube

Tracheo(s)tomy, see Permanent 
Tracheotomy; Temporary 
tracheostomy (procedure); 
Tracheostomy tube

Tracheostomy tube, 306–308, 307f. See 
also Temporary tracheostomy 
(procedure)

inner cannula care, 315, 333, 334, 
334t, 334f, 336, 338t

maintenance (of stoma and tube), 
314–316, 319t, 334–337, 334t, 
334f, 336t

removal, 316–317
stoma shield use with, 316
suctioning, 308, 313p, 315, 334t
types, 332–333, 332f, 333f
umbilical tape, for securing, 307f, 308, 

309, 312f, 313p
Tramadol, 546

clinical efficacy, 547
opioid effects, 546
route of administration, 546–547

Transcutaneous gas measurement, 
207–208

Transcutaneous cardiac pacing, see 
Cardiac pacing, transcutaneous 
method

Transducer. See also Pressure transducer
ultrasonic, for echocardiography, 177, 

178–179
Transesophageal atrial pacing (TAP), see 

Cardiac pacing, transesophageal 
method

Transesophageal Doppler, for cardiac 
output estimation, 170. See also 
Cardiac output

Transfusion-related immunomodulation 
(TRIM), 759

Transfusion-related lung injury, 762
Transient flora (contaminating flora), 

698
Transmural pressure, 153–154, 156
Transmyocardial pacing, see Cardiac 

pacing, transthoracic method

Transthoracic cardiac pacing, see Cardiac 
pacing, transthoracic method

Transthoracic impedance, for cardiac 
output estimation, 169–170. See 
also Cardiac output

Transtracheal oxygen supplementation, 
see Oxygen supplementation

Transudates, 378, 672, 673t
Transvenous cardiac pacing, see Cardiac 

pacing, temporary transvenous 
method

Trauma, blunt thoracic, 378
Triage

area, 12t, 13
technique, in-hospital, 6–10
technique, by telephone, 5–6

Treatment area
in emergency practice, 12t, 14
ICU patient area(s), 27–30, 28f
procedure area, 31

Treatment sheets, see Medical record
Trichophyton sulphureum, 732
Tricuspid regurgitation, effect on CVP 

waveform, 156f, 157
Trimethoprim sulfamethoxazole, 749t
Triticum vulgaris, 688, 689
Tube feeding, 499

indications, concerns and 
contraindications for tube route 
selection, 500t

long-term feeding, 500t
medium-term feeding, 500t
nasoesophageal and nasogastric tubes, 

500–504
short-term feeding, 500t
tube position, 511
tube route selection, 499–500
tube selection, 511
unblocking tubes, 511

Tubing, for fluid-filled hemodynamic 
monitoring systems, see Non-
compliant tubing

Tularemia, 731
Tumor necrosis factor-α, 478
2D (Two-dimensional) 

echocardiography, general, 
177–178

Ulcers, 592
decubitus ulcer prevention and 

management, 595
Ultrafiltration, 421, 431
Ultrasound

abdominal, 451
basic equipment, 16
cardiac, see Echocardiography

Umbilical tape for securing tracheostomy 
tube, see Tracheostomy tube

Unasyn®, 749t, 754
Underdamping, see Damping

Unipolar precordial chest leads, see 
Electrocardiograph leads

Unopette system, 620, 621, 622p, 626, 
627p

Upper gastrointestinal contrast study, 
450

Urea reduction ratio, 442
Urethral catheterization, 395–408

aseptic practice for placement and 
maintenance, 397

catheter placement, 398
catheter preparation, 400
catheter selection, 398
closed collection systems, 396–397
design of urinary catheters, 395–396
digital placement in female dogs, 

401–403
female cat, 404
female dogs, 400–401, 404
Foley catheter with a balloon, 400
indications, 395
infection, 397
lubrication and local anesthesia, 

females, 400
otoscope cone position, 403
otoscope cone technique, 403–405
palpation, 401–402
patient preparation, 400

and placement in male cat, 399p
and urinary catheter placement in 

male dog, 399p
preparation of materials for urinary 

catheter placement, 398p
protocols, 397–398
sedation, 398
species- and gender-specific 

instructions, 400
speculum or otoscope cone technique, 

403–405
stylets, 396
verifying the catheter placement, 403

Urethral obstruction, retropulsion, 407, 
408p

Uric acid and amorphous urate crystals, 
416

Urinalysis 409–420
application and interpretation, 

417–419
basic urinalysis, 409–412
casts, 414–415
cells, 413
complete urinalysis, 409–410
creatinine, 418–419
crystals, 415
electrolytes, 418
evaluation of urine concentration, 415
glomerular filtration rate, 419
laboratory equipment, 410, 410b
neoplastic cells, 415
organisms, 413–414
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osmolality, 417
for patients with nonurinary 

disorders, 409
for patients with urinary disease,  

409
sample handling, 410
specific findings, 413–415
specific gravity, 409, 410–411, 412, 

415–416
test methods and how to perform 

them, 410–411
toxins, 420
urine bilirubin, 411
urine enzymes (enzymuria), 419–420
urine glucose, 411
urine ketones, 411
urine occult blood, 411–412
urine pH, 411
urine protein, 411–412
urine protein concentration (UPC), 

419
urine sediment examination, 412–413, 

412p
value, 409

Urinary bladder catheterization, 595
Urinary calculi, 413
Urinary catheters, 395
Urinary tract infection, 595
Urine

bilirubin, 411
closed urine drainage systems, 

396–397
creatinine in, 418–419

measurement, 418–419
use, 419

drugs in, 420
epithelial cells, 413
evaluation of concentration, 415
evaluation of electrolytes, 418

application and interpretation, 418
methods and equipment, 418

glucose, 411
handling samples for urinalysis, 410
ketones, 411
occult blood, 411–412
osmolality, 417
pH, 411, 420
potassium, 418
protein, 412
protein concentration (UPC), 419
sodium concentration, 418
specific gravity (SG), 409, 410–411, 

412, 415–416
toxins in, 420

Urine collection bag, emptying or 
changing, 406

Urine concentration, application and 
interpretation, 417–419

Urine enzymes, 419–420

Urine protein-to-creatinine ratio (UPC), 
412

Urine sediment examination, 412–413, 
412p

handling of urine and preparation of 
slides, 412–413

specific findings, 413–415
casts, 414–415
cells, 413
crystals, 415
neoplastic cells, 415
organisms, 413–414

Urobilinogen, 410
Urokinase, 772–773

Vacuolation 628
Vacutainer systems, 602, 602f
Vacuum, see Suction
Vancomycin resistant Enterococcus sp. 

(VRE), 696–697, 703–704
VAP, see Ventilator-associated pneumonia
VAS (visual analog scale for pain), see 

Pain
Vascular access port, 59t, 62–64, 62f
Vasopressin, 755

use in CPCR, 218t, 219, 220f, 224
Vector control, 737
Vegetable oils, 489
Vegetative valvular lesion, see 

Endocarditis
Venipuncture 606

cephalic venipuncture technique, 603p
equipment, 602
sites, 602–603
sublingual, 70
tourniquet use during, 604

Venous admixture, 165, 286, 286t, 
289–291, 290t. See also Blood gas 
analysis; Hypoxemia; Respiratory 
distress

calculation, 167t
normal value, 172–173t

Venous-arterial PCO2 difference, 168. See 
also Fick Principle

calculation, 167t
normal value, 172–173t

Venous blood sample collection, 601–602
lateral saphenous venipuncture, 

603–604
medial saphenous or femoral 

venipuncture, 604, 604p
order of draw, 602, 602t
peripheral venipuncture, 603
venipuncture equipment, 602
venipuncture sites, 602–603

Venous blood samples
handling, 607–609
order of draw, 602, 602t

Venous oximetry, 200, 204–207, 206f, 
210

Venous oxygen saturation, see Venous 
oximetry

Ventilation/perfusion mismatch, see 
Venous admixture

Ventilator, see Mechanical ventilation; 
Ventilator waveforms

Ventilator-associated pneumonia  
(VAP), 353, 590, 592. See also 
Mechanical ventilation; 
Nosocomial infection

prevention, 328–329
Ventilator-induced lung injury (VILI), 

353–354. See also Mechanical 
ventilation

Ventilator waveforms, 357–373. See also 
Mechanical ventilation

air leak as seen on loops, 367–368, 
368f

airway obstruction as seen on loops, 
367, 367f

airway resistance effects, 357, 358, 360, 
363, 363t, 364, 365, 365f, 366f, 
369, 370, 370f

ascending ramp appearance, 357,  
358f

assessment with capnography, see 
Capnogram; Capnography

assist-control mode appearance, 
359–360, 359f, 364f

Auto-PEEP (air trapping, breath 
stacking, or intrinsic PEEP), 
361–362, 368, 368f

compliance effects and calculation, 
357, 358, 360, 363–365, 363f, 
363t, 365f, 369–370, 369f

continuous positive airway pressure 
(CPAP), 362p

descending ramp appearance, 357, 
358f

exponential decaying waveform, 357, 
358f

flow-volume loops, 366–368, 366f, 
367f, 368f

inflection point of a pressure-volume 
loop, 364, 364f

loop interpretation, 362–368
mechanical, see Mechanical ventilation
mechanical work of breathing (WOB), 

365, 366f
patient-ventilator dyssynchrony 

(“bucking” the ventilator), 362p, 
370

peak alveolar pressure (peak Palv; 
plateau pressure), 369, 369f

peak expiratory flow rate (PEFR), 
366–367, 367f, 370, 370f

peak inspiratory pressure (PIP), 360, 
361, 369, 369f, 370f

pressure supported breaths, 358, 360f, 
361, 362p, 368, 368f

Urinalysis (cont'd)
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pulmonary mechanics evaluation, 
369–370

scalar interpretation, 357–362, 362p
sinusoidal wave appearance, 357, 358f
square wave appearance, 357, 358f

Ventricular escape beat or rhythm, see 
Escape rhythm

Ventricular fibrillation, 91, 100, 103–104, 
103f, 235–236. See also 
Electrocardiogram interpretation

defibrillation for, 238–241, 240p. See 
also Defibrillation

Ventricular flutter, 100, 102, 103–104, 
238–239. See also 
Electrocardiogram interpretation

Ventricular premature complex (VPC), 
92, 94, 98f, 98–99, 100–101, 100f. 
See also Electrocardiogram 
interpretation

effect on CVP waveform, 156, 156f
Ventricular tachyarrhythmia treatment 

thresholds, 102t
Ventricular tachycardia (V-tach), 99–100, 

99f, 102–103, 102f, 104, 236, 239. 
See also Electrocardiogram 
interpretation

cardioversion for, 236, 241–242
Veterinary Emergency and Critical Care 

Society
guideline minimums, 11, 16, 23

Views for echocardiography, see Acoustic 
windows for echocardiography

VILI, see Ventilator-induced lung injury
Viral zoonoses, 733
Visual analog scale for pain assessment, 

see Pain
Vitamin B, 515
Vitamin K1, 754
Volume control ventilation, see 

Mechanical ventilation; Ventilator 
waveforms

Volume status, see Intravascular volume
Voluntary eating, 497–499

Vomiting, medications that may cause, 
497b

Vomiting center, 543
VO2, see Oxygen consumption
VPC, see Ventricular premature 

complex
V/Q mismatch, see Venous admixture
VRE, see Vancomycin resistant 

Enterococcus sp.

Water, 660
addition to whole blood, 663
physiology of water movement

colloid osmotic pressure, 667–668
osmolality, 665–667

“Water hammer” pulse
direct arterial pressure waveform 

appearance during, 129, 130f
Water manometer, 109–110, 111
Water trap, in a breathing circuit, 321, 

321f, 331
Water treatment system, 434, 435f
Waveform(s), see Arterial blood pressure; 

Central venous pressure; 
Pulmonary arterial pressure; 
Ventilator waveforms

Wave of depolarization, cardiac, see 
Electrocardiogram, physiologic 
origins

Weaning from mechanical ventilation, 
see Mechanical ventilation

Wedge pressure, see Pulmonary arterial 
occlusion pressure

Weight, see Body weight
“Weil’s disease,” 730
West Nile virus (WNV), 739
Whole bowel irrigation, 466–467. See 

also Enema; Gastrointestinal 
decontamination

Wide dynamic range neurons, see 
Nociception

Wide QRS tachycardia, see Ventricular 
tachycardia

Windows for echocardiography, see 
Acoustic windows for 
echocardiography

Wind-up, 526t, 529, 534. See also 
Analgesia; Nociception; Pain

Wipe tests, 816–817
Work of breathing (WOB), mechanical, 

see Ventilator waveforms
Workload, monitoring and reporting, 

842
Wound antisepsis, 725–726
Wounds, 808–809

management, 809–810, 809p
Wright-Gilemsa stain, 627
Wright respirometer, 579f
Wright stain, 627

Xylazine, 551

Yersina pestis, 731
Yohimbine, use in CPCR, 218t, 219

Zeroing, of a fluid-filled hemodynamic 
monitoring system, 109f, 111, 
112, 113p, 114, 114p, 147–151, 
148f, 149p, 150t, 151p, 152t

Zero reference point, for a fluid-filled 
hemodynamic monitoring 
system, see Leveling

Zinc heparin, 647
Zoonotic disease, 728–742

bacterial, 730–731
documenting exposure to, 739,  

739f
fecal-oral zoonoses, 733–735
fungal zoonoses, 731–733
high-risk personnel, 740
legal and public health issues, 740
personnel protection, 735–739
staff training, 739–740
transmission, 728
types, 728, 729t
viral zoonoses, 733
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